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Abstract	

	 Hematopoiesis	is	the	life-long	process	of	blood	cell	production	that	

undergoes	dynamic	changes	with	ontogeny.		In	the	embryo,	primitive	endothelial	

cells	in	the	yolk	sac	undergo	a	cell-fate	alteration	to	produce	progenitor	blood	

islands	that	generate	primitive	erythroid	cells	to	aid	in	delivering	oxygen	to	the	

growing	organism.		Blood	island	progenitors	gradually	gain	lineage	potency	to	

produce	other	cells	of	the	hematopoietic	system.		Multipotent	progenitors	start	to	

arise	from	specialized	zones	in	the	circulatory	system	that	allows	them	to	travel	to	

the	fetal	liver	where	the	bulk	of	blood	cell	production	occurs	for	the	remainder	of	

embryogenesis.		Fetal	liver	progenitors	develop	the	capability	to	generate	all	cells	of	

the	hematopoietic	system,	at	which	point	they	are	designated	bona	fide	

hematopoietic	stem	cells.	After	birth,	hematopoietic	stem	cells	travel	once	again	to	

seed	the	bone	marrow,	where	they	will	reside	for	the	duration	of	the	life-span.	

As	hematopoietic	stem	cells	age,	they	experience	a	gradual	decline	in	

function	characterized	by	imbalanced	lineage	output,	increased	self-renewal,	poor	

engraftment,	and	increased	cytokine	responsiveness.		These	changes	manifest	from	

cell-intrinsic	shifts	in	cell	cycle,	gene	expression,	metabolism,	as	well	as	changes	in	

the	bone	marrow	microenvironment.		Functional	decline	of	aged	hematopoietic	

stem	cells	leads	to	an	increased	risk	of	developing	hematological	malignancies.		This	

connection	is	evident	due	to	the	fact	that	many	molecular	components	that	are	

perturbed	in	normal	aging	are	key	drivers	of	bone	marrow	disorders.		Current	

approaches	to	understand	the	mechanisms	of	aging	rely	on	global	metrics	of	

mutational	burden,	epigenetic	drift,	gene	expression	perturbations,	and	metabolic	
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shifts.		As	such,	there	is	a	lack	of	clearly	defined	molecular	mechanisms	by	which	

hematopoietic	stem	cell	aging	occurs.	

In	this	study,	we	identified	the	transcription	factor	RUNX3	to	be	down-

regulated	in	aged	hematopoietic	stem	and	progenitor	cells,	and	describe	a	novel	role	

for	this	factor	in	regulating	myeloid	lineage	balance.		Human	and	mouse	RUNX3	

transcript	levels	were	diminished	in	aged	hematopoietic	stem	and	progenitor	cells,	

and	were	correlated	with	diminished	protein	levels	in	aged	human	bone	marrow	

specimens.		The	deregulation	of	RUNX3	appeared	to	be	related	to	epigenetic	

alterations	at	the	RUNX3	locus	characterized	in	human	cells	by	loss	of	activating	

histone	acetylation	marks	at	the	enhancer	and	promoter,	and	in	mouse	cells	by	

hypermethylation	of	the	promoter.		A	functional	defect	in	myeloid	differentiation	

was	demonstrated	in	vitro	using	colony	formation	assays	and	suspension	culture,	

wherein	erythroid	and	megakaryocyte	differentiation	was	blocked,	but	granulocyte	

differentiation	was	spared.		Committed	erythroid	progenitors	also	displayed	

defective	maturation	as	evidenced	by	surface	antigen	expression	and	failure	to	

express	globin	genes.		RUNX3-deficient	stem	and	progenitor	cells	grown	in	

erythroid	cell	culture	conditions	experienced	a	significantly	myeloid-skewed	

distribution	of	progenitor	subtypes	at	the	expense	of	erythroid	and	megakaryocyte	

progenitors.		Changes	in	gene	expression	in	RUNX3-deficient	progenitors	indicated	a	

regulatory	role	for	RUNX3	upstream	of	key	erythroid	factors	GATA1	and	KLF1.		Due	

to	the	highly	robust	erythroid	phenotype,	individuals	with	unexplained	anemia	of	

the	elderly	were	interrogated	for	RUNX3	expression	and	functional	defects.		RUNX3	

transcripts	were	found	to	be	significantly	lower	than	healthy	age-matched	controls	



 
 

v 

and	erythroid	colony	formation	was	impaired	at	the	bi-potent	erythroid-

megakaryocyte	progenitor	stage,	suggesting	that	RUNX3	deficiency	may	contribute	

to	bone	marrow	pathogenesis.	
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A.	Hematopoiesis	

Hematopoiesis	is	the	process	by	which	an	array	of	specialized	progenitors	

and	lineage-terminal	blood	cells	is	created.		Blood	cells	are	first	needed	when	the	

developing	embryo	becomes	too	large	for	oxygen	to	fully	diffuse	through1–3.		At	this	

point,	the	first	phase	of	hematopoiesis,	termed	primitive	hematopoiesis,	begins	

when	cells	from	the	extra-embryonic	mesoderm	of	the	yolk	sac	differentiate	into	

blood	islands4–6.		The	appearance	of	these	islands	precedes	the	formation	of	a	bona	

fide	circulatory	system,	but	the	cells	within	express	cell	surface	markers	that	are	

used	to	define	endothelial	cells	in	the	adult	organism2,4,7.		Despite	these	markers,	

cells	in	the	blood	islands	have	the	capacity	to	differentiate	into	primitive	

erythrocytes	as	well	as	macrophages	and	megakaryocytes,	although	at	a	much	lower	

frequency2,6,8.		Primitive	erythrocytes	are	characterized	by	their	large	size	and	

expression	of	embryonic	globin	genes,	while	macrophages	and	megakaryocytes	are	

relatively	similar	to	their	adult	counterparts1,5,8.		Models	wherein	blood	islands	arise	

from	single	or	multiple	cells	have	been	proposed	to	explain	the	dual	endothelial	and	

blood	precursor	phenotype,	but	the	exact	origin	of	these	cells	remains	unknown1,4.	

	 After	the	establishment	of	the	early	circulatory	system,	a	wave	of	transient	

erythro-myeloid	progenitors	arise	from	the	hemogenic	endothelium,	a	specialized	

region	of	the	aortic-gonad-mesonephros	structure6,7,9.		This	marks	the	onset	of	the	

second	phase	of	hematopoiesis,	called	definitive	hematopoiesis.		Erythro-myeloid	

progenitors	are	thought	to	be	the	first	progenitors	that	are	multipotent,	although	

they	are	initially	restricted	from	lymphoid	differentiation	until	CD45	is	expressed2,3.		

Erythrocytes	that	are	formed	during	this	phase	are	definitive	erythrocytes,	with	
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smaller	cellular	mass	and	shifted	expression	of	globin	genes	to	the	adult	forms5–7.		

The	macrophages	generated	during	this	phase	differ	from	the	primitive	wave	of	

hematopoiesis	in	that	they	become	the	tissue	resident	macrophages	of	the	brain,	

lung,	and	liver1,2,8.		Lastly,	these	initial	erythro-myeloid	progenitors	also	have	the	

capacity	to	form	most	granulocytic	myeloid	lineages3,5,8.	

	 As	definitive	hematopoiesis	progresses,	lymphoid	progenitors	arise	in	both	

the	yolk	sac	and	aortic-gonad-mesonephros.		These	lymphoid	precursors	can	

generate	B	and	T	cells,	but	are	restricted	in	B	cell	potential	and	can	only	form	long	

lived	B1	and	marginal	zone	B	cells1,3.		It	is	only	after	the	lymphoid	progenitors	are	

formed	that	the	appearance	of	the	first	hematopoietic	stem	cells	(HSCs)	is	observed.		

In	contrast	to	the	erythro-myeloid	progenitors,	HSCs	arise	from	the	aorta,	the	

vitelline	vessels,	as	well	as	the	yolk	sac,	and	become	the	long-lived,	true	multipotent	

progenitors	that	will	eventually	seed	the	organism	for	the	remaining	lifespan1,3,9.		

Initially,	the	fetal	liver	is	colonized	by	HSCs	and	lymphoid	progenitors	and	is	the	

predominant	site	of	hematopoiesis1,2,5.		It	remains	unclear	if	the	lymphoid	

progenitors	arise	from	HSCs	or	if	they	originate	from	the	prior	wave	of	

hematopoiesis3.		Lastly,	HSCs	colonize	the	bone	marrow	where	they	reside	in	a	

specialized	niche	where	they	are	relatively	quiescent	and	can	efficiently	self-renew7.	

	 	

B.	Hematopoietic	Stem	Cell	Assays	

	 The	hematopoietic	stem	cell	field	was	born	out	of	the	search	for	a	medical	

intervention	to	treat	exposure	to	radiation.		The	bone	marrow	was	promptly	

identified	as	the	tissue	that	is	uniquely	sensitive	to	radiation,	and	bone	marrow	
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transplantation	as	a	potentially	curative	therapeutic	modality	was	subsequently	

pursued10.		In	principle,	animals	could	be	irradiated	to	a	point	where	their	bone	

marrow	was	ablated,	and	donor	marrow	could	be	engrafted	as	a	functional	

replacement.		The	first	transplants	were	indeed	capable	of	rescuing	a	lethally	

irradiated	animal,	but	another	critical	observation	was	made:	donor	cells	were	

capable	of	forming	mixed	blood	lineage	colonies	in	the	spleens	of	the	recipients11.		

Through	limiting	cell	dilutions	and	tracking	chromosomal	abnormalities	from	

irradiated	donor	cells,	it	was	concluded	that	the	colonies	were	spawned	by	

individual	cells	with	multi-lineage	potential12,13.		The	observation	of	delayed	colony	

formation	in	secondary	transplant	recipients	that	displayed	robust	chimerism	

indicated	that	a	multipotent	progenitor	with	reduced	proliferative	status	existed	as	

a	subset	of	spleen-colonizing	bone	marrow	cells14.		Indeed,	treatment	of	bone	

marrow	with	5-fluorouracil	(5-FU),	a	reagent	that	selectively	kills	rapidly	dividing	

cells,	significantly	reduced	the	colony	forming	capacity	of	the	donor	cells,	but	did	not	

affect	long-term	repopulation	of	the	recipient	marrow14.		This	led	to	the	realization	

that	there	exists	a	rare,	more	primitive	progenitor	–	the	hematopoietic	stem	cell	

(HSC).	

	 Two	main	varieties	of	in	vitro	assays	were	devised	to	characterize,	

enumerate,	and	partially	purify	HSCs	from	the	bone	marrow	cellular	milieu.		The	

first	modality	was	based	on	the	concept	of	limiting	dilution,	and	involved	serial	re-

plating	of	5-FU-treated	bone	marrow	cells	to	generate	small	colonies	that	exhibited	

reduced	proliferative	capacity,	but	increased	self-renewal.		Lineage	potential	could	

be	discerned	as	a	function	of	colony	size,	with	small	colonies	representing	blast-like	
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progenitors	with	indeterminate	lineage	potential15,16.		Large	colonies	were	

comprised	of	erythroid,	megakaryocyte,	and	granulocyte	progenitors	as	well	as	rare	

cells	that	were	found	at	a	frequency	of	roughly	2	in	105	and	were	able	to	generate	

other	large	mixed-lineage	colonies	upon	re-plating17.		The	second	modality	was	

based	on	two-phase	co-culture	systems	in	which	enhanced	expansion	of	the	

progenitors	was	supported	by	primary	or	immortalized	stromal	cells	and	followed	

by	re-plating	into	semi-solid	medium	for	lineage	colony	formation.		These	assays	

were	able	to	detect	colony	forming	units	of	mixed	granulocyte,	erythroid,	

macrophage,	and	megakaryocyte	potential	(CFU-GEMM),	granulocyte-macrophage	

potential	(CFU-GM),	and	burst-forming	unit	erythroid	potential	(BFU-E).		The	two	

varieties	of	this	assay,	Cobblestone-area	Forming	Cell	Assay	and	Long	Term	Culture	

Initiating	Cell	Assay,	were	able	to	enrich	for	long	term	colony-forming	progenitors	

10	to	20-fold	over	serial	re-plating	assays,	and	estimated	their	frequency	to	be	about	

one	percent	of	the	CD34+	bone	marrow	population17,18.	

	 While	in	vitro	assays	were	helpful	in	estimating	progenitor	frequencies	and	

understanding	the	hierarchical	organization	of	the	hematopoietic	compartment,	in	

vivo	assays	were	required	to	determine	if	those	progenitors	had	true	HSC	function	–	

namely,	long-term	bone	marrow	reconstitution	with	multilineage	potential.		

Syngeneic	murine	bone	marrow	transplantation	became	widely	used	after	the	

discrimination	of	CD45	isoforms	(CD45.1	and	CD45.2)	became	possible	through	

flow	cytometric	analysis.		This	simple	strategy	involves	transplantation	of	donor	

cells	taken	from	an	animal	with	an	isoform	of	CD45	that	differs	from	the	recipient	

animal.		Because	the	mice	are	syngeneic,	there	are	reduced	immunological	
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complications	after	transplantation,	and	donor	cells	can	be	traced	over	time	using	

the	corresponding	CD45	allele.		For	these	reasons,	transplant-based	HSC	assays	

have	become	the	standard	for	investigating	HSC	function.		Human	xenograft	assays	

were	possible	once	immune-compromised	mouse	strains	were	engineered,	as	to	

avoid	graft	rejection	by	the	recipient	animal.		The	generation	of	these	animals	

involved	crossing	animals	with	various	genetic	backgrounds	that	inhibited	aspects	

of	the	immune	system,	including	beige	(impaired	T	cell	differentiation),	nude	(T	and	

NK	cell	dysfunction),	and	X-linked	immunodeficiency	(impaired	LAK	and	B	cell	

function)	as	in	the	bnx	strain,	or	by	inhibiting	B	and	T	cell	function	through	a	

mutation	of	the	critical	VDJ	recombination	machinery	as	in	the	SCID	strain19–22.		

Both	bnx	and	SCID	animals	needed	to	be	further	crossed	with	NOD/Lt	animals	to	

inhibit	macrophage	activity	which	could	still	compromise	the	engraftment	of	the	

xenotransplant23.			

	 Early	transplant	studies	relied	on	purification	of	prospective	stem	cell	

populations	so	that	lineage	contribution	could	be	scrutinized	in	the	recipient.		These	

types	of	experiments	delineated	most	subsets	of	known	bone	marrow	HSPCs	which	

were	classified	according	restricted	surface	antigen	expression	that	correlated	to	

their	varying	degrees	of	lineage	potential	and	engraftment	durability.		A	lineage	

roadmap	or	progenitor	hierarchy	was	derived	from	these	studies	and	is	described	

below.		New	technologies	have	allowed	for	the	description	of	HSC	progenitor	and	

lineage	output	without	the	need	for	transplantation.		By	labeling	HSCs	using	random	

transposon	tagging	or	fluorescent	tagging,	the	native	contribution	of	HSCs	to	the	

downstream	progenitor	pool	and	ultimately	the	terminal	lineage	cells	in	the	
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circulation	can	be	assessed.		These	studies	found	long-term	HSCs	(LT-HSCs)	to	

generate	very	few	progeny,	with	short-term	HSCs	(ST-HSCs)	generating	the	vast	

majority	of	cells	during	homeostatic	hematopoiesis24.		Perturbation	of	native	

hematopoiesis	via	5-FU	treatment	or	transplantation	showed	HSC	labeling	

frequencies	and	numbers	to	be	markedly	different	than	controls	indicating	that	

native	hematopoiesis	cannot	be	accurately	reiterated	in	models	that	introduce	high	

proliferative	demand	on	HSCs	and	progenitors25.	

	

C.	Progenitor	Hierarchy	

	 In	adult	hematopoiesis,	the	HSC	is	able	to	give	rise	to	every	myeloid	and	

lymphoid	blood	lineage	in	the	circulation.		Data	from	both	in	vitro	and	in	vivo	assays	

indicated	that	HSC	differentiation	is	achieved	through	the	step-wise	commitment	of	

HSC	daughter	cells	to	a	given	lineage	by	way	of	a	series	of	intermediary	progenitors	

with	increasingly	restricted	lineage	potential.		Human	HSCs	have	been	defined	

according	to	various	groupings	of	cell	surface	antigens	including	Lin-	CD34+	HLA-

DR-,	Lin-	ALDHhi	CD133+,	CD34+	CD133+,	Lin-	CD34+	CD38-	Rho-123lo,	and	CD34+	

CD38-	c-kit+	CD33-	Rho-123-	26.		Intriguingly,	these	antigen	groupings	isolate	cells	

with	similar	function,	albeit	varying	purity,	suggesting	heterogeneity	even	within	

the	HSC	compartment.		Only	more	recently	was	this	heterogeneity	appreciated	from	

a	cell	phenotype	standpoint.		Indeed,	the	expression	of	CD90	can	prospectively	

isolate	HSCs	with	long-term	repopulating	ability	in	transplant	assays	(Lin-	CD34+	

CD38-	CD90+)	26–28.		HSC	isolation	was	further	refined	to	include	CD45RA-	Rho123lo	

CD49f+27,28.		Mouse	HSCs	immune-phenotypes	are	quite	distinct	from	their	human	
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counterparts.		The	general	HSPC	population	is	typically	defined	as	Lin-	Sca-1+	c-kit+	

(LSK)29.		More	stringent	HSC	definitions	include	the	use	of	Hoescht	stain	efflux	(side	

population,	SP),	CD34lo,	CD38+,	Flt3,	and	CD244-,	although	current	HSC	definitions	

usually	include	LSK	CD48-	CD150+	and	LSK	CD34-	Flk2-29,30.	

HSCs	generate	multipotent	progenitors	(MPPs)	which	have	a	high	

proliferative	capacity,	have	only	short-term	repopulating	ability,	and	contribute	the	

bulk	of	day	to	day	blood	production28,29.		In	the	classical	model	of	the	hematopoietic	

hierarchy,	progenitors	then	become	restricted	to	myeloid	or	lymphoid	

differentiation	in	the	common	myeloid	progenitor	(CMP)	or	common	lymphoid	

progenitor	(CLP)	populations	respectively.		In	humans,	CMP	are	CD34+	CD38+	

CD45RA-	CD123+,	while	CLPs	are	CD34+	CD38+	CD10+	CD19-	26,31.		Alternate	

definitions	include	CD135+	for	CMP	and	CD7	for	CLP27.		In	mice,	CLPs	are	LSK	Il7ra+	

while	CMP	are	LSK	Ilr7a-	29.		CLPs	differentiate	into	NK,	dendritic,	T-cell,	and	B-cell	

lineages;	however,	CMPs	further	specialize	into	either	granulocyte-macrophage	

progenitors	(GMPs)	or	erythroid-megakaryocyte	progenitors	(MEPs).		The	classical	

definition	for	human	GMPs	is	CD34+	CD38+	CD45RA+	CD123+	and	for	MEPs	is	

CD34+	CD38+	CD45RA-	CD123-	26,31.		These	definitions,	especially	for	MEPs,	have	

been	refined	more	recently	to	include	CD38mid,	CD135,	and	CD110	antigens32.		

Terminal	blood	lineages	formed	from	GMPs	include	mast	cells,	basophils,	

eosinophils,	neutrophils,	and	macrophages.	

The	current	perspective	of	the	hematopoietic	hierarchy	considers	lineage	

commitment	to	be	a	continuum	of	intermediate	progenitor	stages	undergoing	

gradual	changes	in	lineage	programming	rather	than	abrupt	changes	that	lead	to	



 
 

9 

discrete	cell	populations	with	fixed	lineage	potential.		Figure	133–39	illustrates	the	

hematopoietic	hierarchy	including	increased	mixed	lineage	potential	between	

myeloid	and	lymphoid	compared	to	the	classical	model.		In	this	model,	the	

lymphoid-primed	multipotent	progenitor	(LMPP)	resides	down-stream	of	the	MPP,	

and	represents	a	lymphoid-biased	progenitor	with	the	capacity	to	generate	GMP-

like	progeny	separate	from	the	CMP	route36.		The	LMPP	then	yields	the	CLP,	also	

designated	the	multi-lymphoid	progenitor	(MLP)	to	appreciate	its	previously	

unrecognized	ability	to	generate	some	myeloid	cells	via	the	monocyte	and	dendritic	

cell	progenitor	(MDP)	route33,37.		Thus,	the	new	model	views	the	lymphoid	branch	as	

becoming	increasingly	restricted	to	lymphoid	potential	by	losing	myeloid	potential.	
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Figure	1.	Schematic	of	the	human	hematopoietic	hierarchy.	
HSC:	hematopoietic	stem	cell;	MPP:	multipotent	progenitor;	CMP:	common	myeloid	
progenitor;	LMPP:	lymphoid-primed	multipotent	progenitor;	GMP:	granulocyte-
monocyte	progenitor;	MLP:	multi-lymphoid	progenitor;	CLP:	common	lymphoid	
progenitor;	MEP:	megakaryocyte-erythroid	progenitor;	MDP:	monocyte-dendritic	
cell	progenitor;	B/NK:	B	and	NK	cell	progenitor;	Mk:	megakaryocyte;	Ery:	erythroid;	
Gran:	granulocyte;	Mono:	monocyte;	DC:	dendritic	cell;	NK:	natural	killer	cell.	
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D.	Aging	Defects	

	 In	the	developing	organism,	progenitors	progressively	gain	lineage	potency,	

starting	from	dedicated	erythroid	progenitors	and	eventually	culminating	in	the	

HSC.		As	a	counterpoint	to	this	development,	HSCs	gradually	lose	function	with	age.		

A	hallmark	of	stem	cell	aging	is	myeloid	skewing40–45.		This	phenotype	is	

characterized	as	a	perturbation	in	the	frequencies	of	peripheral	blood	cells	and	bone	

marrow	progenitors.		Peripheral	blood	counts	of	lymphocytes	and	erythrocytes	are	

often	diminished	in	aged	individuals	compared	to	young,	while	granulocytic	

monocytes	are	augmented46.		These	changes	are	accompanied	by	alterations	in	the	

frequencies	of	corresponding	progenitors	cells	in	the	bone	marrow.		A	critical	

implication	of	these	changes	is	the	functional	decline	of	HSCs.		Indeed,	

transplantation	of	aged	marrow	has	a	significantly	reduced	capacity	to	home	to	the	

bone	marrow	niche	and	engraft	young	recipients	compared	to	young	marrow,	and	

the	cells	that	manage	to	engraft	exhibit	myeloid	skewing	or	impaired	lymphoid	and	

erythroid	reconstitution40,45,47.		Paradoxically,	aged	individuals	have	a	greatly	

expanded	pool	of	HSCs,	despite	having	a	reduced	capacity	for	long-term	

repopulating40,43.		In	line	with	their	expansion,	aged	HSCs	exhibit	alterations	of	

proliferative	capacity	characterized	by	slow	yet	continuous	cell	cycle	progression	as	

compared	to	their	quiescent	counterparts48,49.		Also	counterintuitive	is	the	aged	

HSC’s	increased	sensitivity	to	G-CSF,	resulting	in	enhanced	mobilization	into	the	

peripheral	circulation50.		A	recent	study	showed	that	in	young	animals,	G-CSF	

selectively	mobilizes	dormant	HSCs;	however,	it	is	unknown	whether	in	aged	

animals	the	increased	mobilization	is	due	to	increased	HSC	numbers	or	a	functional	
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perturbation51.		These	age-associated	changes	render	individuals	more	likely	to	

develop	bone	marrow	disorders,	many	of	which	exhibit	exaggerated	aging	

phenotypes.	

	

E.	Mechanisms	of	Aging	Defects	

1.	DNA	Damage	

	 Because	transplantation	of	aged	stem	cells	into	young	recipients	does	not	

rescue	HSC	functional	capacity,	several	cell-intrinsic	mechanisms	have	been	

proposed	to	contribute	to	aging.		The	most	prevalent	model	for	stem	cell	aging	is	

that	a	genetic	perturbations	including	both	DNA	damage	and	gene	expression	

alterations	cause	the	dysfunction	of	aged	HSCs.		It	has	long	been	known	that	

chromosomes	erode	with	aging,	and	that	telomeres,	chromosomal	end-caps	

consisting	of	non-coding	DNA,	serve	as	a	buffer	to	protect	against	this	

phenomenon52.		In	mice,	it	has	been	shown	that	telomerase,	the	enzyme	that	

rebuilds	telomeres,	is	required	for	normal	HSC	function,	as	telomerase	deficient	

cells	have	reduced	capability	to	undergo	serial	transplantation53.		This	finding	was	

corroborated	in	an	experiment	that	subjected	telomerase-deficient	animals	to	six	

generations	of	breeding	after	which	point	HSC	attrition	was	observed	both	in	vivo	

and	in	in	vitro	colony	assays54.		Interestingly,	myeloid	skewing	was	observed	in	

those	animals	prior	to	HSC	exhaustion54.		It	remains	unclear	whether	restoration	of	

telomeres	restores	HSC	function	despite	alleviating	telomere	shortening55–58.		By	

contrast,	a	separate	study	showed	that	wild	type	marrow	behaved	like	aged	marrow	
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when	transplanted	into	telomerase-deficient	animals,	indicating	a	requisite	function	

for	telomerase	in	bone	marrow	micro-environment	rather	than	HSCs	themselves59.		

DNA	damage	can	be	accumulated	anywhere	across	the	chromatin,	not	just	

the	telomere.		It	has	been	shown	that	wild	type	aging	HSCs	accumulated	gamma-

H2AX	foci,	histone	marks	that	are	associated	with	damaged	DNA,	preferentially	on	

non-telomere	sites	and	have	up	to	40%	more	DNA	damage	than	young	cells	as	

evidenced	by	comet	tail	assay60,61.		Quiescent	aged	cells	were	impaired	in	their	

ability	to	resolve	new	radiation-induced	DNA	damage,	suggesting	that	DNA	damage	

repair	mechanisms	are	compromised	with	age62.		Indeed,	aged	HSCs	exhibit	reduced	

expression	of	several	DNA	damage	repair	pathways;	however,	when	induced	to	

proliferate,	these	pathways	were	shown	to	become	upregulated	and	the	cells	were	

able	to	efficiently	resolve	DNA	damage60,61.		In	line	with	these	findings,	replicative	

stress,	as	in	the	collapse	of	DNA	replication	forks,	has	been	shown	to	cause	

sustained	gamma-H2AX	foci,	but	were	not	linked	to	DNA	damage	or	even	alterations	

in	the	kinetics	of	DNA	damage	repair61.		This	was	further	supported	by	a	recent	

study	that	failed	to	identify	major	changes	in	DNA	repair	fitness	or	susceptibility	to	

irradiation	between	young	and	old	HSCs,	although	an	approximate	2-fold	increase	in	

mutational	burden	across	the	genome	was	observed	in	aged	cells63.		Thus,	it	remains	

unclear	to	what	extent	DNA	damage	influences	HSC	aging	phenotypes.	

	

2.	Epigenetic	Alterations	

Another	genetic	feature	implicated	in	stem	cell	aging	is	the	deregulation	of	

gene	expression	through	epigenetic	alterations.		Epigenetic	modifications	include	all	
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non-sequence-based	changes	in	the	genome	such	as	histone	modifications	and	

changes	in	DNA	methylation	and	physical	configuration.		Because	aging	is	most	

commonly	studied	in	healthy	organisms	with	no	known	or	common	genetic	

mutations,	epigenetic	and	transcriptional	changes	are	interrogated	on	a	global	

genomic	scale,	rather	than	at	the	loci	of	putative	target	genes.		The	notion	that	

epigenetic	drift	contributes	to	HSC	aging	was	illustrated	via	transplantation	of	aged	

HSPC-derived	iPSCs,	which	are	induced	pluripotent	stem	cells	engineered	by	

overexpression	of	master	regulators	of	a	variety	of	global	epigenetic	modifications64.		

These	iPSCs	were	found	to	have	several	features	of	HSCs	aging	corrected,	

presumably	through	epigenetic	alterations.		Although	that	study	did	not	

characterize	which	modifications	were	changed,	it	was	an	elegant	demonstration	

that	strongly	implicated	epigenetic	drift	as	a	contributor	to	HSC	aging.	

DNA	methylation	is	the	direct	methylation	of	cytosine	residues	across	the	

chromatin,	with	nearly	all	occurrences	targeted	to	CpG	dinucleotides	in	somatic	

cells65,66.		While	hypermethylation	of	a	given	locus	is	typically	associated	with	the	

diminished	expression	of	its	genes,	most	down-stream	effects	of	alterations	of	

methylation	status	appear	to	be	context	dependent.		Interrogation	of	the	bone	

marrow	HSC	methylome	revealed	significant	differences	in	methylation	profile	of	

aged	HSCs	compared	to	fetal	liver	or	young	bone	marrow	HSCs,	with	an	increase	in	

overall	methylation.		Changes	include	hypermethylation	(repressive)	of	gene	loci	

required	for	erythroid	and	lymphoid	differentiation,	and	hypomethylation	

(activating)	of	myeloid	genes66,67.		Two	critical	families	of	enzymes	responsible	for	

global	maintenance	of	the	methylome,	TETs	and	DNMTs,	are	downmodulated	with	



 
 

15 

aging67,68.		Genetic	deletion	of	these	factors	recapitulate	aging	phenotypes	including	

myeloid	skewing,	HSC	expansion,	and	poor	engraftment	after	transplantation66,69.	

Intriguingly,	forcing	young	HSCs	into	the	cell	cycle	with	5-FU	treatment	

causes	changes	in	the	methylome	and	transplantation	fitness	that	closely	resemble	

that	of	aged	HSCs67.		Furthermore,	many	loci	that	harbor	changes	in	methylation	

status	do	not	exhibit	altered	gene	expression,	which	suggests	that	targets	become	

dysregulated	in	HSC	progeny.		This	is	supported	by	the	fact	that	the	methylation	of	

lineage-specific	loci	is	perturbed	in	HSCs,	but	lineage	skewing	only	manifests	after	

several	rounds	of	cell	division	in	the	context	of	more	mature	progenitors67.	

	 Histones,	the	structures	responsible	for	organizing	higher	order	chromatin	

configurations,	are	also	capable	of	influencing	gene	expression.		This	is	generally	

achieved	through	various	histone	modifications	including	methylation,	acetylation,	

ubiquitination	that	have	unique	signaling	capabilities	that	can	orchestrate	

chromatin	accessibility	and	recruitment	of	regulatory	factors.		The	histone	mark	

H3K4me2	that	is	responsible	for	maintaining	chromatin	in	an	open,	active	

configuration	was	among	the	first	epigenetic	marks	observed	in	high	levels	in	

HSCs65,70,71.		The	proposed	model	that	came	from	this	finding	is	that	loci	that	harbor	

this	mark	were	shown	to	be	lineage-specific	zones	that	are	poised	for	expression	in	

the	HSC,	and	that	only	loci	needed	for	a	given	lineage	is	maintained	during	

differentiation.		Of	similar	function	to	H3K4me2	is	H3K4me3,	an	activating	mark	

that	protects	promoter	regions	of	genes	from	becoming	methylated	and	thus	

inactivated66.		Changes	with	age	include	loss	of	clear	promoter	localization,	

especially	in	genes	that	promote	HSC	self-renewal	and	inhibit	differentiation.		In	
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contrast,	H3K27me3	is	a	repressive	histone	mark	that	also	impacts	HSC	behavior	

and	is	also	dysregulated	with	aging	in	the	same	manner	as	H3K4me372.		Gain	of	

H3K27me3	has	not	been	directly	linked	to	HSC	aging	phenotypes;	however,	

manipulation	of	critical	regulators	of	this	mark,	such	as	PRC2	constituents	EZH2	and	

EED,	modulate	self-renewal	and	compromise	HSC	fitness	in	the	context	of	

transplantation,	respectively65,67.	

	

3.	Gene	Expression	Perturbations	

	 	Direct	gene	expression	analysis	through	sequencing	and	quantitating	

transcript	levels	has	been	a	key	complement	to	epigenetic	analysis	which	is	typically	

indirect	and	only	correlative	to	changes	in	the	transcriptome.		Gene	expression	in	

aged	HSCs	has	been	assessed	using	microarray	and	RNA-sequencing	platforms	and	

have	revealed	gene	signatures	indicative	of	myeloid	bias,	diminished	lymphoid	

potential,	and	gross	signaling	perturbations73.		One	study	showed	that	up	to	19%	of	

transcripts	that	are	altered	with	age	correspond	to	the	TGFb	signaling	pathway68.		

This	is	significant	considering	myeloid	and	lymphoid	lineages	have	variable	

responses	to	TGFb	including	induction	of	lineage-specific	gene	expression74.		Critical	

epigenetic	regulators	including	Ezh2	and	Tet2	were	also	dysregulated	in	aged	

HSCs68.			

The	use	of	single-cell	RNA-seq	in	conjunction	with	data	clustering	tools	has	

unveiled	greater	heterogeneity	in	the	HSC	compartment	than	was	previously	

appreciated	through	surface	antigen	phenotyping.		Changes	with	aging	that	are	

found	in	HSC	are	generally	concordant	between	studies.		Two	major	shifts	in	gene	
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expression	are	associated	with	stem	cell	aging:	cell	cycle	status	and	lineage	bias.		

These	have	been	described	in	a	series	of	studies	in	which	discrete	subsets	of	LT-

HSCs	are	reported	to:	1)	have	a	decreased	tendency	to	reside	in	the	G1/S	cell	cycle	

phase	compared	to	ST-HSCs	and	MPPs,	suggestive	of	increased	self-renewal	and	

decreased	differentiation	potential75;		2)	exhibit	increased	JAK/STAT	signaling	that	

drives	the	cells	to	megakaryocyte	bias	and	partial	functional	exhaustion	in	a	p53-

dependent	manner76;	3)	express	high	levels	of	von	Willebrand	factor	and	become	

functionally	platelet	biased77;	and	4)	express	high	levels	of	CD61	and	become	

myeloid-biased	under	inflammatory	conditions	in	a	manner	dependent	on	Stat3,	

Klf5,	and	Ikzf178.	

	

4.	ROS/Metabolism	

	 Reactive	oxygen	species	(ROS)	have	also	been	implicated	in	the	functional	

decline	of	HSCs.		In	a	triple	knock-out	mouse	model	targeting	FoxO1,	3,	and	4,	LSK	

HSCs	showed	increased	levels	of	ROS	which	was	associated	with	impaired	HSC	

function.		FoxO-deficient	animals	had	increased	peripheral	white	blood	count	and	

splenomegaly	with	enhanced	expansion	of	myeloid	elements	in	the	tissue79.		HSCs	

from	these	animals	produced	fewer	colonies	in	in	vitro	assays,	with	changes	in	

frequencies	of	colony	types	favoring	myeloid	differentiation	by	approximately	7-fold	

more	than	their	wild	type	counter-parts.		Loss	of	FoxO	also	significantly	impaired	

long-term	repopulation	in	bone	marrow	transplantation	assays	which	was	

associated	with	increased	cell	cycle	entry	of	HSCs	but	not	myeloid	progenitors.		

Treatment	of	animals	with	N-acetyl-L-cysteine	(NAC)	after	FoxO	deletion	reduced	
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ROS	levels	to	near	wild-type	levels	and	restored	HSC	numbers	and	cell	cycling	to	

normal79.	

	 In	Atm-deficient	animals,	severe	bone	marrow	failure	arises	in	association	

with	increased	ROS.		Atm-deficient	HSCs	generate	fewer	colonies	regardless	of	

lineage	type,	and	exhibit	a	markedly	diminished	capacity	for	long	term	

reconstitution	after	transplantation.		This	phenotype	is	reversible	with	

administration	of	NAC	before	and	after	transplant,	indicating	that	an	accumulation	

of	ROS	after	loss	of	Atm	is	causative80.		Accordingly,	p16	and	p19	are	upregulated	in	

Atm-null	HSCs,	and	a	follow-up	study	using	buthionine	sulfoximine	(BSO)	to	induce	

ROS	confirmed	that	the	upregulation	of	these	factors	is	specific	to	ROS	rather	than	

loss	of	Atm.		Furthermore,	p38	MAPK	was	found	to	be	the	critical	signaling	node	in	

the	cellular	response	to	ROS,	and	its	inhibition	rescues	long-term	HSC	repopulating	

ability	as	well	as	increases	engraftment	efficiency	in	serial	transplantation	assays81.	

	 Importantly,	the	effects	of	ROS	in	unperturbed	cells	have	also	been	

characterized.		Using	2’-7’-dichlorofluoroscein	diacetate	(DCF-DA),	a	molecule	that	

becomes	fluorescent	when	oxidized	in	the	presence	of	ROS,	viable	CD45+	bone	

marrow	cells	could	be	grouped	according	to	high	or	low	ROS	content.		In	young	

animals,	ROS-high	cells	were	myeloid-skewed	in	their	colony	formation	and	bone	

marrow	reconstitution	abilities,	and	long-term	bone	marrow	reconstitution	and	

serial	transplantation	were	significantly	impaired.		An	intriguing	additional	

phenotype	observed	in	ROS-high	cells	was	the	reduced	expression	of	a	cohort	of	

osteoblastic	niche	factors,	and	a	diminished	ability	to	adhere	to	niche	components	

such	as	collagen	I82.		This	suggests	that	HSCs	may	be	mis-localized	from	the	ROS-
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protective	hypoxic	niche	over	time,	although	this	has	not	yet	been	tested.		

Treatment	with	NAC	or	inhibition	of	p38	MAPK	or	mTOR	could	all	modulate	the	

behavior	of	ROS-high	cells	to	match	that	of	ROS-low	cells.		Importantly,	the	relative	

frequencies	of	ROS-high	and	ROS-low	cells	change	with	over	time;	specifically,	the	

ROS-low	population	is	diminished	by	approximately	25%	in	aged	animals82.	

	 Other	metabolic	perturbations	have	also	been	implicated	in	HSC	aging.		

Approximately	33%	of	aged	HSCs	have	been	reported	to	exhibit	reduced	autophagic	

activity	and	increased	metabolic	functions	indicated	by	elevated	ATP	and	NADH	

levels.		Accordingly,	loss	of	critical	autophagy	factor	Atg12	causes	accelerated	aging	

effects	with	many	of	the	aforementioned	phenotypes,	and	correlates	with	increased	

mitochondrial	mass83.		SIRT7	has	also	been	shown	to	mediate	mitochondrial	

activity,	and	is	expressed	at	a	lower	level	in	aged	HSC	compared	to	young.		Deletion	

of	SIRT7	in	young	HSC	recapitulates	the	myeloid	skewing	phenotype,	and	also	leads	

to	a	modest	impairment	in	engraftment	at	both	short	and	long	time-points.		Over-

expression	of	SIRT7	in	aged	HSCs	leads	to	more	robust	engraftment	and	ameliorates	

myeloid	skewing84.	

	

5.	Bone	Marrow	Niche	

	 Another	critical	facet	of	HSC	aging	is	the	interaction	of	HSCs	with	the	bone	

marrow	stroma	and	localization	within	the	bone	marrow	niche.		Osteoblastic,	

perivascular,	and	endothelial	cells	all	have	roles	in	regulating	HSC	maintenance	and	

localization	through	secretion	of	various	growth	factors85.		With	respect	to	aging,	

increased	fat	content	observed	in	aged	bone	marrow	is	correlated	with	diminished	
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CD45+	hematopoietic	cellularity.		HSPCs	taken	from	fatty	marrow	of	young	mice	

exhibits	poor	engraftment	and	colony	output	on	a	per	cell	basis.		HSC	function	of	

aged	cells	is	restored	in	bone	marrow	progenitors	taken	from	genetically	

engineered	fatless	mice	or	mice	treated	with	a	PPAR-g	inhibitor	that	blocks	bone	

marrow	adipocyte	formation86.	

Reduced	numbers	of	mesenchymal	progenitors	have	been	reported	within	

the	endosteal	region	of	the	bone	marrow,	which	is	the	deepest,	most	hypoxic	zone	in	

the	stroma	and	is	thought	to	house	HSCs87.		Correlated	with	this	is	a	dramatic	shift	in	

localization	of	aged	HSCs	away	from	the	endosteal	region,	and	toward	the	central	

and	sinusoidal	zones	where	progenitors	and	mature	cells	tend	to	reside88.		Whether	

the	loss	of	mesenchymal	progenitors	directly	affects	HSC	localization	has	not	been	

determined;	however,	changes	in	HSC	localization	have	been	shown	to	affect	

myeloid	and	lymphoid	differentiation	bias89.		Aged	HSCs	also	exhibited	perturbed	

cytoskeletal	polarization	and	reduced	adhesion	in	the	extra-endosteal	region,	which	

may	contribute	to	increased	mobilization	in	response	to	G-CSF	stimulation88.	

	 In	the	context	of	transplantation,	there	are	significant	differences	in	lineage	

potential	and	over-all	engraftment	between	young	and	old	recipients	regardless	of	

donor	age.		Both	young	and	aged	donor	cells	transplanted	into	aged	recipients	show	

inferior	engraftment	and	myeloid-shifted	distribution	of	donor	cells90.		Aged	bone	

marrow	featured	reduced	levels	of	a	host	of	interleukins,	SDF-1,	GM-CSF	and	MCP1	

cytokines	compared	to	young	counterparts,	but	had	increased	levels	of	interferon-

gamma	and	Ccl590,91.		Intriguingly,	Ccl5	was	exclusively	expressed	in	stromal	cells,	

and	its	enforced	expression	generated	long-term	myeloid	skewing	post-
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transplantation.		By	contrast,	Ccl5-deficient	animals	had	increased	peripheral	white	

blood	cell	counts	and	reduced	numbers	of	myeloid	progenitors	in	the	bone	

marrow90.	

	

F.	RUNX	transcription	factors	

	 From	a	molecular	standpoint,	there	is	a	vast	and	interconnected	network	of	

transcription	factors	required	for	embryonic	establishment	of	HSCs	through	to	adult	

HSC	maintenance	and	function.		Because	HSC	progenitors	are	very	rare	and	hard	to	

isolate	by	distinct	cell	surface	antigens,	the	proteins	that	govern	HSC	formation	have	

primarily	been	studied	through	various	models	of	genetic	manipulation.		SCL,	LMO2,	

and	GATA2	are	three	of	the	most	critical	transcription	factors	in	early	

embryogenesis.		Deletion	of	each	of	these	factors	completely	blocks	primitive	

hematopoiesis	and	halts	hematopoietic	progression92,93.		LYL1,	ERG,	FLI1,	and	

CEBP/B	factors	also	have	various	roles	in	generating	circulatory	architecture	and	

lineage	programming	of	progenitors	during	early	hematopoiesis94.		RUNX1	is	

dispensable	during	primitive	hematopoiesis,	but	has	a	requisite	role	in	establishing	

definitive	hematopoiesis	and	generating	the	early	HSCs	that	go	on	to	seed	the	fetal	

liver95–97.		Mechanistically,	RUNX1	orchestrates	the	chromatin	occupancy	of	several	

other	critical	transcription	factors	and	remodels	the	epigenetic	landscape	of	key	

targets98.		Further,	RUNX1	also	has	a	myriad	of	roles	in	stem	cell	maintenance	and	

lineage	specification	and	maturation	which	is	why	it	is	among	the	most	studied	

transcription	factors	in	HSC	biology.	
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1.	RUNX	Overview	

The	RUNX	family	is	comprised	of	RUNX1,	RUNX2,	RUNX3,	and	a	common	

binding	partner,	CBFb.		The	proteins	are	highly	homologous,	all	containing	

activating	and	inactivating	domains,	as	well	as	the	critical	Runt	domain	that	is	

responsible	for	chromatin	interaction99.		RUNX	proteins	recognize	a	cognate	DNA	

binding	motif	that	is	generally	defined	as	PyGPyGGTPy;	however,	this	interaction	is	

very	weak	in	biochemical	assays	unless	CBFb	is	present100,101.		Degenerate	or	

variant	DNA	binding	motifs	have	also	been	identified,	which	may	be	indicative	of	

functional	diversity102.		Structural	analysis	of	RUNX1	indicated	that	

heterodimerization	with	CBFb	causes	a	change	in	its	conformation	that	makes	the	

Runt	domain	fully	accessible	to	chromatin103,104.		It	is	generally	accepted	that	RUNX	

factors	function	by	dimerizing	with	CBFb	and	binding	to	the	RUNX	DNA-binding	

motif,	although	CBFb-independent	functions	have	been	described	as	well	as	

instances	of	RUNX	factors	associated	with	non-RUNX	binding	motifs105.	

All	RUNX	proteins	undergo	several	forms	of	post-translational	modification	

which	can	modulate	their	stability	and/or	their	function.		RUNX	interaction	with	

their	co-repressor	Sin3A	is	thought	to	be	dependent	on	ERK	mediated	

phosphorylation,	and	the	binding	of	RUNX2	to	CBFb	is	dependent	on	its	

phosphorylation	by	factors	downstream	of	TGFb/BMP	signaling99,106.		CBFb	binding	

has		been	shown	to	be	critical	for	RUNX	protein	stability107.		Cyclin	dependent	

kinases	also	target	RUNX	proteins	and	regulate	their	stability	at	different	stages	of	

the	cell	cycle.		RUNX1	has	been	shown	to	undergo	methylation	by	PRMT1,	which	is	

also	thought	to	block	Sin3A	binding99.		All	RUNX	proteins	are	acetylated	by	p300,	
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and	are	also	targeted	by	various	HDACs	and	histone	transferases	to	modulate	their	

function	by	altering	DNA-binding,	transactivation,	or	stability99,106.		RUNX	proteins	

function	via	interaction	with	their	various	partners.		Some	of	these	partners	are	Wnt	

and	Hippo	signaling	factors,	DNA	damage	repair	factors,	and	chromatin	organizing	

factors99.		RUNX	proteins	also	bind	other	transcription	factors	such	as	Smads	and	

STATs	which	can	affect	their	sub-cellular	localization	as	well	as	their	chromatin	

occupancy108–110.	

Each	of	the	RUNX	factors	is	critical	for	the	survival	of	the	organism.		Germline	

deletion	of	RUNX2	in	mice	results	in	an	inability	to	generate	ossified	skeletal	tissue	

due	to	a	blockade	in	osteoblast	maturation	and	is	lethal	due	to	respiratory	failure	

shortly	after	birth111,112.		Germline	deletion	of	RUNX3	is	lethal	due	to	gastric	or	

neuronal	defects,	depending	on	the	strain	of	mouse	that	was	used113,114.		As	

mentioned	previously,	loss	of	RUNX1	results	in	a	failure	to	establish	definitive	

hematopoiesis.		CBFb-null	mice	also	die	from	an	inability	to	establish	definitive	

hematopoiesis115.		While	all	RUNX	protein	functions	are	perturbed	in	the	absence	of	

CBFb,	the	RUNX1	phenotype	is	lethal	earliest	during	embryogenesis.		This	is	likely	

why	germline	deletion	of	CBFb	recapitulates	the	RUNX1	phenotype	rather	than	that	

of	RUNX2	or	RUNX3,	although	this	has	not	been	experimentally	validated.	

	

2.	RUNX1	During	Development	

In	the	context	of	hematopoiesis,	RUNX1	has	been	extensively	studied.		During	

embryogenesis,	the	expression	of	RUNX1	in	blood	island	progenitors	is	partially	

required	for	the	generation	of	primitive	erythrocytes	through	down-stream	
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upregulation	of	Gata1	and	EKLF95.		In	ESC	differentiation	models,	RUNX1	was	shown	

to	coordinate	localization	of	several	key	transcription	factors	to	new	gene	

regulatory	elements	and	to	reconfigure	the	epigenetic	landscape	of	hematopoietic	

loci98.		RUNX1	is	critical	for	the	generation	of	the	next	wave	of	hematopoietic	

progenitors	derived	from	the	hemogenic	endothelium	in	the	aortic-gonad-

mesonephros	structure.		RUNX1	deficiency	at	all	stages	prior	to	fetal	liver	

colonization	by	hematopoietic	progenitors	blocks	the	formation	of	full-fledged	HSCs	

that	eventually	seed	the	bone	marrow96,97,116.	

During	adult	hematopoiesis,	RUNX1	deficiency	in	the	hematopoietic	

compartment	leads	to	an	expansion	of	LSK+	HSPCs,	granulocytes,	and	myeloid	

precursors,	accompanied	by	a	blockade	in		lymphoid	differentiation	of	B-	and	T-

cells117.		Transplantation	of	RUNX1-deficient	cells	results	in	efficient	bone	marrow	

chimerism	but	reduced	terminal	blood	cell	output	as	evidenced	by	reduced	

peripheral	chimerism118.		Intriguingly,	the	disruption	of	a	single	RUNX1	allele	leads	

to	nearly	the	opposite	phenotype	-	reduced	HSC	numbers,	and	enhanced	bone	

marrow	engraftment	generating	normal	numbers	of	most	terminal	blood	cells	

compared	to	wild	type	animals,	with	the	exceptions	being	reduced	T-cells	and	

platelets119.		RUNX1	also	has	a	demonstrated	role	in	the	immune	cell	compartment,	

specifically	the	differentiation	and	maturation	of	CLPs,	dendritic	cells,	and	

regulatory	and	helper	T	cell	subsets117.			
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3.	RUNX1	in	Bone	Marrow	Disorders	

In	accordance	with	its	many	roles	in	hematopoiesis,	RUNX1	perturbations	

are	frequently	observed	in	bone	marrow	disorders	that	harbor	differentiation	

defects	and	generally	involve	loss	of	function	mutations	and	chromosomal	

aberrations.		In	AML,	RUNX1	is	involved	in	t(8;21)	and	chromosomal	rearrangement	

which	results	in	the	dominant-negative	AML-ETO	fusion	protein120.		In	AMLs	with	

the	inv(16)	rearrangement,	RUNX1	is	indirectly	inactivated	through	sequestration	

via	the	inv(16)	product,	CBFb-SMMHC121.		A	functionally	defective	RUNX1	allele	is	

also	found	in	ALLs	with	the	t(12;21)(p13;q22)	rearrangement	that	produces	the	

ETV6-RUNX1	fusion	protein121.		Other	non-chromosomal	rearranging	mutations	

also	target	RUNX1;	however,	while	most	of	these	inactivate	RUNX1,	there	is	almost	

always	an	intact	or	amplified	wild-type	RUNX1	allele,	suggesting	RUNX1	also	

confers	a	growth	or	survival	advantage	in	diseased	cells121,122.			

High	throughput	screenings	of	small	molecule	drugs	led	to	the	identification	

of	the	RUNX1	inhibitor	Ro5-3335	(Ro5)	and	the	development	of	the	CBFb	inhibitor	

AI-14-91	(AI).		The	mechanism	of	action	for	Ro5-3335	is	not	fully	understood;	

however,	there	is	evidence	indicating	that	the	molecule	may	actually	inhibit	the	

SWI/SNF	complex,	which	has	been	shown	to	associate	with	RUNX1123,124.		In	a	

zebrafish	model	of	AML1-ETO	leukemia,	Ro5	rescued	defective	blood	cell	

production	from	blood	islands	in	the	developing	embryo123.		In	mice,	administration	

of	the	drug	in	vivo	showed	effective	elimination	of	HSPCs	that	ectopically	express	

the	CBFb-MYH11	fusion,	and	an	overall	diminished	burden	of	disease123.		In	contrast	

to	Ro5,	AI-14-91	underwent	rigorous	structural	analysis	to	confirm	its	binding	to	
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the	Runt	domain	of	RUNX1.		AI-14-91	was	shown	to	block	known	functions	of	

RUNX1	including	embryonic	HSPC	formation	in	zebrafish,	proliferation	of	leukemic	

cell	lines	and	murine	bone	marrow	progenitors,	and	expression	of	genes	that	

regulate	lipid	and	ribosomal	biogenesis125.			

	

4.	RUNX3	Overview	

RUNX3	is	expressed	in	the	mouse	embryo	after	RUNX1	and	the	

establishment	of	definitive	hematopoiesis	and	does	not	appear	to	contribute	to	the	

formation	of	early	hematopoietic	progenitors126.		In	adult	animals,	RUNX3	is	

predominantly	expressed	in	lymphoid	cells	where	it	has	been	studied	extensively,	

but	is	also	expressed	in	other	hematopoietic	cell	types	as	well	as	neuronal	cells.		In	

B-cells,	RUNX3	contributes	to	proliferation	and	immunoglobulin	class	switching127.		

Its	expression	is	induced	by	TGFb,	and	it	also	binds	to	Smad3	and	propagates	TGFb	

signaling99,109,110,127.		Interestingly,	loss	of	RUNX3	results	in	a	lack	of	Langerhans	

cells	in	the	epidermis,	a	phenotype	that	also	arises	in	the	context	of	TGFb	

deficiency128,129.		In	T-cells,	RUNX3	regulates	differentiation	to	the	CD8	single-

positive	state	by	binding	repressive	elements	of	the	CD4	locus	as	well	as	binding	to	

the	enhancer	of	the	CD8	locus130.		RUNX3	also	has	a	role	in	CD8+	T-cell	function,	as	

its	deletion	results	in	defective	antigen	recognition	via	T-cell	receptor131.		A	similar	

role	has	been	demonstrated	in	Th1	subsets,	where	Th1	cytokine	production	was	

activated	by	RUNX3,	while	Th2	cytokine	production	was	repressed130.		Furthermore,	

Th17	cells,	regulatory	T-cells,	and	NK	cells	all	require	RUNX3	to	varying	degrees	for	

normal	differentiation	and/or	function130.		In	addition	to	its	roles	in	lymphoid	and	
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epidermal	cells,	RUNX3	is	also	expressed	in	TrkC+	proprioceptive	neurons	in	the	

cranial	and	dorsal	root	ganglion	where	it	regulates	neurotrophin	response	and	

axonal	guidance113,132.	

	 	 	

5.	Evidence	for	a	role	for	RUNX3	in	Hematopoiesis	and	Aging	

	 Several	lines	of	evidence	implicate	RUNX3	in	myeloid	hematopoiesis	and	

aging.		Loss	of	RUNX3	during	zebrafish	embryogenesis	blocks	progenitor	formation	

and	subsequent	production	of	circulating	cells,	and	disrupts	expression	of	other	

critical	transcription	factors	RUNX1,	myb,	and	Spi1133.		All	phenotypes	were	rescued	

by	injection	of	RUNX3	mRNA.		RUNX3	was	further	implicated	in	myeloid	

differentiation	in	a	study	that	used	a	predictive	algorithm	to	identify	RUNX3	as	an	

essential	node	in	transcription	factor	networks	that	regulate	adult	erythropoiesis134.		

A	partial	erythroid	phenotype	was	indeed	observed	in	mice	with	hematopoietic	

deletion	of	RUNX3.		In	young	adult	mice,	RUNX3	deficiency	rendered	bone	marrow	

HSPCs	hyper-sensitive	to	G-SCF-induced	mobilization	and	enhanced	their	colony	

forming	capacity	in	serial	re-plating	assays,	but	produced	no	gross	hematopoietic	

defects.		As	the	animals	aged,	the	bone	marrow	progenitor	distribution	shifted	

toward	a	higher	frequency	of	myeloid	progenitors	at	the	expense	of	erythroid	

progenitors,	and	the	animals	developed	a	myeloproliferative	disorder	characterized	

by	leukocytosis135.		Co-deletion	of	RUNX1	and	RUNX3	produced	a	synthetic	

phenotype	involving	the	development	or	either	bone	marrow	failure	or	

myeloproliferative	disorder	accompanied	by	severe	cytopenias	including	anemia.		

Using	this	model,	a	DNA	damage	response	requiring	both	RUNX1	and	RUNX3	was	
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also	identified,	supporting	the	notion	that	RUNX1	and	RUNX3	could	have	

overlapping	and	potentially	compensatory	functions105.	

	 RUNX3	was	further	implicated	in	aging	and	disease	states.		Promoter	hyper-

methylation	of	RUNX3	was	observed	in	both	neoplastic	and	non-neoplastic	gastric	

epithelial	cells	and	was	correlated	with	diminished	protein	levels	as	a	function	of	

age	rather	than	tumorigenesis136,137.		RUNX3	hyper-methylation	was	also	detected	

in	bladder	tumors	and	in	cells	of	the	frontal	cortex	with	a	strong	positive	correlation	

between	methylation	status	and	age138,139.		Diminished	RUNX3	transcripts	were	also	

associated	with	RUNX3	hyper-methylation	in	CD8+	T-cells140.		Hematopoietic	

malignancies	including	AML,	ALL,	and	MDS	also	harbor	hyper-methylated	RUNX3	

loci	at	high	frequencies	in	human	samples.		Retrospective	analysis	of	patient	

survival	indicates	higher	relapse-free	survival	with	lower	RUNX3	methylation.		Of	

note,	myeloid	cells	had	a	significantly	higher	frequency	of	RUNX3	methylation	than	

lymphoid	cells.		Methylation	of	RUNX1	and	RUNX2	loci	was	not	observed	in	these	

cases141.	

	 Despite	these	findings,	a	clear	role	for	RUNX3	in	myeloid	hematopoiesis	has	

not	yet	been	demonstrated,	and	it	remains	unknown	whether	RUNX3	has	over-

lapping	roles	with	RUNX1.		In	the	context	of	aging	and	disease,	this	is	especially	

important	given	the	frequency	with	which	RUNX1	perturbations	are	observed.		A	

major	hallmark	of	normal	aging	and	age-associated	hematologic	malignancies	is	the	

skewing	of	lineage	output.		Diminished	expression	of	RUNX3	has	already	been	

shown	in	many	age-associated	disease	states	including	myeloid	malignancies	such	

as	AML;	however,	these	observations	remain	correlative,	as	specific	roles	for	RUNX3	
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in	these	conditions	have	not	been	identified.		This	study	aimed	to	determine	

whether	RUNX3	has	a	role	in	normal	myeloid	hematopoiesis	using	an	in	vitro	setting	

wherein	a	discrete	population	of	primary	human	cells	could	be	rigorously	

interrogated	with	respect	to	multi-lineage	differentiation.		Further,	a	role	for	RUNX3	

in	hematopoietic	aging	was	examined.	
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II.	RUNX3	Levels	In	Human	Hematopoietic	
Progenitors	Are	Regulated	By	Aging	And	Dictate	

Erythroid-Myeloid	Balance	
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A.	Abstract	

Healthy	bone	marrow	progenitors	yield	a	coordinated	balance	of	

hematopoietic	lineages.		This	balance	shifts	with	aging	toward	enhanced	

granulopoiesis	with	diminished	erythropoiesis	and	lymphopoiesis,	changes	which	

likely	contribute	to	the	development	of	bone	marrow	disorders	in	the	elderly.		In	

this	study,	RUNX3	was	identified	as	a	hematopoietic	stem	and	progenitor	cell	factor	

whose	levels	decline	with	aging	in	humans	and	mice.		This	decline	is	exaggerated	in	

hematopoietic	stem	and	progenitor	cells	from	subjects	diagnosed	with	unexplained	

anemia	of	the	elderly.	Hematopoietic	stem	cells	from	elderly	unexplained	anemia	

patients	had	diminished	erythroid	but	unaffected	granulocytic	colony	forming	

potential.		Knockdown	studies	revealed	human	hematopoietic	stem	and	progenitor	

cells	to	be	strongly	influenced	by	RUNX3	levels,	with	modest	deficiencies	abrogating	

erythroid	differentiation	at	multiple	steps	while	retaining	capacity	for	

granulopoiesis.		Transcriptome	profiling	indicated	control	by	RUNX3	of	key	

erythroid	transcription	factors,	including	KLF1	and	GATA1.		These	findings	thus	

implicate	RUNX3	as	a	participant	in	HSPC	aging,	and	a	key	determinant	of	erythroid-

myeloid	lineage	balance.		

	

B.	Introduction	

	 Hematopoietic	stem	and	progenitor	cells	(HSPCs)	execute	tightly	coordinated	

self-renewal	and	lineage	commitment	programs	that	generate	a	balanced	output	of	

peripheral	blood	cell	types.		With	aging,	these	programs	undergo	perturbation	

resulting	in	increased	numbers	and	decreased	function	within	the	stem	cell	
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compartment	as	well	as	a	shift	in	the	balance	of	cell	types	produced	–	namely,	an	

increased	proportion	of	granulocytes	at	the	expense	of	erythroid	and	lymphoid	

lineages40,68,142,143.		Thus	normal	aged	mice	have	diminished	peripheral	red	blood	

cells	and	lymphocytes,	increased	circulating	neutrophils	and	monocytes,	and	

increased	sensitivity	to	G-CSF-induced	leukocytosis	and	HSPC	mobilization50,67.		The	

transplantability	of	age-related	HSPC	changes	highlights	the	importance	of	cell-

intrinsic	determinants,	although	micro-environmental	factors	also	exert	a	critical	

influence43,144,145.	

The	transcription	factor	RUNX3	has	been	characterized	as	a	participant	in	

neural	and	lymphocyte	development,	TGFb	signaling,	and	solid	tumor	

suppression128,132,146–148.		Several	studies	have	also	demonstrated	its	repression	in	

aged	normal	as	well	as	tumor	tissues,	with	the	principal	mechanism	of	inactivation	

being	epigenetic	alterations,	particularly	DNA	methylation138–140,149.		Emerging	data	

suggest	a	role	in	hematopoiesis,	with	zebrafish	and	murine	loss	of	function	studies	

revealing	progenitor	perturbations,	although	the	extent	of	its	role	has	remained	

unclear	due	to	redundancy	with	Runx1105,117,133.		Most	notably,	induction	of	

hematopoietic	Runx3	deletion	in	mice	elicited	marrow	changes	similar	to	those	

reported	with	normal	aging:	increased	marrow	colony	forming	units	(CFU)	and	

increased	peripheral	blood	mobilization	of	CFU	by	G-CSF	treatment135,150.	

This	study	shows	RUNX3	to	be	expressed	in	murine	and	human	HSPC,	where	

it	undergoes	repression	and	epigenetic	modification	during	normal	aging.		HSPC	

levels	of	RUNX3	were	found	to	determine	developmental	potential,	with	deficiency	

restricting	erythropoiesis	at	commitment	and	subsequent	stages	while	fully	
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permitting	granulopoiesis.		HSPC	purified	from	patients	with	unexplained	anemia	of	

aging	manifested	RUNX3	deficiency	and	similar	developmental	alterations.	Changes	

in	HSPC	transcriptome	due	to	RUNX3	deficiency	suggest	a	role	upstream	of	the	

erythroid	master	regulatory	transcription	factors	KLF1	and	GATA1.		

	

C.	Results	

HSC	RUNX3	Levels	Decline	With	Aging	

	 Prior	reports	have	shown	marrow-specific	Runx3	knock-out	to	elicit	aspects	

of	the	aging	phenotype	and	to	exaggerate	the	myeloid	skewing	associated	with	

aging135,150.		We	therefore	assessed	RUNX3	expression	in	rigorously	purified	human	

and	murine	hematopoietic	stem	cells.		In	humans,	RNA-seq	has	been	conducted	on	

Lin-	CD34+	CD38-	marrow	cells	from	healthy	young	(18-30	years	old)	and	aged	(65-

75)	subjects	(GSE104406).		In	mice,	side	population	(SP)	Lin-	Sca+	Kit+	CD150+	

marrow	cells	from	young	(4	months	old)	and	aged	(24	months)	animals	have	

undergone	RNA-seq68	(GSE47819).		Both	datasets	demonstrated	HSC	expression	of	

RUNX3	with	significant	decreases	associated	with	aging	[Figure	2.1	A-B].		Human	

CD34+	CD38+	later	stage	progenitors	also	showed	diminished	RUNX3	expression	

with	aging,	indicating	that	the	changes	are	not	HSC-restricted	[Figure	2.2A].		

Evidence	for	an	aging-associated	decline	in	progenitor	protein	levels	was	seen	in	

human	marrow	samples	immunostained	for	RUNX3	[Figure	2.2B].		Analysis	of	

murine	bone	marrow	single-cell	RNA-seq	datasets151	(GSE89754)	from	animals	with	

or	without	Epo	treatment	confirmed	that	the	signals	for	Runx3	expression	came	

from	multipotent	and	early	committed	erythroid	progenitors	rather	than	
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contaminant	lymphocytes.	Discrimination	of	HSC	versus	MPP	compartments	is	not	

possible	by	this	approach	[Figure	2.2C].	

Because	epigenetic	changes	occur	with	HSC	aging	and	participate	in	

regulation	of	RUNX364,136,152,	we	investigated	the	effect	of	aging	on	DNA	and	histone	

modifications	within	the	murine	and	human	loci.		Analysis	of	comprehensive	DNA	

methylation	mapping	by	whole	genome	bisulfite	sequencing68	(GSE47819)	revealed	

significant	increases	in	P2	promoter	methylation	in	aged	murine	HSC	[Figure	2.1	C-

D].		Datasets	for	H3K27ac	in	young	versus	aged	murine	HSC	are	not	currently	

available.		The	human	RUNX3	locus	showed	aging-associated	decreases	in	H3K27ac	

within	the	P2	promoter,	as	well	as	the	super-enhancer	region	located	approximately	

97	kilobases	upstream	of	the	P2	promoter153	(GSE104406)	[Figure	2.1	E-G].	
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Figure	2.1.	HSPC	RUNX3	Levels	Decline	With	Aging	
(A)	Human	RUNX3	mRNA	levels	in	Lin-CD34+CD38-	bone	marrow	HSPC	obtained	from	healthy	
young	and	aged	individuals.		N	=	10/group.		(B)	Mouse	Runx3	mRNA	levels	in	side	population,	
Lin-Sca1+Kit+CD150+	bone	marrow	HSC	obtained	from	healthy	young	and	aged	animals	
(GSE47819;	Sun	et	al.,	2014).	N	=	4/group.		(C-D)	Tracks	for	DNA	methylation	by	whole	genome	
bisulfite	sequencing	(WGBS,	red)	and	RNA-seq	read	counts	(green)	within	the	mouse	Runx3	
locus	in	HSC	from	healthy	young	and	aged	animals	(GSE47819;	Sun	et	al.,	2014).		The	blue	box	
highlights	the	DNA	methylation	trough	associated	with	the	P2	promoter.		Graph	in	D	depicts	
mean	methylation	density	(%	of	CpG	reads	with	methylation)	within	trough,	N	=	5-6/group.		(E-
G)	Histone	H3K27	acetylation	by	ChIP-seq	within	the	human	locus	in	HSPC	from	healthy	young	
and	aged	individuals.		Gray	shading	highlights	peaks	within	the	P2	promoter	and	upstream	
super-enhancer.		Graph	in	F	depicts	H3K27ac	score	for	the	P2	promoter	peak,	and	the	sum	of	
peak	scores	across	the	enhancer	is	depicted	in	G.		N	=	4-5/group.		All	statistics	two-tailed	
Student	t	test,	except	in	F:	log	likelihood	ratio	(LLR).	Error	bars	+/-	SEM.	
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Figure	2.2.	HSPC	RUNX3	Levels	Decline	With	Aging	
(A)	Human	RUNX3	mRNA	levels	from	RNA-seq	analysis	of	Lin-CD34+CD38+	bone	marrow	HSC	
obtained	from	healthy	young	and	aged	individuals.		(B)	Immunostaining	of	RUNX3	protein	in	
bone	marrow	clots	of	two	young	(<10	years)	and	two	aged	(60-70)	subjects	shown	at	20X	
magnification.		(C)	Mouse	Runx3	mRNA	expression	heat-map	overlaid	on	a	multi-lineage	
hematopoietic	SPRING	plot	derived	from	single	cell	RNA-seq	on	Kit+	marrow	cells	(Ery:	
erythroid;	MPP:	multipotent	progenitor;	Mk:	megakaryocyte;	Ly:	Lymphoid;	Gr:	granulocyte.		
Gene	visualizer	from	Tusi	et	al.	2018	is	available	at	
https://kleintools.hms.harvard.edu/paper_websites/tusi_et_al/).	
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RUNX3	in	Human	HSPC	Participates	in	Erythroid	Programming		
	
	 The	decline	in	HSC	RUNX3	levels	with	aging	illustrated	in	Figure	2A	raised	

questions	about	potential	roles	in	human	hematopoietic	differentiation.		Human	

CD34+	HSPC	cultures	were	used	to	examine	protein	expression	and	function.		By	

immunoblot,	the	initial	undifferentiated	population	displayed	relatively	high	RUNX3	

levels,	with	gradual	decline	occurring	during	erythroid	differentiation	[Figure	3.2A].		

Immunofluorescent	staining	revealed	predominantly	cytoplasmic	localization	in	the	

undifferentiated	cells	and	enhanced	nuclear	localization	associated	with	erythroid	

differentiation	[Figures	3.3	and	3.4].		Transduction	of	HSPC	with	empty	or	RUNX3-

targeting	lentiviral	shRNA	vectors	did	not	alter	the	localization	of	RUNX3	in	

erythroid	differentiated	cells.		Both	nuclear	and	cytoplasmic	patterns	of	RUNX3	

localization	have	been	observed	in	prior	studies,	and	may	reflect	SMAD	or	STAT	

activation	status	as	previously	described108,154,155.	

	 Partial	knockdown	of	RUNX3	with	three	independent	lentiviral	short	RNA	

hairpins	blocked	erythroid	differentiation	of	CD34+	progenitors,	preventing	

expression	of	glycophorin	A	(CD235a)	[Figure	3.1A	and	3.2B].		Subsequent	

experiments	employed	short	hairpin	#4	due	to	robust	knockdown	(~60%	protein	

loss)	with	no	significant	cross-inhibition	of	other	RUNX	proteins	[Figure	3.2C].		As	

additional	controls,	CD34+	progenitors	also	underwent	transduction	with	shRNA	

vectors	targeting	GFP,	which	had	no	effect	on	erythroid	differentiation,	and	RUNX1,	

which	slightly	enhanced	erythroid	differentiation	as	described156	[Figure	3.2	D-E].		

RUNX3	deficiency	in	CD34+	HSPCs	also	blocked	erythroid	colony	formation	in	semi-

solid	medium,	with	no	significant	impact	on	monocyte	or	mixed	granulocyte-
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monocyte	colonies	[Figure	3.1B].		As	with	the	colony	assays,	RUNX3	deficiency	

caused	minimal	changes	in	granulocyte	differentiation	(CD15)	after	eight	days	of	

suspension	culture	[Figure	3.1C].		When	maintained	in	uni-lineage,	serum-free	

erythroid	medium	containing	erythropoietin	(Epo)	and	stem	cell	factor	(SCF),	

RUNX3-deficient	progenitors	showed	time-dependent	declines	in	proliferation	and	

viability	[Figure	3.1	D-E].		By	contrast,	RUNX3-deficient	progenitors	cultured	in	

expansion	medium	with	SCF,	IL-3,	thrombopoietin	(TPO),	and	Flt3-ligand	retained	

normal	proliferation	and	near-normal	viability	[Figure	3.1	D-E].		However,	RUNX3	

knockdown	did	prevent	HSPC	upregulation	of	CD41	in	megakaryocytic	cultures,	

suggesting	an	influence	at	the	level	of	erythro-megakaryocytic	progenitors	[Figure	

3.2F].	

To	determine	contributions	to	post-commitment	human	erythropoiesis,	we	

knocked	down	RUNX3	in	sorted	CD36+	CD235a-	early	erythroid	progenitors.		

RUNX3	deficiency	in	these	cells	impaired	their	progression	to	the	more	mature	

CD36+	CD235a+	stage,	indicating	involvement	in	post-commitment	differentiation	

[Figure	3.1F].		Knockdown	of	RUNX3	in	the	human	HUDEP-2	pro-erythroblast	line	

shifted	the	cells	to	a	less	mature	phenotype,	characterized	by	increased	CD71	and	

diminished	CD235a	expression,	and	blocked	induction	of	hemoglobinization	[Figure	

3.1G	and	Figure	3.2	G-I].		Conversely,	retroviral	overexpression	of	RUNX3	in	HUDEP-

2	pro-erythroblasts	enhanced	their	hemoglobinization	[Figure	3.1H	and	Figure	3.2I].	
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Figure	3.1.	RUNX3	Participates	in	Erythroid	but	Not	Granulocytic	Differentiation	of	
Human	Progenitors		
(A)	Flow	cytometry	plots	for	erythroid	differentiation	of	CD34+	cells	transduced	with	empty	
vector	(EV)	or	RUNX3-targeting	(RUNX3	sh4)	lentiviral	shRNA	constructs	and	subjected	to	
unilineage	erythroid	culture	for	3	days.		Graph	summarizes	the	quantitation	of	erythroid	
differentiation	from	3	independent	experiments.		(B)	Summary	of	colony	formation	assays	on	
CD34+	cells	transduced	as	in	A.		(C)	Flow	cytometry	histogram	overlays	for	granulocyte	
differentiation	of	CD34+	cells	transduced	as	in	A	and	subjected	to	unilineage	granulocytic	
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culture	for	8	days.		Representative	results	from	3	independent	experiments.		(D)	Flow	cytometry	
histogram	overlays	for	cell	proliferation	by	dye	dilution.		Transduced	CD34+	cells	were	stained	
with	PKH26	followed	by	3	days	of	culture	in	expansion	medium	(CD34)	or	erythroid	medium.		
Graph	summarizes	mean	fluorescence	intensity	due	to	dye	retention	from	3	independent	
experiments.		(E)	Summary	of	viability	as	assessed	by	flow	cytometry	on	CD34+	cells	transduced	
as	in	A	and	cultured	in	expansion	or	erythroid	medium	for	indicated	days.		(F)	Flow	cytometry	
plots	for	erythroid	differentiation	of	CD36+	CD235a-	early	committed	erythroid	progenitors	
transduced	as	in	A	and	cultured	in	erythroid	medium	for	3	days.		Graph	summarizes	
quantitation	of	erythroid	differentiation	from	3	independent	experiments.		(G-H)	Summary	of	
hemoglobinization,	i.e.	percent	cells	positive	for	benzidine	staining,	in	HUDEP-2	cells	transduced	
with	control	vectors	(EV),	RUNX3-knockdown	lentivirus	(sh4),	or	RUNX3-overexpression	
retrovirus	(OE).		Cells	were	cultured	48	hours	in	HUDEP-2	expansion	(Uninduced)	or	
differentiation	(Induced)	medium.		N	=	3.		A	and	C:	two-tailed	Student	t	test.		B,	D,	and	F-H:	two-
way	ANOVA	with	Bonferroni’s	test.		E:	one-way	ANOVA	with	Tukey’s	test.		*P	<	0.05,	**P	<	0.01,	
***P	<	0.005.		Error	bars	+/-	SEM.	
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Figure	3.2.		RUNX3	Participates	in	Human	Erythroid	and	Megakaryocyte	Differentiation	
(A)	RUNX3	protein	levels	by	immunoblot	in	CD34+	HSPC,	undifferentiated	and	at	indicated	
durations	of	erythroid	culture.		Representative	immunoblot	of	whole	cell	lysates	from	3	
independent	experiments.		(B)	Flow	cytometry	plots	for	erythroid	differentiation	of	CD34+	cells	
transduced	with	empty	vector	(EV)	or	RUNX3-targeting	(RUNX3	sh1	and	sh2)	lentiviral	shRNA	
constructs	and	subjected	to	unilineage	erythroid	culture	for	3	days.		Graph	summarizes	the	
quantitation	of	erythroid	differentiation	from	3	independent	experiments.		(C)	RUNX	family	
protein	expression	by	immunoblot	in	CD34+	cells	transduced	with	lentiviral	empty	vector	(EV)	
or	shRNA	expression	constructs	targeting	RUNX3.		Graph	summarizes	mean	fold	change	in	
tubulin-normalized	protein	levels	associated	with	RUNX3	knockdown.	N=3.		(D)	Histogram	
overlay	for	erythroid	differentiation	of	un-transduced	CD34+	cells	(blue),	CD34+	cells	
transduced	with	a	GFP-targeting	lentiviral	shRNA	construct	(red),	and	unstained	cells	(black).		
(E)	Histogram	overlay	for	erythroid	differentiation	of	CD34+	cells	transduced	with	empty	vector	
(blue),	CD34+	cells	transduced	with	a	RUNX1-targeting	lentiviral	shRNA	construct	(red),	and	
unstained	cells	(black).		(F)	Flow	cytometry	plots	for	megakaryocyte	differentiation	of	CD34+	
cells	transduced	with	empty	vector	(EV)	or	RUNX3-targeting	(RUNX3	sh4)	lentiviral	shRNA	
constructs	and	subjected	to	unilineage	megakaryocytic	culture	for	3	days.		Graph	summarizes	
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the	quantitation	of	megakaryocyte	differentiation	from	3	independent	experiments.		(G-I)	
Summary	of	differentiation	status	by	flow	cytometry	on	transduced	HUDEP-2	cells	-/+	
differentiation	induction,	and	immunoblot	of	RUNX3.		Graphs	show	mean	fold	changes	in	
CD235a+	percentage	or	CD71	mean	fluorescence	intensity	associated	with	RUNX3	knockdown.		
N	=	3.		B:	one-way	ANOVA	with	Tukey’s	post	hoc	test.		C,	F,	and	G:	Two-way	ANOVA	with	
Bonferroni’s	test.	E:	two-tailed	Student	t	test.		*P	<	0.05,	**P	<	0.01,	***P	<	0.005.		Error	bars:	+/-
SEM.	
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Figure	3.3.	Cellular	localization	of	RUNX3	in	primary	cells	
Immunofluorescent	detection	of	RUNX3	in	untransduced,	empty	vector	transduced,	and	RUNX3	
sh4	transduced	CD34+	HSPC.		HSPC	were	analyzed	undifferentiated	and	at	day	3	of	erythroid	
culture.	
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Figure	3.4.	Cellular	localization	of	RUNX3	in	HUDEP-2	cell	line	
Immunofluorescent	detection	of	RUNX3	in	untransduced,	empty	vector	transduced,	and	RUNX3	
sh4	transduced	HUDEP-2	erythroblastic	progenitor	cell	line.	
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Progenitor	Deficiency	of	RUNX3	Alters	the	Balance	of	Lineage	Output	

	 To	analyze	in	greater	detail	the	effects	of	RUNX3	deficiency	on	progenitor	

fates,	mass	cytometry	(CyTOF)	was	employed	for	comprehensive	single	cell	

profiling	of	cells	in	HSPC	expansion	culture,	and	cells	in	erythroid,	megakaryocyte,	

or	granulocyte	culture	conditions	for	48	hours.		Cells	from	each	culture	condition	

were	clustered	into	populations	defined	by	surface	marker	staining,	followed	by	

construction	of	minimum	spanning	tree	(MST)	plots	describing	average	fold	

changes	in	population	abundance	associated	with	RUNX3	knock-down	[Figure	4.1A	

and	Figure	4.2	A-B].		These	populations	segregated	into	two	main	branches:	a	lower	

erythro-megakaryocytic	compartment	(Ery/Mk:	red	oval)	defined	by	CD36	and/or	

CD41	positivity,	and	an	upper	compartment	(Myeloid:	blue	oval)	lacking	both	

markers	[Figure	4.2C-D].		As	expected	from	results	in	Figure	3,	RUNX3	knock-down	

selectively	diminished	cell	populations	within	the	Ery/Mk	compartment	in	lineage	

culture	conditions,	but	not	in	HSPC	expansion	conditions	[Figure	4.1A	and	Figure	

4.2A].		This	contraction	was	associated	with	impaired	proliferation,	as	reflected	by	

decreased	Ki-67	expression,	but	with	no	evidence	of	increased	apoptosis	based	on	

lack	of	cleaved	Caspase-3	[Figure	4.1	B-C].	

Notably,	populations	in	the	myeloid	compartment	(blue	oval)	were	

augmented	in	RUNX3-deficient	progenitors	grown	in	erythroid	medium	but	not	in	

other	culture	conditions.		Analysis	of	these	populations	revealed	a	myeloid-skewed	

shift	in	HSPC	distribution,	similar	to	what	has	been	described	in	aged	bone	marrow.		

These	populations	displayed	a	GMP	(granulocyte-monocyte	progenitor)	phenotype,	

based	on	expression	of	CD34,	CD38,	CD123,	and	CD45RA	in	various	combinations	
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[Table	1].		Strikingly,	RUNX3-deficient	populations	in	the	Ery/Mk	compartment	(red	

oval)	exhibited	aberrant	retention	of	CD123,	as	well	as	global	upregulation	the	GMP	

marker	CD45RA	and	the	myeloid	differentiation	antigen	CD11b	[Figure	4.1D-F].	

The	CyTOF	panel	permitted	assessment	of	the	frequencies	of	cells	with	

marker	profiles	of	megakaryocyte-erythroid	progenitors	(MEP),	common	myeloid	

progenitors	(CMP),	and	granulocyte	monocyte	progenitors	(GMP)31.		This	analysis	

showed	RUNX3	deficiency	to	decrease	MEP	frequency	and	increase	CMP	and	GMP	

frequencies	[Figure	4.1G	and	Figure	4.2E].		Within	the	CMP	and	MEP	compartments,	

knockdown	of	RUNX3	was	associated	with	diminished	expression	of	erythroid	

markers	CD36	and	CD235a,	but	enhanced	expression	of	the	myeloid	marker	CD11b	

[Figure	4.1	H-I	and	Figure	4.1F].	
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Figure	4.1.	RUNX3	Levels	Influence	Progenitor	Lineage	Output	Balance	
(A)	Minimum	spanning	tree	plots	depicting	cell	population-nodes	identified	by	CyTOF	on	
indicated	cultures	of	transduced	CD34+	progenitors.		Heatmap	coloration	of	nodes	reflects	
log2(fold	changes)	in	their	frequency	associated	with	RUNX3	knock-down.	Erythroid-
megakaryocytic	(Ery/Mk)	and	myeloid	compartments	are	indicated	by	red	and	blue	ovals	
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respectively.		(B-C)	CyTOF	histogram	overlays	from	transduced	progenitors	cultured	in	
erythroid	medium,	comparing	expression	of	Ki-67	and	cleaved	caspase-3	between	control	(EV,	
black)	and	RUNX3-deficient	(RUNX3	sh4,	orange)	populations	in	the	Ery/Mk	compartment.		(D-
F)	CyTOF	histogram	overlays	from	transduced	progenitors	cultured	in	erythroid	medium,	
comparing	expression	of	CD123,	CD45RA,	and	CD11b	between	control	(EV,	black)	and	RUNX3-
deficient	(RUNX3	sh4,	orange)	populations	in	the	Ery/Mk	compartment.		(G)	Frequencies	of	
MEP,	CMP,	and	GMP	populations	calculated	from	all	cells	cultured	in	erythroid	medium.		(H-I)	
Histogram	overlays	comparing	CD36,	CD235a,	CD71,	and	CD11b	expression	between	control	
(EV,	black)	and	RUNX3-deficient	(RUNX3	sh4,	orange)	MEP	and	CMP.	
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Figure	4.2.	RUNX3	Levels	Influence	Progenitor	Lineage	Output	Balance		
(A)	Minimum	spanning	tree	plots	depicting	cell	population-nodes	identified	by	CyTOF	on	
indicated	cultures	of	transduced	CD34+	progenitors.		Heatmap	coloration	of	nodes	reflects	
log2(fold	changes)	in	their	frequency	associated	with	RUNX3	knock-down.		(B)	Histogram	
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overlay	comparing	RUNX3	levels	in	cells	transduced	with	empty	vector	(black)	or	RUNX3	sh4	
construct	(orange).		(C-D)	CyTOF	histogram	overlays	from	control	EV-transduced	progenitors	
cultured	in	erythroid	medium,	comparing	expression	of	CD36	and	CD41	between	myeloid	(blue)	
and	erythro-megakaryocytic	(Ery/Mk,	red)	compartments	as	depicted	in	Figure	4A.		(E)	Gating	
strategy	used	to	determine	CMP,	MEP,	and	GMP	population	frequencies.		(F)	Histogram	overlay	
comparing	CD36,	CD235a,	CD71,	and	CD11b	expression	between	control	(EV,	black)	and	
RUNX3-deficient	(RUNX3	sh4,	orange)	GMP.	
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RUNX3	Deficiency	Causes	Perturbations	in	Erythroid	Transcriptional	Program	

	 To	identify	the	genes	affected	by	RUNX3	knockdown,	we	performed	mRNA	

sequencing	on	undifferentiated	CD34+	cells	and	cells	in	erythroid	culture	for	24	

hours,	before	cell	viability	was	impacted	by	RUNX3	deficiency.		In	line	with	our	

other	data,	few	changes	were	found	between	control	and	RUNX3-deficient	

undifferentiated	cells	(<70	genes	with	differential	expression).		However,	among	the	

down-regulated	genes	were	key	erythroid	transcription	factors	including	KLF1,	

GATA1,	and	GFI1B	[Figure	5A].		Several	globin-	and	erythroid	blood	group	antigen-

encoding	genes	were	decreased	as	well	(data	not	shown).		Notably,	Klf1,	Gata1,	and	

downstream	erythroid	target	genes	Gypa	and	Epor	also	underwent	downregulation	

in	aged	versus	young	murine	HSC	[Figure	5B].		When	comparing	control	and	

RUNX3-deficient	progenitors	in	erythroid	culture,	~1,100	genes	showed	differential	

expression.		These	included	many	of	the	same	genes	affected	in	the	undifferentiated	

cells	as	well	as	additional	erythroid	genes	such	as	CD36	and	EPOR	[Figure	5A].		In	

addition,	several	granulocytic	transcription	factors	were	aberrantly	up-regulated,	

including	GFI1,	JUN,	and	FOS	[Figure	5A].		Gene	ontology	(GO)	analysis	of	genes	

differentially	expressed	in	control	versus	RUNX3-deficient	undifferentiated	

progenitors	revealed	only	two	significant	functional	categories,	oxygen	transport	

(i.e.	erythroid;	>100	fold	enrichment;	FDR	1.22E-6)	and	blood	coagulation	(i.e.	

megakaryocytic;	15.08	fold	enrichment;	FDR	1.91E-3),	both	of	which	showed	

downregulation.		GO	analysis	of	progenitors	in	erythroid	culture	yielded	similar	

results	but	also	included	genes	related	to	mitochondrial	protein	synthesis/transport	

and	ribosomal	biogenesis	[Figure	5C].	
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Figure	5.	RUNX3	Deficiency	Causes	Perturbations	in	Erythroid	Transcriptional	Program	
(A)	FPKM	read	counts	of	relevant	genes	in	transduced	progenitors	cultured	in	expansion	or	
erythroid	medium,	N	=	3.		(B)	FPKM	read	counts	of	key	erythroid	genes	in	young	and	aged	
murine	HSC	as	in	Figure	2.1B	(GSE47819;	Sun	et	al.,	2014).		(C)	Gene	Ontology	classification	by	
biological	process	of	gene	sets	significantly	downregulated	in	association	with	RUNX3	deficiency	
in	cells	undergoing	erythroid	culture,	N	=	3.		All	statistics	False	Discovery	Rate	(denoted	by	‘#’	in	
A,	DESeq2),	plus	two-tailed	Student	t	test	for	FPKM	values	denoted	by	asterisks	in	A,	*P	<	0.05,	
**P	<	0.01,	***P	<	0.005.	Error	bars:	+/-	SEM.	
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HSPC	RUNX3	Deficiency	Occurs	in	Human	Anemias	Associated	with	Aging	

	 Because	RUNX3	expression	levels	strongly	influence	human	erythroid	

differentiation,	its	downregulation	could	potentially	contribute	to	anemias	

associated	with	aging.		To	address	this	possibility,	we	analyzed	highly	purified	

marrow	progenitors	from	the	following	subjects:	normal	non-anemic	young	(20-35	

years	old),	non-anemic	aged	(>65	years	old),	and	aged	(>65	years	old)	with	

unexplained	anemia	of	the	elderly	(UAE).		The	diagnosis	of	UAE	was	made	by	ruling	

out	all	other	potential	causes	of	anemia,	as	per	the	criteria	of	Goodnough	and	

Schrier157.		Gene	expression	profiling	by	microarray	confirmed	RUNX3	

downregulation	in	UAE	versus	aged	HSC40	(GSE32719)	[Figure	6A].		Functional	

studies	revealed	intrinsic	differences	in	lineage	output	between	UAE	and	non-

anemic	old	progenitors.		UAE	HSC	yielded	fewer	erythroid	colonies	(BFU-E)	but	

similar	numbers	of	myeloid	colonies	(CFU-GM)	[Figure	6B].		These	findings	

resemble	the	effects	of	RUNX3	knockdown	on	colony	formation	by	CD34+	

progenitors,	as	shown	in	Figure	3.1B.		Furthermore,	UAE	MEP	also	showed	poor	

TGFb	responsiveness	in	erythroid	colony	(CFU-E)	enhancement	[Figure	6C],	a	

finding	notable	given	the	known	influences	of	HSC	aging	and	RUNX3	expression	on	

this	pathway68,158.		
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Figure	6.		Decreased	RUNX3	Expression	and	Impaired	Erythropoiesis	in	Unexplained	
Anemia	of	the	Elderly		
(A)	Log2[signal]	derived	from	microarray	analysis	of	RUNX3	mRNA	levels	in	purified	human	
marrow	HSC	and	CMP	from	normal	old	and	UAE	subjects.	N	=	4-8/group		(B)	Summary	of	colony	
formation	assays	on	150	HSC	from	normal	young,	normal	old,	and	UAE	subjects,	N	=	3-6/group.		
(C)	Summary	of	erythroid	colony	formation	assays	-/+	TGF�	on	150	MEP	from	normal	young	
versus	UAE	subjects.		A:	two-tailed	Student	t	test.		B:	one-way	ANOVA	with	Tukey’s	Test.		C:	two-
way	ANOVA	with	Bonferroni’s	test.		*P	<	0.05,	**P	<	0.01,	***P	<	0.005.		Error	bars:	+/-	SEM.	
	

	

	

	

	

	

	

	



 
 

55 

D.	Discussion	

	 HSC	alterations	with	aging	are	complex,	result	from	cell-autonomous	and	

micro-environmental	mechanisms,	and	involve	transcriptional	changes	in	numerous	

genes.		Interestingly,	several	of	the	transcriptional	programs	affected	have	been	

previously	linked	to	RUNX3	function,	including	quiescence,	DNA-damage	

responsiveness,	and	TGFb	signaling85,105,128,158.		Decreased	RUNX3	in	aged	tissues	

has	been	previously	reported	but	was	analyzed	in	heterogeneous	mixtures	of	

mature	cell	types138–140,149.		Our	results	derive	from	purified,	long-lived	stem	cells	

and	reveal	conservation	between	mice	and	humans.		The	repressive	mechanism	

likely	relates	to	the	aging-associated	epigenetic	changes	identified.		Beerman	et	al.	

have	shown	that	murine	HSC	aging	and	proliferative	stress	reconfigure	the	DNA	

methylation	landscape,	with	key	erythroid	and	lymphoid	regions	targeted	for	hyper-

methylation	and	repression67.		The	increased	Runx3	P2	promoter	methylation	we	

identified	in	aged	murine	HSC	has	also	been	found	in	aging	of	other	tissues	and	

cancers136,137,149.		The	aging	associated	decreases	in	H3K27ac	that	we	identified	at	

the	human	RUNX3	promoter	and	upstream	super-enhancer	may	contribute	to	its	

repression	in	human	HSC.	

A	feature	of	HSC	aging	conserved	from	mice	to	humans	consists	of	myeloid	

skewing	characterized	by	augmented	marrow	production	of	neutrophils	and	

monocytes	at	the	expense	of	erythroid	and	lymphoid	cells68,142,143.		This	propensity	

likely	contributes	to	aging-associated	pathologies	such	as	generalized	inflammation,	

risk	for	myeloid	malignancies,	and	anemia.		Exaggerated	myeloid	skewing	occurs	

during	aging	of	mice	with	hematopoietic	knock-out	of	Runx3135.		These	animals	also	
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experience	an	expansion	of	LSK+	HSPC,	and	are	more	sensitive	to	G-CSF-stimulated	

mobilization	of	the	marrow	progenitors.		Thus	RUNX3	loss	in	young	HSC	elicits	

some	features	of	aging	and	in	old	HSC	augments	the	process	of	myeloid	skewing.		

Combined	marrow	knock-out	of	Runx3	with	Runx1	has	demonstrated	synthetic	

lethality	with	rapid	development	of	multilineage	failure	including	anemia	and	

thrombocytopenia,	suggesting	that	Runx1	compensation	in	young	mice	may	mask	

phenotypic	consequences	of	Runx3	loss	in	HSPC105.		Additional	studies	have	

implicated	RUNX3	in	non-lymphoid	hematopoietic	development.		In	human	CD34+	

cell	erythroid	cultures,	RUNX3	was	predicted	by	Cytoscape	MiMI	analysis	of	gene	

expression	profiles	to	be	a	“parent	protein,”	i.e.	a	central	node,	in	an	erythroid	

transcription	factor	network134.		In	zebrafish,	morpholino	knock-down	of	runx3	

during	embryogenesis	resulted	in	severe	anemia133.			

Our	results	define	a	novel	role	for	RUNX3	in	the	erythropoietic	program,	

governing	the	expression	of	lineage-specific	transcription	factors	such	as	KLF1,	

GATA1,	and	GFI1B.		Notably,	Klf1	and	Gata1	displayed	downregulation	in	aged	

murine	HSC.		We	further	show	that	RUNX3	deficiency	produces	perturbations	at	

multiple	developmental	stages	including	MEP	and	committed	erythroid	progenitors.	

The	decreased	proliferation	seen	in	RUNX3-deficient	progenitors	may	contribute	to	

differentiation	impairment.		However,	the	retained	capacity	for	myeloid	

differentiation	and	the	aberrant	retention	of	GMP	markers	such	as	CD123	and	

CD45RA	on	RUNX3	deficient	cells	suggests	an	additional	role	in	lineage	resolution.		

Taken	together,	the	current	findings	implicate	RUNX3	in	the	maintenance	of	bone	
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marrow	lineage	balance	and	identify	its	decline	in	aged	HSPC	as	a	likely	

contributory	factor	in	aging-associated	anemias.	
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Table	1.	Populations	in	erythroid	culture	identified	by	CyTOF	to	be	
significantly	affected	by	RUNX3	deficiency.	
	
Population	Phenotype	(diminished	frequency)	 log(fold	change	

abundance)	
FDR	

CD117-	CD235a+	CD34+	CD36hi	CD71+	 -3.719262064	 0.020801921	
CD117-	CD34+	CD36hi	 -2.93570212	 0.020801921	
CD117-	CD34+	 -2.927367589	 0.020801921	
CD36hi	 -2.026476318	 0.020801921	
CD235a+	CD36hi	 -1.962454631	 0.020801921	
CD117+	CD36hi	 -1.94043204	 0.020801921	
CD36hi	CD71+	 -1.924672676	 0.020801921	
CD117+	CD235a+	CD36hi	 -1.906223603	 0.020801921	
CD235a+	CD36hi	CD71+	 -1.87934004	 0.020801921	
CD34+	CD36hi	CD45RA-	CD71+	 -5.527807648	 0.021172785	
CD36hi	CD38-	 -3.20231726	 0.021172785	
CD117+	CD123-	CD235a+	CD36hi	CD71+	 -2.324952873	 0.021172785	
CD123-	CD36hi	 -2.295056993	 0.021172785	
CD34+	CD36hi	 -2.272313596	 0.021172785	
CD34+	CD36hi	CD71+	 -2.169146303	 0.021172785	
CD117+	CD235a+	CD34-	CD71+	 -2.112339189	 0.021172785	
CD117+	CD235a+	CD36hi	CD71+	 -1.821118771	 0.021172785	
CD117+	CD235a+	CD71+	 -1.623566908	 0.021172785	
CD235a+	CD71+	 -1.336391726	 0.021172785	
CD117+	CD71+	 -1.068179401	 0.021172785	
CD117+	CD123-	CD235a+	CD34-	CD71+	 -4.221637154	 0.02181571	
CD123+	CD235a+	CD34+	CD36hi	CD45RA+	CD71+	 -2.424672903	 0.02181571	
CD117+	CD34+	CD36hi	 -2.183237624	 0.02181571	
CD235a+	CD34+	CD36hi	CD71+	 -1.911194053	 0.021826715	
CD117+	CD235a+	CD34-	 -1.741000304	 0.021826715	
CD117+	CD34-	CD71+	 -1.546220087	 0.021826715	
CD117+	CD123-	CD71+	 -1.37695306	 0.021826715	
CD117+	CD38-	CD71+	 -2.62508303	 0.022251608	
CD117+	CD235a+	CD34+	CD36hi	CD45RA+	 -2.464415391	 0.022251608	
CD235a+	CD34+	CD36hi	CD45RA+	 -2.378683681	 0.022251608	
CD235a+	CD34+	CD36hi	 -2.154723865	 0.022251608	
CD235a+	CD34+	CD36hi	CD45RA+	CD71+	 -2.044416618	 0.022251608	
CD117+	CD123-	CD235a+	CD71+	 -1.505742441	 0.022251608	
CD117+	CD123-	 -1.289467248	 0.022251608	
CD117+	CD235a+	 -1.064811503	 0.022251608	
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CD71+	 -0.7540356	 0.022251608	
CD34-	CD36hi	 -1.839183625	 0.022768574	
CD117+	CD235a+	CD34+	CD45RA-	CD71+	 -4.18452121	 0.023049541	
CD235a+	 -0.919235293	 0.024478996	
CD235a+	CD36hi	CD45RA+	 -1.687778826	 0.025456838	
CD123-	CD71+	 -1.231364348	 0.025456838	
CD123-	CD34-	CD71+	 -3.149913022	 0.026118862	
CD117+	CD235a+	CD34+	CD36hi	 -2.011961177	 0.026152719	
CD36hi	CD45RA-	CD71+	 -5.575943728	 0.027394542	
CD117+	CD235a+	CD36hi	CD45RA+	 -1.633671867	 0.027394542	
CD117+	CD235a+	CD36hi	CD45RA-	CD71+	 -5.334345011	 0.027678568	
CD36hi	CD45RA+	 -1.578658274	 0.027777726	
CD34-	CD71+	 -1.477818478	 0.028036592	
CD117+	CD235a+	CD34+	CD36hi	CD45RA+	CD71+	 -1.932433149	 0.030212605	
CD36hi	CD71-	 -2.038562279	 0.030255547	
CD123-	CD34+	CD36hi	 -1.506923466	 0.034311297	
CD235a-	CD34+	CD36hi	 -1.880093946	 0.034318267	
CD117+	CD235a+	CD45RA-	CD71+	 -5.034412802	 0.03624554	
CD117+	CD235a+	CD34+	CD36hi	CD71+	 -1.495710107	 0.03624554	
CD235a+	CD36hi	CD45RA+	CD71+	 -1.475378789	 0.039628627	
CD117+	CD235a+	CD34-	CD36hi	CD71+	 -1.655453922	 0.041382437	
CD117+	CD235a+	CD36hi	CD45RA+	CD71+	 -1.447625685	 0.041382437	
CD117+	CD34+	CD45RA-	CD71+	 -4.390262537	 0.045572809	
CD117+	CD34-	 -1.054308414	 0.045705551	
CD123-	CD34+	 -1.274233859	 0.047666676	
	 	 	

Population	Phenotype	(increased	frequency)	 log(fold	change	
abundance)	

FDR	

CD45RA+	 0.961620903	 0.021172785	
CD36lo	CD45RA+	 1.949999308	 0.021172785	
CD117+	CD36lo	CD45RA+	 2.0199171	 0.021172785	
CD123+	CD36lo	CD45RA+	 2.079819864	 0.021172785	
CD123+	CD38+	CD45RA+	 2.093917809	 0.021172785	
CD117+	CD123+	CD36lo	CD45RA+	 2.170353906	 0.021172785	
CD117-	CD38+	CD45RA+	 2.35114823	 0.021172785	
CD117+	CD123+	CD38+	CD45RA+	 2.370327689	 0.021172785	
CD123+	CD36lo	CD38+	CD45RA+	 2.52321586	 0.021172785	
CD117+	CD123+	CD36lo	CD38+	CD45RA+	 3.168493405	 0.021172785	
CD117+	CD123+	CD36lo	CD38+	CD45RA+	CD71-	 3.486666794	 0.021172785	
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CD123+	CD45RA+	 1.690158574	 0.021176596	
CD36lo	CD38+	CD45RA+	 2.272647679	 0.021176596	
CD117+	CD123+	CD34+	CD36lo	CD45RA+	 2.283017298	 0.021176596	
CD117-	CD123+	CD38+	CD45RA+	 2.353692155	 0.021176596	
CD117+	CD36lo	CD38+	CD45RA+	CD71+	 2.535769836	 0.021176596	
CD117+	CD36lo	CD38+	CD45RA+	 2.600259996	 0.021176596	
CD117+	CD123+	CD36lo	CD45RA+	CD71-	 2.680126994	 0.021176596	
CD117+	CD123+	CD235a-	CD45RA+	CD71+	 2.687459827	 0.021176596	
CD45RA+	CD71-	 2.016784542	 0.021268162	
CD117+	CD36-	CD45RA+	CD71+	 2.299899769	 0.021268162	
CD117+	CD123+	CD34+	CD45RA+	 1.704345953	 0.02181571	
CD117+	CD45RA+	CD71-	 1.986693782	 0.02181571	
CD117+	CD36lo	 1.620452606	 0.021826715	
CD38+	CD45RA+	 1.644879664	 0.021826715	
CD117+	CD123+	CD45RA+	 1.671525396	 0.021826715	
CD123+	CD34+	CD45RA+	 1.684655878	 0.021826715	
CD117+	CD123+	CD36lo	CD71-	 1.966847719	 0.021826715	
CD117+	CD123+	CD45RA+	CD71+	 1.97001232	 0.021826715	
CD36lo	CD38+	CD45RA+	CD71+	 1.975230993	 0.021826715	
CD117+	CD36-	CD38+	CD45RA+	CD71+	 2.134898349	 0.021826715	
CD117+	CD123+	CD34+	CD36-	CD45RA+	CD71+	 2.186756531	 0.021826715	
CD117+	CD123+	CD45RA+	CD71-	 2.192298028	 0.021826715	
CD117+	CD123+	CD34+	CD45RA+	CD71-	 2.277775625	 0.021826715	
CD117+	CD123+	CD235a-	CD36lo	CD38+	CD45RA+	CD71+	 2.649605266	 0.021826715	
CD117+	CD123+	CD235a-	CD34+	CD36-	CD45RA+	CD71+	 2.734785211	 0.021826715	
CD117+	CD123+	CD34+	CD36lo	CD45RA+	CD71-	 2.839704884	 0.021826715	
CD117+	CD45RA+	 0.820382787	 0.022251608	
CD117+	CD123+	CD34+	CD36lo	 1.57550775	 0.022251608	
CD117+	CD123+	CD36lo	 1.578013625	 0.022251608	
CD117+	CD71-	 1.601521438	 0.022251608	
CD123+	CD45RA+	CD71+	 1.70375139	 0.022251608	
CD117+	CD123+	CD71-	 1.753618176	 0.022251608	
CD123+	CD38+	CD45RA+	CD71+	 1.780140967	 0.022251608	
CD123+	CD36lo	CD38+	CD45RA+	CD71+	 1.827312586	 0.022251608	
CD235a-	CD45RA+	 1.905278528	 0.022251608	
CD117+	CD235a-	CD45RA+	 1.92979801	 0.022251608	
CD117+	CD123+	CD38+	 2.058814479	 0.022251608	
CD117+	CD235a-	CD38+	CD45RA+	 2.109723532	 0.022251608	
CD235a-	CD36lo	CD45RA+	 2.141941418	 0.022251608	
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CD117+	CD123+	CD235a-	CD34+	CD36-	CD45RA+	 2.184052312	 0.022251608	
CD117+	CD36lo	CD38+	 2.24701988	 0.022251608	
CD117+	CD235a-	CD36lo	CD45RA+	 2.270590293	 0.022251608	
CD117+	CD235a+	CD36lo	CD38+	CD45RA+	CD71+	 2.36368958	 0.022251608	
CD117+	CD123+	CD36lo	CD38+	 2.517235551	 0.022251608	
CD117+	CD34-	CD36-	CD38+	CD45RA+	CD71+	 2.74466792	 0.022251608	
CD117+	CD123+	 1.395585034	 0.022509853	
CD117+	CD123+	CD34+	 1.425052707	 0.022694075	
CD235a-	CD36lo	 1.940196737	 0.022768574	
CD117+	CD38+	CD45RA+	 1.503418954	 0.025427647	
CD117+	CD123+	CD38+	CD45RA+	CD71+	 1.744456412	 0.025427647	
CD117-	CD123-	CD36lo	CD71-	 2.374625197	 0.025456838	
CD34-	CD45RA+	CD71-	 2.235289254	 0.025725544	
CD34-	CD36-	CD71+	 2.557835468	 0.025956549	
CD36-	CD45RA+	CD71+	 1.931527814	 0.026118862	
CD123+	CD34+	CD36lo	 1.477841918	 0.026152719	
CD117+	CD123+	CD34+	CD36lo	CD71-	 1.77349216	 0.026355272	
CD123+	CD34+	 1.332506425	 0.026857217	
CD34+	CD36lo	 1.415031769	 0.027394542	
CD34-	CD45RA+	 1.971837004	 0.027394542	
CD117+	CD123+	CD34+	CD45RA+	CD71+	 1.710120145	 0.027678568	
CD34-	CD36-	CD45RA+	 2.515739011	 0.027678568	
CD123+	CD235a+	CD38+	CD45RA+	CD71+	 1.610692758	 0.028659103	
CD117+	CD36-	CD38+	CD45RA+	 1.747189368	 0.028659103	
CD117-	CD34-	CD36lo	 2.228242427	 0.028659103	
CD38+	CD45RA+	CD71+	 1.439757948	 0.028790802	
CD117+	CD123+	CD34+	CD71-	 1.615420271	 0.028790802	
CD123+	CD34+	CD45RA+	CD71+	 1.644404536	 0.028790802	
CD117-	CD38+	 1.684508468	 0.028790802	
CD123+	CD235a+	CD34+	CD38+	CD45RA+	CD71+	 1.741804463	 0.028790802	
CD123+	CD235a-	CD36lo	CD71+	 1.737054092	 0.031330165	
CD235a+	CD36lo	CD38+	CD45RA+	CD71+	 1.632398539	 0.03159593	
CD123+	CD38+	 1.46944081	 0.031910071	
CD117+	CD235a-	 1.446718275	 0.032742922	
CD117-	CD123+	CD38+	 1.667976719	 0.03293287	
CD117+	CD123+	CD235a-	CD36lo	CD45RA+	 1.942988443	 0.034318267	
CD117+	CD123+	CD34+	CD71+	 1.506950682	 0.034606909	
CD117+	CD38+	 1.367833291	 0.03624554	
CD34-	CD36-	CD38+	 2.217660354	 0.03624554	
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CD117+	CD36lo	CD38+	CD71+	 1.882729378	 0.036964803	
CD123+	CD36lo	CD71-	 1.306104029	 0.038056128	
CD117+	CD235a-	CD36-	CD45RA+	 1.727856868	 0.038056128	
CD123+	 1.01407299	 0.038141191	
CD36lo	 1.088420266	 0.039628627	
CD117+	CD38+	CD45RA+	CD71+	 1.296671901	 0.041382437	
CD34+	CD71-	 1.29931619	 0.041382437	
CD123+	CD235a+	CD45RA+	CD71+	 1.368995023	 0.041382437	
CD117+	CD123+	CD71+	 1.468879417	 0.041382437	
CD36-	CD38+	CD45RA+	CD71+	 1.731075573	 0.041382437	
CD117+	CD34-	CD45RA+	 1.855595825	 0.041382437	
CD123+	CD71-	 1.249028359	 0.041539258	
CD71-	 1.130962136	 0.042454287	
CD117+	CD123+	CD235a+	CD34+	CD36-	CD38+	CD45RA+	
CD71+	

1.578437851	 0.042454287	

CD34-	CD38+	CD71+	 2.490096029	 0.043667741	
CD38+	 1.277308649	 0.043784112	
CD123+	CD36lo	CD38+	 1.578960511	 0.043823071	
CD235a-	 1.219792524	 0.044528442	
CD117+	CD123+	CD235a-	CD45RA+	 1.654594197	 0.044528442	
CD123+	CD235a+	CD34+	CD45RA+	CD71+	 1.428613685	 0.044983013	
CD123+	CD235a+	CD34+	CD45RA+	 1.232751363	 0.045322654	
CD117+	CD235a+	CD36-	CD38+	CD45RA+	CD71+	 1.592963585	 0.045572809	
CD123+	CD34+	CD36-	CD45RA+	CD71+	 1.669095408	 0.045572809	
CD117-	CD235a+	CD36-	CD38+	CD45RA+	CD71+	 1.836492088	 0.045572809	
CD123+	CD36lo	 0.977073229	 0.045705551	
CD36lo	CD71-	 1.230438919	 0.045705551	
CD123+	CD235a-	CD71+	 1.624765909	 0.045705551	
CD123+	CD235a+	CD45RA+	 1.137180858	 0.047381762	
CD117+	CD36-	CD45RA+	 1.286272205	 0.047381762	
CD34-	CD38+	 2.047977524	 0.049929175	
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E.	Methods	

Cell	Culture	

Cryopreserved	primary	human	adult	G-CSF-mobilized	CD34+	cells	were	

purchased	from	Fred	Hutchinson	Cancer	Research	Center.	Cells	were	thawed	and	

expanded	2-3	days	in	medium	composed	of	IMDM	(GIBCO	BRL)	supplemented	with	

BIT	9500	(Stem	Cell	Technologies),	and	the	following	cytokines:	100	ng/ml	each	of	

rhTPO,	rhSCF,	and	rhFlt3-l,	plus	10	ng/ml	rhIL-3	(all	from	PeproTech).		After	

expansion,	cells	were	moved	into	unilineage	media,	and	cultured	from	1-8	days.		

Erythroid	medium	is	composed	of	IMDM	supplemented	with	BIT	9500,	and	the	

following	cytokines:	4.5	U/ml	rhEPO	(Procrit,	Janssen)	and	25	ng/ml	rhSCF	

(PeproTech).		Megakaryocyte	medium	is	composed	of	IMDM	supplemented	with	BIT	

9500,	and	the	following	cytokines:	40	ng/ml	rhTPO,	25	ng/ml	rhSCF,	and	20	ng/ml	

rhSDF1-alpha	(PeproTech).		Megakaryocyte	cultures	utilized	fibronectin-coated	

plates,	which	were	prepared	by	incubating	plates	at	room	temperature	for	one	hour	

with	IMDM	containing	20	µg/ml		fibronectin	(Becton	Dickinson).		Granulocyte	

medium	is	composed	of	IMDM	supplemented	with	BIT	9500,	and	the	following	

cytokines:	25	ng/ml	rhSCF,	10	ng/ml	rhIL-3,	and	20	ng/ml	rhG-CSF	(PeproTech).		

For	colony	formation	assays,	3,000	undifferentiated	CD34+	cells	were	seeded	into	

MethoCult	SF	H4236	(Stem	Cell	Technologies)	supplemented	with	the	following	

cytokines:	50	ng/ml	rhSCF,	10	ng/ml	rhIL-3,	20	ng/ml	rhIL-6	(PeproTech),	3	U/ml	

rhEPO,	20	ng/ml	rhG-CSF,	and	10	ng/ml	rhGM-CSF.		Cells	were	cultured	for	10	days,	

followed	by	colony	scoring	and	counting.	
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HUDEP-2	cells	(Kurita,	et	al.	2013)	were	maintained	in	expansion	medium	

composed	of	StemSpan	(Stem	Cell	Technologies)	supplemented	with	50	ng/ml	

rhSCF,	3	U/ml	rhEPO,	1	µM	dexamethasone	(Sigma-Aldrich),	and	1	µg/ml	

doxycycline	(Sigma-Aldrich).		HUDEP-2	differentiation	induction	was	achieved	by	

culturing	the	cells	for	48	hours	in	doxycycline-free	medium.	HEK293T	cells	(ATCC)	

were	grown	in	DMEM	(GIBCO	BRL)	supplemented	with	2	mM	L-glutamine,	

antibiotic-antimycotic	(Thermo	Fisher	Scientific),	and	10%	FBS	(GIBCO	BRL).	

	

Transfection	and	Transduction	

For	production	of	lentivirus,	pCMV-dR8.74	(GAG	POL	TAT	REV)	and	pMD2.G	

(VSV-G)	were	co-transfected	into	HEK293T	with	pLKO.1	shRNA	vectors	at	a	3:1:4	

mass	ratio	using	the	Clontech	CalPhos	mammalian	transfection	kit	(Clontech	

631312).		pLKO.1	shRNA	plasmids	were	purchased	from	GE	Dharmacon.		After	12-

16	hours,	the	transfection	medium	was	replaced	with	Opti-MEM	I	(Thermo	Fisher	

Scientific),	and	viral	supernatant	was	collected	36	hours	later,	passed	through	a	0.45	

µm	filter,	and	stored	at	-80°C.		HUDEP-2	cells	were	transduced	via	incubation	for	24	

hours	in	a	1:1	mixture	of	viral	supernatant	and	StemSpan,	supplemented	with	50	

ng/ml	rhSCF,	3	U/ml	rhEPO,	1	µM	dexamethasone,	and	1	µg/ml	doxycycline.		

Transduced	cells	were	selected	by	adding	2	µg/ml	puromycin	(Sigma	Aldrich)	for	72	

hours.		CD34+	cells,	pre-expanded	for	2	days,	were	transduced	over	two	additional	

days	in	a	1:1	combination	of	viral	supernatant	and	IMDM,	supplemented	with	100	

ng/ml	each	of	rhTPO,	rhSCF,	and	rhFlt3-l,	plus	10	ng/ml	rhIL-3.		These	cultures	

were	seeded	onto	retronectin-coated	plates,	prepared	by	pre-treatment	with	40	
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µg/ml	retronectin	(Takara)	in	PBS	at	room	temperature	for	2	hours,	followed	by	

incubation	with	2%	Fraction	V	BSA	(Sigma	Aldrich)	in	PBS,	and	then	a	wash	with	

2.5%	wt/wt	HEPES	in	HBSS	(GIBCO	BRL).		The	transduction	cultures	were	

incubated	at	37°C	for	2	hours,	spun	at	500	rcf	for	90	minutes	at	room	temperature,	

then	incubated	at	37°C	overnight.		The	spin	procedure	was	repeated	the	following	

day	with	fresh	viral	medium.		Cells	were	selected	on	the	third	day	with	2	µg/ml	

puromycin	until	we	observed	total	cell	death	in	un-transduced	control	cells	(a	

minimum	of	24	hours),	followed	by	unilineage	cultures	as	described	above.	

	

Fluorescence	Cytometry	

	 Cells	were	washed	once	with	PBS,	followed	by	staining	for	30	minutes	on	ice	

with	PBS	containing	1:500	Zombie	Violet	viability	dye	(BioLegend),	and	3	µl	

fluorochrome-conjugated	antibody	per	sample.		After	staining,	cells	were	washed	

once	with	PBS,	followed	by	fixation	for	20	minutes	on	ice	using	IC	Fixation	Buffer	

(eBioscience).		After	fixation,	cells	were	washed	once	with	PBS	with	1%	FBS,	and	re-

suspended	PBS	with	1%	FBS.		Cells	were	analyzed	on	a	BD	FACSCalibur,	and	data	

was	analyzed	using	FlowJo	version	8.8.7.		For	cell	sorting,	cells	were	stained	as	

described	above,	re-suspended	in	1%	Fraction	V	BSA	in	PBS,	and	sorted	into	the	

serum-free	expansion	medium	using	a	BD	FACSAria	Fusion.	The	PKH26	membrane	

staining	was	performed	according	to	the	manufacturer’s	protocol,	and	cells	were	

cultured	for	3	days	before	analysis.	
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Table	of	antibodies	used	in	fluorescence	cytometry	
Reagent	 Source	 Identifier	
CD235a	(FITC)	 Invitrogen	 11-9987-82	
CD235a	(PE)	 BD	Pharmingen	 555570	
CD41a	(APC)	 BD	Pharmingen	 559777	
CD15	(FITC)	 BioLegend	 301903	
CD36	(APC)	 BD	Biosciences	 561822	
CD71	(APC)	 BD	Pharmingen	 551374	
	

Immunoblot	

	 For	lysis,	cells	were	washed	once	with	PBS,	followed	by	resuspension	in	

Laemmli	buffer	(60	mM	Tris-HCl,	pH	6.8,	2%	SDS,	100	μM	dithiothreitol,	10%	

glycerol,	and	0.01%	bromophenol	blue)	supplemented	with	cOmplete	protease	

inhibitor	cocktail	(Roche	Diagnostics	11836170001)	and	PhosSTOP	phosphatase	

inhibitor	cocktail	(Roche	Diagnostics	04906845001).		Samples	were	passed	through	

27G	needles	to	shear	DNA,	followed	by	5-10	minutes	incubation	at	95°C.		After	SDS-

polyacrylamide	gel	electrophoresis	and	Western	transfer,	nitrocellulose	or	PVDF	

membranes	were	blocked	with	5%	non-fat	dried	milk	in	Tris-buffered	saline	(50	

mM	Tris	and	150	mM	NaCl)	with	0.1%	Tween-20.		For	protein	detection,	primary	

antibodies	(Cell	Signaling	Technologies;	RUNX1	–	4334S;	RUNX2	–	12556S;	RUNX3	–	

9647S)	were	applied	overnight	at	a	dilution	of	1:1000	at	4°C	with	shaking.		HRP-

conjugated	secondary	antibodies	were	applied	for	one	hour	at	a	dilution	of	1:10,000	

at	room	temperature	with	shaking.		All	antibodies	were	diluted	in	TBS	with	Tween-

20	and	1%	non-fat	dried	milk.		HRP	substrates	consisted	of	Super	Signal	West	Pico	

and	Super	Signal	West	Femto	(Thermo	Fisher	Scientific).		Immunoblot	signal	

quantitation	was	performed	using	a	BioRad	GS-800	scanning	densitometer.	
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Immunofluorescence	

	 105	cells	were	cytospun	onto	glass	slides,	fixed	for	15	minutes	at	room	

temperature	with	4%	paraformaldehyde,	and	permeabilized	for	one	hour	at	room	

temperature	with	PBS	containing	2%	FBS,	2%	BSA,	and	0.03%	Triton	X-100.		Mouse	

anti-human	RUNX3	primary	antibody	(R&D	Systems)	was	applied	overnight	at	20	

µg/ml	in	staining	buffer	(PBS	with	2%	FBS,	2%	BSA,	and	0.03%	Triton	X-100)	at	

4°C.		Goat	anti-mouse	Alexa	Fluor	546	secondary	antibody	(Thermo	Fisher)	was	

applied	at	1:300	in	staining	buffer	at	room	temperature	for	one	hour.		The	slides	

were	washed	three	times	with	staining	buffer	and	once	with	PBS	before	mounting	

coverslips	with	Vectashield	medium	(Vector	Laboratories	H-1000).		Images	were	

obtained	with	a	Zeiss	LSM-700	confocal	microscope	using	the	63x	objective,	and	

image	processing	was	performed	with	Fiji	ImageJ	v2	(National	Institutes	of	Health).	

	

Immunohistochemistry	

	 Immunohistochemistry	was	performed	using	a	robotic	platform	(Ventana	

discover	Ultra	Staining	Module,	Ventana	Co.,	Tucson,	AZ,	USA)	on	paraffin-

embedded		bone	marrow	clots	of	young	(<10	years	old)	and	aged	(60-70	years	old)	

subjects	obtained	according	to	IRB-reviewed	protocols.	A	heat-induced	antigen	

retrieval	protocol	was	carried	out	using	a	TRIS–ethylenediamine	tetracetic	acid	

(EDTA)–boric	acid	pH	8.4	buffer	(Cell	Conditioner	1),	with	a	64	minute	setting.		

Endogenous	peroxidases	were	blocked	with	peroxidase	inhibitor	(CM1)	for	8	min	

before	incubating	the	tissues	with	RUNX3	antibody	(Abcam,	Cat	#	Ab	135248)	at	a	

1:800		dilution	for	60	min	at	room	temperature.	Antigen-antibody	complex	was	then	
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detected	using	DISCOVERY	anti-mouse	HQ	HRP	detection	system	and	DISCOVERY	

ChromoMap	DAB	Kit	(Ventana	Co.).	All	the	slides	were	counterstained	with	

hematoxylin	subsequently;	they	were	dehydrated,	cleared	and	mounted	for	the	

assessment.	Slides	were	imaged	using	a	NonoZoomer	S360	(Hamamatsu	

Corporation)	and	the	final	images	were	prepared	using	NDP.view2	Plus	Image	

viewing	software	U12388-02.	

	

Mass	Cytometry	

	 Cells	were	washed	once	with	PBS,	then	stained	for	60	seconds	with	100	µM	

cisplatin	(Sigma	Aldrich	P4394)	in	PBS.		1%	FBS	in	PBS	was	promptly	added	to	

quench	the	staining.		After	washing,	cells	were	fixed	with	0.2	µm	filtered	1.6%	

paraformaldehyde	in	PBS	for	10	minutes	at	room	temperature.		1%	FBS	in	PBS	was	

promptly	added	to	quench	fixing,	and	after	washing,	cells	were	stored	at	-80°C.		

Upon	thawing,	each	sample	was	washed	once	with	cell	staining	medium	consisting	

of	0.5%	Fraction	V	BSA	(Sigma	Aldrich),	and	0.02%	w/v	sodium	azide	(Sigma	

Aldrich	S2002)	in	PBS.		Subsequently,	cells	were	washed	twice	with	0.02%	w/v	

saponin	(Sigma	Aldrich	S7900)	and	0.02%	w/v	sodium	azide	in	PBS	to	transiently	

permeabilize	them.		Each	sample	was	then	separately	stained	with	a	unique	

barcoding	combination	of	palladium	isotopes,	shaking	at	room	temperature	for	15	

minutes	followed	by	washing	three	times	with	cell	staining	medium.		The	barcoded	

samples	were	pooled	and	simultaneously	stained	for	surface	antigens	for	30	

minutes	at	room	temperature	with	shaking.		Antibodies	to	CD45RA,	CD11b,	CD117,	

CD36,	and	CD71	were	used	at	a	dilution	of	1:800.		Antibodies	to	CD34,	CD38,	CD123,	
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CD41,	and	CD235a	were	used	at	1:400.		Cells	were	washed	twice	with	cell	staining	

medium,	then	permeabilized	in	-20°C	methanol	for	10	minutes	on	ice	with	

intermittent	shaking.		Cells	were	washed	once	with	cell	staining	medium,	followed	

by	intracellular	staining	for	1	hour	at	room	temperature	with	shaking.		The	Ki-67	

antibody	was	used	at	1:400,	and	antibodies	to	RUNX3	and	cleaved	Caspase-3	were	

used	at	0.25	µg/ml.		After	staining,	cells	were	washed	twice	with	cell	staining	

medium,	then	incubated	for	at	least	15	minutes	at	room	temperature	in	intercalator	

buffer	consisting	of	0.2	µm	filtered	PBS/1.6%	paraformaldehyde	with	a	1:5,000	

dilution	of	CellID	Ir-Intercalator	(Fluidigm	201192A).		Cells	were	washed	once	with	

cell	staining	medium,	once	with	0.05%	Tween-20	(Sigma	Aldrich)	in	water,	and	

finally	re-suspended	in	water.		The	sample	volume	was	adjusted	with	water	and	

normalization	beads	(Fluidigm	201078)	to	achieve	a	cell	concentration	of	

approximately	0.5	x	106/mL.		Data	acquired	using	the	Fluidigm	CyTOF	2	was	bead-

normalized	and	underwent	barcode	deconvolution	using	the	debarcoding	tool	

MATLAB	standalone	executable	from	Zunder	et	al.	Nature	Protocols	2015.	

Data	was	inverse	hyberbolic	sine-transformed	using	a	cofactor	of		

0.25.		FlowSOM	(Van	Gassen	et	al.	2017)	was	used	to	construct	a	self-organizing	

map	with	a	number	of	grid	points	equal	to	the	square	of	the	number	of	lineage	

markers.		Each	cell	was	assigned	a	phenocode	for	every	lineage	marker	using	

flowType	(Aghaeepour	et	al.	2014).		Each	grid	point	was	then	immunophenotyped	

using	the	aggregated	phenocodes	of	the	cells	assigned	to	the	grid	point.		For	any	

given	grid	point	to	be	assigned	an	immunophenotype	for	a	particular	marker	(i.e.	

CD45RA+),	75	percent	of	the	cells	assigned	to	the	gridpoint	had	to	be	labelled	with	
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the	same	phenocode	for	the	particular	marker.		For	each	immunophenotype	

observed,	number	of	cells	were	tabulated	to	form	a	hierarchical	count	table.		Every	

level	of	the	hierarchy	was	tested	for	differential	abundance	between	conditions	

using	edgeR	(Robinson	et	al.	2010;	McCarthy	et	al.	2012)	with	a	quasi-likelihood	

framework	as	specified	by	the	cydarTM	package	(Lun	2017).	

	

Table	of	antibodies	used	for	mass	cytometry	
CD41a	(89	Yb)	 Fluidigm	 3089004B	
CD117	(143	Nd)	 Fluidigm	 3143001B	
CD123	(151	Eu)	 Fluidigm	 3151001B	
CD45RA	(153	Eu)	 Fluidigm	 3153001B	
CD36	(155	Gd)	 Fluidigm	 3155012B	
Ki-67	(162	Dy)	 Fluidigm	 3162012B	
CD235a	(163	Dy)	 Fluidigm	 3163008B	
CD34	(166	Er)	 Fluidigm	 3166012B	
CD38	(172	Yb)	 Fluidigm	 3172007B	
CD71	(175	Lu)	 Fluidigm	 3175011B	
CD11b	(209	Bi)	 Fluidigm	 3209003B	
RUNX3	(148	Nd)	 This	study	 R&D	Systems	RUNX3	

antibody	(MAB3765);	
Fluidigm	Maxpar	X8	
antibody	labeling	kit	
(201148)	

Cleaved	Caspase-3	(173	Yb)	 This	study	 BD	Biosciences	cleaved	
Caspase-3	antibody	
(559565);	Fluidigm	
Maxpar	X8	antibody	
labeling	kit	(201173)	

	

RNA-sequencing	

	 Cells	were	washed	with	PBS,	followed	by	RNA	extraction	using	the	QIAgen	

RNeasy	Plus	Mini	Kit	(QIAgen	74134),	with	added	DNA	digestion.		Briefly,	cells	were	

lysed	using	buffer	RLT	supplemented	with	beta-mercaptoethanol,	and	lysates	were	

applied	to	the	gDNA	eliminator	column.		The	flow-through	was	applied	to	the	

RNeasy	spin	column,	and	the	column	was	washed	once	with	buffer	RW1.		Freshly	
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prepared	DNase	solution	(QIAgen	79254)	was	applied	to	the	column	and	incubated	

at	room	temperature	for	10	minutes.		The	column	was	washed	once	with	buffer	

RW1,	and	twice	with	buffer	RPE.		RNA	was	eluted	with	nuclease-free	water,	and	the	

eluate	was	re-applied	to	the	column	for	a	second	spin	to	ensure	complete	elution	of	

the	RNA.		RNA	yield	was	assessed	using	a	NanoDrop	spectrophotometer	(Thermo	

Fisher	Scientific).	Samples	were	sequenced	by	the	Genomic	Services	Laboratory	at	

HudsonAlpha	Institute	for	Biotechnology	using	ribosomal	reduction,	100bp,	paired-

end,	and	50	million	read-depth	parameters	on	an	Illumina	HiSeq	2500	machine.	

	 Raw	fastq.gz	data	files	were	merged	(fastq	Merger;	gsl.hudsonalpha.org)	and	

uploaded	to	usegalaxy.org.		Trimmomatic	was	used	to	eliminate	low	quality	

sequences	from	the	reads,	followed	by	alignment	to	the	hg19	human	reference	

genome	using	HISAT2.		RmDup	was	used	to	eliminate	PCR	duplicates	from	the	

resulting	bam	files.		Differential	gene	expression	was	determined	with	DESeq2	

applied	to	data	converted	by	featureCounts.		The	data	was	also	processed	using	

Cufflinks	to	estimate	FPKM	for	each	sample,	followed	by	Student’s	t-test	to	assess	

statistical	significance	for	specific	transcripts.		The	Synergizer	tool	was	used	to	

convert	UCSC	gene	identifiers	into	hgnc	gene	symbols.	

	

Unexplained	Anemia	of	the	Elderly	Studies	

Normal	young,	normal	elderly,	and	UAE	human	bone	marrow	samples	were	

obtained	according	to	IRB-approved	protocols.		Mononuclear	cells	were	prepared	

using	Ficoll-Paque	Plus	(GE	Healthcare),	and	stained	with	the	appropriate	

antibodies	and	analyzed	and	sorted	using	a	FACSAriaII	cytometer	(BD	Biosciences).		
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Cell	types	were	defined	as	follows:	HSC,	Lin-CD34+CD38-CD90+	CD45RA-;	MEP,	Lin-

CD34+CD38+CD123-CD45RA-;	CMP,	Lin-CD34+CD38+CD123+CD45RA-.		

Methylcellulose	colony	formation	was	assayed	by	sorting	cells	into	individual	wells	

of	a	6-well	plate,	each	containing	3	ml	of	complete	methylcellulose	(Methocult	GF+	

H4435,	Stemcell	Technologies).		Plates	were	incubated	for	12-14	days	at	37°C,	and	

colonies	then	scored	based	on	morphology.		

For	microarray	analysis,	total	RNA	was	extracted	using	TRIzol	(Invitrogen)	

or	Ambion	RNA	Isolation	Kit	(Applied	Biosystems	by	Life	Technologies)	according	to	

the	manufacturer’s	protocols	and	treated	with	DNase	I	(Qiagen).		All	RNA	samples	

were	quantified	with	the	RiboGreen	RNA	Quantitation	Kit	(Molecular	Probes),	

subjected	to	re-	verse	transcription,	two	consecutive	rounds	of	linear	amplification,	

and	production	and	fragmentation	of	biotinylated	cRNA	(Affymetrix).		Fifteen	

micrograms	of	cRNA	from	each	sample	was	hybridized	to	Affymetrix	HG	U133	Plus	

2.0	microarrays.		Hybridization	and	scanning	were	performed	according	to	the	

manufacturer’s	instructions	(Affymetrix).		Data	was	analyzed	using	the	gene	

expression	commons	platform	(Seita	J,	Sahoo	D,	Rossi	DJ,	Bhattacharya	D,	Serwold	T,	

Inlay	MA,	Ehrlich	LI,	Fathman	JW,	Dill	DL,	Weissman	IL.	PLoS	

One.	2012;7(7):e40321.	doi:	10.1371/journal.pone.0040321.	PMID:	22815738).	

	

Data	Availability	

RNA-sequencing	accession	numbers:	GSE119264,	GSE104406.	Microarray	accession	

number:	GSE123991.	
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III.	Discussion	and	Future	Directions	
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A.	Discrepancies	between	in	vivo	and	in	vitro	models	of	RUNX3	deficiency	

	 The	murine	model	of	RUNX3	deficiency	described	by	Wang	et	al.135	caused	

diminished	bone	marrow	erythroid	content	that	failed	to	translate	into	diminished	

red	cell	counts	in	the	circulation,	yet	the	in	vitro	approach	described	in	this	study	

elicited	a	robust	blockade	in	erythropoiesis	even	with	an	incomplete	knock-down.		

This	raises	questions	as	to	the	mechanisms	by	which	RUNX3	mediates	

erythropoiesis	and	whether	differences	between	the	models	could	color	the	

interpretation	of	the	results.		Wang	et	al.	used	the	Mx1-Cre	system	to	target	RUNX3	

in	the	bone	marrow.		In	this	system,	poly	I:C	is	injected	into	the	animals	to	invoke	a	

strong	inflammatory	response	leading	to	interferon-dependent	activation	of	an	Mx1	

promoter	upstream	of	the	Cre	recombinase	gene	in	a	transgenic	locus159.		The	

caveats	to	this	system	are	that	1)	the	Mx1	promoter	is	active	in	the	whole	bone	

marrow	niche,	not	just	the	hematopoietic	stem	cells,	2)	baseline	inflammation	can	

cause	leaky	expression	of	Cre	recombinase,	and	3)	poly	I:C	can	imbue	long	lasting	

effects	on	the	proliferative	state	of	hematopoietic	stem	cells160,161.		These	issues	can	

be	partially	circumvented	by	purifying	cell	types	of	interest	from	the	Mx1-cre	

knock-out	animals	and	transplanting	them	into	wild	type	recipients	that	have	a	

relatively	unperturbed	bone	marrow	niche.	

In	the	Wang	et	al.	study,	most	of	the	data	reported	were	measurements	from	

the	primary	mice	at	young	and	old	time-points	after	injection	with	poly	I:C.		

Relevant	findings	included	1)	diminished	frequency	of	erythroid	cells	in	the	bone	

marrow,	but	no	change	in	peripheral	red	blood	cells,	2)	increased	frequency	of	LSK	

progenitors,	and	3)	increased	mobilization	of	LSK	progenitors	after	treatment	with	
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G-CSF.		The	analysis	of	bone	marrow	transplant	recipients	consisted	only	of	

measuring	the	engraftment	of	myeloid,	B-cells,	and	T-cells	using	the	percent	of	

peripheral	blood	cell	types	contributed	by	donor	CD45	isoform-positive	marrow	

cells.		An	analysis	of	the	aged	bone	marrow	composition	including	erythroid	

progenitors	and	their	contribution	to	circulating	red	blood	cells	was	not	included	in	

the	Wang	et	al.	study.		Thus,	it	remains	unclear	to	what	degree	the	Mx1-Cre	system	

affected	the	phenotypes	observed	in	primary	mice	and	what	the	effect	of	RUNX3	

deficiency	is	on	erythropoiesis	in	vivo.	

To	determine	the	effect	of	Mx-Cre-mediated	RUNX3	knock-out	on	

erythropoiesis,	specific	subsets	of	donor	marrow	(such	as	LSKs)	need	to	be	

evaluated	after	transplantation.		In	such	an	experiment,	equal	number	of	LSKs	

should	be	sorted	from	aged	Mx1-Cre/RUNX3-floxed	animals	that	were	treated	with	

or	without	poly	I:C	when	young.		These	cells	should	be	transplanted	into	lethally	

irradiated	wild	type	animals	along	with	equal	numbers	of	wild	type	competitor	bone	

marrow	cells.		After	recovery,	the	recipient	bone	marrow	and	peripheral	blood	

composition	can	be	assessed.		Engraftment	efficiency	can	be	defined	by	the	

percentage	of	donor	CD45	isoform-positive	cells	in	the	bone	marrow	relative	to	total	

bone	marrow,	or	in	circulation	relative	to	total	peripheral	blood.		Biological	changes	

in	the	bone	marrow	compartment	that	are	due	to	RUNX3	deficiency	could	be	

measured	by	taking	the	percent	of	a	donor	cell	type	(such	as	MEP)	relative	to	total	

donor	cells	in	the	marrow	or	peripheral	blood.		Erythroid	perturbations	that	would	

validate	our	in	vitro	knock-down	data	might	include	diminished	erythroid	
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progenitors	and	increased	myeloid	progenitors	in	the	bone	marrow,	as	well	as	

fewer	red	blood	cells	and	more	myeloid	cells	in	the	peripheral	blood.		

In	some	instances,	such	as	aging	studies,	the	SCL-Cre	system	may	be	a	better	

alternative	to	Mx1-Cre	because	SCL	promoter	activity	is	more	restricted	to	early	

hematopoietic	progenitors	in	the	bone	marrow	than	Mx1-Cre162.		While	Mx1-Cre	

induces	pan-hematopoietic	recombination,	SCL-Cre	specifically	targets	LT-HSCs	

(defined	as	LSK,	Flk-2-)	at	greater	than	90%	efficiency,	which	accounts	for	roughly	

20%	of	LSK	cells162.		In	primary	animals,	the	high	specificity	for	LT-HSCs	offers	

another	added	benefit	over	Mx-Cre	in	that	the	incorporation	of	a	fluorescent	

reporter	cassette	allows	one	to	observe	the	native	contribution	of	LT-HSCs	to	the	

bone	marrow	progenitor	pool.	

In	this	study,	mass	cytometry	was	employed	to	evaluate	how	the	distribution	

of	the	HSPC	subtypes	was	affected	by	RUNX3	deficiency.		The	frequency	of	CMPs	

were	found	to	be	increased	at	the	expense	of	MEPs,	with	minimal	effect	on	GMPs.		

But,	because	all	CD34+	cells	simultaneously	underwent	knock-down	in	that	

experiment,	it	was	impossible	to	discern	whether	the	change	in	distribution	of	CMPs	

and	MEPs	was	due	to	a	defect	in	one	or	both	of	those	subsets.		In	other	words,	

RUNX3	deficiency	could	have	conceivably	blocked	the	differentiation	of	CMPs	into	

MEPs,	but	it	could	have	also	affected	the	proliferation	or	viability	of	one	or	both	

subpopulations.		Both	outcomes	could	explain	the	phenotype	observed,	but	the	SCL-

Cre	system	with	lineage	tracing	capability	may	shed	additional	light	on	whether	HSC	

differentiation	is	in	fact	blocked	at	specific	subsets	of	cells	in	the	hematopoietic	

hierarchy.			
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However,	the	SCL-Cre	system	also	relies	on	inducible	signaling	that	has	

potentially	confounding	effects	on	HSCs.		In	this	system,	the	transgenic	SCL	

promoter	drives	the	expression	of	a	Cre	recombinase	that	is	fused	to	a	part	of	the	

estrogen	receptor	(Cre-ER).		Cre-ER	remains	in	the	cytosol	until	the	synthetic	

estrogen	receptor	agonist,	tamoxifen,	is	administered.		Binding	of	tamoxifen	to	Cre-

ER	induces	its	nuclear	translocation	and	subsequent	Cre-mediated	recombination	of	

the	target	site163.		But,	in	addition	to	inducing	Cre	translocation,	tamoxifen	will	also	

bind	to	the	endogenous	estrogen	receptors	expressed	in	HSPCs	and	modulate	the	

cells’	biology.		Specifically,	tamoxifen	induces	rapid	apoptosis	of	ST-HSCs	and	MPPs	

while	inducing	the	proliferation	of	LT-HSCs.		While	these	changes	appear	to	be	

reversible	by	withdrawal	of	tamoxifen,	the	total	bone	marrow	cellularity	does	not	

change	after	the	initial	treatment,	suggesting	that	HSPCs	may	experience	

accelerated	differentiation164.		These	effects	may	represent	long	lasting	changes	in	

HSPC	biology	that	may	affect	our	interpretation	of	data	collected	from	these	

experiments.	

The	in	vitro	system	used	in	the	current	study	differs	from	the	murine	system	

in	several	substantial	ways.	First,	RUNX3	was	only	partially	knocked	down	

compared	to	the	more	robust	knock-out	described	in	the	Wang	et	al.	study,	which	

may	lead	to	“dosing”	effects	as	previously	described	for	some	RUNX	family	

transcription	factors119,165.		Second,	CD34+	HSPC	are	a	similar,	but	not	fully	matched	

cell	population	to	the	KSLs	that	were	scrutinized	in	the	murine	system.		Third,	cell	

culture	of	hematopoietic	cells	has	known	effects	on	the	biology	and	differentiation	

potential	of	HSPCs,	especially	considering	the	lack	of	supporting	niche	or	stromal	
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cells,	as	well	as	the	non-physiological	cytokine	milieu	present	in	the	culture	

media30,166.		Lastly,	the	time	it	takes	to	transduce,	culture,	and	analyze	cells	in	vitro	is	

significantly	shorter	than	the	workflow	required	for	a	well-controlled	in	vivo	

experiment.	

To	best	address	some	of	these	discrepancies	between	systems,	human	CD34+	

HSPCs	transduced	with	either	control	or	RUNX3-targeting	vectors	with	a	fluorescent	

reporter	could	be	transplanted	into	NOD/SCID	immunodeficient	animals	and	

monitored	for	progenitor	and	multi-lineage	engraftment.		This	strategy	may	offer	a	

more	accurate	comparison	to	what	is	happening	when	murine	HSPC	are	

transplanted	into	recipient	animals.		While	it	is	unclear	whether	this	approach	is	

suitable	for	aging	studies,	it	may	reveal	effects	of	the	bone	marrow	niche	as	well	as	

the	extended	kinetics	of	engraftment	on	the	lineage	potential	of	the	donor	

progenitors.		Similarly,	ex	vivo	erythroid	cell	culture	of	mouse	HSPC	subjected	to	

Cre-mediated	deletion	of	RUNX3	could	also	reveal	potential	effects	of	the	bone	

marrow	niche	on	lineage	potential.	

	 One	conceivable	weakness	of	cell	culture-based	and	inducible	Cre	systems	is	

the	potential	to	impart	lasting	effects	on	HSC	behavior	due	to	off-target	cell	cycle	

alterations.		Previous	reports	have	described	cell-intrinsic	alterations	in	HSPC	

potency	after	repeated	rounds	of	cell	division25,75,76.		One	such	study	postulates	that	

stem	cell	aging	is	directly	correlated	with	the	number	of	cell	divisions	that	any	given	

cell	undergoes,	requiring	as	few	as	four	cell	divisions	to	render	the	cell	dormant167.		

After	Cre	induction,	cells	of	interest	experience	additional	cell	cycle-related	stress	

inherent	to	transplantation,	as	small	numbers	of	donor	cells	and	inefficient	
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engraftment	elicit	enhanced	cell	cycle	entry	of	HSCs.		The	use	of	appropriate	

controls	within	any	given	system	does	account	for	these	changes,	and	does	allow	for	

meaningful	comparisons	to	be	made;	however,	it	remains	incompletely	understood	

to	what	degree	these	systems	impact	normal	biology.	

	 A	prospective	strategy	for	studying	HSC	biology	in	the	most	native	manner	

possible	is	in	vivo	transduction.		This	approach	uses	G-CSF	to	mobilize	HSPCs	

followed	by	infusion	of	a	lentivirus	with	targeting	and	selection	constructs	into	the	

circulation.		Once	the	HSPCs	re-enter	the	bone	marrow,	a	selection	drug	can	be	

administered	to	eliminate	un-transduced	cells	from	the	bone	marrow.		There	are	

several	advantages	to	this	approach	over	ex	vivo	or	Cre-based	systems.		First,	recent	

studies	have	shown	that	treatment	with	G-CSF	mobilizes	a	long-lived	subset	of	

quiescent	HSPCs	that	do	not	become	stimulated	to	proliferate,	in	contrast	to	the	

general	increase	in	proliferation	observed	in	the	bone	marrow	as	has	been	

previously	described167.		Second,	lentiviral	transduction	does	not	significantly	alter	

the	biology	of	HSPCs	even	after	sustained	engraftment168.		Third,	the	need	for	

transplantation	is	potentially	eliminated	as	the	system	can	be	engineered	to	target	

cells	with	some	degree	of	specificity	to	surface	antigens,	such	as	for	CD46	which	is	

highly	expressed	in	HSCs169.		The	current	efficiency	of	this	system	is	modest,	but	

workable	with	fluorescent	labeling	of	target	cells.		Use	of	this	approach	in	standard	

mouse	models	currently	yields	approximately	50%	efficiency	in	LSKs	and	70%	

efficiency	in	Ter-119-positive	erythrocytes.	
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B.	Potential	RUNX	factor	compensation	

	 The	RUNX	family	proteins	all	carry	out	their	function	by	binding	to	

chromatin.		Each	of	the	three	RUNX	proteins	heterodimerize	with	their	cognate	

binding	partner,	CBFb.	This	causes	a	change	in	the	conformation	of	the	RUNX	

protein	which	makes	DNA-binding	more	favorable103,104.		For	RUNX1,	it	has	been	

demonstrated	that	the	wild	type	protein	without	CBFb	and	the	Runt	domain	N109A	

mutant	that	is	unable	to	bind	CBFb	both	have	greatly	reduced	affinity	for	RUNX	DNA	

binding	motif-containing	oligonucleotides	in	biochemical	assays101.		Extrapolating	

from	this	finding,	it	is	thought	that	all	RUNX	proteins	should	be	able	to	bind	any	

given	RUNX	DNA	binding	motif	across	the	chromatin.		This	begs	the	question	of	

whether	or	not	RUNX	factors	are	able	to	compensate	for	the	loss	of	other	RUNX	

factors,	especially	between	RUNX1	and	RUNX3	which	are	co-expressed	in	

hematopoietic	tissues.	

	 Indeed,	ectopic	expression	of	RUNX2	or	RUNX3	in	RUNX1-deficient	murine	

embryonic	para-aortic	splanchnopleural	cells	restores	the	cells’	normal	

hematopoietic	function170.		Knock-down	of	RUNX3	in	zebrafish	embryos	

phenocopies	RUNX1	deficiency	which	is	characterized	by	severe	anemia	as	a	

consequence	of	a	failure	to	establish	definitive	hematopoiesis133.		In	mice,	loss	of	

RUNX3	elicits	a	synthetic	phenotype	in	conjunction	with	the	loss	of	RUNX1.		

Specifically,	the	double	knock-out	has	a	more	severe	bone	marrow	failure	

phenotype	than	RUNX1	single	knock-out,	as	well	as	severe	anemia	which	is	not	

observed	in	either	RUNX1	or	RUNX3	single	knock-out.		Interestingly,	this	model	also	

provided	evidence	that	RUNX1	and	RUNX3	have	non-overlapping	roles	as	well.		A	
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subset	of	the	double	knock-out	mice	developed	myeloproliferative	disorder	as	was	

observed	in	the	RUNX3	single	knock-out,	but	not	the	RUNX1	single	knock-out.		

RUNX1	and	RUNX3	are	also	both	required	in	a	double-stranded	DNA	damage	repair	

pathway105.		Furthermore,	RUNX1	has	been	reported	to	suppress	erythroid	

differentiation,	while	data	in	the	current	study	show	RUNX3	to	promote	it156.		Thus,	

it	is	unlikely	that	RUNX1	can	fully	compensate	for	the	loss	of	RUNX3.	

To	determine	to	what	degree	RUNX1	can	compensate	for	RUNX3	deficiency	

in	HSPCs,	the	chromatin	binding	profiles	of	RUNX1	and	RUNX3	must	be	determined	

via	chromatin	immuno-precipitation	followed	by	DNA	sequencing	(ChIP-seq).		First,	

the	binding	profiles	of	RUNX1	and	RUNX3	in	control	cells	could	be	compared	to	

define	peaks	that	are	unique	to	RUNX3.		The	peaks	that	are	unique	to	RUNX3	can	

then	be	compared	to	RUNX1	peaks	observed	in	RUNX3-deficient	cells	to	determine	

the	extent	to	which	RUNX1	is	re-localized	to	sites	previously	occupied	by	RUNX3.		

The	expression	of	genes	associated	with	RUNX1	peaks	that	were	gained	after	loss	of	

RUNX3	should	be	evaluated	in	order	to	discern	whether	RUNX1	binding	elicits	

similar	function	as	RUNX3	binding.	

The	degree	to	which	RUNX1	could	compensate	for	RUNX3	deficiency	should	

be	the	same	in	vitro	and	in	vivo,	and	would	not	explain	the	differences	in	the	data	

between	the	two	models.		However,	the	kinetics	of	RUNX1	redistribution	after	loss	

of	RUNX3	may	differ	between	the	two	systems.		Cytokine	signaling	and	cell	

proliferation	critically	influence	transcription	factor	occupancy	across	the	

chromatin,	and	both	are	substantially	different	between	the	two	models.		The	

current	study	utilized	a	cell	culture	system	in	which	HSPC	expansion,	transduction,	
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selection,	and	differentiation	were	performed	over	just	8-9	days.		By	contrast,	

typical	inducible	Cre-based	systems	require	1-2	weeks	for	the	administration	of	the	

reagents	and	up	to	one	month	for	the	recovery	of	animals.		Primary	animals	can	be	

studied	at	this	point,	but	transplantation	and	aging	studies	tend	to	add	up	to	two	

years	to	the	experimental	design.		Thus,	it	is	possible	that	accelerated	cell	

proliferation	alters	the	kinetics	of	RUNX1	redistribution	in	the	cell	culture	system	as	

compared	to	the	animal	model.			

To	test	whether	the	temporal	differences	between	models	could	explain	the	

differences	in	data,	the	ChIP-seq	experiment	should	be	performed	on	young	mice	as	

close	to	RUNX3	deletion	as	possible,	as	well	as	aged	mice.		If	there	are	differences	in	

the	kinetics	of	RUNX1	distribution	between	the	in	vitro	and	in	vivo	systems,	then	the	

binding	profile	of	RUNX1	in	young	animals	would	differ	from	the	aged	animals	and	

the	cell	culture	system.		An	alternative	strategy	could	be	to	rapidly	degrade	RUNX1	

by	way	of	the	dTAG	protein	degradation	system,	and	determine	any	immediate	

changes	in	RUNX3	chromatin	occupancy	that	may	be	induced	as	a	result	of	RUNX1	

deficiency171.		For	in	vivo	studies,	a	bone	marrow	population	of	interest,	such	as	LSK,	

would	be	subjected	to	CRISPR-mediated	knock-in	of	the	FKPBF36V	fusion	fragment,	

which	would	generate	RUNX1	fusion	proteins	that	can	be	degraded	upon	treatment	

with	the	dTAG	reagent.		These	cells	can	then	be	transplanted	into	recipient	mice,	

and	after	engraftment	treated	with	the	dTAG	reagent	to	induce	rapid	loss	of	RUNX1	

in	vivo.	
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C.	Identification	of	direct	RUNX3	targets	

	 The	RNA	sequencing	data	described	in	the	current	study	shows	global	gene	

expression	changes	in	the	context	of	RUNX3	deficiency.		However,	this	dataset	does	

not	discriminate	between	genes	that	are	directly	regulated	by	RUNX3,	and	those	

that	are	regulated	by	its	downstream	targets.		Because	RUNX	proteins	are	thought	to	

carry	out	their	function	through	chromatin	binding,	ChIP-seq	can	be	used	to	identify	

RUNX3	targets.		This	strategy	has	been	used	in	other	studies	to	determine	the	global	

chromatin	binding	profile	of	RUNX1	in	human	CD34+	HSPCs.		Interestingly,	our	

analysis	of	those	data	revealed	an	unexpected	distribution	of	motif	enrichment	

among	RUNX1	peaks	in	undifferentiated	CD34+	HSPCs.		In	these	cells,	RUNX1	binds	

with	highest	frequency	to	the	Ets	family	transcription	factor	DNA	motif,	while	the	

RUNX	motif	is	only	the	fourteenth	most	represented	binding	site	[Supplementary	

Figure	1A].		This	implies	that	the	vast	majority	of	RUNX1	function	is	not	carried	out	

according	to	RUNX	dogma	–	the	assumption	that	RUNX	proteins	function	by	binding	

their	own	cognate	DNA	motif.		Although	it	is	not	known	if	all	of	the	ChIP-seq	peaks	

represent	sites	where	RUNX1	is	actually	functional,	prior	studies	have	shown	that	

RUNX1	and	RUNX3	carry	out	DNA	repair	functions	in	a	CBFb-independent	

manner105.		This	indicates	that	RUNX	localization,	including	that	of	RUNX3,	to	

alternate	DNA	binding	motifs	could	occur	indirectly	through	binding	to	other	factors	

and	may	be	functional.			

What	remains	to	be	shown	is	whether	RUNX	proteins	always	require	their	

canonical	DNA-binding	partner	CBFb	to	regulate	gene	expression,	or	if	they	can	be	

localized	to	target	sites	by	binding	to	other	factors	alone.		In	the	context	of	
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erythropoiesis,	the	role	of	CBFb	is	further	obfuscated	by	the	fact	that	it	is	rapidly	

down-regulated	during	early	differentiation172.		To	address	this	concern,	CBFb	was	

knocked	down	in	undifferentiated	CD34+	HSPCs	and	induced	to	differentiate	down	

the	erythroid	lineage.		As	expected	based	on	the	lack	of	CBFb	expression	in	the	

erythroblasts,	erythroid	differentiation	was	not	blocked	in	the	context	of	CBFb	

deficiency	[Supplementary	Figure	1B].		Additionally,	cells	treated	with	small	

molecule	inhibitors	of	CBFb	and	RUNX1	showed	minimal	perturbation	of	

erythropoiesis123,124	[Supplementary	Figure	1C-D].		But,	because	RUNX3	deficiency	

does	block	erythropoiesis,	these	results	indicate	that	the	erythroid-specific	function	

of	RUNX3	does	not	utilize	CBFb.	

ChIP-seq	could	be	performed	on	undifferentiated	CD34+	HSPCs	and	early	

erythroblasts	for	both	RUNX3	and	CBFb	to	identify	putative	targets	that	are	

regulated	by	either	RUNX3	alone	or	the	two	factors	together.		To	determine	whether	

CBFb	is	required	for	RUNX3	binding	to	loci	harboring	both	RUNX3	and	CBFb	peaks,	

one	could	perform	ChIP-seq	on	cells	expressing	either	wild	type	RUNX3	or	a	RUNX3	

mutant	with	the	N109A	substitution	that	was	previously	shown	to	disallow	

RUNX1/CBFb	dimerization101.		With	respect	to	the	binding	profile	of	the	RUNX3	

mutant,	peaks	that	are	lost	from	the	set	of	genes	bound	by	both	wild	type	RUNX3	

and	CBFb	would	presumably	require	CBFb/RUNX3	dimerization	for	binding	to	a	

RUNX3	DNA	motif.		To	test	this	hypothesis,	the	sequences	obtained	from	the	various	

RUNX3	ChIP-seq	experiments	can	be	analyzed	using	motif-discovery	algorithms	to	

identify	DNA	motifs	associated	with	any	given	RUNX3	binding	site.			
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		In	this	study,	we	also	showed	that	loss	of	RUNX3	blocks	megakaryocyte	

differentiation.		RUNX3-deficient	cells	in	erythroid	medium	experienced	down-

regulation	of	several	megakaryocyte-specific	genes,	suggesting	a	partial	overlap	in	

RUNX3-dependent	erythroid	and	megakaryocyte	lineage	programming.		

Interestingly,	manipulation	of	the	RUNX	factors	elicits	different	results	in	

megakaryocytes	than	it	does	in	erythroblasts.		While	RUNX1	is	dispensable	for	

erythropoiesis,	it	is	required	for	megakaryopoiesis,	which	we	validated	using	our	

own	cell	culture	system173–175	[Supplementary	Figure	1B].		Similarly,	while	CBFb	is	

not	required	for	erythropoiesis,	we	found	it	to	be	required	for	megakaryopoiesis	

although	knock-down	of	CBFb	blocked	maturation	while	treatment	with	the	RUNX1	

inhibitor	Ro5-3335	appeared	to	block	differentiation	[Supplementary	Figure	1	B,	D-

E].		This	suggests	that	RUNX1	may	not	require	CBFb	to	carry	out	functions	related	to	

lineage	commitment,	but	that	the	two	factors	must	cooperate	during	maturation.		

Further,	these	findings	indicate	that	the	erythroid	and	megakaryocyte	lineages	have	

different	requirements	for	CBFb.		Thus,	identifying	target	genes	in	megakaryocytes	

using	the	above	ChIP-seq	strategy	could	reveal	how	lineage-specific	programming	is	

achieved	between	erythroblasts	and	megakaryocytes.	
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Supplementary	Figure	1.		Megakaryocyte	and	erythroid	phenotypes	with	CBFb	and	
RUNX1	inhibition	
(A)	RUNX1	ChIP-seq	peaks	in	CD34+	HSPCs	and	megakaryocytes.	DNA	binding	motifs	are	listed	
for	those	shared	between	undifferentiated	HSPC	and	megakaryocytes	(center	column)	and	those	
unique	to	HSPC	(left)	or	megakaryocyte	(right);	(B)	Knock-down	of	CBFb	permits	erythroid	
differentiation	and	inhibits	terminal	megakaryocyte	maturation;	(C)	Inhibition	of	CBFb	permits	
erythroid	differentiation	(blue:	control	molecule	AI-4-88,	red:	AI-14-91);	(D)	Inhibition	of	
RUNX1	with	Ro5-3335	inhibitor	selectively	impairs	megakaryocyte	differentiation;	(E)	RUNX1	
inhibition	preferentially	impairs	early	megakaryocyte	commitment;	(F)	Knock-down	of	RUNX1	
impairs	megakaryocyte	differentiation,	but	has	no	effect	on	erythropoiesis.	
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D.	Mechanism	and	implication	of	RUNX3’s	sub-cellular	localization	

	 In	this	study,	we	observed	by	immunofluorescent	microscopy	that	

undifferentiated	HSPCs	in	expansion	medium	had	RUNX3	distributed	between	the	

cytoplasm	and	in	the	nucleus,	while	cells	cultured	in	erythroid	medium	for	three	

days	had	predominantly	nuclear	staining.		Erythroid	medium	contains	

erythropoietin	(EPO)	which	binds	the	EPO	receptor	and	requires	JAK2	and	STAT5	to	

propagate	its	signals176.		RUNX3	and	STAT5	have	been	shown	to	interact	in	the	

cytoplasm	where	they	each	inhibit	the	activity	of	the	other	until	a	cell	surface	

receptor	ligand	induces	their	translocation	to	the	nucleus108.		In	our	system,	the	

translocation	of	RUNX3	to	the	nucleus	in	cells	added	to	erythroid	medium	might	be	

induced	by	EPO.			

To	test	whether	the	localization	of	RUNX3	is	affected	by	EPO,	cells	can	be	

treated	with	EPO	and	RUNX3	can	be	monitored	via	immunofluorescent	imaging.		

Subsequently,	cells	can	be	deprived	of	EPO	to	determine	whether	RUNX3	

translocation	is	reversible.		Further,	pharmacological	inhibition	of	JAK2	or	STAT5	

when	EPO	is	present	could	help	determine	whether	RUNX3	localization	is	indeed	

dependent	on	those	factors.		To	validate	those	findings,	co-immunoprecipitation	of	

RUNX3	and	STAT5	under	the	various	conditions	should	be	performed	on	the	

cytoplasmic	and	nuclear	cell	lysate	fractions	to	confirm	their	physical	association.			

RUNX3	translocation	may	be	induced	in	a	similar	fashion	by	TPO,	G-CSF,	or	

IL-3	in	cells	cultured	in	megakaryocyte	and	granulocyte	media,	as	those	cytokines	

also	require	JAK2	and	STAT5	for	signaling176.		If	this	is	true,	the	implication	is	that	

granulocytes	may	require	STAT5	but	not	RUNX3	during	differentiation,	while	
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erythroblasts	and	megakaryocytes	require	the	inverse.		Indeed,	myeloid	

differentiation	is	known	to	be	hindered	with	loss	or	mutation	of	STAT5,	and	highly	

exaggerated	in	a	STAT5	gain-of-function	model177–179.		In	the	context	of	

erythropoiesis,	STAT5	deficiency	during	embryogenesis	results	in	severe	anemia	

due	to	a	survival	defect;	however,	adult	animals	do	not	show	any	signs	of	defective	

erythropoiesis	with	single	or	double	isoform	knock-outs180.		Furthermore,	EPO-

dependent	STAT5	target	genes	do	not	include	any	canonical	erythroid	genes181.	

RNA-seq	after	stimulus	with	the	relevant	cytokines	followed	by	gene	

ontology	analysis	may	also	shed	light	on	whether	STAT5	and	RUNX3	target	genes	

required	for	differentiation	of	the	different	lineages.		In	this	study,	RNA-seq	was	

performed	on	cells	transferred	to	erythroid	medium	(EPO	stimulation)	and	loss	of	

RUNX3	was	shown	to	down-regulate	many	critical	erythroid	genes.		As	a	follow-up	

to	this	experiment,	STAT5	could	be	knocked	down	in	an	otherwise	similar	

experimental	design,	and	the	genes	affected	by	knock-down	could	be	interrogated	

for	erythroid-specific	targets.		Given	that	STAT5	deficiency	does	not	block	

erythropoiesis	as	RUNX3	does,	if	there	is	minimal	overlap	between	the	RUNX3-	and	

STAT5-affected	genes,	the	data	would	support	the	hypothesis	that	EPO	stimulation	

relies	predominantly	on	the	activation	of	RUNX3	to	drive	the	expression	of	

erythroid	genes.		These	experiments	could	also	be	performed	on	cells	induced	for	

granulocyte	differentiation	(G-CSF	and/or	IL-3	stimulation)	to	determine	whether	

STAT5	or	RUNX3	targets	are	relevant.			
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E.	Regulation	of	RUNX3	Expression	

	 	The	mechanisms	of	RUNX3	gene	expression	via	transcription	factors	remain	

poorly	understood.		Three	putative	regulatory	elements	have	been	identified	at	the	

RUNX3	locus	as	well	as	two	promoters	that	feature	Sp1,	Egr-1,	Ikaros,	CREB,	and	Ets	

binding	sites,	two	RUNX	binding	sites	at	the	5’	UTR,	as	well	as	an	upstream	

enhancer153,182.		Manipulation	of	some	of	these	sequences	can	perturb	RUNX3	

expression;	however,	there	are	few	clear	examples	of	transcription	factors	

interacting	with	their	corresponding	binding	sites	at	the	RUNX3	locus.		Brn3a,	miR-

130a,	and	miR-495	have	been	implicated	in	the	control	of	RUNX3	expression,	

although	these	may	act	through	epigenetic	means183–185.		Indeed,	changes	in	RUNX3	

expression	are	mostly	linked	to	epigenetic	changes,	specifically	DNA	methylation	of	

the	P2	promoter,	although	most	of	those	observations	have	been	made	in	diseased	

tissues	rather	than	healthy	tissues.		For	example,	RUNX3	hypermethylation	has	been	

observed	in	leukemias,	many	solid	tumors,	and	neuronal	cells	in	the	context	of	

Alzheimer’s	disease136–141.		Intriguingly,	the	strongest	correlation	to	RUNX3	

promoter	methylation	is	age.	

In	this	study,	we	observed	hypermethylation	of	the	P2	promoter	in	mouse	

HSCs	and	loss	of	H3K27Ac	at	the	P2	promoter	and	enhancer	in	human	HSPCs,	but	

we	did	not	test	whether	these	modifications	affected	RUNX3	expression.		To	test	

whether	DNA	methylation	or	H3K27ac	at	the	RUNX3	promoter	affects	its	

expression,	the	dCas	system	could	be	employed	to	modulate	these	epigenetic	marks	

in	a	site-specific	manner186.		This	system	utilizes	a	mutant	Cas	protein	that	is	

enzymatically	inactive,	but	is	fused	to	a	protein	of	interest	that	acts	as	bait	to	recruit	
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other	factors.		Using	a	guide-RNA	complementary	to	a	sequence	found	in	the	RUNX3	

locus,	it	is	possible	to	localize	epigenetic	factors	to	that	region	and	modulate	DNA	

methylation	and	H3K27ac.		In	an	alternative	approach,	a	methylated	reporter	

plasmid	harboring	the	RUNX3	promoter	or	a	non-methylated	plasmid	of	identical	

sequence	could	be	introduced	into	cells.		Comparing	quantities	of	the	plasmid	

product	transcripts	may	shed	light	on	whether	methylation	of	the	promoter	impacts	

RUNX3	expression.		Because	plasmids	are	devoid	of	histones,	the	use	of	reporter	

plasmids	will	not	be	useful	in	gleaning	interactions	between	multiple	epigenetic	

modifications.		To	this	end,	pharmacological	inhibition	of	DNA	methyltransferases	

via	azacytidine	or	decitabine	will	be	a	useful	alternative	strategy	to	compare	with	

the	reporter	plasmid	approach.		Similarly,	global	inhibition	of	HATs	and	HDACs	may	

shed	light	on	whether	H3K27Ac	contributes	to	the	control	of	RUNX3	expression.		

Intriguingly,	bivalent	chromatin	harboring	both	H3K27Ac	and	DNA	

methylation	has	recently	been	described	at	enhancer	regions	and	at	promoters	

regions	at	a	significantly	lower	frequency.		Pharmacological	manipulation	of	either	

mark	altered	the	other,	with	a	preference	for	DNA	methylation	maintaining	

H3K27Ac.		Bivalent	promoters	were	correlated	with	diminished	transcription	factor	

binding	and	active	gene	expression187.		Because	the	control	of	RUNX3	appears	to	be	

somewhat	uncoupled	from	transcription	factor	mediated	regulation,	it	would	be	of	

particular	interest	to	determine	whether	the	promoter	and	enhancer	regions	are	

differentially	regulated	with	aging.		In	other	words,	diminished	DNA	methylation	at	

the	enhancer	and	increased	promoter	methylation	may	be	the	basis	for	reduced	

RUNX3	expression.	
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Another	intriguing	line	of	investigation	would	be	to	determine	whether	the	

RUNX3	promoter	and	enhancer	are	physically	associated	via	chromatin	looping	and	

whether	the	looping	is	dependent	on	H3K27Ac.		Young	and	aged	human	HSPCs	

could	be	subjected	to	Hi-C	analysis	to	determine	chromatin	interactions,	and	the	

comparison	of	samples	could	establish	a	correlation	between	looping	and	H3K27Ac.		

If	looping	occurs,	young	cells	could	be	treated	with	HAT	inhibitors	to	diminish	

H3K27Ac	levels	and	aged	cells	could	be	treated	with	HDAC	inhibitors	to	augment	

H3K27AC	levels.		Modulation	of	chromatin	looping	and	RUNX3	expression	in	

accordance	with	H3K27Ac	levels	and	would	support	a	model	wherein	RUNX3	

expression	is	controlled	by	promoter-enhancer	interaction.	

	

F.	Does	RUNX3	deficiency	drive	aging?	

	 Few	specific	targets	have	been	identified	as	drivers	of	aging	in	otherwise	

healthy	cells.		As	such,	stem	cell	aging	studies	have	primarily	employed	large-scale	

unbiased	screening	strategies	to	identify	global	changes	such	as	gene	expression.		

Most	processes	that	have	been	interrogated	such	as	cell	metabolism,	maintenance	of	

the	epigenetic	landscape,	gene	expression,	DNA	repair	pathways,	and	bone	marrow	

niche	interactions	undergo	changes	with	aging.		The	targets	implicated	by	these	

findings	are	generally	master	regulators	of	the	aforementioned	processes,	such	as	

DNMT	factors	that	mediate	global	DNA	methylation.			

As	discussed	previously,	age-associated	decline	in	RUNX3	expression	has	

been	shown	to	be	dependent	on	promoter	methylation	in	various	disease	states	

including	hematological	malignancies141.		If	RUNX3	deficiency	alone	could	generate	
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a	myeloid	skewing	phenotype,	it	would	have	likely	been	identified	as	a	high-

frequency	target	in	some	hematological	malignancies.		Thus,	the	prospect	of	RUNX3	

being	one	of	many	down-stream	targets	that	are	dysregulated	due	to	mutation	of	

factors	such	as	DMNTs	is	rather	intriguing.		DNMT	mutations	are	frequently	found	

in	age-associated	hematological	malignancies	where	aging	phenotypes	such	as	

myeloid	skewing	are	often	exacerbated,	supporting	the	hypothesis	that	RUNX3	

perturbations	could	arise	as	a	secondary	hit.			

Intriguingly,	DNMTs	are	among	the	most	frequently	mutated	targets	in	

healthy	aged	individuals,	and	in	this	study	we	show	diminished	RUNX3	expression	

in	healthy	aged	individuals188.		What	remains	incompletely	understood	is	to	what	

degree	the	functions	of	these	proteins	is	altered	under	these	conditions	and	what	

the	threshold	is	for	loss	of	function	to	yield	an	overt	phenotype.		Also	of	interest	is	

what	the	overall	mutational	burden	in	healthy	aged	individuals	is	compared	to	those	

with	hematological	malignancies,	and	if	the	critical	difference	is	mutation	of	specific	

targets,	number	of	mutations,	or	a	combination	of	the	two.	
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