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Abstract
Neuronal fusion involves complex protein machinery that acts in a highly orchestrated
manner when triggered by a neuronal action potential. This process involves three
SNAREs, a highly conserved group of proteins that can interact to form a coiled-coil
assembly called the SNARE complex, which is believed to provide the driving force for
fusion of the neurotransmitter-carrying vesicle to the presynaptic space. Aside from
SNAREs, other proteins, such as Munc13, synaptotagmin and Munc18 serve regulatory
roles by acting on SNAREs. The study presented here used EPR spectroscopy to analyze
the structure and interactions of syntaxin, SNAP-25, synaptobrevin (the three SNAREs),
Munc18 and the MUN domain of Munc13. By performing a detailed CW spectral
analysis, it was discovered that both syntaxin and synaptobrevin exist in conformational
equilibria between ordered and disordered states. The structural equilibrium of syntaxin is
also modulated by Munc18, likely controlling its interaction with other SNAREs. Pulsed
EPR studies also revealed syntaxin as existing predominantly in a close tertiary structure,
and that Munc18 further stabilizes this closed state. Munc18 also acts to suppress the
syntaxin-SNAP25 binary complex, which is a dead-end configuration for SNAREmediated fusion. Taking all the EPR data together, the SNAREs are shown as engaging in
complex interactions with Munc18 and MUN, which results in an intricate pathway of
numerous protein structural states and transient intermolecular interactions.
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Chapter 1: Neuronal Fusion
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1.1 INTRODUCTION
Information flow in the neuronal network depends upon action potentials, which
travel along the neuron, until they reach the synapse. Neurotransmitter is released into
the synapse, which initiates a signal in the postsynaptic neuron [1]. This release
requires tight biomolecular control to ensure that a signal is created spontaneously,
but only after a relevant receptor stimuli.
The neurotransmitter is carried in a lipid vesicle, that can fuse with the
presynaptic membrane to allow this biomolecule to be released into the synaptic cleft.
Afterwards, its binding to a specific receptor may propagate the action potential in the
postsynaptic neuron. As shown in Figure 1, the carrier vesicles go through a cycle,
being first filled with the neurotransmitter, then docked to the presynaptic membrane
and eventually fusing with the membrane. Membrane endocytosis then recreates the
vesicle pool.
The fusion of two lipid membranes, which is required for neurotransmitter
release, is a universal mechanism occurring in cellular compartments of all
Eukaryotes that allows for efficient communication across the cell. Is is believed to
happen through a sequence of few separate events [2]. Initially, the two bilayers come
into a close contact, which likely involves removal of some of nearby water
molecules, that would otherwise oppose lipid fusion. Next, one of the lipid surfaced
would exhibit a destabilization, where some of the lipid acyl chains flip to the side of
phosphate head groups. Through this local effect the two lipid layers would come in
contact and subsequently merge to form a hemifusion intermediate [3]. Subsequent
fusion of the outer leaflets would then lead to full fusion (the chain of events is shown
in Figure 2).
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Figure 1. A schematic representation of the neuronal fusion cycle. The fusion
process starts with lipid vesicle “docking”, which brings the vesicle in direct contact
with the presynaptic membrane. (a) Here it adds to the pool of vesicles that can
respond to the calcium trigger and fuse with the membrane (Readily Releasable Pool).
It is then followed by exocytosis of the vesicle to the presynaptic space (b), which
involves the vesicle fusing with the presynaptic membrane. The lipid surface around
the fusion site is then cleared (c) by the NSF-dependent disassembly of the SNARE
complex, and the vesicle is reformed through the endocytosis of presynaptic
membrane (d), and then filled with neurotransmitter after which it rejoins the pool of
vesicles in the cytosol (e) Figure taken from reference 4.
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Figure 2. Stalk hypothesis for the mechanism of lipid fusion.
According to the model fusion is initiated by an hourglass-shaped contact between the
two layers, termed the stalk, that then progresses into a hemifusion state and finally
into a fusion pore. Figure taken from reference 98.
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It is widely accepted that the neuronal vesicle fusion mechanism is triggered
by the rise of the intracellular calcium ion concentration, initiated by the action
potential that opens voltage-sensitive calcium channels [5-8]. Once the process is
started, the vesicle needs to overcome an energy barrier that opposes spontaneous
fusion of two lipid bilayers [9, 10]. In vitro studies show that such barrier makes the
spontaneous lipid fusion a fairly slow process, with the fusion rate on the order of
seconds [11]. Strikingly, the in vivo neuronal fusion mechanism exhibits very fast
kinetics, with full vesicle fusion happening in less then 1 millisecond after the
calcium trigger. This fact, along with precise calcium triggering, indicates that the
neuronal fusion process requires an additional biomolecular machinery that would
supplement the natural propensity of lipid bilayers to fuse [12].
It is generally agreed that the role of the SNARE proteins is to provide the
forces necessary for lipid fusion [13, 14]. SNAREs are a group of highly conserved
protein families that are involved in the fusion mechanisms across the entire cell, such
as a lysosome merging with a phagosome [14] or in Golgi transport [15]. Aside from
SNAREs, studies have also discovered several auxiliary proteins, that are required for
efficient Ca2+ triggered fusion. Arguably the most studied one is synaptotagmin,
which is widely considered to be the calcium sensor of neuronal fusion [16, 17]. It is
able to bind to the lipid bilayer with its two C2 domains in a calcium dependent
fashion [18] and perhaps also have an effect on SNARE zippering [19, 20] or
bridging the two bilayers closer to allow them to fuse [21]. The other regulatory
proteins are Munc13, Munc18 and complexin. They are more likely to act through
direct binding to either individual SNAREs or the SNARE complex [22].
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1.2 SNARES
The name of the SNARE proteins is derived from soluble (N-ethylmaleimide
sensitive factor (NSF) attachment protein receptor. The importance of SNAREs in
neuronal fusion was revealed because these proteins are the target of clostridium
toxins that impair communication between neurons [23, 24]. There are three neuronal
SNAREs. Two proteins, syntaxin-1A and SNAP25, are located on the presynaptic
membrane, while the third, called synaptobrevin (also named VAMP-2), is localized
on the surface of the neurotransmitter carrying vesicle. All three proteins possess
highly conserved 60-70 amino acid segments called the SNARE motifs; through these
domains SNAREs can interact to form a coiled-coil tetra-helical bundle called the
SNARE complex [25, 26]. This complex has been successfully crystallized [27] and
its structure is shown in Figure 3.
Initially, the role of SNAREs in fusion was believed to be the NSF-dependent
disassembly of their SNARE complex, that would trigger the fusion event [28].
However, later studies have demonstrated that NSF disassembly is independent on
fusion initiation and that the SNARE complex formation promotes fusion [29]. It is
proposed that the formation of this complex starts from the N-termini of the SNARE
motifs of the three SNARE proteins, which then proceeds to their C-terminus. This
process, termed SNARE zippering, provides the forces that bring the opposite
membranes closer together and force them to fuse [30]. It is also proposed, that the
SNARE zippering carries through to the transmembrane segments of syntaxin and
synaptobrevin, impacting the bilayers directly, and perhaps contributing to their
distortion that would stimulate lipid fusion [31].
The SNARE motifs are highly conserved and feature numerous hydrophobic
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b

Figure 3. a) Schematic representation of the structure of three neuronal SNAREs.
SNAREs contain the SNARE motifs that participate in the SNARE complex
formation. Figure adopted from reference 75. b) The crystal structure of the
SNARE complex. The SNARE domains of Syntaxin, SNAP25 and synaptobrevin
form a four-helix bundle called the SNARE complex. [27]. Figure made with
PyMOL (DeLano Scientific LLC, Palo Alto, CA). PDB accession code: 1SFC.
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amino acids which, upon removal, strongly impair SNARE zippering [32]. These
amino acids from the three SNAREs associate into layers of interacting residues in
the center of the SNARE complex, as shown in Figure 4. The residue in the 0 layer,
that is charged rather then hydrophobic as in other layers, provides an alternative
classification for the SNARE proteins [33].

1.2.1 SYNTAXIN
Syntaxin-1a is a 33 kDa membrane protein localized on the presynaptic membrane.
It is called a t-SNARE (target SNARE) or the R-SNARE, because of the arginine
residue in its zero layer. Its SNARE domain (189-262), also called the H3 domain,
is a partial α-helix [35], but gains further α-helical character when in SNARE
complex [27]. This segment also has the tendency to oligomerise, possibly leading
to a homotetramer [36]. Another important domain is the H abc, which is composed
of three antiparallel α-helices, Ha (29-66), Hb (70-105) and Hc (110-155) [27, 37,
38]. In order to interact with other two SNAREs to form the complex, only the
SNARE domain is necessary [35]. In fact, a syntaxin construct possessing a point
mutation that disrupts the interdomain H3-H abc contact exhibits more effective
SNARE complex formation [39]. It is well documented that the H abc will interact
with the SNARE domain [23, 40, 41, 42, 43], thus diminishing its affinity to
SNAP25 and synaptobrevin. This interaction results in syntaxin adopting a “closed
conformation”. The syntaxin configuration obtained from the crystal structure of
syntaxin-Munc18 complex [43], as seen in Figure 5, is believed to represent the
closed state. Syntaxin can also exist in an open state, with its two main domains
further apart. The two states are thought to be in an equilibrium and
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Figure 4. The hydrophobic layers of the SNARE complex. The central black
polygons represent the highly conserved residues of three neuronal SNAREs. Most
of the layers are composed of hydrophobic aminoacids (as in a). The central layer,
called the 0-layer (b) is composed of charged residues and gives rise to alternative
SNARE terminology: Q-SNAREs and R-SNAREs. Charged residues form
hydrogen bonds outside the layer (c). Figure taken from reference 34.
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there are conflicting reports over which one is predominant [40, 41]. The two
domains are connected through an unstructured linker, that likely affects the openclosed equilibrium. Certain mutations in this linker will dramatically stabilize the
open state and increase affinity to other two SNAREs [39].
Syntaxin also contains a short unstructured N-terminal segment (1-25) that
is likely important for Munc18 binding. This segment is not required for binary
syntaxin:Munc18 interactions [45], but is necessary for Munc18 to interact with the
SNARE complex [46], highlighting at least two modes of binding of this protein to
syntaxin. Syntaxin itself is anchored by a transmembrane domain (263-288) which
may play a role in its oligomerization [47], as well as in interactions with other
proteins [48].
1.2.2 SNAP25
Synaptosomal-associated protein 25 (SNAP-25) is a 24 kDa Q-SNARE that
provides two SNARE domains for the neuronal complex formation. It does not
possess a transmembrane domain, instead, it is attached to the presynaptic
membrane via a palmitoyl anchor [49]. It has two SNARE motifs, called SN1 (783) and SN2 (141-204), that are a largely unstructured segments, but will become
α-helical when interacting with syntaxin [50] or when in the SNARE complex [27].
SNAP25 can adopt a conformation where both its SNARE motifs come in contact
and this state can be stabilized by other regulatory proteins [51].
1.2.3 SYNAPTOBREVIN
Synaptobrevin, also called VAMP2, is a 13 kDa R-SNARE that provides one
SNARE motif (30-85) to the SNARE complex. This protein is believed to be
unstructured on the bilayer [52, 53], although a study in a detergent system showed
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Figure 5. The crystal structure of syntaxin-Munc18 complex. Munc18 (green)
binds simultaneously to the H3 (yellow) and Habc (magenta) domains of syntaxin.
Syntaxin adopts a closed state with its two domains in direct contact. Figure made
with PyMOL (DeLano Scientific LLC, Palo Alto, CA). PDB accession code: 3C98.
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propensity for greater helical structure [54]. As with the other two SNAREs, this
segment will turn into a full α−helix when in complex with other SNARE partners
[27]. There are also reports of synaptobrevin contacting the lipid interface [55].
This is theorized to modulate its ability to form the SNARE complex, as its Nterminal segment is crucial to the initiation of SNARE zippering [56].

1.3 BINARY SYNTAXIN:SNAP25 INTERACTION
As SNAP-25 coexists with syntaxin on the presynaptic membrane, it is generally
agreed that the two proteins can engage in important interactions that precede the
SNARE complex formation and fusion. In fact, out of all the binary SNARE
interactions (others being VAMP2-SNAP25 and syntaxin-VAMP2), this one results
in the most stable complex [57]. This complex is often considered to be the
“acceptor complex”, as it is thought to represent the SNAREs before the arrival of
the calcium trigger [51, 58, 59].
Ideally, the 1:1 SNAP25-syntaxin complex, that would subsequently interact
with synaptobrevin, providing a direct path to the SNARE complex formation.
However, experiments in vitro indicate that a 2:1 complex with two syntaxins and
one SNAP25 [60] is the dominant complex formed. This complex is believed to be
an unproductive “off-shoot” pathway of the SNARE complex formation as the lipid
fusion assay studies have shown that this complex drastically decreases the fusion
efficiency [57].

1.4 SYNTAXIN:MUNC18 INTERACTION
Munc18 is one of the most important regulatory proteins of neuronal fusion. In vivo
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study of neurons with a Munc18 knock-out revealed inhibition of fusion at early
states of vesicle priming [61]. This protein was initially discovered on the basis of
its affinity for syntaxin [62]. The crystal structure of syntaxin-Munc18 complex
[43], shown in Figure 5, presents what is often considered the main role of this
protein: arresting syntaxin in its closed state. This makes the SNARE motif of
syntaxin less accessible for interaction with synaptobrevin and SNAP25 [57, 63].
The mutations in the linker region of syntaxin, that stabilize the open state of
syntaxin, also inhibit binding of Munc18 [39].
Stabilizing the closed state of syntaxin by Munc18 should seemingly be a
purely negative factor that decreases the fusion efficiency. However in vivo studies
revealed a stimulatory effect of Munc18 [61, 64], even identifying it as the most
upstream essential protein in neuronal fusion [61]. This means the effect of this
protein on fusion may extend past the binary syntaxin-Munc18 interactions. Indeed,
a second mode of interaction was found, where Munc18 remains in contact with the
fully formed SNARE complex through the short N-terminal segment of syntaxin
[65, 66].

1.5 MUNC13 AND ITS MAIN DOMAIN MUN
Munc13-1 is a crucial element of the neuronal fusion process. Its removal impairs
this process at the early stage of vesicle priming [67-69]. It is a large 200 kDa
protein possessing multiple domains. These domains seem to have disparate roles,
such as the C1 binding to diacylglycerol [70], C2B being sensitive to phospholipids
in a calcium-dependent manner [71] and the MUN domain that is reported to act
directly on the SNARE proteins/SNARE complex [72]. So far, it has proved
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impossible to purify the entire Munc13, but studies have been performed with its
partial construct [72, 73].
Among the domains of Munc13, the MUN domain was revealed to be
crucial in SNARE interaction [51, 72]. MUN is reported to be capable of opening
syntaxin, when this protein is in complex with Munc18. This effect on syntaxin
leads to improved kinetics of SNARE zippering and of lipid fusion [73]. In
addition, an in vivo study revealed that the mutations that result in constitutive open
syntaxin will rescue the neurotransmitter release of the C .elegans Munc13 null
mutant, further supporting the idea of the MUN domain as the opening effector for
syntaxin [74].
1.6 SPECIFIC AIMS
The purpose behind the work presented here was fourfold. The first aim was to
elucidate the tertiary structure of syntaxin against previous conflicting reports and
study its change caused by Munc18 binding. This work is described in Chapter 3 of
this thesis. The second objective was to see if the MUN domain of Munc13 can
alter the structure of syntaxin in a syntaxin-Munc18 complex. No effect of MUN
domain on syntaxin was observed, which points to a role of Munc13 in directing
other elements of the fusion system If this effect was confirmed, then additional
experiments would have been pursued to try to understand the mechanism of MUN
action. The third aim focused on interactions between syntaxin and SNAP25. These
two proteins can form at least two different, vesicle-fusion relevant complexes, and
therefore it was important to analyze their structure and see under what conditions
do each of these complexes become more stable and predominant. The last aim was
to analyze the structure of synaptobrevin in micelle, bicelle and lipid environments.
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As discussed in this thesis, synaptobrevin exhibited a very different behaviour on
lipid bilayer surfaces than in solution, observations that could be explained by
transient interactions of SNARE heptad repeats with the bilayer interface. The work
presented in Chapter 4 demonstrates with a combination of EPR and NMR
spectroscopy that such interactions may take place.
All the proteins of neuronal fusion have already been analyzed to some
detail, but many studies either yielded contrary results or were not yet confirmed by
complementary studies in the literature. This work therefore aimed at confirming
some of the published hypotheses. More importantly however, this EPR study tried
to provide a detailed biophysical insight on the interactions between the SNARE
proteins, as the current understanding of the neuronal fusion is arguably dominated
by functional assay studies, and is lacking in information on a biomolecular level. It
was also attempted to combine some, if not all the above-mentioned investigations
into a single structural study that would yield a uniform conclusion addressing the
question of the mechanism of the SNARE-mediated neuronal fusion.
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Chapter 2: Electron Paramagnetic Resonance
(EPR)
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2.1 FUNDAMENTAL THEORY
EPR spectroscopy is a well established biophysical technique that allows for
accurate analysis of the dynamics of a spin label, which can be site-specifically
introduced into a protein. This gives valuable information about the protein
backbone dynamics and any tertiary contact that a protein segment may have.
Transitions between different conformational states can also be detected. The
measurement may be done in room temperature, in a low salt buffer and without the
presence of any detergents or osmolytes. This in turn provides an opportunity for
accurate analysis of subtle conformational transitions, which may not be possible
when a molecule is placed in solution containing more aggressive solutes like
osmolytes, that are necessary for protein crystallization.
The heart of the EPR lies in the ability of the unpaired electron, when
subjected to a magnetic field, to adopt one of two separate energy states. This
phenomena, called a Zeeman splitting, is represented by a electronic Hamiltonian:
Hz = g β Sz H0

(1)

where g is the “g-factor”,β is the Bohr magneton, Sz is a spin angular momentum
(when the spin is aligned along the z axis) and H 0 is the applied magnetic field. The
eigenvalues of Sz are -1⁄2 and +1⁄2, which are the two possible values of the spin
angular momentum of an electron. Therefore, the spin energies are:
E = ±½ g β H

0

(2)

and the energy difference between the two states is:
∆E = g β H

0

(3)

so that the energy difference between those two states is linear with the field H
(Figure 7)

0
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Figure 7. Energy level splitting due to Zeeman interaction.
In the presence of the external magnetic field H, the unpaired electron can adopt
two distinct energy levels. This allows it to absorb an energy quanta ∆E to
transition from the lower to the higher energy state.
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2.2 CONTINUOUS WAVE EPR (CW EPR)
The CW EPR technique relies on analysis of the microwave absorption by a sample
as a function of an applied magnetic field B0. There are several phenomena that
affect the shape of the absorption spectrum. First of all, the previously mentioned gfactor is a parameter that indicates the position of the absorption spectrum in the
field of frequency dimension, according to the equation:
g = h v / β H0

(4)

This value is unique for different paramagnetic species and is also affected by the
rate of their molecular motion. The g-factor is a tensor, which can be averaged by
sufficiently high rapid tumbling to the isotropic value of g0:
g0 = 1/3( (gxx + gyy + gzz)

(5)

approaching the value for the free electron: g = 2.00232. If the overall tumbling is
not fast enough (<109 Hz), then the three principal values will be resolved in the
spectrum. For the nitroxide spin label on a protein surface, these tensor values are
gxx = 2.009, gyy = 2.006, gzz = 2.002 [76]. The way the different principal values of the
g-factor shift the center of the spectrum is shown in Figure 8.

Another factor that has a significant impact on the shape of absorption
spectrum comes from the interaction of a magnetic moment of an electron spin with
a nuclear magnetic moment of a local nucleus. This phenomena, termed the
hyperfine interaction, manifests itself in the nitroxide spin labels, where the
unpaired electron, located mostly on the 2p π orbital of the nitrogen atom, interacts
with the nucleus of the nitrogen, which has three spin quantum values. From this
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gxx

2Axx
gyy

2Ayy
gzz

2Azz

Figure 8. The orientational effect on the g-factor and the hyperfine tensor.
The spectra resulting from the x-axis (top), y-axis (middle) or z-axis (bottom) of the
nitroxide reference frame (shown in Figure 10) aligning with the magnetic field.
Vertical arrows indicate centers of the spectra in the field dimension, shifted due to
different value of g-factor. Length of horizontal arrows show the value of the hyperfine
tensor, which can change dramatically when the nitroxide is in the z-axis alignment.
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interaction the EPR spectrum splits into three signals, which corresponds to the
electron interacting with the three nuclear states. This provides an additional
component to the Hamiltonian:
H = g β Sz H + S ⋅ Α ⋅ Ι
0

(6)

where S is the electron spin angular momentum, I is the nuclear spin angular
momentum, and A is the hyperfine tensor. The hyperfine tensor represents the
electron–nuclear interaction, which is anisotropic. This in turn has a very
significant influence on the EPR spectra, which will ultimately allow one to
monitor the dynamics of the spin label. As presented in the Figure 9, the magnitude
of the hyperfine tensor can be seen as the distance between the two absorption
signals. This value however, due to A being a tensor, is dependent upon orientation
of the nitroxide magnetic frame to the field (shown in Figure 8, with the magnetic
frame described in Figure 10). When the field is placed along the x-axis or y-axis,
the hyperfine tensor values, determined as: Axx = 6.2 , Ayy = 5.9 for the nitroxide
[76], are very similar. There is however a major difference if the field lies along the

z-axis, since the Azz rises to 37. This difference can be easily observed when
running the CW experiment on a protein crystal, simply by changing the orientation
of a crystal. And if the crystal was to be grounded into a powder, than the spectrum
would represent all three orientations of the spin.
In solution, the rotational diffusion can average the hyperfine and g-factor
tensor values. In order for a complete averaging to take place, the motion needs to
be fast enough in the CW EPR timeframe. A parameter that describes the rotation of
the molecules is the rotational correlation time (τr): Figure 11 shows that the slower
the movement, the less averaging of the A tensor – to the point of a “powder
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Figure 9. Splitting of the nitroxide energy levels due to the hyperfine
interaction.
The hyperfine interaction of the electron with the nitrogen nucleus results in
additional splitting. The value of the hyperfine tensor can be directly measured in
Gauss on the x-axis as the separation A between the absorption peaks. Also shown
is the first derivative of the absorption profile. Figure made based on reference 100.
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Figure 10. The magnetic frame of the nitroxide. The external magnetic field
vector is aligned parallel to the p-orbital of the nitrogen, therefore also parallel to
the z-axis of the reference frame.
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Figure 11. CW lineshape changes due to the different correlation times of the
nitroxide.
Faster motion of the nitroxide results in more averaging of the g and A tensors that
has a clear impact on the shape of the spectrum. Figure taken from reference 77.
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crystal” where there is no averaging. This means, that by the analysis of the CW
spectrum, one can obtain the correlation time of the rotation of the spin label. That
in turn will yield useful information regarding the part of the protein where the spin
label is attached, as the motion of the protein backbone will add to the motion of
the label. An ordered α-helix will exhibit less backbone motion than the random
coil, and such difference will be reflected in the correlation time. Also, a tertiary
contact will significantly reduce the motion of a spin label protein surrounding,
again, impacting the τr directly. Therefore, the effect of protein motion on a EPR
spectrum is sensitive enough to distinguish different secondary structures, as
presented in a Figure 12.
Analysis of the EPR lineshapes can yield semiquantitative parameters that
describe the relative mobility of the nitroxide. These parameters are a function of
the correlation time τr and the order potential S (described in the next paragraph),
and can be obtained easily from the lineshapes without the need for complex fitting
of the spectra. One of these parameters is the peak-to-peak amplitude of the central
line, shown in Figure 13. This parameter increases in value, as the correlation time
gets lower and spectral lines become sharper, and is easy to measure accurately
owing to the central line being of the highest amplitude in the EPR spectrum, and
therefore being the least susceptible to noise. Another parameter is the inverse
linewidth of the central line, ∆Hpp or δ-1, which also measures the mobility of the
spin label (Figure 13). The inverse linewidth can also be normalized against the
linewidths of the least and most mobile EPR spectra that were reported in the
literature. Such parameter, termed the scaled mobility or ms [78, 99) is defined as:
δ−1−δ−1
m s= −1 i−1
δm −δi

(7)
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Figure 12. Illustration of CW EPR spectra taken in different protein structural
environments
The CW study on the T4 lysozyme revealed that each protein secondary structure
gives a unique EPR spectrum. This is due to the fact that the particular nitroxide
used in the study – MTSL, is very sensitive to the protein backbone motion. Other
nitroxide molecules that would possess higher degrees of sidechain freedom, would
be less sensitive to the differences in protein secondary structure. Figure taken from
reference 80.
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App

∆ Hpp

Figure 13. Peak-peak amplitude and the central line width of the CW
spectrum. Both parameters can measure the relative mobility of the nitroxide, and
can be obtained directly from the spectrum.
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−1
−1
where......and.......are
inverse linewidths obtained from least and most mobile
δi
δm

spectra, respectively.
The correlation time of the spin label can be estimated by using the MOMD
model for motional averaging. The Microscopic Order Macroscopic Disorder
(MOMD) model was developed by Jack Freed and coworkers [79] and may be used
to simulate EPR lineshapes based upon models for molecular motion. This method
assumes an additional reference frame with three principal axes x R, yR, zR that
define a rotational diffusion tensor R, which dictates the rate of motion of the
nitroxide. The MOMD routine also restricts the diffusion of the spin label to the
surface of a cone with the angle θ about the z-axis of the rotational diffusion frame.
This limitation of the spin label diffusion is defined by the ordering potential:
S = ½ (3(cos 2θ) – 1)

(8)

where θ is the angle between the axis of the cone and the z R axis of the nitroxide
rotational diffusion frame. This restriction defined the microscopic order that is
imposed on the spin labeled protein molecule. The protein backbone however is
free to diffuse, with the principle axis x R, yR, zR not being restricted against the
magnetic frame. This results in macroscopic disorder in the system composed of
multiple spin labeled molecules.
The MOMD approach is implemented in the program Multicomponent by
Christian Altenbach, that allows for computational approach for simultaneous
fitting of several parameters to reproduce the EPR spectrum. Of particular
importance is its ability to fit several spectral components that result from the
nitroxide exhibiting at least two separate motions. Final result of the MOMD
spectral fitting will provide the populations of each components, which is a
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valuable information on the protein system being studied, particularly if those
populations shift after a change in experimental conditions. Also, successfully
reproduced spectral fits will reveal the value of the rotation diffusion tensor R, and
therefore the correlation time τr via the equation:
τr = 1/Rav

(9)

where Rav is the R tensor that is a geometrical average of its principal values
Rx,Ry,Rz.

2.3 DOUBLE ELECTRON-ELECTRON RESONANCE (DEER)
The DEER is a pulse EPR technique that allows distances to be measured
between two labels that fall within the 1.5 – 8 nm range [81, 82]. This technique
can be applied to soluble [83] and membrane proteins [84], as well as to peptides
[85] and nucleic acids [86].
The distance information is obtained by extracting the dipolar function
between unpaired electrons of two spin labels. The Hamiltonian for the DEER
experiment can be written as:

Ηdipolar = (µ0/2h r 3AB)gAgBβ2SA,zSB,z(3cosθ2 −1)

(10)

where θ is the orientation of the interspin vector relative to the external magnetic
field, μ0 is the permeability of a vacuum, h is the Planck constant, g A and gB
represent the isotropic g-values of the A and B spins which are coupled, S A and SB
are the spin angular momentum operators of the A and B spins and r is the interspin
distance between them.
In order to describe the pulsed EPR, it is important to visualize the behavior
of spins in a coordinate system. In the most common axis convention system, the
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magnetic field B0 is parallel to the z axis, the microwave magnetic field B 1 is
parallel to the x axis, and the y axis is orthogonal to the x and z axes (in accordance
with the magnetic frame in Figure 10). When the spin experiences a magnetic field,
a torque is exerted on it, causing precession of its magnetic moment about the
magnetic field. The precession occurs with the angular frequency of ωL, called the
Larmor frequency, which is related to the magnetic field by:
ωL = -γB0

(11)

where γ is the gyromagnetic ratio. An electron spin will align either parallel or
antiparallel along the B0, which corresponds to the lower and higher energy state,
respectively. According to the boltzmann distribution, there will be a surplus of spins
in the parallel alignment which will precess along the z axis. The spins however will be
rotating independently, which means that, when considering a large enough assemble,
they will cancel out in the x-y plane. Only their z-axis component will be present, and
it will give rise to a stationary magnetization, termed M 0 (Figure 14 B). The stationary
magnetization can be tipped off the z-axis with the microwave magnetic field B 1, which
will cause the magnetization to precess along the x-axis. The angle by which the
magnetization is rotated, commonly called the tip angle, is equal to:

α = -γB1tp,

(12)

where tp is the timing of the B1 magnetic field pulse. As shown in Figure 14 C,
using a B1 pulse with a proper timing, the magnetization can be tipped with a π/2
angle, so that it will be aligned along the y-axis. Another type of a pulse is a π pulse
that, having twice the length of a π/2 pulse, tips the magnetization along the -z axis.
The actual signal recorded during the pulse experiment originates from an FID
(Free Induction Decay). FID are the electrical currents, that are being generated by
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Figure 14. A The magnetic reference frame. B. Magnetization vector M0 as a sum
of z-components of individual magnetic moments. C. Tipping of the magnetization
vector M0 in the x-y plane due to application of a microwave pulse. Figure modified
from reference 87.
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the spins, while they rotate along the z-axis (the detection lies on the x-y plane).
Since the individual spins experience different magnetic fields, they also rotate at
slightly different angular frequencies. Because of that after the pulse the spins start
to dephase in the x-y plane. This in turn leads to the canceling out of their signal in
the x-y plane and the decrease of transverse magnetization (Figure 15 A). This
however can be reversed with the π pulse, which will have a refocusing effect on
the spins, rescuing their coherence in the x-y plane (Figure 15 B). The π pulse
results in an echo, which is an electromagnetic signal detected in the x-y plane, that
comes from the non-zero transverse magnetization that precesses about the z-axis.
The spin phase coherence in the xy-plane, that is detected in the DEER
experiment, can be lost via the spin-spin relaxation unless the experiment is
performed in sufficiently low temperature. The spin-spin relaxation is the
mechanism through which the perpendicular component of the magnetization
decays to zero with the time T2 [88] defined as:
dM xy −M xy
=
dt
T2

(13)

In room temperature the T2 for the nitroxide is on the order of 30 ns, which is too
short, and would result in total eradication of the xy-plane spin coherence.
However, dropping the temperature to around 50 – 80 Kelvin increases the T 2
sufficiently to make the DEER experiment possible [89]. It is important to note,
that the T1 time of the spin-lattice relaxation (described in section 2.3) increases as
well, and this diminishes the number of repeats of the pulse sequence experiments
that can be performed on the sample in a specific amount of time. Nevertheless the
longer T2 allows for greater degree of the x-y plane coherence rescue, even after a
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Figure 15. A. Echo intensity, being a sum of electromagnetic signals coming from
spins coherently precessing in the x-y plane, will decay as the spins lose coherence
with time. B. Additional 180o pulse reverses the order of spin precession, rescuing
their coherence. This allows to create the echo, from the FID that was generated
with the initial 90o pulse. C. The Pulse sequence used in the DEER experiment.
Figures taken from reference 87.
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longer delay between the refocusing π pulse, which becomes particularly relevant
for the determination of the longer distances. Aside from the T 2, other mechanisms
can also affect the xy-plane coherence. Effects such as spin, spectral and
instantaneous diffusion add to the effect of T 2 [90], resulting in an empirical
parameter phase-memory time (Tm) that can provide valuable information on the
protein system. This parameter can be measured with a specific pulse experiment in
addition to the DEER experiment.
The DEER technique relies on careful manipulation of two groups of spins:
A spins at the “observe” position, and the B spins at the “pump” position. These
two positions are selected from different locations on the absorption spectrum of
the nitroxide. An example of a spin group selection is shown in figure 16 for the
DEER experiment performed at the Q-band microwave frequency. The two groups
of nitroxides can be selectively excited by a pulse sequence, an example of which is
shown schematically on Figure 15 C. During the experiment, after the first π pulse that
influences the A spins, there is a π pulse on the B spins. This pulse will change the
dipolar contribution from the B spins that is felt by the A spins. This way, there will be
a phase shift which will influence the refocusing of the A spins. The final π pulse on
those spins will yield an echo, that will be recorded as a result of the experiment. This
experiment is then repeated by changing the time of the pump pulse influencing the B
spins. The final result will be the echo intensity plotted as a function of pump pulse
timing, which will oscillate at the dipolar frequency. This signal is [82]:

V(tp) = cos(ωABtp)
where tp is the time when the pump pulse is applied and ωAB is the angular

(14)
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Figure 16. Echo detected field sweep spectrum.
The pump and observe (probe) positions for the spectrum taken at 35 GHz (Qband). Figure adopted from reference 91.
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frequency of the dipolar interaction. The angular frequency ωAB is equal to:

ω ΑΒ = (µ0/2h r 3AB)gAgBβ2(3cosθ2 −1)

(15)

Owing to its r-3 distance dependence, analyzing the oscillations will allow for the
distance between the spins to be calculated.
The analysis of the DEER data is complicated by the fact that observable
signal will result from intra as well as intermolecular spin interactions (81):
V (t) = Vintra (t) Vinter (t)

(16)

The intermolecular interactions will involve the interactions of the spin on one
protein molecule with all the nearby spins in the solutions. The intermolecular
signal will take a form of an exponential decay dependent on the spin concentration
(C) and on the fraction of the spins excited by the pump pulse (λB):
Vinter (t) = exp(-kCλBt)

(17)

k = 16π3gAgBβ2/(9·30.5 h)

(18)

where k is:

The intermolecular signal Vinter needs to be divided out from the final echo
modulation signal in order to obtain the intramolecular signal from which the
dipolar function can be extracted. This process is shown in Figure 17. This Figure
also shows how modulation depth is estimated. This parameter informs on the
relative percentage of spins participating in dipolar interaction, and can be used,
alongside the distance estimate, to gain information on the spin labeled system.
The dipolar evolution spectrum obtained from a background-substracted
echo modulation can be Fourier-transformed to obtain frequency-domain DEER
spectrum from which the distance information can be directly obtained. Such
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Figure 17. Processing of the DEER data. The raw data requires background
subtraction (top) to extract intramolecular signal (bottom) that can be used to fit
distance. The modulation depth is highlighted in red on the background-subtracted
signal.
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approach however can be unreliable when analyzing higher amount of
intermolecular distances or when the echo modulation has higher noise. An
alternative approach is to use the Tikhonov regularization, that allows one to obtain
the distance distribution directly from the time-domain dipolar evolution spectrum.
For each distance distribution, a particular form factor F(t) is calculated:
F(t) = K(t,r)P(r)

(19)

where P(r) is the distance distribution and K(t,r) is the kernel function, which is
defined as:
1

K (t , r )=∫0 cos [(3x 2 −1)ωdd t] dx

(20)

with
−3

ω( r )=

2 π⋅52.04 MHz nm
r3

(21)

The echo modulation trace usually contains noise which, when fitted with with the
regularization routine, would introduce artificial distance distribution. To counter
this, the Tikhonov regularization features a smoothing factor α, called a
regularization parameter. The optimum distance distribution is found by fitting the
following function:
2

∣

G α (P)=∣∣S (t)− D(t)∣∣ +α

∣

2
d2
P
(r
)
2
dr

(22)

The optimum value of the regularization parameter needs to be chosen for each
individual experimental result: lower values are applicable for low-noise traces with
well defined distributions, whereas larger α values are needed when dealing with
wider distance distributions. The figure 18 A shows that the parameter α directly
affects the distributions and can be a source of result variability.
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Figure 18. Computational processing of the DEER echo modulation.
A. The smoothing parameter of the Tikhonov regularization largely determines the
number of discrete distances and their distributions. B. Successful baseline
validation shows the average distance distribution, as well as the uncertainty of
twice of the standard deviation of the distribution fit r.m.s.d.
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Another considerable source of distance distribution uncertainty is the
imperfect background correction of the echo modulated spectrum. This becomes
especially important for data containing information on longer distance, as a greater
range of the pump pulse timing is required to fully characterize the oscillations of
the echo modulation (equation 7). Oftentimes, a sufficiently long pump pulse time
range is not possible to achieve, as the phase memory time for the spin-labeled
system is not long enough to maintain the spin x-y coherence. In this case the
distance distributions from the fitting of a dipolar evolution spectrum will be
compromised with uncertainty, though the mean distance will likely still be reliable,
as long as the pump pulse timing range covers at least one echo oscillation. To
analyze the amount of error due to imperfect background subtraction it is possible
to perform a background validation routine, that involves fitting the background
starting from different positions on the echo modulation. The start of the
background is incremented in multiple steps, and multiple distance distributions are
calculated. The distributions, which show the largest deviation from the
experimental form factor are eliminated, and the ones that remain are analyzed
statistically to provide the uncertainty to the final distance distribution. An example
of distance distribution with an uncertainty obtained from a validation routine can
be seen in Figure 18 B.
The distance distributions that are obtained will reflect the true
conformational heterogeneity of the protein and the spin label sidechains. The work
presented here features proteins labeled with the MTSL label; this label may add
approximately 3-4 angstroms to the distance distribution. Other studies focused on
engineering a label that is much more structurally constrained and does not

41
artificially increase intermolecular distance distribution [92, 93].

2.4 Power Saturation EPR
The EPR experiment relies on the absorption of microwaves, which allows an
unpaired spin to reach a higher energy level. The relative amount of low energy
spins at thermal equilibrium is given by the Boltzmann distribution:
nα −Δ E /kT −g β H / kT
=e
=e
nβ

(23)

where nα and nβ are the populations of the upper and lower energy states,
respectively, T is the temperature and k is the Boltzmann constant. When the spins
reach the higher energy state via microwave absorption, they will subsequently lose
that energy to the environment, so that the spin ensemble will return to the thermal
equilibrium. This process is called spin-lattice relaxation, and is specified by a rate
constant T1, that is defined as the rate at which the z-axis component of the bulk
magnetization vector (Figure 14 B) decreases with time:
dM z −( M z−M 0 )
=
dt
T1

(24)

There is a limited amount of microwave power that can be absorbed by the
spins; if there is an excess of microwave power, then the spins will not be able to
dissipate the energy through spin-lattice relaxation quickly enough, and the actual
EPR signal will decrease (less spins will be able to absorb the microwaves, as more
already are in the higher energy state). The power saturation technique, at its
principle, measures the susceptibility of the spins to become saturated with
microwave power. This in turn, can be easily modulated by introduction of
paramagnetic species, which will interact with the spins, and increase the rate of the
spin-lattice relaxation, delaying the onset of saturation (Figure 19 B).
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The system studied in this work is a protein that is anchored to the lipid
bilayer, with segments of its cytoplasmic domain potentially contacting the lipid
interface as well. It is therefore important to explain the effect of paramagnetic
reagents on the spin-lattice relaxation of the nitroxide in the context of an
aqueous-lipid interface. These reagents will be able to penetrate the bilayer as
specified by the equation [95]:

C i ,m ( x)=C i , w e

o

μ i, w / RT

o

−μ i , m (x)/ RT

e

(25)

where C i ,m ( x) is the concentration of a reagent i in the bilayer at a distance x
from the interface, C i ,w is the concentration of the reagent i in the aqueous phase,
o

o

μ i , m..are the standard state chemical potentials in the aqueous phase and
and μssdsand
i,w

in the bilayer, respectively. The above equation specifies a concentration gradient
of a paramagnetic species that exists across the lipid bilayer (shown for oxygen and
NiEDDA in Figure 19 A). This in turn indicates that the effect of the paramagnetic
species on the nitroxide will vary depending on the latter relative position within
the bilayer. As previously mentioned, the paramagnetic reagents will elevate the
effective spin lattace relaxation rate, which occurs via the Heisenberg exchange
mechanism. This mechanism involves an orbital overlap between the nitroxide and
the paramagnetic species which allows the exchange of magnetization between the
two, with the rate of:
Wex = kex Cr

(26)

where kex is the exchange rate constant and Cr is the concentration of the
paramagnetic species (uniform for aqueous environment and specified by equation
25 for the lipid bilayer).
In the power saturation experiment, the peak-to-peak amplitude of the
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Figure 19. A. Opposite concentration gradients of NiEDDA and oxygen in aqueous
lipid solution. B. Different saturation profiles due to presence of paramagnetic
reagents [94].
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central line is measured as a function of the microwave power.
In the absence of saturation, this amplitude has the form:
A ∝ H1/(1 + H12γ2T1eT2e)1.5

(27)

where H1 is microwave magnetic field component,γ is the gyromagnetic ratio, and
T1e and T2e are spin-lattice and spin-spin relaxation times, respectively. The H1 is
proportional to the square root of the microwave power:
H1 = Λ P1/2

(28)

where Λ is a constant depending on the properties of the resonator. Saturation starts
when the central line peak-to-peak amplitude no longer rises linearly with the
square root of the microwave power. The parameter that specifies the saturation in
respect to the microwave power is P1/2. It is defined as the microwave power at
which the amplitude of the central line is half of the unsaturated value. When the
paramagnetic reagent is added, the P1/2 changes in value according to equation:
∆P1/2 = ∆P1/2 - ∆P*1/2 = ((22/3 - 1) / (Λ2γ2Τ2e)) Wex

(29)

where ∆P1/2 - ∆P*1/2 are values obtained in the presence and absence of the
paramagnetic and Τ2e is the spin-spin relaxation time. To eliminate the effect of the
resonator (Λ value) and of the spin-spin relaxation, the ∆P1/2 is normalised against
central line width (to account for the T 2e) and against the quantity [ΔP1/2/ΔH pp] of
the 2,2-diphenyl-1-picrylhydrazyl (DPPH). The DPPH is a useful radical standard
owing to its high stability and its well characterized absorption profile [96]. The
normalised accessibility parameter, termed Π, is calculated in an equation:
Π = ( ∆P1/2/ ΔH pp)/( ∆P1/2/ΔHpp)DPPH

(30)

The final parameter that combines the accessibility parameters from two
paramagnetic reagents is termed the depth parameter Φ:
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Φ=ln(

ΠI
)
Π II

(31)

This parameter directly relates the chemical potentials of both paramagnetic
species at any depth of the bilayer. By recording several depth parameters for lipids
with spin labels at different positions it is possible to obtain a standard curve that
shows a fairly linear dependance of Φ on the nitroxide position in the bilayer
(Figure 20).
Aside from the depth parameter Φ, the accessibility parameter Π can on its
own provide useful information on the protein system. The parameter Π recorded
for a particular paramagnetic species will vary depending on the relative
accessibility of the nitroxide, irrespective of the proximity to the lipid bilayer.
When the spin label is introduced into a relatively exposed site (like a surface of a
helix) the collision rate Wex will be higher compared to the spin label buried inside
the protein. This is due to the parameter kex from the equation 27 being a function of
any possible steric hindrance. In addition, binding of another protein to the labeled
site will also yield measurable decrease in the collision rate with a paramagnetic.
The Π parameter can therefore be used to characterize the accessibility of a spin
label to the solvent, which can provide insight on protein-protein interactions .
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Figure 20. Depth parameter dependance on the lateral position across the lipid
membrane.
An example of a calibration curve, obtained from several experiments with spin
labeled lipids. Such curve can then be used to estimate the position of the proteinintegrated nitroxide relative to the interface. Note that the calibration curve is only
useful for a specific lipid composition, as the chemical gradient of paramagnetic
species will vary with different bilayers. Figure taken from reference 97.
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Chapter 3: Allosteric Control of Syntaxin 1a by
Munc18-1: Characterization of the Open and
Closed Conformations of Syntaxin
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3.1 ABSTRACT
Syntaxin 1a is a plasma membrane soluble N-ethylmaleimide-sensitive factor
attachment receptor protein (SNARE) that contains an H3 domain (SNARE motif)
and a regulatory Habc domain. These regions associate to produce a closed state,
which is generally thought to suppress assembly of syntaxin into the SNARE
complex. However, the molecular nature of the closed and open states of syntaxin is
not well deﬁned. Here, we use electron paramagnetic resonance spectroscopy to
characterize conformational exchange in syntaxin. The data indicate that the H3
segment is in equilibrium between ordered and disordered states that have
signiﬁcant populations. In solution, the central region of the H3 segment is
positioned close to the Habc domain and the conﬁguration of syntaxin 1a is
dominated by a closed state. However, an open state is enhanced in full-length
membrane reconstituted syntaxin. Munc18-1 binding alters the equilibrium along
H3 to favor the ordered, folded state. Munc18 also suppresses the minor open
population and narrows the distance distributions between H3 and Habc. The
allosteric control exhibited by Munc18 on the H3 segment and the suppression of
the minor open component may both play a role in regulating membrane fusion by
controlling the assembly of syntaxin into the SNARE complex.

3.2 INTRODUCTION
Neurotransmitter release is mediated by a membrane fusion event that joins the
synaptic vesicle membrane with the presynaptic plasma membrane. This process is
mediated by soluble N-ethylmaleimide-sensitive factor attachment receptor proteins
(SNAREs), which assemble into a tight four helical bundle that is thought to

49
provide the energy required to overcome the barrier to fusion [31, 101]. In the
neuronal system, the helical SNARE complex is formed from three proteins:
syntaxin 1a and SNAP-25 in the plasma membrane and synaptobrevin in the vesicle
membrane. The regulation and assembly of these proteins to form the SNARE
bundle is essential to neuronal fusion, and a number of critical effector proteins
function to mediate this process. Sec1/Munc18 (SM) proteins are conserved
regulators of the membrane fusion process [44, 102, 103], and in the neuronal
system they include Munc18-1, which interacts with syntaxin 1a and is believed to
play a role in regulating syntaxin availability and assembly into the SNARE
complex.
Munc18-1 is thought to have two modes of interaction with syntaxin 1a.
One mode of binding is based upon a crystal structure for the Munc18-1-syntaxin
complex [43, 63], shown in Fig. 21 c. In this structure, the concave surface formed
by domains 1 and 3a of Munc18-1 interacts with both the SNARE forming (H3)
and regulatory (Habc) domains of syntaxin 1a. This structure is termed closed
because the H3 segment is in contact with the Habc domain and syntaxin 1a is
inhibited from assembling into the SNARE complex [63]. Munc18-1 has a second
mode of binding in which it interacts with syntaxin 1a in an open conformation. In
this mode, the H3 segment of syntaxin 1a is assembled into a binary or ternary
SNARE complex, and the H3 domain must be dissociated from the Habc domain
[46, 65]. In this open state, the interaction of Munc18-1 is mediated by an Nterminal peptide in syntaxin1a that precedes the Habc domain. This interaction is
thought to have a stimulatory role in fusion, although recent work indicated that it
may not be critical for synaptic transmission [104].
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Figure 21 (a) Syntaxin 1a is a membrane-anchored protein containing a SNARE
motif (H3 segment in yellow) and regulatory Habc domain (magenta) that
undergoes a closed-to-open transition regulated by Munc18-1. (b) The spin-labeled
side-chain R1 shows the rotatable bonds linking the nitroxide to the protein
backbone. (c) The R1 side chain was attached to several sites along H3, which are
shown in the crystal structure of the syntaxin 1a/Munc18-1 complex (PDB ID:
3C98). The Cα carbons to which R1 has been attached are rendered as green
spheres.
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At the present time, information on the dynamics and structures assumed by
syntaxin 1a either alone or in complex with Munc18-1 is limited. It is generally
thought that the H3 domain is ﬂexible but assumes a more ordered helical structure
upon Munc18-1 binding [4, 40]. In the absence of Munc18-1, syntaxin 1a may
ﬂuctuate between open and closed forms, as shown in Fig. 21 a, but reports on this
conformational equilibrium differ. A single-molecule ﬂuorescence study indicated
that syntaxin adopts a predominantly open conformation, with a minor population
in the closed state [40]. Addition of Munc18-1 shifts this equilibrium shifts to the
closed state, with the interdomain distances closely matching the crystal structure
(Fig. 21 c). In contrast, an NMR study of syntaxin 1a indicated that the protein is
predominantly closed, and the H3 domain is closely associated with the Habc
domain whether Munc18-1 is present or not [4]. A more recent study using x-ray
and neutron diffraction differed from these two studies and concluded that the
syntaxin 1a/Munc18-1 complex is not represented by the crystal structure, and that
Munc18-1 does not close syntaxin 1a unless the N-terminal segment of syntaxin is
removed [105].
Protein dynamics and structural ﬂuctuations play important roles in
regulating protein-protein interactions [106, 107]. As a result, dynamics and
conformational exchange in syntaxin are likely to be important properties that
deﬁne the ability of syntaxin to assemble into the SNARE complex and drive
membrane fusion. However, dynamics and conformational exchange on the
timescale that is important for protein recognition can be difﬁcult to characterize.
Electron paramagnetic resonance (EPR) spectroscopy is particularly well
suited to examine conformational exchange events in proteins, which typically
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occur on the microsecond timescale [108-110]. In this work, we use site-directed
spin labeling (SDSL) along with continuous-wave and pulse EPR spectroscopy to
characterize conformational exchange in syntaxin 1a in the presence and absence of
Munc18-1. The H3 segment of syntaxin 1a is found to be in conformational
exchange between ordered and disordered states, both of which have signiﬁcant
populations. In the absence of Munc18, the central region of the H3 segment
remains positioned near the Habc domain, and only a minor population in this
central segment samples an open conﬁguration. This open state is enhanced in fulllength membrane reconstituted syntaxin. The binding of Munc18 shifts the
conformational equilibria along H3 toward a more ordered state and eliminates the
open conﬁguration. These changes represent an allosteric control of the H3 domain
structure and suggest that dynamic disorder at the N-terminal end of the H3
segment may modulate the assembly of syntaxin into binary or tertiary SNARE
complexes.

3.3 MATERIALS AND METHODS
Mutagenesis, expression, and purification
pET28 plasmids bearing the soluble syntaxin-1a (residues 1–262), full-length
syntaxin-1A (residues 1–288), and Munc18-1 genetic inserts were provided by
Reinhard Jahn and Dirk Fasshauer (Max Planck Institute for Biophysical
Chemistry, Gottingen, Germany). The QuikChange PCR method (Agilent
Technologies, Wilmington, DE) was used to engineer single and double cysteine
mutations into syntaxin 1a, and a BL21 Codon-Plus DE3 (RIL) Escherichia coli
host (Agilent Technologies) was used for expression. The cells were grown in
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lysogeny broth (LB) media with 40 mg/L kanamycin. When the cells reached an
optical density (o.d.) of 0.8–1.0, expression was induced with 0.4 mM of
isopropylthio-β-galactoside. The cells were incubated at 20oC overnight and then
harvested by centrifugation at 3500 g.
For protein puriﬁcation, the cell pellet was resuspended in the buffer
containing 20 mM HEPES, 500 mM NaCl, 8 mM imidazole, 20 µmol leupeptin, 50
µmol 4-(2-Aminoethyl) benzenesulfonyl ﬂuoride hydrochloride, 750 U benzonase
nuclease (EMD Millipore, Billerica, MA), pH 7.3. For full-length syntaxin, sodium
cholate 5% (w/v) was added to this buffer, and 1% (w/v) sodium cholate was
present in subsequent buffers used during puriﬁcation. The cells were passed
through a French press twice and centrifuged at 90,000 g for 1 h. The supernatant
was then mixed with 5 ml of preequilibrated NiNTA resin (Biorad, Hercules, CA),
shaken for 1 h at 4oC, and subsequently washed with 10 volumes of buffer
containing 20 mM HEPES, 500 mM NaCl, 20 mM imidazole, pH 7.3. For both
soluble and full-length syntaxin, the ﬁrst four volumes contained 1% (w/v) Triton
X-100 and the next four contained 1% (w/v) sodium cholate. The protein was
eluted with two volumes of 500 mM NaCl, 300 mM imidazole, pH 7.3, and then
dialyzed against 20 mM HEPES, 500 mM NaCl, 2 mM EDTA, 2 mM dithiothreitol,
pH 7.3, followed by dialysis against a buffer with 20 mM HEPES, 150 mM NaCl,
pH 7.3. During dialysis, 250 U of thrombin were added to the protein to cleave the
N-terminal His-tag. Protein purity was assessed by SDS-PAGE and the protein
solution was concentrated by ultraﬁltration (Ultracel 30K; EMD Millipore).
For syntaxin spin labeling, 1 mg of 1-oxyl-2,2,5,5-tetramethyl-3-pyrroline3-methyl methanethiosulfonate (MTSL; Toronto Research Chemicals, Toronto,
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Canada) was added in ethanol and the protein was incubated overnight at 4 oC. The
unbound spin label was removed using a HiPrep 26/10 desalting column (GE
HealthCare, Piscataway, NJ), and the eluted protein was concentrated by
ultraﬁltration.
Sample preparation and EPR measurements
To prepare soluble syntaxin (1-262) with or without Munc18-1 for EPR, protein
samples were mixed with 0.5 ml of desired buffer and concentrated by
ultraﬁltration (Ultracel 30K; EMD Millipore). These buffers were typically 20 mM
phosphate or MOPS buffers at low to moderate ionic strengths (see figure legends).
Samples for continuous-wave EPR ranged from 10 to 100 µM, and samples for
pulse EPR were typically used at a concentration of 40 µM but were recorded in a
few cases at concentrations as low as 2 µM.
To prepare full-length syntaxin (1-288), a lipid film of either POPC or
POPC/POPS (3:1) (Avanti Polar Lipids, Alabaster, AL) was rehydrated in a 20 mM
phosphate buffer (pH 7.3) with 12 mM of sodium cholate to a total lipid
concentration of 15 mM. Syntaxin (1-288) was added to this mixture and the
solution was then incubated for half an hour at room temperature and dialyzed
twice against buffer. The resulting vesicles were centrifuged at 500,000 g for 20
min and the vesicle pellet was dissolved in buffer. The protein/lipid ratio was
1:1000 and the protein concentration in the sample was 50–100 µM.
For continuous-wave measurements, samples were loaded into glass
capillaries with 0.6 mm inner diameter (i.d.) and 0.84 mm o.d. (VitroCom,
Mountain Lakes, NJ). EPR spectra were recorded using a Varian E-line 102
Century series X-band spectrometer fitted with a loop-gap resonator (Medical
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Advances, Milwaukee, WI) or a Bruker EMX spectrometer with a roomtemperature ER 4123D dielectric resonator. The measurements were carried out at 2
mW incident microwave power using 1 G modulation amplitude. The spectra were
then processed using LabVIEW programs provided by Christian Altenbach
(University of California, Los Angeles, CA).
For double electron-electron resonance (DEER) measurements, protein
samples were loaded into quartz capillaries (2.0 mm i.d. and 2.4 mm o.d.) and
frozen in a dry-ice-isopropanol bath. The pulse experiments were carried out at 80
K on a Bruker Elexsys E580 spectrometer at X-band using an ER4118X-MS3 splitring resonator or at Q-band using an EN5107D2 dielectric resonator (Bruker
Biospin, Billerica, MA). Data in pulse mode were acquired using a four-pulse
DEER sequence [111] with 16-ns π/2 and 32-ns π observe pulses separated by a 32ns π pump pulse. The dipolar evolution times were typically 2–4 µs. The pump
frequency was set to the center maximum of the nitroxide spectrum and the observe
frequency was set to the low-field maximum, typically 15–25 MHz higher in
frequency. The dipolar evolution data were processed and distance distributions
determined using Tikhonov regularization incorporated into the DeerAnalysis2011
software package [112]. This program contains an error analysis routine that was
used to assess the error produced by background subtraction upon the distance
distribution

Syntaxin 1a EPR spectra in sucrose
Syntaxin EPR spectra were titrated with 0–40% (w/v) sucrose (Fisher Scientiﬁc,
Pittsburgh, PA) while the ﬁnal protein concentrations were maintained at ~40 µM.
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In a few cases, syntaxin (1-262) was maintained on the NiNTA through its His 6 tag
and titrated with sucrose. The spectra displayed two motional components, which
varied in population as a function of sucrose concentration. The percentage of each
motional population in these spectra was determined by ﬁtting the spectra with the
MOMD model [79] as implemented in MultiComponent, a LabVIEW program
provided by Dr. Christian Altenbach (University of California, Los Angeles, CA).
Additional details regarding the ﬁtting are provided in Fig. S2 of the Supporting
Material). Generation of syntaxin 1a models from distance restraints and simulated
annealing Models for the open conﬁguration of syntaxin 1a were generated using
Xplor-NIH [113, 114] in a manner similar to that described previously [21]. Brieﬂy,
the spin-label side-chain R1 was appended to the crystal structure of syntaxin 1a at
appropriate locations and a restraint was applied to each spin label so that the Cα
proton–Sδ distance was 2.6 ± 0.1 Å. This restraint places the label in conformations
that have been observed experimentally [115, 116]. The long, open distances
between H3 and Habc obtained from analysis of the DEER data were chosen as
restraints and included a range that represented 2/3 of a standard deviation (SD) in
the distribution. Simulated annealing was performed using these restrains while
allowing all side chains to be free, including R1, and allowing the region that
connects the H3 and Habc segments (residues 157–189) to be ﬂexible. The
backbone atoms of the H3 and Habc regions were ﬁxed. Structures were visualized
and analyzed with the program PyMOL (DeLano Scientiﬁc LLC, Palo Alto, CA).

3.4 RESULTS
Oligomerization of syntaxin (1-262)
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Syntaxin 1a has a tendency to oligomerize through its H3 domain [38, 117], and the
syntaxin (1-262) fragment used here was examined to determine under what
conditions it oligomerizes or is monomeric in solution. Two different approaches,
dynamic light scattering (DLS) and NMR, were used to examine the effective
hydrodynamic radius of syntaxin (1-262). Under conditions of moderate or low
ionic strength, both DLS and the one-dimensional TRACT experiment [118]
yielded an effective hydrodynamic radius of ~2.5–3 nm. These data (see Fig. S1)
are consistent with the expected behavior of the syntaxin monomer, but do not rule
out the presence of some oligomer. Pulse EPR is sensitive to the formation of
speciﬁc oligomers (dimer or trimer) and the formation of larger aggregates [119].
Relaxation-time measurements indicated that larger aggregates did not occur in
these samples, and under conditions of low salt, no signiﬁcant coherent dipolar
interactions were observed that would indicate oligomerization. However, as
observed previously [4], evidence of aggregation was observed at higher protein
concentrations and ionic strengths, and appeared as a signiﬁcant modulation in the
DEER signal (Fig. S1). At or below physiological ionic strength and at moderate to
low protein concentrations (10–50 µM), the majority of the protein is monomeric,
but some level of dimer appears to be present (~10–25%). Additional data
characterizing the sample and quantitating the oligomeric state of syntaxin (1-262)
are included in the Supporting Material.
The H3 domain is in conformational exchange between ordered and
disordered forms.
Shown in Fig. 22 are 10 EPR spectra obtained from single labels at several points
along the H3 domain of syntaxin 1a (Fig. 1 c), as well as a region linking H3 to the
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Figure 22 (a and b) X-band EPR spectra for selected sites in the Habc/H3 linker and
along the H3 segment of syntaxin (1-262) in solution (a) and in the presence or absence
(gray traces) of 30% sucrose (b). Many of the spectra result from R1 labels having at
least two motional components, and the position of hyperfine resonances that result
from mobile (m) and immobile (i) R1 side chains is indicated. The presence of sucrose
alters the populations of these components, indicating that a protein conformational
equilibrium is the source of these components. Spectra were recorded at concentrations
ranging from 10 to 100 mM in 139 mM KCl, 12 mM NaCl, 20 mM MOPS, pH = 7.3.
The spectra are 100 Gauss scans and have been normalized to total spin number.
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Habc domain. In almost all cases, the EPR spectra reﬂect at least two modes of
motion of the spin-labeled side-chain R1 (Fig. 21 b). One motional component is
characteristic of an unfolded protein segment (labeled m in Fig. 22 a), where the
label executes isotropic label motion on the order of 1 ns or less. A second
component (indicated by i) results from an R1 side chain that is either in tertiary
contact or attached to a folded protein segment. For example, the spectrum from
site 210 is a composite of two motional components, where one component (~35%
of the signal) originates from R1 having isotropic motion with a correlation time,
τc, of ~0.6 ns, and the second one (~65% of the signal) having a τc of 2.7 ns. The
slower-moving component is characteristic of that obtained from a dynamic helical
region. Similarly, ~30% of the signals at sites 192 and 228 are characteristic of
unfolded protein, and at site 215, the unfolded component represents 10% of the
total signal. The EPR spectra at sites 196, 198, and 208 indicate that these labels are
in tertiary contact with 5% or less of the signal originating from an unstructured or
dynamic protein backbone. These three labels are at sites that are expected to be in
tertiary contact based upon the closed state as deﬁned by the sytaxin1a/Munc18-1
crystal structure (PDB ID: 3C98) shown in Fig. 21 c. Additional details regarding
simulations of these EPR spectra are provided in Fig. S2.
The multiple modes of R1 motion seen in Fig. 22a may arise either from
different rotameric states of the R1 side chain or from two different protein
conformations. One approach to establish the source of these motional components
is to examine the EPR spectra in the presence of a stabilizing osmolyte, such as
sucrose. Osmolytes will alter the energetics between conformers that have different
solvent exposures [108], but they will not alter R1 rotameric equilibria [109]. As
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can be seen in Fig. 22 b, sucrose addition alters the EPR spectra at most positions to
populate the less mobile component, and these changes are reversible upon removal
of sucrose. This result indicates that the motional components seen in these EPR
spectra represent different protein conformations, and that these conformations are
in equilibrium.
EPR spectra for ﬁve positions along the H3 domain were titrated as a
function of sucrose, and the equilibrium constant was determined at each point
assuming a two-state model in which the label is responding to both folded and
unfolded protein conformations. From the equilibrium constant, the conformational
free energy was plotted as a function of sucrose concentration and yielded a linear
dependence as would expected for a two-state conformational transition (see Fig.
S3). The slopes of these plots are similar, indicating that the hydrated surface area
change that occurs along this length of the H3 domain is similar [120]. Several
titrations with sucrose were carried out for syntaxin (1-262) attached to beads.
These yielded similar spectral changes, indicating that the structural changes
produced by sucrose for the syntaxin (1-262) construct were not the result of
protein oligomerization (Fig. S3)
These EPR spectra reveal several features of the H3 segment. First, the
effects of sucrose demonstrate that the H3 segment and the linker connecting H3
with Habc are in conformational exchange. Second, labels at exposed helical
surfaces in the crystal structure (sites 167, 192, 210, and 228) indicate that H3 is in
equilibrium between folded and unfolded forms but is dominated by a folded form.
Finally, sites in which the EPR spectra reﬂect tertiary contact of the R1 side chain
(e.g., sites 198, 208, and 215) are in contact with the Habc segment in the crystal
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structure, suggesting that these regions of the H3 segment are closely associated
with the Habc domain. This indicates that syntaxin 1a does not spend a signiﬁcant
fraction of time in an open conﬁguration where the H3 segment is signiﬁcantly
displaced from the Habc segment in the absence of Munc18.

Munc18 induces an ordering in the H3 segment and allosterically modulates
the conﬁguration of H3.
EPR spectra from several sites within and outside the H3 segment are shown in Fig.
23 a in the absence and presence of Munc18. Shown in Fig. 23 b are the scaled
mobilities (Ms) for these spectra, which provide a relative measure of R1 side-chain
motion (see legend to Fig. 23). The addition of Munc18 reduces the motional
averaging of labels along H3. The R1 side chain at sites 220 and 228 should interact
with Munc18, and the reduction in motion, particularly at site 228, is consistent
with this expectation. Spectra from sites C-terminal to the Munc18-binding region
(sites 247, 254, and 259) are not strongly modulated by Munc18 binding and the
line shapes are characteristic of a disordered protein segment. At sites that should
contact the Habc domain in the closed state (sites 198, 208, and 215), Munc18
binding results in the appearance of wide, well-resolved hyperﬁne features
consistent with the formation of a compact closed state of syntaxin. Site 210 is an
exposed helical site in the crystal structure, and the bound EPR spectrum is
consistent with spectra that are obtained from helical sites, indicating that Munc18
increases helical content at this site. At site 192, which is remote from the Munc18binding site, the EPR spectra show that Munc18 induces folding at this site and
increases the fraction of 192R1 that is in contact with the H3/Habc linker region.
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Figure 23 (a) X-band EPR spectra for sites along the H3 segment in the absence
(gray traces) and presence of Munc18-1. The arrows indicate the position of wellresolved components of the hyperfine interaction, which result from immobilization
of the labeled side chain on a timescale of tens of nanoseconds. R1-labeled syntaxin
(1-262) was used at concentrations of 10–40 µM in 139 mM KCl, 12 mM NaCl, 20
mM MOPS, pH 7.3. The spectra are 100 Gauss scans and have been normalized to
total spin number. (b) Scaled mobilities (Ms), determined from the spectra in panel
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a as described previously [99], range from 0 to 1, where 0 represents the least
mobile and 1 represents the most mobile spectra seen in proteins (gray bars in the
absence of Munc18-1). The values of Ms are primarily dependent upon the
correlation time of the label [124], and in multicomponent spectra, such as those
shown here, the mobile lineshape will tend to dominate Ms.
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This result suggests that the N-terminal region of the H3 domain of syntaxin is
allosterically modulated by Munc18, a process that may be important for regulating
the assembly of syntaxin into the SNARE complex.

The central portion of H3 is closely associated with the Habc domain even in
the absence of Munc18.
The EPR spectra in Fig. 22 indicate that the H3 domain is in contact with the Habc
domain in the absence of Munc18. To conﬁrm that this is the case, and to determine
what fraction of the H3 segment might be dissociated from the Habc domain (in an
open conﬁguration), we used DEER to measure dipolar interactions between pairs
of labels, with one label being placed within the H3 segment and the other within
the Habc domain. The spin pairs, which are shown in Fig. 24 a, were chosen so that
the label would have minimal interference with the closed state of syntaxin. Using
the four-pulse DEER experiment [111], we determined the distances and distance
distributions for ﬁve spin pairs. Shown in Fig. 24, b and c, are data for two of these
spin pairs, 52R1/210R1 and 105R1/226R1, and a summary of the data is presented
in Table 1.
The spin pair 52R1/210R1 places two labels on exposed helical surface sites
so that the interspin vector bridges between the central portions of the H3 and Habc
domains. As shown in Fig. 24 b, the DEER signal yields one major distance with a
broad distribution centered at ~32 Å and a minor distance at 49 Å that represents
11% of the signal. The broad distribution at 32 Å suggests that the H3 segment is
conformationally heterogeneous, a result that is consistent with the continuouswave spectra from 210R1 (Fig. 22). If the spin labels are placed into the crystal
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Figure 24 DEER data for three spin pairs in syntaxin 1a (1-262). (a) Crystal
structure of syntaxin 1a from the Munc18-1/syntaxin 1a crystal structure (PDB ID:
3C98), showing the positions of six spin pairs examined here. One spin pair
(196R1/228R1) is positioned along the H3 segment. (b) DEER signals and distance
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distributions for syntaxin 1a in solution, where the red traces represent the best fits
to the dipolar evolution that was used to generate the distribution. (c) DEER signals
for the same spin pairs shown in panel b in the presence of Munc18-1. The shaded
regions in the probability distributions represent the range of solutions that can be
achieved by variation of background subtraction (due to intermolecular spin
interactions). These include all fits having root mean-square deviation values within
15% of the best fit. These double-R1-labeled syntaxin (1-262) mutants were used at
a concentration of 40 µM in 139 mM KCl, 12 mM NaCl, 20 mM MOPS, pH = 7.3.
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Table 1 Distances and distance distributions (in angstroms), and populations
measured using DEER between the H3 and Habc domains in syntaxin 1A (1-262).
The distributions, σ, represent the SD in the width of the distribution. The
percentages of spins at each distance are given in parentheses and were determined
by integration of the probability distribution.
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structure and the dihedral angles χ1,χ2, and χ3 (Fig. 21 b) are adjusted to those
expected for a helical surface site [115], the spin-spin distance for 52R1/210R1
varies from 27 to 32 Å as a result of rotations about χ4 and χ5 . Thus, the central
region of the H3 segment assumes a conﬁguration similar to that observed in the
syntaxin1a/Munc18 crystal structure, and only a minor population of syntaxin is
open. This result is similar to that seen for the 151R1/196R1 and 129R1/214R1 spin
pairs. For the two spin pairs located closer to the C-terminal end of H3, more
heterogeneity is observed. The spin pair 105R1/216R1 (Fig. 24 b and Table 1)
exhibits two shorter distances where the major distance is centered at 35 Å, and a
longer distance component at 47 Å, which represents ~6% of the total interacting
spin population. In the crystal structure of the closed state, this labeled pair is
separated by ~32–34 Å. The spin pair 105R1/225R1 also exhibits a range of
distances from 20 to 35 Å (Table 1), with one minor population centered near 45 Å.
Thus, the results of these distance measurements indicate that there is heterogeneity
in the position of the H3 segment in the syntaxin 1a structure, particularly at the Cterminal end; however, H3 remains closely associated with the Habc domain and
only a minor population of H3 (~10%) is significantly dissociated from the
regulatory domain in the absence of Munc18.
The DEER experiment was repeated over a range of syntaxin concentrations
and under conditions in which intermolecular dipolar interactions between singlelabeled syntaxin are not detected. Under low-salt conditions and at concentrations
ranging from 2 µM to 7 µM, dilution of the double-spin-labeled protein with
unlabeled protein produced no signiﬁcant change in the distance distribution
between spins (see Fig. S4). However, under conditions that promote
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oligomerization (i.e., increasing ionic strength and protein concentration), the
modulation depth in the DEER signal was effectively eliminated in the diluted
system. This indicates that in the oligomerized state the interspin distances between
labels on the H3 motif and the Habc domain are long and are effectively
indistinguishable from the intermolecular background. Thus, the minor longer
distances observed in Table 1 are not the result of oligomerization, but reﬂect an
intrinsic tendency of the H3 motif to dissociate from the Habc domain in the
syntaxin monomer. It should be noted that there is no evidence that longer distances
that might appear as background are being obscured from DEER traces such as
those shown in Fig. 24. The modulation depths (the amplitudes of the DEER
signals once background is subtracted) are close to what would be expected if all
spin pairs were included in the distribution, and the modulation depths do not
change when Munc18 is bound to syntaxin, which should eliminate any signiﬁcant
open population (see below).
DEER experiments are typically carried out in frozen glasses, and the
sample is taken to low temperature and a cryoprotectant (in this case glycerol) is
added. We carried out a series of experiments to determine whether the addition of
glycerol, which is an osmolyte, might have altered the result. We repeated the
DEER experiment using glycerol concentrations that ranged from 5% to 50% w/v,
and at the lower concentrations used here (5–20%) we found no effect on the
distance or distribution. However, the addition of high glycerol concentrations
(50% w/v) suppressed the minor long-distance component. This is consistent with
the existence of an equilibrium between open and closed states of syntaxin [109],
and the known effects of glycerol as a stabilizing osmolyte [120-122].
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Munc18-1 abolishes the minor open form of syntaxin 1a and straightens the
H3 segment.
The DEER measurements described above were repeated with the addition of
Munc18-1. The results shown in Fig. 24 c for the 52R1/210R1 and 105R1/226R1
spin-labeled pairs are typical of those obtained at most sites: the primary distance is
narrowed and the minor longer distance is effectively eliminated. One exception is
the 151R1/196R1 spin pair, which is more distal from the Munc18-binding region.
At this site, the minor longer distance was not signiﬁcantly affected by the addition
of Munc18 (see Table 1). The major distances observed in the presence of Munc18
(Table 1) are consistent with the crystal structure of the syntaxin1a/Munc18
complex.
We also made one measurement between sites 196 and 228, which lies
across the length of the H3 segment, in the absence and presence of Munc18 (Fig.
24, b and c, respectively). As can be seen in Fig. 24 b, the interspin distances
obtained for 196R1/228R1 have a remarkably wide distribution, with mean
distances ranging from 24 to 49 Å. This indicates that the H3 domain must assume
some conﬁgurations that are substantially bent. These highly bent conﬁgurations
could result from the fraction of protein that appears to be disordered in the
continuous-wave spectra (Fig. 22). Upon addition of Munc18, the dipolar evolution
produces a clear oscillation, which yields a narrower distribution with two main
peaks. The longer peak at 42 Å is close to the Cβ–Cβ distance of 44 Å in the crystal
structure, and an examination of the likely rotameric states of R1 indicates that the
two distances could correspond to two different rotamers of R1.
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The equilibrium between open and closed forms of syntaxin 1a is shifted
toward the open state in membrane-associated full-length syntaxin.
In the soluble form of syntaxin without the transmembrane linker (residues 1–262),
the H3 segment remains closely associated with the Habc domain. We examined the
state of the H3 domain in full-length syntaxin 1a (residues 1–288) reconstituted into
POPC/POPS (3:1) vesicles with DEER for several of the spin pairs described
above. Shown in Fig. 25 a are DEER signals and distributions for 52R1/210R1. For
this spin pair, ~11% of syntaxin is in an open conﬁguration in solution, and this
open state increases to ~40% in the full-length protein. The same trend is seen for
other spin pairs where the equilibrium is shifted toward the open state by
approximately a factor of 3–4. As seen for the soluble fragment, addition of
Munc18 suppresses the long-distance component and narrows the distance
distribution (Fig. 25 b). It should be noted that on the membrane interface we do
not detect dipolar interactions between single spin-labeled syntaxin (indicating
oligomerization); thus, the more-open state on these bilayers is not driven by
oligomerization. In addition to POPC/POPS, full-length protein was also
reconstituted into bilayers of pure POPC. The result obtained in POPC is identical
to that obtained in POPC/POPS, indicating that the presence of acidic lipid does not
play a role in stabilizing the more-open conformation.

Deletion of an N-terminal segment of syntaxin 1a has minor effects on the
ability of Munc18 to close the syntaxin 1a structure.
Measurements obtained using diffraction show that Munc18 fails to close the
soluble syntaxin 1a fragment (1-262) but will close a syntaxin fragment lacking an
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Figure 25 (a) DEER data (left panel) and corresponding distance distributions (right
panel) for the spin pair 52R1/210R1 in full-length syntaxin 1a (1-288) that is
reconstituted into POPC/POPS (3:1) lipid vesicles at a protein/lipid molar ratio of
1:1000. Data were obtained in the absence (upper panel) presence (lower panel) of
Munc18-1. Syntaxin (1-288) was used at a concentration of 100 µM in 140 mM
NaCl, 2.7 mM KCl, 12 mM phosphate buffer, pH 7.3. (b) DEER data and
distributions for 52R1/210R1 in soluble syntaxin that includes the N-terminal
segment (1-262, upper panel) or has the N-terminal segment deleted (27-262 or
DN, lower panel). The half-maximal widths of each distribution are shown. The
shaded regions in the probability distributions represent the range of solutions that
can be achieved by variation of background subtraction (due to intermolecular spin
interactions). Syntaxin (1-262) was used at a concentration of 40 µM in 140 mM
NaCl, 2.7 mM KCl, 12 mM phosphate buffer, pH 7.3. The solid (or red) traces on
the DEER data are the fits that yield the corresponding distributions.
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N-terminal segment. To determine whether this segment alters the ability of
Munc18 to produce a closed state in syntaxin, we performed DEER measurements
across the H3 and Habc domains in syntaxin 27-262 and compared them with
measurements for the intact soluble syntaxin fragment (1-262). The comparison in
distributions between soluble syntaxin with and without the N-terminal 26 residues
for 52R1/210R1 is shown in Fig. 25 b. As can be seen in this ﬁgure, the two
distributions obtained for the syntaxin1a/Munc18-1 complex are very similar, with
nearly identical mean distances. Removal of the N-terminal segment produces a
small but signiﬁcant narrowing of the distance distribution, decreasing the width of
the distribution from 5 to 3.5 Å. This narrowing of the distribution can be seen in
the primary DEER data as an additional oscillation in the dipolar evolution.

Structure of the open form of syntaxin 1a determined using EPR-derived
distance constraints and simulated annealing.
As indicated above, the dominant mean short distances determined by DEER are
consistent with the crystal structure of the syntaxin 1a/Munc18-1 complex. To
generate an approximate model for the open state of syntaxin 1a, we took the minor
long distances in Table 1 and used them as constraints in a series of simulated
annealing trials using Xplor-NIH, where the spin-labeled side chain R1 was
modeled into appropriate sites in the syntaxin 1a structure. Although the H3
segment is more disordered in the absence than in the presence of Munc18, we held
H3 in a helical conﬁguration consistent with the syntaxin/Munc18 crystal structure
and allowed the linker connecting H3 to the Habc domain to be ﬂexible (residues
157–189). The details of the simulated annealing are described in Materials and
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Methods. Shown in Fig. 26 are the ﬁve lowest-energy structures obtained by
simulated annealing, where each structure is aligned to the Habc domain. The EPRderived distance restraints are satisﬁed in each of these structures. In this open
structure, the backbone atoms in the H3 domain are positioned ~35 Å from the
Habc domain, and the H3 domain in these structures is splayed over an arc on one
side of the Habc domain. It should be noted that the H3 segment is likely to be
more much disordered than the representation shown in Fig. 26. In addition,
variability in the linker joining H3 and Habc may be due in part to the fact that
there are no restraints for this region, which is underdetermined.
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Figure 26 Model for the open state of syntaxin 1a (1-266) obtained by simulated
annealing using the long-range distance restraints obtained by DEER (see Table 1).
(a and b) The five lowest-energy structures are shown, with views rotated by 90o .
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3.5 DISCUSSION
The data presented here reveal the dynamics and conformations of syntaxin 1a in
the presence and absence of Munc18-1. EPR spectroscopy indicates that the H3
segment of syntaxin is in conformational exchange between ordered and disordered
states, each of which has a signiﬁcant population. As a result, the H3 segment is
neither a single uniform helical segment nor a completely disordered segment in the
presence of the Habc domain. When distances are measured across the H3 and
Habc regions in syntaxin 1a (1-262), the central portion of H3 is closely associated
with the Habc domain and the conﬁguration of syntaxin is predominantly closed.
Assembly of the SNARE complex is generally believed to occur in an N- to
C-terminal direction along the SNARE motif [31], and the closed state of syntaxin
is thought to inhibit assembly because the H3 segment is interacting with the Habc
domain and is not available to interact with the other SNARE partners, such as
SNAP25 and synaptobrevin. The data presented here indicate that both local
ﬂuctuations along H3 and an open-closed equilibrium take place. Local ﬂuctuations
along H3, especially near the N-terminal end of the H3 segment, may help promote
interactions with other SNAREs and will occur even though the structure is
approximately closed. In solution, assembly of the SNARE complex is inhibited by
Munc18-1 [63], and this may be due in part to increased order along the H3 segment,

which limits encounters between the N-terminal end of the H3 motif and the other
SNARE partners. The limitation or regulation of dynamic transitions at the Nterminal end of syntaxin is likely to be an important regulator of SNARE assembly,
and will modify encounters between syntaxin and other SNARE partners [106,
107]. The effect of Munc18 resembles that of other allosteric processes that control
protein conformational equilibria and appear to be important in regulating protein-
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protein interactions.
As shown in Table 1 and Fig. 24, the EPR data indicate that syntaxin (1-262) is
largely in a closed conﬁguration. This ﬁnding and the observation that the H3 domain
is more disordered toward its C-terminus are consistent with a previous NMR study
[4], but they present a somewhat different picture than that obtained in a previous study
using ﬂuorescence [40], in which the majority of the H3 domain was found to be
dissociated from the Habc domain. The reasons for the differences between our results
and the earlier ﬂuorescence result are not entirely clear, but the open and closed states
of syntaxin are in equilibrium and must be relatively close in e nergy. As a result,

relatively minor shifts in energy, perhaps due to experimental conditions, different
protein constructs, or probe incorporation, may have altered the open/closed
populations.
The EPR data indicate that Munc18 binding has two effects: it shifts the
conformational equilibria along H3 toward the more ordered state, and it suppresses
the open conﬁguration of syntaxin. Structural restraints obtained from EPR in the
presence of Munc18 are consistent with the closed state deﬁned by the crystal
structure [43, 63], and with the results obtained from single-molecule ﬂuorescence
resonance energy transfer and NMR [4, 40]. These results contrast with recent work
using cross-linking and solution scattering, which indicated that syntaxin 1a does
not assume a closed conﬁguration upon Munc18-1 binding unless an N-terminal
syntaxin peptide is removed [105]. The source of these differences is not clear.
Measurements made here in the presence and absence of the N-terminal peptide
(Fig. 25 b) indicate that the only difference is a narrowing in the distance
distribution measured
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between the H3 and Habc domains, but both forms (with or without the N-terminal
segment) are dominated by a mean distance corresponding to the closed form in the
presence of Munc18. In the previous scattering study [105], Munc18 was prepared
using a baculovirus-infected insect cell line rather than a bacterial expression
system, and conceivably differences in the protein preparation used could explain
some of the discrepancies.
As shown in Fig. 25 a, the fraction of open syntaxin is enhanced in the fulllength membrane-associated protein. In full-length protein, Munc18 produces a
dramatic shift in populations from an open to a closed conﬁguration. The source of
this difference when compared with the soluble form is not entirely clear, but
transient interactions of the H3 domain with the membrane or steric interference
due to the membrane interface might alter the open-closed equilibrium in syntaxin.
The juxta-membrane region of syntaxin is highly basic and is found to associate
with the membrane interface [123]; however, electrostatic interactions with the
protein interface require acidic lipid, which does not appear to be playing a role in
promoting the open state. The greater fraction of open state in full-length syntaxin
might result from oligomerization of the H3 segment due to an increased local
concentration of syntaxin on the membrane interface; however, we did not ﬁnd
evidence for enhanced aggregation on the membrane surface at the lipid/protein
ratios used here. On the bilayer, the open state is increased by a factor of ~3, and for
52R1/210R1 the conformational energy difference between solution and bilayer is
estimated to be 0.8–0.9 kcal/mole. These results indicate that measurements of
syntaxin dynamics and conformational equilibria, which are likely critical for
directing assembly of the SNARE complex, are highly context dependent, and that
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measurements in a native bilayer environment may be necessary to establish the
equilibria and interactions that are important for neuronal fusion.
In summary, the H3 or SNARE-forming segment of syntaxin 1a is in
equilibrium between ordered and disordered forms, and the H3 segment remains
closely associated with the Habc domain in the soluble syntaxin construct. A minor
open population is observed where the H3 domain is dissociated from the Habc
domain by ~35 Å. This open form is more highly populated in full-length syntaxin
(1-288) reconstituted into lipid bilayers. An additional open form, where the H3
domain is displaced from the Habc domain by > 60 Å, is present when syntaxin 1a
is oligomerized. Munc18 binding promotes the closed state of syntaxin and
produces a shift to a more ordered, structured state along H3. The structural
ﬂuctuations along H3, which are modulated by Munc18, are likely a key dynamic
feature that controls assembly of syntaxin into the SNARE complex.
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3.7 SUPPORTING MATERIAL
Characterization of syntaxin aggregation (1-262)
The soluble syntaxin construct (1-262) was examined using several approaches to
characterize its state of aggregation under conditions of varied concentration and
ionic strength. Shown in Fig. S1a are examples of 15N TRACT NMR data obtained
on syntaxin (1-262) using an approach described previously [118]. This experiment
was performed on 200 μM of the

15

N labeled H3/Habc fragment in 20 mM

phosphate buffer, pH=7.3, using a Bruker Avance III 600 NMR spectrometer and
25 to 100 evenly spaced decay times between 8 and 600 ms. Signals were obtained
by integrating the peak intensities of the backbone amide 1H region (7.9 to 8.8
ppm). Both fast and slow decay curves were obtained corresponding to the two 15N
transitions. Each of these curve were fit best to two rates and the results of multiple
measurements yielded correlation times of 18.8 (±2.3) and 4.3 (±0.2) ns that were
approximately equally populated. The longer correlation time is consistent with an
apparent hydrodynamic radius near 28 Angstroms, close to that expected for a rod
shaped molecule the size of syntaxin with an axial ratio of 2.5 [125]. Since a large
fraction of the syntaxin (1-262) amide backbone has significant flexibility, the short
correlation time is likely to be due to this portion of the protein. Shown in Fig. S1b
are DLS measurements on syntaxin 210R1, which yielded a similar particle radius
of about 3 nm.

Pulse EPR measurements and DEER were made on single labeled syntaxin mutants
to determine whether these spin labeled mutants aggregated. The phase memory
times in all our samples ranged between 2.5 and 3 μs, indicating that extensive non-

82
specific aggregation is not taking place under the conditions used here. Much
shorter phase memory times (less than 1 μs) are observed for syntaxin samples that
aggregate. Shown in Fig. S1c are DEER traces for 210R1, which show weak
dipolar coupling at low to moderate ionic strength but stronger dipolar coupling at
high ionic strength. These data are consistent with the oligomerization of syntaxin
(with both an H3 and Habc domain), which has been previously reported based
upon analytical ultracentrifugation [38] and NMR [41]. The modulation depth of
the DEER signal is dependent upon the number of excited spin-paris and this signal
may be used to obtain an estimate of the extent of dimerization as described
previously [119]. Under the conditions shown in Fig. S1c, less than 10% of the
protein is dimerized at 150 mM NaCl, and approximately 40% dimerized at 300
mM NaCl. These fractions varied between different R1 mutants, but under low
ionic strength conditions, oligomerized syntaxin ranged from 5 to 15%.
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Figure S1. (a) TRACT NMR data from 15N-labeled syntaxin (1-262) obtained as
described above in 20 mM phosphate buffer, pH=7.3. The long correlation time is
consistent with the effective hydrodynamic radius of the syntaxin monomer. (b)
DLS measurements on syt (1-266) 210R1 yield a single peak with a particle size of
about 3 nm. The samples contained 60 μM protein in phosphate buffered saline
(140 mM NaCl, 2.7 mM KCl, 10 mM Na 2HPO4, 1.8 mM K2HPO4, pH=7.3) and
were made using a miniDAWN multi-angle light scattering instrument (Wyatt
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Technologies, Santa Barbara, CA). (c) DEER measurements made on a 40 μM
singly labeled syntaxin mutant 210R1 in 10 mM phosphate buffer (pH=7.3) and at
the indicated concentration of NaCl. Assuming 100% labeling efficiency we
estimate that at 150 mM NaCl approximately 8% or less of the syntaxin is
dimerized. At 300 mM NaCl, the fraction dimerized increases to about 40%. The
distribution shows that the dominant distance obtained at under conditions of 300
mM NaCl is approximately 22 Angstroms.
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Simulations of EPR spectra
EPR spectra were simulated using the MOMD model [79] as implemented in a
LabView program “Multicomponent EPR fitting” obtained from Dr. Christian
Altenbach (UCLA). The general fitting procedure followed those described
elsewhere [126]. Shown in Fig. S2 are examples of fits to two sites on syntaxin (1262), (a) 210R1 and (b) 167R1. Also shown are the individual simulated
components. In these two cases, the principle values of the hyperfine tensor were
taken as Axx=6.2, Ayy=5.0 and Azz=36.5, and g-tensor values were gxx=2.0076,
gyy=2.0050 and gzz=2.0023. For both 210R1 and 167R1, the fast component was
simulated using isotropic motion with correlation times of 0.6 and 0.9 ns,
respectively. In these fits, the slow motional component was fit with correlation
times of 2.5 and 2.3 ns and order parameters of 0.25 and 1.1, respectively. The tilt
angle between the diffusion tensor and the magnetic reference frame was taken as
that defined previously for labels on exposed surface sites [126]. It both cases, the
less mobile component resembles those observed for labels on dynamic helix
surface sites (8). Smaller order parameters could be exchanged for slower motional
rates while still producing simulations with acceptable fits to the spectra; therefore,
these motional parameters are not uniquely determined in these simulations.
Populations of components in the spectra were determined by integration of the
spectral components, which is provided as an output in the program. The fast
component represented approximately 35% and 20% of the signal for 210R1 and
167R1, respectively. Populations could also be determined by simulation and direct
subtraction of the mobile isotropic component in the EPR spectrum. Either
approach gave similar results.
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Figure S2. (a) Experimental (black trace) and simulated spectra (red trace) for
210R1 and (b) 167R1. The spectra on the right display the individual motional
components of the simulated spectra.
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Titration of the EPR spectra of single syntaxin mutants with sucrose.
Sucrose was used to determine whether the motional components seen in the EPR
spectra shown in Fig. 22 were the result of rotameric states of the spin label or
conformational states in syntaxin (see main text). Shown below in Fig. S4a is a
titration of label 192R1 ranging from 0 to 40 % w/v sucrose. This titration was
carried out for this and 4 additional sites along the H3 segment and the data are
plotted assuming a simple two-state transition between ordered (folded) and
distordered (unfolded) states in H3. Two sets of data are included for syntaxin
immobilized on resin though the N-terminal His 6 tag. These data demonstrate that
sucrose induced changes are not the result of sucrose-induced aggregation.
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Figure S3. Titration of the EPR spectra for five sites along the H3 domain of
syntain as a function of sucrose concentration. (a) EPR spectra for 192R1 at
concentrations of sucrose ranging from 0 to 40% w/v. Plots of the free energy for
the folded/unfolded equilibrium as a function of sucrose concentration (molar) for
(b) site 192R1, (c) 210R1, (d) 228R1, (e) 247R1 and (f) 259R1. The free energy
change per molar of sucrose concentration was determined using a linear fit for data
in (b) through (f) and yield values of 1.02 ± 0.08, 0.94 ± 0.04, 0.72 ± 0.02, 0.92 ±
0.06, 0.89 ± 0.02 kcal/mole, respectively. Titrations have also been carried out for
syntaxin (1-262) immobilized on beads using the His-tag. In (g) are EPR spectra for
192R1 at sucrose concentrations from 0 to 40% w/v, and in (h) and (i) are free
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energy plots as a function of sucrose concentration for 192R1 and 210R1,
respectively. On beads, the equilibrium of H3 is shifted slightly towards the more
ordered state, and on beads, the free energy for the folded/unfolded equilibrium as a
function of sucrose concentration (molar) for sites 192R1 and 210R1 was 0.690 ±
0.07 and 0.760 ± 0.07 kcal/mole.
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Inter- versus intra-molecular spin interactions in oligomerized syntaxin (1262).
As shown in Fig. S4, when syntaxin is oligomerized but diluted with unlabeled
wild-type protein, dipolar interactions between spins on the H3 domain and the
Habc domain are not detected. Because intramolecular interactions between the H3
and Habc domains are not detected, these domains must be displaced by a
significant distance in the aggregated state. As shown in Fig. S5, additional
distances appear in the aggregated state, which must be due to intermolecular spin
interactions. These may be reversed by dilution of the protein or by the binding of
Munc18.
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Figure S4. DEER signals obtained from syntaxin (1-262) 52R1/210R1 when
diluted with a 5-fold excess of wild type protein in under conditions where (a)
significant aggregation is expected (30μM protein, ionic strength > 300 mM), (b)
some aggregation is expected (7μM protein, ionic strength = 150 mM), and (c) no
aggregation is expected (2 μM protein with 20 mM MOPS, pH = 7.3). For (b) and
(c) the corresponding distance distributions (right panels) and fits (red traces) are
shown for the data. The greater noise level in (a) is due to a much shorter
acquisition time and not to differences in the phase memory times, which ranged
from 3 to 4 μsec for these samples.
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Figure S5. DEER signals and distributions measured for 52R1/210R1 in the
soluble syntaxin 1a construct (1-262). Both ionic strength and protein concentration
appear to modulate the distribution of distances between H3 and Habc, but as
shown in Fig. S4, these additional signals are intermolecular and are the result of
oligomerization. In (a) syntaxin 52R1/210R1 is at a concentration of 40 μM and
increasing the ionic strength (from 10 mM buffer to buffer plus 750 mM NaCl)
increases the fraction of longer distances and results in the appearance of a shorter
distance component. For the sample containing 300 mM salt (middle panel in (a)),
the closed state may be stabilized either by the addition of Munc18-1 (b) or dilution
of protein sample to 2.5 μM (c). In (c) a shorter evolution time was used than at the
higher concentrations, but the phase memory times increase and are greater than 4
µsec.
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Chapter 4: The SNARE Motif of Synaptobrevin
Exhibits an Aqueous−Interfacial Partitioning That
Is Modulated by Membrane Curvature

94

4.1 ABSTRACT: The structure and interfacial association of the full-length vesicle
SNARE, synaptobrevin, were compared in four different lipid environments using
nuclear magnetic resonance and electron paramagnetic resonance spectroscopy. In
micelles, segments of the SNARE motif are helical and associated with the
interface. However, the fraction of helix and interfacial association decreases as
synaptobrevin is moved from micelle to bicelle to bilayer environments, indicating
that the tendency toward interfacial association is sensitive to membrane curvature.
In bilayers, the SNARE motif of synaptobrevin transiently associates with the lipid
interface, and regions that are helical in micelles are in conformational and
environmental exchange in bicelles and bilayers. This work demonstrates that the
SNARE motif of synaptobrevin has a signiﬁcant propensity to form a helix and
exchange with the membrane interface prior to SNARE assembly. This transient
interfacial association and its sensitivity to membrane curvature are likely to play a
role in SNARE recognition events that regulate membrane fusion.
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4.2 INTRODUCTION
Neurotransmitter release results from a membrane fusion event that joins the
synaptic vesicle membrane with the presynaptic plasma membrane. This fusion
event is driven by soluble N-ethylmaleimide-sensitive factor attachment receptor
proteins (SNAREs), which form the core of the membrane fusion machinery.
SNAREs assemble into a tight four-helix bundle that is thought to provide the
energy required to overcome the barrier to fusion, [31, 101] and in the neuronal
system, the SNARE complex is formed from syntaxin 1a and SNAP-25 on the
plasma membrane and synaptobrevin 2 in the vesicle membrane. The regulation
and assembly of these proteins into the SNARE complex is essential to neuronal
fusion, and a number of critical effector proteins that function to mediate this
process have been identiﬁed [44, 102, 127]. In the case of syntaxin, Munc18-1 is
believed to control the conﬁguration of syntaxin and thereby regulate its ability to
assemble into the SNARE complex [44, 105, 106]. Less is known about the state of
the vesicle-associated SNARE protein, synaptobrevin 2, which is generally thought
to be unstructured prior to the SNARE assembly process.
The extravesicular SNARE domain of synaptobrevin 2 (syb) encompasses
residues 30−85 and is anchored to the membrane of synaptic vesicles through a
single transmembrane helix near its C terminal end (residues 95−116). In the
absence of the transmembrane domain, synaptobrevin is reported to be almost
completely unstructured in solution. [53, 128]. However, a high-resolution nuclear
magnetic resonance (NMR) study of full-length syb in dodecylphosphocholine
(DPC) micelles [54] indicated that stretches of the SNARE motif are helical. This
micelle structure is shown in Figure 27a. The N-terminal half of the SNARE motif
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Figure 27. (a) Model obtained previously by solution NMR in DPC micelles for
full-length synaptobrevin (Protein Data Bank entry 2KOG) [54]. Three segments of
the protein assume a helical structure: the transmembrane segment (residues
93−115, red), the juxtamembrane coupling helix (residues 77−88, green), and the
N-terminal half of the SNARE motif (residues 36−54, blue). (b) 15N−1H HSQC
NMR spectrum of Syb(1−116) in DMPC/DHPC (q = 0.33) bicelles at 40 °C (66
mM DMPC and 200 mM DHPC).
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(residues 36−54), the juxtamembrane coupling region (residues 77−88), and the
transmembrane domain (residues 93−115) are α-helical, while the remainder of the
protein is unstructured. The SNARE motif is also observed to be partially helical
for syb lacking the transmembrane anchor in the presence of DPC micelles;
however, helical content is not observed for the soluble fragment in the absence of
DPC micelles, con ﬁ rming the earlier studies. The work in micelles indicates that
syb has a substantial α -helical structure in selected regions, which might play a role
in protein−protein recognition and the nucleation of SNARE complex formation. In
contrast, a more recent study of full-length syb in nanodiscs and in phospholipid
bilayers indicates that residues 1 to ∼75 are unstructured while the transmembrane
domain of syb was not resolved [52]. This suggested that the helical content found
in DPC may be induced by the micelle environment, producing helical structure in
the SNARE motif and an interfacial association that may not occur in more native
like environments.
In this work, we examine the structure and conﬁguration of syb using both
NMR and EPR spectroscopy in bilayer and bicelle environments and compare the
result with that found previously by NMR in DPC micelles. In agreement with a
more recent study, [52] we ﬁnd that DPC micelles induce helical structure and
interfacial association of the SNARE motif when compared to more native
environments such as bilayers and bicelles. However, NMR spectroscopy
demonstrates that in bicelles, syb is in conformational exchange and that some
residual helical content is present. Moreover, EPR spectroscopy from 21 sites along
syb provides strong evidence that even in a lipid bilayer, the SNARE motif of syb
exchanges between aqueous and membrane environments. Although the SNARE
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motif is largely disordered, segments of the SNARE motif transiently associate with
lipid bilayers, and this association is enhanced as one proceeds from bilayer to
bicelle and micelle environments. Thus, the interfacial association and structure that
are seen in DPC micelles persists in lipid bilayers, although to a greatly reduced
extent. Our results suggest that the larger helical content and membrane association
that occurs in micelles versus bilayers are a result of the sensitivity of amphipathic
regions of the SNARE domain to interfacial defects and the curvature of the
interface. The transient interfacial association and/or helix formation in the
SNARE-forming motif of syb may modulate the availability of synaptobrevin and
its ability to assemble into the SNARE core complex.

4.3 EXPERIMENTAL PROCEDURES
Protein Expression and Bicelle Sample Preparation.
Syb (1 −116) from Rattus norvegicus was expressed in BL21-(DE3) cells under the
control of the T7 promoter (pET28a) and puriﬁed as described previously [35, 129].
The QuikChange polymerase chain reaction method (Agilent Technologies,
Wilmington, DE) was used to introduce single-cysteine mutations into syb.
Synaptobrevin mutants for EPR spectroscopy were expressed in lysogeny broth
(LB) medium with 40 mg/L kanamycin. When the cells reached a cell density of 0.8
−1.0, expression was induced with 0.4 mM isopropyl thio-β galactoside. The cells
were incubated at 20 °C overnight and then harvested by centrifugation at 3500 g.
For NMR measurements, isotope labeling was accomplished in EMBL medium in
100% D 2 O supplemented with (15NH4)2SO4, 13C-labeled glucose, and 2H-,13C-, and
15

N-labeled 10% Bioexpress. For both EPR and NMR spectroscopy, syb was
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puriﬁed in the presence of 1% sodium cholate and exchanged into 0.1%
dodecylphosphocholine (DPC) while bound to a Ni affinity column. The eluted
protein from the Ni affinity column was concentrated and then digested at 4 °C
overnight by thrombin to remove the six-His tag.
To make bicelle samples for NMR measurements, detergent exchange and
buffer exchange were conducted via size-exclusion chromatography (Superdex200
10/300 column) with a pH 6.5 buffer containing 1% dihexanoylphosphatidylcholine
(DHPC), 20 mM bis-tris, 50 mM NaCl, 5 mM DTT, and 1 mM EDTA. Only the
major peak, but not the trailing shoulder, was collected and then concentrated to
ensure the separation of DPC-bound syb from DHPC-bound syb. DHPC
concentrations usually varied between 150 and 300 mM in the ﬁnal concentrated
syb/DHPC sample. One-dimensional NMR was employed to accurately determine
the DHPC concentrations in such samples by comparing the detergent acyl proton
signals against corresponding resonances in a series of standard DHPC samples. On
the basis of the measured DHPC concentrations, amounts of dimyristoylphosphatidylcholine (DMPC) corresponding to predetermined bicelle q factors
were dispensed from a chloroform stock and dried under vacuum overnight. After
the syb/DHPC sample had been mixed with the dried DMPC lipid ﬁlm,
homogeneous bicelle sample were achieved by multiple steps of freezing and
thawing [130]. Multiple bicelle samples with q factors that vary from 0.25 to 0.5
were employed, and they were stable for a few months at a measuring temperature
of 40 °C.
NMR Spectroscopy.
TROSY versions [131] of three-dimensional backbone experiments {HNCA [132],
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NCACB [133], HNCO [132] and HN(CA)CO [134]} with {2H,13C,15N}
Syb(1−116) in q = 0.33 bicelles (66 mM DMPC and 200 mM DHPC) were
conducted on a Bruker Avance 800 MHz spectrometer equipped with a cryoprobe.
Secondary chemical shifts were evaluated as described previously [135]:
(ΔCα−ΔCβ)i was calculated as 1/ 3(ΔCαi−1 + ΔCαi + ΔCαi+1−ΔCβi−1−ΔCβi −ΔCβi+1).
NMR dynamics measurements, including heteronuclear [130] 15N NOE, 15N T1, and
15

N T2 measurements [136], were also collected at 800 MHz. A 5 s saturation delay

was used in the heteronuclear NOE experiment. Relaxation delay times of 10, 30,
70, 150, 300, 600, 1000, and 1500 ms and 0, 17, 51, 68, 119, 170, 238, and 494 ms
were employed in the T1 and T2 experiments, respectively.
For CPMG relaxation dispersion experiments, bicelle samples with q values
from 0.25 to 0.5 were employed at temperatures from 15 to 40 °C to determine the
optimal conditions for such measurements. Although the relaxation behavior
changes only slightly, the general trend is consistent throughout the surveyed
conditions. Typically, the TROSY versions of CPMG relaxation dispersion
experiments [137] were conducted on a Bruker Avance 600 or 800 MHz
spectrometer. R2,eff was calculated on the basis of the equation [138]

where I(νCPMG) and I0 are peak intensities measured with and without the applied 40
ms constant time CPMG element, TCP, respectively. Redundant measurements were
performed to estimate standard deviations. Effective ﬁelds, νCPMG , as deﬁned by 1/4
τCPMG, ranged from 25 to 1000 Hz, where 2τ CPMG was the time between the centers
of two consecutive 180° pulses.
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All spectra were processed and analyzed with NMRPipe [139] and Sparky
[140]. Indirect dimensions in the three-dimensional experiments were processed
with forward−backward linear prediction.
Sample Preparation and EPR Measurements.
The spin-labeled side chain R1 was attached to selected sites on syntaxin by adding
1 mg of 1-oxyl-2,2,5,5-tetramethyl-3-pyrro-line-3-methyl methanethiosulfonate
(MTSL) (Santa Cruz Biotechnology, Dallas, TX) in ethanol to the isolated cysteinecontaining protein and incubating the mixture overnight at 4 °C. The unbound spinlabel was then removed using a HiPrep 26/10 desalting column (GE Healthcare,
Piscataway, NJ) using a buffer that consisted of 20 mM MOPS, 139 mM KCl, 12
mM NaCl, and 0.1% (w/v) DPC (pH 7.3), and the eluted protein was concentrated
by ultraﬁltration. These syb samples in DPC were typically at protein
concentrations of 50−200 μM and were used for EPR spectroscopy.
Bicelle samples containing syb for EPR were prepared by ﬁrst reconstituting
the protein into DMPC (Avanti Polar Lipids, Alabaster, AL). The lipid in
chloroform was dried under vacuum to produce a ﬁlm of DMPC, and this sample
was rehydrated with 20 mM MOPS, 139 mM KCl, and 12 mM NaCl (pH 7.3). A
speciﬁc volume of syb in DPC was then added to the lipid suspension, and the
solution was then incubated overnight at 4 °C and dialyzed twice in 20 mM MOPS,
139 mM KCl, and 12 mM NaCl (pH 7.3) to remove the detergent. The resulting
vesicle suspension was spun down at 500000 g, and the lipid concentration was
evaluated by a phosphate assay. The desired amount of DHPC was then added to
achieve the appropriate detergent:lipid ratio, and the mixture was subjected to bath
sonication for 20 min. The ﬁnal protein concentration for EPR
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was 20−60 μM.
To prepare synaptobrevin in lipid vesicles, a POPC/POPS (3:1) suspension
was prepared by drying the lipids in chloroform (Avanti Polar Lipids) into a ﬁlm
followed by hydration in a buffer that consisted of 20 mM MOPS, 139 mM KCl,
and 12 mM NaCl (pH 7.3). Appropriate quantities of synaptobrevin in DPC were
then added to the lipid mixture followed by incubation for 2 h at room temperature
and dialysis against 20 mM MOPS, 139 mM KCl, and 12 mM NaCl (pH 7.3).
Following removal of the detergent, the vesicles were pelleted by centrifugation at
500000 g for 20 min. The protein:lipid ratio was approximately 1:1000, and the
protein concentration was in the range of 40−100 μM.
For the continuous wave measurements, samples were loaded into glass
capillaries with inner and outer diameters of 0.6 and 0.84 mm, respectively
(VitroCom, Mountain Lakes, NJ). The measurements were performed on a Bruker
EMX spectrometer with a room-temperature ER 4123D dielectric resonator using a
2 mW incident microwave power and a 1 G modulation amplitude. Amplitudes for
the EPR spectra were taken from spectra normalized by spin number. The power
saturation experiments were performed on Bruker EMX as described elsewhere
[18], except the NiEDDA concentration was kept at 10 mM. All EPR spectra and
data were processed using LabView programs provided by C. Altenbach
(University of California, Los Angeles, CA).
Simulations of EPR spectra to obtain motional rates for the nitroxide,
motional populations, and hyperﬁne coupling constants were conducted using a
LabView program, MultiComponent, provided by C. Altenbach. This program
implements a program for ﬁtting slow motional EPR spectra written by Freed and

103
co-workers [79] The spectra were adequately ﬁt by assuming the presence of two
motional components having isotropic rates. The initial magnetic parameters used
in the ﬁts were taken from those obtained previously for R1 on aqueous exposed
helical sites [126].

4.4 RESULTS
Synaptobrevin Has a Different Structure in Bicelles and Micelles.
To compare the structure of rat synaptobrevin 2 (syb) in micelle and bicelle
environments, we obtained two-dimensional HN TROSY spectra of syb in small (q
= 0.33) bicelles (Figure 27b). This bicelle environment yielded spectra having a
resolution and a signal-to-noise ratio similar to those previously obtained for syb in
DPC micelles [54]. The spectra in bicelles were reassigned using 2H-,13C-, and 15Nlabeled samples and similar strategies as previously described for the DPC samples
[54]. The assignments are shown in Figure 27b. The protein secondary structure
was semiquantitatively assessed by examining the difference between secondary Cα
and Cβ chemical shifts as described previously [135], and Figure 28 shows a
comparison between the secondary Cα−Cβ shift differences for syb in DPC and
bicelles. While the chemical shifts in the TM and coupling helices were similar in
micelles and bicelles, shift differences of ≥ 2 ppm are observed for syb in DPC in
the region of residues 37−53, indicating the presence of an α-helical structure;
however, the same region in bicelles displays secondary Cα−Cβ differences of ≤ 1
ppm and is consistent with random coil structure. This ﬁnding is generally
consistent with an NMR study in nanodiscs indicating that syb has a random coil
structure in the SNARE motif, although signals in the coupling and TM helices
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Figure 28. Chemical shift index obtained from Cα and Cβ resonances for syb in (a)
DMPC/DHPC bicelles (q = 0.33) and (b) DPC micelles.
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were not resolved in this study [52]. Several resonances in the C-terminal half of
the transmembrane helix that are resolved in DPC are not resolved in bicelles.
More quantitative methods for determining secondary structure from
chemical shifts have been devised [141, 142], and they yield results similar to those
shown in Figure 28. Here, backbone HN, Cα, CO, and N and side chain Cβ
chemical shifts were used with the delta2D method [141] and are shown in Figure
S6 of the Supporting Information. While the method suggests that syb in bicelles is
largely random coil, the analysis indicates that a small (<10%) amount of helix may
be present at and near residue 45 in bicelles, and that there may be a small (<20%),
short stretch (three to ﬁve residues) of helix at and near residue 30 that is not seen
in micelles or in solution. Thus, while the region encompassing residues 37−53
shows a greater propensity for helical structure in DPC micelles than in low-q
bicelles, the delta2D method suggests that a small helical population may be in
equilibrium with a random coil structure in some regions of synaptobrevin.
15

N Spin Relaxation Reveals Conformational Exchange in Regions of Bicelle-

Bound Synaptobrevin.
Nuclear spin relaxation rates are sensitive to local order and dynamics, and

15

N

spin−lattice (R1) and spin−spin (R2) relaxation rates were measured in bicelles (q =
0.33) to explore the dynamics of syb. As shown in Figure 29a, elevated R 2/R1
values are observed for residues 77−116, suggesting that there is a higher degree of
local order and/or a shift in spectral density to lower frequency compared to those
of residues 1−25. This is consistent with the known random coil structure of
residues 1−25 and the α-helical structure of most residues in the region of residues
77−116, which are in the proximity of or inserted into the bicelle. Residues 37−54
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Figure 29. (a) Ratio of 15N R2/R1 relaxation rates plotted for syb(1−116) in small
DMPC/DHPC bicelles (q = 0.33) measured at 40 °C and 800 MHz. (b) Change in
the spin−spin relaxation rates at two extreme CMPG pulse frequencies of 25 and
1000 Hz, measured at 25 °C and 800 MHz, for syb(1−116) in DMPC/DHPC
bicelles (q = 0.5).
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also exhibit R2/R1 values that are elevated relative to those of residues 1−25 but
R2/R1 values smaller than those observed for the transmembrane α-helix (residues
93−115). In contrast, the rest of SNARE motif residues 55−76 showed relatively
small R2/R1 values, similar to that of residues 1−25. These R 2/R1 values are
consistent with a model for the region of residues 37−54 in which a small
population of syb assumes an α-helical form and/or is interacting with the bicelle.
To test for exchange, the dependence of the

15

N R2 on the refocusing pulse

repetition rate (relaxation dispersion) for syb in bicelles was examined and is shown
in Figure 29b. Additional relaxation dispersion data at lower temperatures are
shown in Figure S7 of the Supporting Information. The observed dependence of the
15

N spin−spin relaxation rate on CPMG pulse spacing for several residues between

positions 42 and 52 indicates that these residues undergo conformational (random
coil−α-helical transitions) and/or environmental exchange (binding on and off the
bicelle). The small difference in R2 values obtained for the different CPMG
frequencies suggests that the exchange process is relatively fast (about 10 5 s−1).
Unfortunately, the small amplitude of the relaxation dispersion precluded a more
detailed quantitative analysis of the dynamics.
EPR Spectra of Synaptobrevin Are a Result of Two Motional Components
That Vary as a Function of the Curvature of the Environment.
To examine the conﬁguration and dynamics of synaptobrevin on lipid bilayers, the
native cysteine at position 103 was mutated to alanine, and 21 sites in the SNARE
motif were labeled with the spin-labeled side chain R1 (see Figure 30a). Shown in
Figure 30b are representative EPR spectra from synaptobrevin in which the R1 side
chain is placed at the indicated position. These spectra, which have been
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Figure 30. (a) Spin-labeled side chain R1 produced by the reaction of the MTSL
reagent with a cysteine side chain. For this label, there are in principle five rotatable
bonds linking the spin-label to the protein backbone; however, under most
conditions, motion about X1−X3 is limited. (b) Selected normalized X-band EPR
spectra from the spin-labeled sites within the SNARE motif of rat synaptobrevin 2
reconstituted into either POPC/ POPS (3:1) bilayers (black trace) or
docecylphosphocholine micelles (red trace). Spectra are all 100 G scans. (c)
Normalized amplitudes of the EPR spectra as a function of position along
synaptobrevin 2. These amplitudes provide a relative measure of the motional
averaging of the R1 side chain where the more motionally averaged side chains
have the highest intensities.
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normalized by total spin number, are shown for the protein incorporated into
POPC/POPS bilayers and DPC micelles. A complete set of EPR spectra are
provided in Figure S8 of the Supporting Information. To provide a relative measure
of the mobility of the R1 side chain along synaptobrevin, the peak-to-peak
amplitudes are plotted in Figure 30c for the syb R1 mutants in bilayers and DPC
micelles.
Two features are immediately obvious from the EPR spectra shown in
Figure 30 (and Figure S8 of the Supporting Information). First, the normalized
amplitudes in DPC are dramatically different from those in bilayers and indicate
that that motion of the spin-labeled side chain is slowed in DPC. Second, there is
considerable variation in the amplitudes of the synaptobrevin spectra as a function
of position in the POPC/POPS sample. Sites 42−44 as well as site 49 show
intensities signiﬁcantly lower than those at other positions on the SNARE motif. At
a minimum, this indicates that the SNARE motif in syb is not uniformly
unstructured in the presence of lipid bilayers. Sites 81−88 also have lower
intensities, and this is likely due to membrane insertion of the region adjacent to the
TM domain [143].
The EPR spectra for the SNARE motif in bilayers appear to be highly
mobile and indicative of an unstructured protein segment. This is at ﬁrst glance
consistent with the recent NMR results for synaptobrevin in nanodiscs [52] as well
as an earlier EPR study on synaptobrevin in bilayers [143]. However, a closer
examination of the EPR line shapes indicates that they are composed of at least two
motional components. Shown in Figure 31a are EPR spectra for sites 49 and 85 and
fits using an EPR simulation package based upon the MOMD approach developed
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Figure 31. (a) EPR spectra for 49R1 and 85R1 in POPC/POPS bicelles (black trace)
along with simulations (red dashed lines) that reproduce these spectra. (b) Spectra
corresponding to the fast and slow components that when added produce the
simulations shown in panel a for positions 49 and 85. For 49R1, the fast and slow
components have correlation times of 0.44 and 2.7 ns, respectively, which are at
relative spin populations of 45 and 55%, respectively. For 85R1, the fast and slow
components have correlation times of 0.65 and 3.1 ns, respectively, which are at
relative spin populations of 20 and 80%, respectively.
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by Freed and co-workers (see Experimental Procedures). For these spectra, the
simulations required two motional components to obtain a reasonable ﬁt but were
not improved by including an additional motional component. Shown in Figure 31b
are the two components required for the ﬁts shown in Figure 31a. The correlation
times and fractions of the two components that reproduce the spectra are given in
the legend. The fast motional component in these spectra is consistent with that
expected for an unstructured segment that lies in the aqueous phase, and the slower
motional component is similar to spectra obtained from peptides that are associated
with the membrane−solution interface [144, 145]. The variation in the normalized
amplitude along the SNARE motif of synaptobrevin (Figure 30c) results in part
from differences in these two motional populations, so that the sites having the
largest fraction of the slower-moving component have the lowest amplitudes. The
diﬀerences between bilayers and DPC also result from a greater population of the
slow motional component in the micelle system (see below).
In addition to bilayer and micelle environments, spectra for several of these
spin-labeled mutants were obtained in DHPC/ DMPC bicelles to provide a direct
comparison with the NMR data shown above. The normalized EPR spectra in lipid
bilayers and in q = 2 and q = 0.4 bicelles are shown in Figure S9 of the Supporting
Information. In almost every case examined, the spectra in lipid have the highest
normalized intensities, followed by the q = 2 and q = 0.4 bicelles. The EPR spectra
obtained in bilayers, bicelles, and micelles were simulated, and the parameters for
each component were averaged across multiple positions in the SNARE motif
(legend of Figure 32). The resulting values of the A zz component of the hyperﬁne
tensor, the correlation time, and the population of each component are shown in
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Figure 32. EPR parameters obtained from two-component fits such as those shown
in Figure 31. (a) Values of the hyperfine coupling constant, Azz , required to fit the
fast (red) and slow (blue) motional components in the EPR spectra in PC/PS
bilayers, q = 2 DMPC/DHPC bicelles, q = 0.33 DMPC/DHPC bicelles, and DPC
micelles. (b) Values of the rotational correlation time, τc, required to fit the fast
(red) and slow (blue) motional components in each environment. (c) Relative
populations of the fast (red) and slow (blue) motional components required to fit

113
the spectra in each environment. The error bars indicate the variation in values
across all positions for which spectra were simulated. Parameters for the twocomponent fit included 15 positions in bilayers, 14 positions in DPC, and 8
positions in bicelles. Results were not included for positions 42−44 in bilayers,
which appear to be more strongly associated with the interface.
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Figure 32. The average correlation times for the more mobile components were
between 0.4 and 0.7 ns, and average Azz values were between 36.2 and 36.9 G; these
correlation times and Azz values, which are sensitive to polarity, indicate that the
protein is unstructured and in an aqueous environment [146]. The values of A zz
obtained for the slower component are consistent with an interfacial or hydrocarbon
location for the R1 side chain; however, EPR line shapes and correlation times are
more difficult to interpret for hydrocarbon-facing labels [147, 148] and the slower
component might arise from an unstructured and/or helical backbone segment.
Remarkably, the correlation times of the two components do not
signiﬁcantly change when bilayer, bicelle, and micelle environments are examined
(Figure 32b), but as indicated in Figure 32c, the populations of the two components
change as a function of environment, so that the population of the slower- moving
component is largest in DPC micelles and smallest in bilayers. These EPR spectra
are consistent with exchange of the labeled syb on and off the interface at a rate that
is slower than the EPR time scale (<108 s−1). It should be noted that in addition to
measurements in bilayers formed by POPC and POPS, several sites (36, 43, and 53)
were also examined in bilayers formed from POPC, which yields a neutral bilayer
interface. These spectra, which are shown in Figure S10 of the Supporting
Information, were not altered by the absence of POPS, indicating that the
membrane surface potential or surface charge density does not play a strong role in
controlling the partitioning of the SNARE segment of syb.
The syb EPR spectra were power-saturated in the presence of O 2 or
Ni(II)EDDA to assess the local environment of the spin- labeled Syb in bilayers
[95]. Spin-label depth parameter φ is shown in Figure S11 of the Supporting
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Information as a function of label position. The depth parameter measurement will
be dominated by the shorter correlation time component of the spectra because of
the large amplitude and small line width of this component. Depth parameters for
positions between 36 and 83 indicate a high degree of aqueous exposure with little
bilayer contact, and this is consistent with an aqueous localization for the
conformer giving rise to the fast component. The N-terminus of the syb
transmembrane helix is at or near residue 92, and the increase in the depth
parameter that appears to begin near residue 85 or 87 is consistent with the
interfacial or hydrocarbon localization for this end of the SNARE segment that was
seen previously by using EPR spectroscopy [143].
These data demonstrate that differences in EPR spectra along the length of
the SNARE motif as well as the differences among bilayer, bicelle, and micelle
environments are a result of a shift in the populations of fast and slow motional
components that are associated with aqueous and interfacial localization,
respectively. The result indicates that the SNARE motif of synaptobrevin partitions
between aqueous and interfacial locations, and that this partitioning is a function of
the membrane or membrane mimetic system and the interfacial environment. The
increase in the interfacial population as one proceeds from bilayer to bicelle to
micelle phases suggests that the tendency of the SNARE motif to transiently
associate is correlated with the curvature of the interface.

4.5 DISCUSSION
Previous work on full-length synaptobrevin indicated that the SNARE motif is
unstructured in bilayers or bilayer-like environments, and it has been suggested that
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the interfacial association and helical content of this segment that are observed in
micelles are artifacts of the micelle environment [52]. The work presented here
reaches a somewhat different conclusion with regard to the state of the protein. The
combination of NMR and EPR data indicates that membrane association and partial
helical content for the SNARE motif of syb occur in every environment examined
(bilayers to micelles) but do so to a greatly reduced extent as the interface becomes
more planar. This dependence upon the curvature of the interface explains the
differences observed by NMR among DPC [54], bicelles, and nanodiscs [52].
EPR spectroscopy is a good method for distinguishing conformational
exchange events and populations of conformers [108, 149], and a careful
examination of the EPR spectra from the SNARE-forming motif of syb reveals the
presence of two motional components in every environment examined. These two
components appear to arise from aqueous and membrane-associated protein, and
the differences in the EPR spectra of syb in different interfacial environments are
largely due to the populations of fast and slow motional components (Figure 32c).
The slow component dominates the spectra from DPC micelles; the fast motion
component dominates in phospholipid bilayers, and the two components make
comparable contributions in bicelles. Similarly, the NMR data presented here in
bicelles indicate that several residues, including residue 44 and nearby neighboring
residues, are in exchange (Figure 29) and at least partially helical (Figure S6 of the
Supporting Information), suggesting that the interfacial protein assumes a partial
helical state. The highly resolved resonances in NMR and the two-component EPR
spectra indicate that the rate at which the SNARE motif exchanges between
aqueous and interfacial phases is slow on the EPR time scale but fast on the NMR
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Figure 33. (a) Model based upon previous work [160] for the interfacial association of
a helical segment that is in conformational exchange between folded (helical) and
unfolded forms. In solution, the disordered form (ii) is favored relative to the helical
form (i), while in the membrane, the equilibrium favors the helical form (iii) over the
unfolded form (iv). (b) In the membrane, the equilibrium favors the unstructured
aqueous form of the syb SNARE-forming segment; however, the SNARE-forming
domain of syb samples the membrane and converts between helical and random forms,
increasingly favoring the helical form in highly curved regions.
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time scale. This places the exchange rate in the range of 105−108s−1.
A model illustrating the equilibrium that would explain these data is shown
in Figure 33. The slow components in the EPR spectra are best explained by the
interfacial states (iii and iv in Figure 33a), and the fast component is due to the
aqueous syb states (i and ii in Figure 33a). When syb is in solution, the unstructured
form of syb is highly favored, as indicated by the fact that little helical content is
detected for the SNARE motif of syb in the absence of an interface. The fraction of
α-helical content found in the syb SNARE domain in DPC micelles and
DHPC/DMPC bicelles by NMR (Figure 28b) roughly correlates with partitioning
of the SNARE domain into the membrane mimetics observed by EPR, indicating
that when the SNARE motif is associated with the interface, the helical form is
strongly favored. However, this correlation is not always perfect. For example,
when position 45 is examined in small DMPC/DHPC bicelles, the slow EPR
component represents ∼50% of the total spins, while the population of helix
determined by NMR is <10%. This difference might be a result of the spin-label or
an indication that much of the bound component is not α-helical and that
unstructured and α-helical forms coexist in the bound state.
An interesting observation revealed in the EPR spectra is that the fraction of
protein associated with the interface increases as one moves from a bilayer to a
bicelle to a micelle system (Figure 32c). Clearly, there are differences in the
composition of these interfaces, including the lack of a glycerol backbone in the
DPC micelle and the presence of unsaturated lipids in the bilayer phase.
Conceivably, these differences might contribute to some of the differences that are
observed. However, the differences in partitioning are correlated with the expected
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curvature of the interface in these systems, and this would appear to provide an
explanation for the differences in helical content and partitioning. The SNARE
domain has signiﬁcant amphipathic character when it is α-helical [54],and lipid
interfaces will stabilize the helical form of these amphipathic sequences [150-153].
In addition, the interfacial insertion of an amphipathic α-helix will be favored by
the presence of defects (exposed hydrophobic area) at the membrane mimetic
interface [154, 155]. The relative level of interfacial surface area containing a
defect should decrease in the following order: DPC micelles > DHPC/DMPC
bicelles > PC/PS bilayers. The same order is observed for partitioning of syb
between aqueous and membrane mimetic phases (Figure 32c).
EPR data for selected sites in synaptobrevin were presented previously and
are generally in agreement with the data obtained here [143]. The EPR line shapes
are dominated by narrow lines indicative of an unstructured protein segment, and
power saturation indicates that the segment adjacent to the transmembrane helical
domain is buried within the bilayer. However, there are some important differences
in the conclusions reached. As indicated here, a close examination of EPR line
shapes and their variability with environment indicates that the SNARE motif of
synaptobrevin is in equilibrium between the aqueous phase and the lipid interface.
In addition, depth parameters near the transmembrane segment measured (Figure
S11 of the Supporting Information) do not suggest the helical pattern observed
previously; however, the error in these measurements is relatively large, and sites
placed in this region were limited and were not the focus of this study.
Membrane fusion is triggered by interactions of syb with plasma membrane
SNAREs to form a SNARE complex. This interaction will be facilitated by
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collisions with the acceptor complex and may be nucleated by helix formation as
suggested previously [156]; as a result, the kinetics of SNARE complex formation
is likely to depend on the equilibria shown in Figure 33a. It is easy to imagine how
the membrane partitioning of the SNARE motif and helix−coil transitions within
this region might modulate fusion. Aqueous states I and ii would be more likely to
collide with aqueous acceptor SNAREs, but the membrane-associated syb (states iii
and iv) could function as sites of nucleation for SNARE complex assembly, both
because they tend to be more helical and because t-SNAREs such as syntaxin may
also associate with interfaces [157]. As shown here, the curvature of the interface
and the presence of membrane defects will alter the aqueous−membrane
partitioning of syb and thereby modulate the availability of syb for SNARE
complex formation. As a result, the lipid composition at the focal site of fusion and
the presence of curvature or curvature strain are expected to inﬂuence the kinetics
of SNARE complex formation. The calcium sensor synaptotagmin 1 has been
reported to modulate membrane curvature [158, 159], and the observations made
here indicate how synaptotagmin 1 might play a role in modulating the SNARE
assembly indirectly by changing the properties of the bilayer.
In summary, we have used a combination of NMR and EPR spectroscopy to
examine the partitioning and structure of the syb SNARE motif in different
membrane mimetic environments. The syb SNARE domain associates with the
lipid interface when bound to DPC micelles but favors the aqueous phase in the
presence of PC/PS bilayers. When reconstituted into DHPC/DMPC bicelles, the syb
SNARE domain partitions roughly equally between the solution and the interface.
Even in lipid bilayers, a substantial fraction of the syb SNARE motif is associated
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with the interface, indicating that syb is not exclusively unstructured in the aqueous
phase as an isolated SNARE protein. The tendency to associate with the membrane
interface is correlated with the level of exposed hydrophobic surface area or defects
that are expected in this environment. As a result, the state of syb is likely to be
inﬂuenced by the speciﬁc lipid composition and curvature at the focal site of fusion.
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4.7 ABBREVIATIONS
CPMG, Carr−Purcell−Meiboom−Gill; DHPC, dihexanoyl-phosphatidylcholine;
DMPC, dimyristoylphosphatidylcholine; DPC, dodecylphosphocholine; EPR,
electron paramagnetic resonance; MOMD, microscopic ordering with macroscopic
disordering;

MOPS,

3-(N-morpholino)propanesulfonic

acid;

MTSL,

methanethiosulfonate spin-label; NiEDDA, nickel(II)−ethylenediamine-N,N ′
-diacetic acid complex; POPC, palmitoy-loleoylphosphatidylcholine; POPS,
palmitoyloleoylphosphati-dylserine; R1, spin-labeled side chain produced by
derivatiza-tion of a cysteine with MTSL; SDSL, site-directed spin labeling;
SNAREs, soluble N-ethylmaleimide-sensitive factor attachment receptor proteins;
syb, synaptobrevin 2; TROSY, transverse relaxation-optimized spectroscopy.
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4.8 SUPPORTING INFORMATION

Figure S6. Backbone HN, Cα, CO, and N, and side chain Cβ chemical shifts plotted
using the delta2D method (Camilloni et al., 2012) for synaptobrevin (1-116) in a DPC
environment (red points), q=0.33 bicelles (blue points) and for the soluble fragment of
synaptobrevin (1-96) (green points).
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Figure S7. The CPMG experiment in bicelles was performed under a range of
conditions. Here, the 15N-CPMG experiment was performed at 15ºC for syb (1-116) in
bicelles of DMPC/DHPC, q=0.5, recorded at 800 MHz. In (a) is shown the change in
the spin-spin relaxation rates at two extreme CMPG pulse frequencies of 25Hz and
1000Hz. CPMG relaxation dispersion curves for selected residues S28 (b), L32 (c),
V43 (d), N49 (e), D64 (f), and F77 (g). The CPMG effect is enhanced at lower
temperature, indicating that the more ordered state is favored at lower temperature. The
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spin-spin relaxation rates (R2) are larger for d) and e) than for b), c) or f), which is
expected since the later residues do not spend as much time associated with the
membrane interface.
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Figure S8. X-band EPR spectra for 21 positions along synaptobrevin when the spin
labeled protein is reconstituted into either POPC:POPS (3:1) bilayers (black trace) or
DPC micelles (red trace). Each spectrum is on the same vertical scale, except for 42R1,
85R1, 87R1 and 88R1, where the scale has been expanded by 2 fold. Each spectrum
represents a 100 Gauss scan.
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Figure S9. X-band EPR spectra obtained from several spin labeled sites within
synaptobrevin 2 when the protein is reconstituted into POPC:POPS (3:1) bilayers
(black trace), DHPC:DMPC q=2 bicelles (red trace) and DHPC:DMPC q=0.4 bicelles
(red trace). The spectra are normalized for total spin concentration and each spectrum
represents a scan of 100 Gauss.
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Figure S10. X-band EPR spectra for three sites in the SNARE region of membrane
reconstituted synaptobrevin comparing the spectra in POPC bilayers (black traces) with
that in POPC:POPS (3:1) bilayers (red traces).
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Figure S11. Membrane depth parameters obtained from progressive power saturation
of the EPR spectra from synaptobrevin. Values near -2 indicate aqueous exposure,
whereas values more positive than -2 indicate interfacial or hydrocarbon exposure of
the spin labeled side chain.
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Chapter 5: Significance and Future
Directions
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Syntaxin is arguably one of the more important elements of the neuronal
fusion mechanism. It is the only neuronal SNARE that contains a separate domain
in addition to its SNARE motif. This makes it a likely candidate for being regulated
in neuronal fusion. Indeed, other crucial proteins of SNARE fusion: Munc13,
Munc18 and synaptotagmin have been reported to interact with syntaxin. Despite
two decades of intense research however, the exact mechanism of syntaxin function
in neuronal fusion remains a mystery.
The EPR study presented here provided several insights that added to the
general understanding of SNAREs in current literature. First of all, it presented the
SNARE domain of syntaxin as being in a dynamic equilibrium that can be affected
by Munc18. This effect of Munc18 extents to the start of the SNARE motif where
SNARE complex formation is likely initiated. In addition, the pulse EPR data
revealed the presence of conformational heterogeneity not revealed by the existing
crystal structure of syntaxin and allowed as to visualize what its open state may
look like. More elaborate DEER analysis also revealed how syntaxin's open-closed
equilibrium is altered when the soluble syntaxin (which has been the subject of
most previous investigations) is anchored to membrane, as it is in vivo.. The fact
that syntaxin exhibits a much more open state on the bilayer will influence its
interaction with its SNARE partners and regulatory proteins. This study also
highlights the importance of studying a protein subject in an in vitro setup that
matches its native environment as closely as possible. It is already clear that the
bilayer will impact the syntaxin structure, and it is likely, that there are other factors
that might have been omitted. Phenomena such as molecular crowding or posttranslational modifications that occur in the human cells can significantly change
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the property of a tested protein, but are usually overlooked in a typical in vitro
protein study. It is inherently challenging to replicate the exact conditions in the cell
due to the complexity of cytosol composition, which in fact exists in a dynamic
rather then static equilibrium. One way to address this issue is to study the cells
themselves; the emerging field of whole-cell biophysical methods may ultimately
allow to overcome the problem of insufficient complexity of in vitro systems.
Another important finding pertains to the effect of different environments on
the structure of synaptobrevin. The fact that a detergent will directly impact the
protein that is being studied raises the problem of the non-native experimental
conditions that was mentioned in the previous paragraph. Nevertheless, the EPR
study of synaptobrevin on the lipid vesicle did reveal that this protein is largely
unstructured, and that it can transiently contacts the lipid interface which has an
impact on its structure, and in turn, could possibly change its affinity to other
SNARE proteins.
A necessary next step to this EPR study will be to add additional elements
of complexity to syntaxin and Munc18. The most logical one is SNAP25, the
second SNARE that coexists with syntaxin on the presynaptic membrane. There is
strong evidence in the literature that SNAP25 engages in interactions with syntaxin,
likely before the onset of the calcium trigger. A future EPR study of these two
SNAREs, possibly with Munc18, would yield valuable insight on what the
“acceptor complex” of neuronal fusion may look like. Other element of complexity
is the bilayer itself. While this study did highlight that the membrane-anchored
syntaxin exhibits an open state, it will require additional DEER experiments to fully
categorize this open state, and determine how it may be affected by Munc18.
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Future studies on the mechanism of neuronal fusion will expand on the
measurements made here, as well as on other published works on neuronal fusion,
and may with the aid of whole-cell approaches, result in full deciphering of this
highly complex biological process.
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