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Abstract 

The skeletal muscle extracellular matrix (ECM) is a beautiful and complex three-

dimensional scaffold that transmits physical and chemical signals and regulates passive 

muscle properties. Collagen fibers determine the ECMs’ structural and tensile properties 

and have unique arrangements surrounding (epimuscular) and within (intramuscular) 

muscle. An accumulation of collagen is often used to characterize the development of 

fibrosis in neuromuscular disorders such as Duchenne muscular dystrophy (DMD); 

however, increased collagen levels do not explain alterations in passive muscle 

properties, such as increased stiffness, that contribute to muscle dysfunction. Thus, we 

must consider how collagen organization influences passive muscle mechanics, 

especially in complex muscles such as the diaphragm, which is severely affected in DMD.  

 

My thesis couples imaging, mechanical testing, and multiscale finite element modeling to 

examine the role of collagen microstructure on macroscopic muscle tissue properties. 

First, I characterized collagen organization in the epimuscular ECM of diaphragm muscle 

and found that collagen fibers were oriented perpendicular to muscle fibers (cross-muscle 

fiber direction), with greater collagen fiber alignment in mdx (dystrophin null) relative to 

WT mice. I then developed epimuscular micromechanical models to determine the 

mechanical implications of changes in collagen structure on ECM properties and 

predicted higher cross-muscle fiber stiffness in the mdx compared with WT models. Next, 

I developed micromechanical models of both epimuscular and intramuscular regions and 

coupled their predictions to determine bulk muscle tissue properties. I then performed 

biaxial mechanical tests to characterize along- and cross-muscle fiber tissue properties 
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in mdx and WT diaphragm muscle to directly calibrate and validate the models. We 

predicted higher cross-muscle fiber collagen alignment and stiffness in the mdx compared 

with WT models, with nonuniform stresses between ECM and muscle regions. Further, 

collagen fiber distribution had a much more substantial impact on tissue stiffness than 

ECM area fraction. Taken together, we show that the primary orientation of collagen fibers 

relative to muscle fibers explains anisotropic tissue properties observed in diaphragm 

muscle, and that the distribution of collagen fibers explains discrepancies between 

measurements of collagen amounts and tissue stiffness. This work provides novel 

insights into collagen’s complex role on passive muscle mechanics and highlights the 

capability of mechanical modeling to fill gaps along the journey from structure to function.  
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"If there's a book that you want to read, 

but it hasn't been written yet, 

then you must write it." 
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Chapter 1 : Introduction 

Duchenne muscular dystrophy (DMD) is a fatal x-linked genetic disorder affecting 1 in 

3500 males, with no cure or effective treatment to date.1 A lack in expression of dystrophin 

at the muscle fiber membrane increases susceptibility to mechanical stress from everyday 

muscle contractions and triggers a chronic state of inflammation.2–6 Excessive 

accumulation of extracellular matrix (ECM) components leads to buildup of fibrotic tissue 

along with increased muscle stiffness, and muscle degeneration that progresses with age. 

Diminished pulmonary function contributes to respiratory insufficiency, a leading cause of 

death in DMD.7 Mechanical ventilation (MV) prolongs survival8 but further weakens the 

diaphragm muscle9 and there is variability in the type and timing of ventilatory support 

prescribed.10,11 Atrophy has been a large focus of the field and limits contractile 

properties, but the role of fibrosis on diaphragm function is less understood.  

 

The skeletal muscle ECM has a complex 3-D structure with collagen fibers organized 

uniquely between the epimuscular and intramuscular ECM layers. Mdx mouse diaphragm 

reproduces degeneration seen in DMD patients, with impairment in respiratory function 

and fibrosis,12,13 but collagen amount and tissue stiffness do not correlate,14 highlighting 

the need to investigate changes in ECM structure. Multiscale models provide a unique 

opportunity to predict how variations in microstructure influence macroscopic tissue 

properties. Micromechanical finite-element models study the role of muscle-fascicle 

microstructure on tissue-level properties.15,16 Previous 2-D models of mdx lower limb 

muscle highlighted the importance of ECM mechanics on muscle regeneration, revealing 
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that increased ECM stiffness was not explained by total amount of collagen alone.17 Thus, 

we must consider the role of fibrotic tissue structure and mechanics on diaphragm 

function and disease progression.  

 

In chapter three, I focused on the role of collagen organization on ECM level tissue 

properties.  The goals of this study were to (1) determine if and how collagen organization 

changes with the progression of DMD in diaphragm muscle tissue, and (2) predict how 

collagen organization influences the mechanical properties of the ECM. I first visualized 

collagen structure with scanning electron microscopy (SEM) images and then developed 

an analysis framework to quantify collagen organization and generate image-based finite-

element models. The image analysis revealed increased collagen fiber straightness and 

alignment in diseased relative to healthy mice and increased collagen fiber straightness 

in old relative to young healthy mice.  Collagen fibers retained a transverse orientation 

relative to muscle fibers in all groups. All mechanical models predicted an increase in the 

transverse relative to longitudinal (muscle fiber direction) stiffness, with an increase in 

stiffness ratio (transverse/longitudinal) in diseased relative to healthy models. This study 

revealed changes in diaphragm ECM structure and mechanics during disease 

progression in the mdx muscular dystrophy mouse phenotype, highlighting the need to 

consider the role of collagen organization on diaphragm muscle function. Chapter three 

is published in the Journal of Applied Physiology (DOI:10.1152/japplphysiol.00248.2021) 

with co-authors ,C. Hunter Wallace, Brian K. Jones, and Silvia S. Blemker. 

 

https://doi.org/10.1152/japplphysiol.00248.2021
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In chapter four, I focused on the role of collagen microstructure on bulk muscle tissue 

properties. The goals of this study were to (1) measure diaphragm muscle tissue structure 

and mechanical properties in mdx and WT mice, (2) develop, calibrate, and validate a 

modeling framework that relates the multiple layers of ECM microstructure to bulk muscle 

tissue properties, and (3) predict how changes in tissue microstructure contribute to 

impairments during disease. I first performed in vitro biaxial testing to characterize both 

along-muscle fiber and cross-muscle fiber tissue properties and collected ex vivo images 

to measure tissue microstructure. I then developed epimuscular and intramuscular 

micromechanical models to predict local tissue properties and then coupled their outputs 

to predict bulk tissue properties. This framework integrated experimental and finite 

element modeling techniques, providing an avenue to examine how microstructural 

variations account for measured differences in macroscopic tissue properties. 

 

The models predicted that intramuscular collagen fibers aligned primarily in the cross-

muscle fiber direction in both mdx and WT models, with greater cross-muscle fiber 

alignment required in the mdx models compared with WT. The models also predicted that 

the distribution of collagen fibers had a greater influence on passive tissue properties than 

the amount of ECM, explaining the variation across samples. Further, tissue stresses 

were more nonuniform during cross-muscle fiber loading and collagen organization 

explained the increased cross- relative to along-muscle fiber stiffness observed in 

diaphragm muscle. Chapter four is in preparation for submission to the Journal of the 

Royal Society Interface, with co-authors Kaitlyn Hixson, and Silvia S. Blemker. 
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Overall, my findings suggest that the distribution of collagen fibers has a greater influence 

on passive tissue properties than collagen amount, and that collagen reorganization, 

rather than accumulation may provide an effective target for therapeutics. By coupling 

experiments and mechanical models we highlighted gaps from predicting structure 

function relationships with experiments alone and provide a framework that can be 

applied to hypothesize new experiments and intervention targets.  
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Chapter 2 : Background 

From walking to breathing, skeletal muscle is essential for daily movement.  

Skeletal muscles come in all shapes and sizes, with unique macroscopic muscle 

architectures related to distinct functional demands. While differences in three-

dimensional muscle geometries are seen, the fundamental structure of skeletal muscle 

tissue remains conserved and is highly organized. Individual muscle fibers form muscle 

fascicles that group together into whole muscle, separated by layers of extracellular 

matrix (ECM). The sarcomere is the basic building block of skeletal muscle, where the 

formation of actin and myosin cross bridges generate active contractile forces. Force 

generation is dependent on muscle length, with the maximum active force occurring at 

optimal muscle fiber length, and passive forces often assumed to begin at optimal fiber 

length. Passive structures within muscle tissue, namely titin and the ECM, regulate non-

contractile passive forces, with a transition from its toe to linear region occurring with their 

unkinking and straightening.  

 

 
Figure 2.1 (A) Muscle hierarchy and (B) force length curve 
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The extracellular matrix is a key contributor to passive muscle properties.  In 

skeletal muscle, the  extracellular matrix (ECM) serves as a three-dimensional scaffold 

and is essential for transmitting both physical and chemical signals.18–20  The ECM 

consists of fibrous proteins embedded in a ground matrix, where each component plays 

a unique role in force transmission. Proteoglycans (PGs) and glycosaminoglycans 

(GAGs) regulate the viscous properties of the ECM, while collagen is the key structural 

protein. Type I and III collagen fibers make up 75% of the total collagen amount in skeletal 

muscle. Type I collagen fibers are rod like with little flexibility and are responsible for 

regulating the tensile properties of the ECM. Type III collagen fibers are more loosely 

packed and form a “reticular” fiber network along with elastin fibers that is responsible for 

distributing stresses within the ECM.21 The ECM’s role in passive force generation is 

shown by indirect measurements, comparing properties of single muscle fibers and 

muscle fiber bundles with intact ECM.22–24 However, such measurements do not account 

for the complex microstructure of collagen in the ECM.  

 

Collagen is organized uniquely across ECM layers and muscle groups. The 

epimysium (epimuscular ECM) surrounds the outermost surface of skeletal muscle, while 

the perimysium and endomysium (intramuscular ECM) separate muscle fascicles and 

muscle fibers.25–27 The orientation of collagen fibers relative to muscle fibers affects their 

ability to transmit force during muscle contractions26 and unique collagen arrangements 

are seen between ECM layers and across muscle groups. The structure of the 

endomysium is observed to be similar across skeletal muscles,28 with a helical 

arrangement surrounding muscle fibers (Fig. 2.2C). In the perimysium of skeletal muscles 
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such as the biceps, gastrocnemius, and psoas major, large bundles of collagen fibers are 

seen arranged both parallel and circumferential to muscle fibers (Fig. 2.2B).28 Differences 

in the structure of the epimysium are also reported across skeletal muscles. In long strap-

like muscle, a cross-ply arrangement of wavy collagen fibers oriented approximately 55° 

to the muscle fiber direction is reported (Fig. 2.2A) and in pennate muscle, a dense layer 

of collagen fibers aligned parallel to muscle fibers is reported.26 To understand collagen’s 

role in passive force transmission, we must consider the unique arrangements of collagen 

fibers between ECM layers, muscle groups, and changes in arrangement during disease. 

 

Figure 2.2 Scanning electron microscopy images of decellularized skeletal muscle in the (A) epimysium,45 (B) 

perimysium,45 and (C) endomysium.16 
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Duchene muscular dystrophy impacts skeletal muscle across multiple scales. 

Duchenne muscular dystrophy (DMD) is a fatal x-linked genetic disorder affecting 1 in 

3500 males, with no cure or effective treatment to date.1 Muscle degeneration results due 

to a lack in expression of the protein dystrophin, responsible for maintaining the linkage 

between the intracellular cytoskeleton and extracellular matrix (ECM) (Fig. 2.3C).29 The 

absence of dystrophin at the muscle fiber membrane increases susceptibility to 

mechanical stress from everyday muscle contractions. Regenerative capacity of muscle 

is decreased, with contraction induced damage leading to a chronic state of inflammation 

and subsequent fibrosis.2–6 Dystrophic muscle is characterized by changes in 

composition (fat infiltration, fibrosis, decreased muscle fiber cross-sectional area 

(CSA)),30 mechanics (decreased force production, increased stiffness),31 and cellular 

pathophysiology (dynamic behaviors of fibroblasts, increased inflammatory cells, 

depletion of satellite stem cell (SSC) pool)32,33 (Fig. 2.3A). A cycle of dysfunction and 

disuse results in progressive degeneration, and there remains no cure or effective 

treatment for DMD. Corticosteroids are the palliative standard of care but carry negative 

effects (weight gain, bone fractures, scoliosis)34 and drug therapies (genetic therapies, 

anti-fibrotics) are only effective in a subset of patients and show variable functional 

benefits.35  
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Figure 2.3: (A) Top: Histology of healthy (L) and DMD (R) muscle reveals pathological variations seen in DMD. Scale 
bar,60mm.23 Bottom: Immunofluorescence staining of healthy (L) and DMD (R) muscle show a lack of dystrophin 
expression in DMD.2 (B) Dystrophin protein maintains linkage between intracellular cytoskeleton and ECM at the 
muscle fiber membrane. (C) Fibroblast behaviors reported in response to local strain,49,50 stiffness,51and alignment of 
ECM.52 

 

Diaphragm muscle weakening has devasting consequences in DMD.  As DMD 

progresses, pulmonary function declines36 as the diaphragm muscle weakens.37–39 

Diaphragm muscle dysfunction contributes to respiratory insufficiency, which is a leading 

cause of death in the mid-twenties.7 Mechanical ventilation (MV) is required to maintain 

gas exchange and improves patient survival in DMD,8 but MV results in diaphragm muscle 

atrophy and further complications (reintubation, tracheostomy)9, with the length of MV 

associated with amount of atrophy.40 Despite advances in ventilatory supportive devices, 
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there remains variability in the timing and type of MV prescribed to patients and no 

consensus on which functional parameters should be used to indicate the initiation or 

extent of ventilator use.10,11 Diaphragm dysfunction is usually attributed to decline in 

active contractile properties of diaphragm muscle (loss in strength, decrease in activation) 

in DMD,41 overlooking changes in passive muscle properties regulated by the ECM and 

how these changes influence diaphragm function.22–24,42 

 

We must consider how changes in the ECM during fibrosis influence passive 

muscle properties to better understand diaphragm muscle weakening. One of the 

primary sources for progressive diaphragm muscle dysfunction in DMD is the 

development of fibrosis, and indeed, many studies have shown that dystrophic muscles 

have increased amounts of collagen.43,44 The dystrophin knockout mdx mouse is 

commonly used to model DMD and mdx diaphragm reproduces degeneration seen in 

DMD patients, with impairment in respiratory function, decrease in muscle fiber CSA, and 

fibrosis.12,13,45 However, collagen amount and tissue stiffness are not well correlated in 

mdx diaphragm muscle14 and we must look beyond collagen amount to characterize the 

complexity of fibrosis. Structural, mechanical, and chemical properties of the ECM all 

contribute to a feed-forward cycle in fibrosis. Fibroblasts and myofibroblasts are the 

primary ECM-secreting cells in fibrosis and regulate collagen fiber networks,46 with 

fibroblast alignment a key regulator of collagen alignment.47,48 Mechanical cues (local 

strain, stiffness) and structural cues (alignment) from existing ECM regulate behaviors of 

fibroblasts (alignment, migration, proliferation) (Fig. 2.2D).49,50 Further, increased strains 
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and stiffness activate signaling cascades resulting in transcription of pro-fibrotic genes 

(ie. TGF-β51) and block cleavage sites required for collagen degradation.52,53  

 

Changes in collagen microstructure are implicated in diaphragm muscle fibrosis. 

Increased collagen cross-linking is reported in mdx mice, especially in the diaphragm 

muscle.54 The ratio of type I/III collagen is also implicated in fibrosis, with elevated type 

I/III ratio reported in fibrotic lung tissue.55 Increased levels of both collagen I and III mRNA 

are reported in mdx diaphragm muscle relative to healthy56 and increased collagen type 

III is seen in the intramuscular ECM layers of dystrophic human muscle compared to 

healthy muscle.57 Beyond skeletal muscle, increased collagen fiber alignment is reported 

in pulmonary fibrosis50 and increased collagen fiber straightness is reported in cancerous 

pancreatic tissue.58 Collagen fiber alignment is also reported to be a significant predictor 

of passive lower limb muscle stiffness,59 but mdx lower limb muscle does not mimic the 

severity of the human phenotype nearly as well as the diaphragm does. The diaphragm 

muscle ECM is not well characterized, and we must consider the distribution and 

arrangement of collagen within each ECM layer, as well as changes in microstructure 

during the progression of fibrosis. 

 

Unlike most skeletal muscles, the diaphragm sustains biaxial loads in vivo and 

exhibits nonuniform and anisotropic behavior.  In previous uniaxial mechanical tests 

of diaphragm muscle tissue, significant differences in stiffness along the muscle fiber 

direction were not observed between healthy and dystrophic intact diaphragm muscle 

samples.4  However, we must consider the unique geometry and biaxial loads sustained 
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by the diaphragm muscle in vivo. Diaphragm muscle tissue is anisotropic, with decreased 

compliance observed in the direction perpendicular to muscle fibers as compared to the 

compliance along muscle fibers.61–63  Biaxial experiments in mdx diaphragm muscle 

tissue show significant age effects on tissue properties, with decreased compliance in 

both along and cross-muscle fiber directions in 9-month-old mdx mice compared with very 

young, 3 week old mice63.  Additionally, increased compliance was measured in 3-week-

old mdx mice relative to WT mice, suggesting that the accumulation of fibrotic tissue with 

aging, rather than the primary loss of dystrophin, contributes to increased tissue 

stiffness.63  

 

It is difficult to extrapolate the role of collagen microstructure on muscle tissue 

properties from experiments alone. Collagen’s contribution to passive diaphragm 

muscle tissue properties has previously been estimated by performing mechanical testing 

before and after enzymatically digesting collagen.60,64 Biaxial experiments in mdx and WT 

diaphragm muscle tissue found greater along- and cross-muscle fiber stiffness in mdx 

relative to WT samples before collagen digestion, but these differences were no longer 

observed after enzymatically digesting collagen.64 Similarly, uniaxial experiments in 

D2.mdx and WT mice observed greater along-muscle fiber stiffness in the D2.mdx 

diaphragm relative to WT that was no longer observed after collagen digestion.60 

However, collagen digestion did not significantly decrease the total amount of collagen 

per weight of the tissue.60 This suggests that alterations in collagen microstructure during 

enzymatic digestion contribute to the loss of stiffness, rather than decreased collagen 

amount, highlighting an important role of collagen microstructure on tissue stiffness.  
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Computational models provide insight on skeletal muscle across multiple scales. 

In whole body level musculoskeletal models, individual muscles are represented by line 

segments with one dimensional Hill-type lumped parameter models.65 While these 

models provide insights on human movement,66 they simplify the complex geometries of 

skeletal muscles. Finite-element (FE) modeling allows us to subdivide 3-D geometries 

into individual “elements”, assign constitutive laws to materials, simulate in vivo 

conditions, and calculate mechanical properties. This technique was applied to 

reconstruct complex 3-D skeletal muscles and revealed the influence of macroscopic 

muscle architecture on mechanical properties.67 In this framework, a new constitutive 

model was introduced that represents skeletal muscle as hyperplastic, transversely 

isotropic, and nearly incompressible. This model also defines the material response 

based on physical based strain invariants governing the along fiber stretch (λ), along fiber 

shear (B1), and cross-fiber shear (B2) (Fig 2.4).67,68 Whole-muscle level models have 

been developed using this approach and highlight the effects of muscle architectural 

features such as fascicle arrangements67 and aponeurosis morphology.69,70 However, 

these models lump together connective tissue, muscle fibers, and muscle fascicles into 

one transversely isotropic material, without accounting for the structure of the ECM.  
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Figure 2.4 Skeletal muscle constitutive model with physically based strain invariants68 used to relate material 

properties to experimentally quantifiable measurements.67 

 

Micromechanical modeling provides an optimal platform to examine how 

microstructural variations contribute to macroscopic tissue properties. 

Micromechanical models were developed to characterize tissue behavior at the muscle 

fiber and fascicle levels and separate regions of muscle fibers and ECM.15 These models 

were generated from images of muscle cross-sections and found that transverse isotropy 

was maintained at the muscle fiber level. However, the fascicle-level models revealed 

transversely anisotropic behavior, with macroscopic properties such as shear moduli 

dependent on fiber and fascicle shapes.15 When changes in fascicle microstructure seen 
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in DMD, such as variation in muscle fiber cross-sectional area were simulated in these 

models, the influence of these changes in microstructure on macroscopic properties was 

dependent on the relative stiffness between the ECM and muscle fibers.16 Additional 

methods for micromechanical modeling have also been developed that utilize Voronoi 

tessellation to replicate muscle fiber geometries,71 either by estimating muscle fiber sizes 

and spacing72,73 or by mapping muscle fiber centroids from histology images.71,74,75 These 

techniques improve computational efficiency and have been applied to various contexts 

such as examining variations in structure along the muscle fiber direction,74 damage 

propagation,73  and aging effects.75  However, previous micromechanical models have 

not accounted for distinct ECM layers or focused on the role of changes in collagen 

microstructure on muscle tissue properties. These models often simplify the 

representation of the ECM as isotropic,73 transversely isotropic aligned with muscle 

fibers,15,76 or use a generalized helical assumption to represent collagen direction.71,74,75 

These models also rely on integrating measurements from previous experiments across 

different length scales and muscle groups. To examine the influence of collagen 

organization on diaphragm muscle tissue level properties, we must consider the full 

microstructure of ECM surrounding and within diaphragm muscle tissue.  
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Chapter 3  
 

 

Diaphragm muscle fibrosis 
involves changes in collagen organization 

with mechanical implications 
in Duchenne Muscular Dystrophy 
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Before you can achieve 

you must believe in yourself. 

 

You are more capable than you think. 

 

—Simone Biles 

 

 

 

 

 

 

 

 

 

 

 



 

 

17 

 

3.1 Abstract 

 

In Duchenne muscular dystrophy (DMD), diaphragm muscle dysfunction results in 

respiratory insufficiency, a leading cause of death in patients. Increased muscle stiffness 

occurs with buildup of fibrotic tissue, characterized by excessive accumulation of 

extracellular matrix (ECM) components such as collagen, and prevents the diaphragm 

from achieving the excursion lengths required for respiration. However, changes in 

mechanical properties are not explained by collagen amount alone and we must consider 

the complex structure and mechanics of fibrotic tissue. The goals of our study were to (1) 

determine if and how collagen organization changes with the progression of DMD in 

diaphragm muscle tissue, and (2) predict how collagen organization influences the 

mechanical properties of the ECM. We first visualized collagen structure with scanning 

electron microscopy (SEM) images and then developed an analysis framework to quantify 

collagen organization and generate image-based finite-element models. The image 

analysis revealed increased collagen fiber straightness (2.04-10.03%) and alignment 

(4.99-15.52%) in diseased relative to healthy mice and increased collagen fiber 

straightness (0.67-5.39%) in old relative to young healthy mice.  Collagen fibers retained 

a transverse orientation relative to muscle fibers (69.68-89.90˚) in all groups. All 

mechanical models predicted an increase in the transverse relative to longitudinal 

(muscle fiber direction) stiffness, with a 64.22-176.65% increase in stiffness ratio 

(transverse/longitudinal) in diseased relative to healthy models. This study revealed 

changes in diaphragm ECM structure and mechanics during disease progression in the 

mdx muscular dystrophy mouse phenotype, highlighting the need to consider the role of 

collagen organization on diaphragm muscle function. 
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New & Noteworthy 

Scanning electron microscopy images of decellularized diaphragm muscle from WT and 

mdx, Duchenne muscular dystrophy model, mice revealed that collagen fibers in the 

epimysium are oriented transverse to muscle fibers, with age- and disease- dependent 

changes in collagen arrangement. Finite-element models generated from these images 

predicted that changes in collagen arrangement during disease progression influence the 

mechanical properties of the extracellular matrix. Thus, changes in collagen fiber-level 

structure are implicated on tissue-level properties during fibrosis.  

 

3.2 Introduction 

 

Duchenne muscular dystrophy is a devastating disease with no cure and 

diaphragm muscle weakness leads to death. Duchenne muscular dystrophy (DMD) is 

a fatal genetic disease, with devastating impacts from the subcellular to whole muscle 

levels. Muscle degeneration results due to a lack in expression of the protein dystrophin, 

responsible for maintaining the linkage between the intracellular cytoskeleton and 

extracellular matrix (ECM).29 Current therapies are targeted towards either replacing the 

dystrophin protein or treating the secondary and downstream pathological mechanisms, 

yet there remains no cure. 35 Drug therapies (ie. genetic therapies, anti-fibrotics) show 

promise for the treatment of DMD, but are only effective in a subset of patients and show 

variable functional benefits.35 The absence of dystrophin at the muscle fiber membrane 
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increases susceptibility to mechanical stress from everyday muscle contractions. 

Regenerative capacity of muscle is decreased, with contraction induced damage leading 

to a chronic state of inflammation and subsequent fibrosis.2–6 A cycle of dysfunction and 

disuse results in progressive muscle wasting, with differences in severity and progression 

across muscles.77 Lower limb muscle is impacted in the earlier stages of DMD, leading to 

a loss of ambulation at 10-14 years of age. At later stages of the disease, the diaphragm, 

the main inspiratory muscle,78 is severely impacted. Diaphragm muscle weakness 

progresses with age in DMD and contributes to respiratory insufficiency, a leading cause 

of death in the early to mid-20s.7,37   

 

Fibrosis limits muscle function, but the structure and mechanics of fibrotic tissue 

are not well characterized in diaphragm muscle. One of the primary sources for 

progressive muscle dysfunction in DMD is the development of fibrosis, characterized by 

excessive accumulation of extracellular matrix (ECM) components such as collagen. 

Indeed, many studies have shown that dystrophic muscles have increased amounts of 

collagen,43,44  but collagen amount does not correlate with stiffness in diaphragm muscle 

tissue from mdx mice, the most common animal model used to study DMD.14 Mdx lower 

limb muscle shows an increase in collagen fiber alignment.59  While collagen fiber amount 

does not predict tissue stiffness, collagen fiber alignment is reported to be a significant 

predictor of passive lower limb muscle stiffness.59 However, the mdx lower limb muscle 

does not mimic the severity of the human phenotype nearly as well as the diaphragm 

does. Similar to the human condition, mdx mice exhibit impairment in respiratory 

function79,80, decrease in diaphragm muscle fiber cross-sectional area, and increased 
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diaphragm muscle fibrosis.12,13,45,81 Beyond skeletal muscle, changes in collagen 

organization with fibrosis are implicated in additional tissue systems. Increased collagen 

fiber alignment is reported in pulmonary fibrosis50 and increased collagen fiber 

straightness is reported in cancerous pancreatic tissue.58 Changes in collagen 

organization, such as collagen fiber direction, alignment, and straightness, remain 

unknown in mdx diaphragm muscle, but are needed to understand how and why 

diaphragm muscle mechanics change during the progression of DMD.  

 

Finite element models allow us to study structure-function relationships in 

biological tissues. In prior studies, collagen organization is related to passive properties 

of skeletal muscle measured by mechanical testing of intact muscle.14,59 The contribution 

of the ECM to the passive properties of skeletal muscle is shown by indirect 

measurements, comparing properties of single muscle fibers and muscle fiber bundles 

with intact ECM,22–24 and direct measurements of properties of decellularized muscle fiber 

bundles.42 While it is difficult to isolate the influence of organizational parameters on ECM 

properties with traditional mechanical testing, finite-element (FE) models allow us to 

isolate the impact of specific structural variations on mechanical properties. Whole 

muscle-level FE models reveal the influence of macroscopic muscle architecture on 

mechanical properties67 but have been limited in their representation of the ECM. These 

models typically lump together connective tissue, muscle fibers, and muscle fascicles into 

one transversely isotropic material, without accounting for changes in ECM structure 

during fibrosis.67,82–84 Micromechanical muscle models at the fascicle-level reveal 

transversely anisotropic behavior, with macroscopic properties such as shear moduli 
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dependent on fiber and fascicle shapes.15 When changes in fascicle microstructure seen 

in DMD, such as variation in muscle fiber cross-sectional area were simulated in these 

models, the influence of these changes in microstructure on macroscopic properties was 

dependent on the relative stiffness between the ECM and muscle fibers.16 However, these 

muscle fascicle-level FE models assumed that the ECM was aligned with muscle fibers 

and did not account for changes in the structure of the ECM during DMD. Therefore, as 

we apply these modeling techniques to study fibrotic muscle, we must first consider the 

complex structure and function of the ECM. 

 

We aim to quantify changes in ECM structure and mechanics during the 

progression of diaphragm muscle fibrosis. The goals of our study were to (1) 

determine if and how collagen organization changes with the progression of DMD in 

diaphragm muscle tissue, and (2) predict how collagen organization influences the 

mechanical properties of ECM. We aimed to characterize collagen organization within the 

epimysium and predict how changes in its structure are implicated on both transverse 

(cross muscle fiber) and longitudinal (along muscle fiber) tissue properties during disease 

progression. To do so, we developed an image-based finite-element modeling pipeline to 

explore the influence of collagen organization on ECM mechanics. We collected scanning 

electron microscopy (SEM) images of epimysium isolated from mdx and wild-type (WT) 

control mice at 3, 6, and 12 months, and quantified collagen fiber direction, alignment, 

and straightness. We then generated finite-element models and simulated biaxial stretch 

to determine the implications of our collagen organization measurements on ECM 

mechanical properties.  
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3.3 Methods 

 

Animal protocol 

All experiments were approved by the University of Virginia Animal Care and Use 

Committee. This study was conducted in C57BL/10ScSn-Dmdmdx/J male mice (referred 

to as mdx), bred inhouse, and C57BL/6J male mice (referred to as WT), purchased from 

Jackson Laboratories. Our study groups included 3, 6, and 12-month-old mice, both WT 

and mdx (n=6 mice per group). 

 

Ex vivo sample collection and imaging 

After humane euthanasia, the diaphragm muscle was excised and samples from the 

costal region were dissected and placed in phosphate-buffered saline. We followed a 

standard sodium hydroxide digestion protocol to leave only collagen fibrils, removing the 

muscle fibers, sarcolemma, basement membrane, and proteins associated with the 

ECM.25 Although we imaged the outer epimysial layer of the ECM, the digestion process 

was required for clear imaging, visualization, and quantification of collagen fibers alone 

(Supplemental Fig. 3.1: https://figshare.com/s/61c8117024f275f39e2c). Excised muscle 

samples were first placed in fixative for 24 hours (8% glutaraldehyde,16% 

paraformaldehyde, 0.2M sodium cacodylate). Samples were then placed in digestion 

solution (10% sodium hydroxide) for approximately 6 days, and then rinsed in H2O for 24 

hours. Since samples were physically unconstrained during enzymatic digestion, this 

protocol left the tissue in a zero-strain configuration after muscle fibers were digested. 

Therefore, the arrangement of collagen fibers reflects their position with the tissue in a 

stress-free state. Samples were prepared for Scanning Electron Microscopy (SEM) 

https://figshare.com/s/61c8117024f275f39e2c
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imaging following standard dehydration with a graded series of EtOH (10-100%), 

mounted on 1/8” stubs, and sputter coated in gold. Care was taken to ensure that tissue 

samples were mounted such that SEM images of the surface plane captured the outer 

epimysial layer of the ECM. One image per sample was captured at the following 

magnifications: 40X, 500X, 1kX, 15kX to visualize collagen organization (Zeiss Sigma VP 

HD field SEM). Images collected at 1kX were then used for measurements in our image 

analysis. SEM images collected in this study are publicly available 

(https://figshare.com/s/34012e1d437c69a9c2ec). 

 

Image analysis 

Muscle fiber direction: After enzymatic digestion in sodium hydroxide, collagen structure 

was isolated from samples of diaphragm muscle. Ridges in tissue samples were still 

evident, indicating the presence of muscle fibers that had been digested from the samples 

(Fig. 3.1A). From these features, we measured muscle fiber direction manually from raw 

images (1024x768 pixels) by tracing three locations along the length of digested muscle 

fibers and averaging the angles of the traces (Fig. 3.1A). Images collected at 1kX 

magnification were rotated such that the muscle fiber direction aligned with the horizontal 

direction, and then the images were cropped to a square (540x540 pixels) (Adobe 

Illustrator) (Fig. 3.1B). Images collected at 15kX were used to confirm successful 

digestion by visually inspecting that collagen fibers were isolated and other proteins and 

attachments in the ECM were eliminated (Fig. 3.1C).  

 

https://figshare.com/s/34012e1d437c69a9c2ec
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Collagen fiber straightness: Collagen straightness (Ps) was determined using the following 

relationship:  

𝑃𝑠 = 𝐿𝑜/𝐿𝑓 
Equation 3.1 

 

 

where Lf, collagen fiber length, was calculated by manually tracing the contour path length 

of a representative collagen fiber, and Lo, the linear end-to-end straight-line length, was 

determined by drawing a straight line connecting the ends of the measured fiber. The 

collagen straightness parameter was then calculated for three representative fibers and 

averaged (ImageJ) (Fig. 3.1D). 

 

 

Figure 3.1. Overview of muscle fiber direction and collagen fiber straightness measurements from SEM images. 
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Image processing algorithm 

Local collagen measurements: We developed an image processing algorithm to 

automatically measure collagen orientation within subregions of each image in MATLAB 

(MathWorks Inc., Natick, MA). Each image was discretized into 4,096 sub-regions of 

16x16 pixels (Fig. 3.2A). We utilized built-in image processing functions (MATLAB 

R2018b and Image Processing Toolbox 3.5.8) to measure collagen fiber direction. Each 

sub-region of the image (i) was first thresholded using Otsu’s method.85 Collagen pixel 

ratio (cpri) was calculated by dividing the number of white pixels detected as collagen 

fibers (ncoll) by the number of total pixels (ntot) (Fig. 3.2B). 

𝑐𝑝𝑟𝑖 =    

𝑛𝑐𝑜𝑙𝑙

 
𝑛𝑡𝑜𝑡

 

Equation 3.2 

Fiber boundaries were determined from thresholded image subregions using canny edge 

detection (Fig. 3.2C). We then computed the Radon transform86,87 at fiber boundaries to 

measure fiber orientation88–90. The Radon transform, Rϴ(a’) provides the predominant 

angle of fiber alignment in a subregion by computing line integrals along parallel-beam 

projections oriented at discrete rotation angles (ϴ) and spaced 1 pixel apart. For a two-

dimensional function, f(a,b), a and b are the horizontal and vertical axes and a’ and b’ are 

the axes of the parallel-beam projections determined by the prescribed rotation angle (ϴ).  

Eqns 3-4 describe the Radon transform:  

𝑅𝛳(𝑎′) = ∫ 𝑓(𝑎′𝑐𝑜𝑠𝛳 − 𝑏′𝑠𝑖𝑛𝛳, 𝑎′𝑠𝑖𝑛𝛳 + 𝑏′𝑐𝑜𝑠𝛳)𝑑𝑏′
∞

∞

 

Equation 3.3 
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[
𝑎′

𝑏′] = [
𝑐𝑜𝑠𝛳 𝑠𝑖𝑛𝛳
−𝑠𝑖𝑛𝛳 𝑐𝑜𝑠𝛳

] [
𝑎
𝑏
] 

Equation 3.4 

 

For each image subregion, we computed the Radon transform Rϴ(a’) while varying 

rotation angle (0°<ϴ<180°). The subregion Radon transform reaches a unique maximum 

value at the angle of greatest pixel alignment. The maximum value of the Radon transform 

was taken as a measure of collagen alignment within each image subregion.  

 

𝑅𝑝𝑒𝑎𝑘 =  𝑚𝑎𝑥(𝑅𝛳(𝑎′)) 

Equation 3.5 

 

The angle of greatest pixel alignment was taken as the subregion predominant collagen 

fiber direction (αi) and confined to the first two quadrants such that (0°<αi<180°). (Fig. 

3.2D).  

{𝛼𝑖} =  𝑎𝑟𝑔 𝑚𝑎𝑥
𝛳
(𝑅𝛳(𝑎′)) 

Equation 3.6 

 

Predominant collagen fiber direction αi and peak Radon intensity Rpeak were calculated for 

all 4,096 image subregions (Fig. 3.2E).  

 

Mean collagen measurements: We utilized built-in MATLAB circular statistics functions91 

to calculate mean collagen direction and strength of alignment. Subregion collagen 

directions (αi) were converted to unit vectors (ri) and averaged to obtain the image mean 

resultant vector (𝐫̅).   
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𝐫𝐢 = (
𝑐𝑜𝑠(𝛼𝑖)
𝑠𝑖𝑛(𝛼𝑖)

) 

Equation 3.7 

𝐫̅ =
1

𝑁
∑𝐫𝐢 

Equation 3.8 

 

Next, the mean collagen fiber direction (cfd) was calculated per image as the acute angle 

of 𝐫̅ relative to the horizontal axis, such that (0°<cfd<90°). (Fig. 3.2H). The resultant vector 

length was used to calculate the strength of collagen fiber alignment (0<SA<1, 1=high 

alignment), capturing the circular spread in local orientations per image. 

𝑆𝐴 =  ‖𝒓̅‖ 

Equation 3.9 

 

The mean in peak Radon intensity was determined per image as a measure of subregion 

collagen alignment. The mean collagen pixel ratio was also determined per image as a 

measure of the number of pixels detected as collagen. Our SEM images were collected 

of the surface of the epimysium and thus, the collagen pixel ratio corresponds to the 

density of collagen in the imaging plane.  

𝑐𝑝𝑟𝑖𝑚𝑎𝑔𝑒 =
1

𝑁
∑𝑐𝑝𝑟𝑖

𝑖

 

Equation 3.10 

 

Sensitivity and validation: To validate the image processing algorithm and determine the 

appropriate subregion size, we first used our image processing algorithm with two 

manually-generated sets of test images of dark lines that approximated collagen fibers. 
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In the first image set, we varied collagen (line) direction over the range 0°<cpd<90° while 

holding strength of alignment constant (SAknown=1) (Supp. Fig. 3.2A).  In the second set, 

we varied strength of alignment over the range 0.92<SA<0.99 with collagen direction 

constant (cpdknown=90°) (Supp. Fig. 3.2B). To test the sensitivity of our algorithm to the 

image subregion size, we also varied the number of image subregions 

(2x2<NxN<128x128) and calculated the error between the known collagen direction and 

strength of alignment in our test images vs. the values determined by our image 

processing algorithm. As we increased the number of image subregions, error in collagen 

direction increased (Supp. Fig. 3.2C), with error in strength of alignment minimized at the 

64x64 subregion size, corresponding to 1.8x1.8 μm (Supp. Fig.2D).  Based on this 

analysis, we selected the 64x64 subregion size, which yielded a collagen direction error 

of 0.35° and a strength of alignment error of 0.014. (Supplemental Materials 3.2: 

https://figshare.com/s/794d28b5628a81b6e294) 

 

 

https://figshare.com/s/794d28b5628a81b6e294
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Figure 3.2 Overview of local collagen fiber direction measurements from SEM images. 
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In silico finite-element modeling  

Geometry: We generated finite-element (FE) models in the nonlinear finite element 

solver, FEBio (Musculoskeletal Research Laboratories, University of Utah, Salt Lake City, 

UT, USA).92 FE models corresponded to the height and width of our cropped SEM images 

(118μm x 118μm), with a constant thickness (3μm). The FE model was meshed into 

64x64 hex8 elements, with each element corresponding to one subregion (1.8μm x 

1.8μm), from our image processing algorithm (Fig. 3.3A). 

 

Material law: Connective tissue is often modeled as a composite of collagen fibers 

embedded in an isotropic “ground matrix”.93–96 The “ground matrix” is referred to as a gel-

like amorphous substance and contains all non-fibrillar components of the ECM (e.g. 

proteoglycans, glycosaminoglycans).43 Collagen fibers contribute only to the tensile 

properties of the ECM. Their stress-strain behavior exhibits distinct toe and linear regions 

under tensile deformation as collagen fibers uncrimp and straighten.97 To represent the 

skeletal muscle ECM, we assigned a coupled solid mixture constitutive model to the 

geometry.  Collagen fibers were modeled as a toe-linear fiber98, where the strain energy 

density is a function of the fiber stretch λ. A transition from the toe to linear region occurs 

at λ0, where β is the power law exponent in the toe region and E is the linear fiber modulus. 

The remaining ground substance of the ECM was modeled as a Mooney-Rivlin material99 

where c1 and c2 are the Mooney-Rivlin material coefficients and K is a bulk modulus-like 

penalty parameter for the coupled solid mixture.  Specific details and constitutive 

equations of these materials can be found in the FEBio user manual (help.febio.org). 
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Material parameters: The toe region of the collagen fiber stress-strain curve is associated 

with both the straightening of wavy collagen fibers100,101 and collagen fiber realignment,102 

often modeled with λ0=1.06.103 We explicitly modeled collagen fiber straightness by 

discretizing our image into subregions and measuring local collagen directions.  Since 

collagen fiber straightening is already accounted for in our model, we used a constant 

stretch ratio of λ0=1.01, such that it only accounts for the contribution of collagen fiber 

realignment within the image sub-regions. Due to the wide range of values for collagen 

fiber stiffness and ground matrix stiffness reported in the literature, we varied the ratio of 

E to c1 and conducted a sensitivity analysis described in detail in Supplemental Materials 

(Supplemental Materials 3.3: https://figshare.com/s/b5397e2c2093d2dbdd26). Based 

on that analysis, we saw that the influence of collagen fiber stiffness on the effective 

stiffness ratio began to stabilize when the ratio of E to c1 was greater than 500. Therefore, 

we selected a collagen fiber modulus 800 times greater than the ground matrix stiffness 

(E=800MPa, c1=1MPa). We then selected a bulk modulus to ensure incompressibility 

(K=100,000MPa).96  The purpose of our FE models was to isolate the effect of ~1μm  scale 

structural changes of collagen fiber organization on ~100 μm scale tissue mechanical 

behavior. Therefore, the material parameters shown in Table 3.1 were held constant for 

all SEM-image based models. Material axes were then assigned per element to reflect 

the subregion collagen direction measurements (αi) obtained from our image processing 

algorithm, with fiber angles in the x-y plane (Fig. 3.3B). The x axis corresponded to the 

longitudinal (muscle fiber) direction, the y axis corresponded to the transverse (cross-

muscle fiber) direction, and the z axes was orthogonal to the x and y axes. 

 

https://figshare.com/s/b5397e2c2093d2dbdd26
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Table 3.1 Material parameters for coupled solid mixture material in SEM-image based mechanical models 

Toe-linear collagen fiber 

E Fiber modulus in the linear range 800 MPa 

β Power-law exponent in the toe region 3 

λ0 Stretch ratio when toe region transitions to the linear 
region 

1.01 

Mooney-Rivlin ground matrix 

c1 Mooney-Rivlin c1 parameter 1 MPa 

c2 Mooney-Rivlin c2 parameter 0 MPa 

K Bulk-modulus 100,0000 MPa 

 

Boundary conditions: We assigned boundary conditions to simulate an equibiaxial 20% 

engineering strain (Fig. 3.3C), by prescribing displacements to the +y and +x mesh 

surfaces corresponding to the top and right edges of the SEM image, respectively. The -

y surface was fixed in y, the -x surface was fixed in x, and the +z surface was fixed in z.   

Model outputs: Cauchy stress and Lagrange strain, in the longitudinal (x, muscle fiber) 

and transverse (y, cross-muscle fiber) directions, were output for each element and 

averaged to determine the stress-strain curve for each model (Fig. 3.3D). Effective 

stiffness in the longitudinal (klong) and transverse (ktrans) directions were measured with a 

linear fit of the 18, 19, and 20% strain points and effective stiffness ratio was then 

calculated for each model (kr= ktrans/klong) (Fig. 3.3E). A sensitivity analysis was performed 

to determine the influence of applied strain percentage on model outputs of transverse 

and longitudinal stiffness. We found that model outputs of stiffness stabilized between 15-

20% strain. Further, strain percentage did not influence the trends between model outputs 

and thus our overall conclusions were not sensitive to the strain value. We normalized 

model outputs of stress and stiffness by collagen fiber modulus (E=800 MPa) due to 

uncertainty in estimates for our material parameters. 
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Figure 3.3 Overview of SEM image-based finite-element model framework.  
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Structure-function relationships between collagen organization and ECM stiffness 

To determine if ECM-level properties could be predicted by collagen-fiber level 

organization, we first compared our measurements of collagen fiber organization from the 

SEM images with mechanical properties output from the corresponding SEM-image 

based models (Fig. 3.8). This analysis allowed us to ask questions such as, “Do changes 

in collagen fiber straightness, collagen fiber direction, or collagen fiber alignment 

measured in SEM images predict changes in effective stiffness predicted in FE models?” 

To predict the influence of specific parameters of collagen organization on mechanical 

properties, we then simulated changes in each parameter alone in “simplified” images 

that we manually generated. We then used our modeling pipeline to measure the effective 

stiffness in FE models based on each simplified image. This allowed us to determine 

“theoretical” structure function relationships (Fig. 3.9) and answer questions such as, 

“How do collagen fiber straightness and collagen fiber direction influence ECM stiffness 

independently?”. By comparing the theoretical relationships with SEM image-based 

models we then asked questions such as, “Do SEM image-based models follow 

theoretical structure-function relationships?”.  

 

Simplified image-based models: First, we created images with varied collagen fiber 

direction (5°<cfd<85°), with collagen fiber straightness constant at 1.0 and then 0.85, 

since the straightness parameters from SEM images fell within this range (Supp. Fig. 

3.4A). Next, we varied collagen fiber straightness (0.589<Ps<0.997) while holding fiber 

direction constant at 90° and then 70°, since the collagen fiber directions from SEM 

images fell within this range (Supp. Fig. 3.4B). We generated FE models from each 
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simplified image and plotted the key model outputs (transverse/cross-muscle fiber 

stiffness, longitudinal/muscle-fiber stiffness, stiffness ratio) vs. the parameter that was 

varied in the simplified image. We then conducted nonlinear regression analysis to fit 

theoretical curves to the relationships between each key model output and collagen fiber 

direction (Supp. Fig. 3.4C), as well as collagen fiber straightness (Supp. Fig. 3.4D). For 

all theoretical models we matched the collagen fiber stiffness and ground matrix stiffness 

from the SEM image-based models (E=800MPa, c1=1MPa) and selected a bulk modulus 

to ensure incompressibility (K=100 MPa) (Supplemental Materials 3.4: 

https://figshare.com/s/2fe7931de519cb2864de). The image processing and modeling 

code is publicly available (https://github.com/ridhisahani/sem-fem). 

 

Statistical analysis 

Comparison of image measurements and model outputs between groups: A two-way 

analysis of variance (ANOVA) with age (3, 6, 12 months) and group (mdx vs WT) as 

factors was performed for the following measurements: (1) collagen pixel ratio, (2) 

collagen fiber direction relative to muscle fiber direction, (3) collagen fiber straightness 

parameter, (4) collagen fiber strength of alignment, (5) longitudinal/muscle-fiber direction 

effective stiffness, (6) transverse/cross-muscle fiber direction effective stiffness, (7) 

effective stiffness ratio. Assumptions of random sampling, equal variance, and normality 

of residuals were confirmed with qq plots and distribution plots. When applicable, Tukey 

HSD post-hoc comparison was performed to determine which groups were significantly 

different. Alpha was set at 0.05 for all tests.  

 

https://figshare.com/s/2fe7931de519cb2864de
https://github.com/ridhisahani/sem-fem
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Structure-function relationships between image measurements and model outputs: 

Nonlinear and linear regression were used to fit relationships between model outputs and 

collagen fiber organization (MATLAB (R2018b) and Curve Fitting Toolbox 3.5.8).104 For 

the SEM image based models, we fit linear relationships between image measurements 

(collagen fiber direction, collagen fiber straightness, collagen fiber alignment) and ECM 

effective stiffness (transverse/cross-muscle fiber direction, longitudinal/muscle-fiber 

direction), confirming assumptions of linear regression. For our models based on the 

simplified images, the assumptions for linear regression were no longer met. Therefore, 

we fit power law and exponential relationships between the parameters varied in the 

simplified images (collagen fiber direction, collagen fiber straightness) and model outputs 

of ECM effective stiffness (transverse, longitudinal). Power law relationships were better 

fits between collagen fiber straightness and ECM effective stiffness (transverse, 

longitudinal), and exponential relationships were better fits between collagen fiber 

direction and ECM effective stiffness (transverse, longitudinal). For all models, both SEM 

image based and simplified image based, we determined the stiffness ratio by dividing 

the curve fits for transverse effective stiffness by the curve fits for longitudinal effective 

stiffness.  

3.4 Results  

 

Collagen fibers were straighter and more highly aligned in mdx and older WT mice 

but retained a transverse orientation relative to muscle fibers.  

Changes in collagen fiber organization can be detected visually in the SEM images 

(Fig.3.4). Collagen fiber straightness was significantly greater in mdx over WT at 3 

months (mdx=0.976±0.0108, WT=0.887±0.0309, p=3.3e-6) and 6 months 
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(mdx=0.942±0.0182, WT=0.881±0.0163, p=1.0e-3). Collagen fiber straightness was also 

significantly greater in 12-month-old WT (0.931±0.0289) over 3-month-old WT 

(0.887±0.0309), (p=0.027), as well as 12-month-old WT (0.931±0.0289) over 6-month-

old WT (0.881±0.0163), (p=0.0090) (Fig. 3.5A). Collagen fiber strength of alignment was 

significantly greater in mdx over WT groups at 3 months (mdx=0.876±0.0333, 

WT=0.759±0.0416, p=3.0e-5) and 6 months (mdx=0.840±0.0315, WT=0.759±0.0368, 

p=4.5e-3) (Fig. 3.5B). Collagen pixel ratio ranged from 0.47-0.61, with no significant 

differences between age or disease groups (Fig. 3.5C). Collagen fiber direction relative 

to muscle fiber direction ranged from 70-90°, with no significant differences between age 

or disease groups (Fig. 3.5D).  
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Figure 3.4 SEM images of epimuscular collagen in mdx and WT mice. 
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Figure 3.5 SEM image based measurements. (A) Collagen fiber straightness (B) Collagen strength of alignment (C) 
Collagen pixel ratio (D) Mean collagen orientation relative to the muscle fiber direction (E) Peak radon transform value 
per image. Significance between groups shown with bars, where p<0.05 and n=6 mice per group. 
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The mechanical models predicted that longitudinal effective stiffness was greater 

in WT mice compared to mdx mice, while transverse effective stiffness and the ratio 

of transverse to longitudinal effective stiffness was greater in mdx mice compared 

to WT mice. Variations in collagen fiber organization measured in SEM images were 

reflected qualitatively in the element stresses in the FE models. (Fig. 3.6). Longitudinal 

(muscle fiber direction) effective stiffness was significantly greater in WT over mdx at 3 

months (mdx=0.143±0.0464, WT=0.268±0.0451, p=1.21e-4) and 6 months 

(mdx=0.177±0.0330, WT=0.268±0.0383, p=5.93e-3) (Fig. 3.7C). Transverse (cross-

muscle fiber direction) effective stiffness was significantly greater in mdx over WT at 3 

months (mdx=0.646±0.0826, WT=0.500±0.0699, p=6.75e-3) and 6 months 

(mdx=0.633±0.0492, WT=0.487±0.0692, p=7.15e-3) (Fig. 3.7D). For all SEM-image 

based models, the effective stiffness ratio was greater than 1, indicating greater stiffness 

in the direction transverse to the muscle fibers. The effective stiffness ratio was also 

significantly greater in mdx over WT at 3 months (mdx=5.45±2.04, WT=1.97±0.670, 

p=1.32e-4) and 6 months (mdx=4.05±0.985, WT=1.96±0.506, p=3.50e-24.6e-3) (Fig. 

3.7E).  
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Figure 3.6 Finite-element models based on images of 3-month-old mdx and WT mice (seen in Figure 4). Element 
stress normalized by collagen fiber stiffness is plotted in the longitudinal/muscle-fiber (top) and transverse/cross-
muscle fiber (bottom) directions. 
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Figure 3.7: (A) Longitudinal/muscle-fiber direction effective stiffness at 20% strain, normalized by collagen fiber 
stiffness. (B) Transverse/cross-muscle fiber direction effective stiffness at 20% strain, normalized by collagen fiber 
stiffness. (C) Stiffness ratio quantified as the transverse stiffness divided by longitudinal stiffness. Significance 
between groups shown with bars, where p<0.05 and n=6 mice per group. 

 

Collagen fiber straightness and collagen fiber alignment were significant 

predictors of SEM-image based model outputs. There were positive linear 

relationships between collagen fiber straightness and transverse (cross-muscle fiber 

direction) effective stiffness (ktrans= 1.827*Ps -1.122, R2=0.6) and between collagen fiber 

alignment and transverse (cross-muscle fiber direction) effective stiffness (ktrans= 1.423*R 

-0.5731, R2=0.8) (Fig. 3.8B,C). There were negative linear relationships between collagen 
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fiber straightness and longitudinal (muscle fiber direction) effective stiffness (klong= -

1.189*Ps +1.1323, R2=0.7) and between collagen fiber alignment and longitudinal (muscle 

fiber direction) effective stiffness (klong= -1.09*R +1.097, R2=0.9) (Fig. 3.8 E,F). The data 

points follow the effective stiffness ratio determined from the linear fits (kratio= ktrans/klong) 

(Fig. 3.8 G,H,I). There were no significant relationships between collagen fiber direction 

and longitudinal or transverse effective stiffness (Fig. 3.8 A,D,G). 
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Figure 3.8 Relationships between collagen fiber organization measured from SEM images and tissue level properties 
predicted from mechanical models. Linear relationships for transverse/cross-muscle fiber direction and 
longitudinal/muscle-fiber direction stiffness vs. collagen fiber straightness and alignment were calculated with linear 
regression (A-F). Relationships for stiffness ratio were calculated by dividing fits for transverse stiffness (A-C) by fits 
for longitudinal stiffness (D-F).  
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Theoretical structure-function relationships between collagen fiber organization 

and tissue stiffness were determined from simplified image-based models. FE 

models based on simplified images predicted power law relationships between collagen 

fiber straightness and effective stiffness and exponential relationships between collagen 

direction and effective stiffness (Fig. 3.9). Collagen fiber direction vs. effective stiffness: 

The transverse (cross-muscle fiber direction) stiffness values from the SEM-image based 

models were better approximated by the theoretical curve with collagen fiber straightness 

constant at 1 (Fig. 3.9A). Both theoretical curves predicted lower values for longitudinal 

(muscle fiber direction) effective stiffness than the SEM-image based models (Fig. 3.9C). 

The effective stiffness ratio values from the SEM-image based models were better 

approximated by the theoretical curve with collagen fiber straightness constant at 85˚ 

(Fig. 3.9E). Collagen fiber straightness vs. effective stiffness: The transverse (cross-

muscle fiber direction) stiffness values from the SEM-image based models were better 

approximated by the theoretical curve with collagen fiber direction constant at 90˚ (Fig. 

3.9B). Both theoretical curves predicted lower values for longitudinal (muscle fiber 

direction) effective stiffness than the SEM-image based models (Fig. 3.9D). The effective 

stiffness ratio values from the SEM-image based models were better approximated by 

the theoretical curve with collagen fiber direction constant at 70˚ (Fig. 3.9F). 
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Figure 3.9: Theoretical relationships between collagen fiber organization from simplified images and tissue level 
properties predicted from mechanical models (see Supplemental Materials 4). Relationships for transverse and 
longitudinal stiffness vs. collagen fiber straightness and direction were calculated with nonlinear regression (A-D) and 
relationships for stiffness ratio were calculated by dividing fits for transverse stiffness (A-B) by fits for longitudinal 
stiffness (C-D). Power law relationships between collagen fiber straightness and model outputs with collagen 
direction constant at 90° (solid lines) and 70° (dashed lines) are shown in B,D,F. Exponential relationships between 
collagen fiber direction and model outputs with collagen fiber straightness constant at 1 (solid lines) and 0.85 (dashed 

lines) are shown in B,D,F. R2>0.95 for all fits. 
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3.5 Discussion 

 

In this study we tested the hypotheses that collagen structure within the ECM is altered 

in DMD and that these changes have implications on the mechanical properties of the 

ECM. We first visualized collagen structure with SEM images and then developed an 

analysis framework to quantify collagen organization and explore the influence of our 

measurements on ECM mechanics (Fig. 3.1-3.3). The image analysis reveals that 

collagen fibers within the diaphragm muscle epimysium are oriented transversely, with 

increased collagen fiber straightness and alignment with age and disease (Fig. 3.5).  

From the SEM image-based mechanical models, we predict that transverse (cross-

muscle fiber direction) effective stiffness is also increased with age and disease. 

Additionally, both healthy and diseased models reveal an increase in transverse (cross-

muscle fiber direction) effective stiffness relative to longitudinal (muscle fiber direction) 

effective stiffness, with the ratio of transverse to longitudinal effective stiffness increased 

with disease (Fig. 3.7). Collagen fiber straightness and alignment measured in the SEM 

images were significant predictors of transverse and longitudinal stiffness output from our 

models, while collagen direction was not (Fig. 3.8). From the models based on simplified 

images, we predict theoretical power law relationships between collagen fiber 

straightness and effective stiffness and theoretical exponential relationships between 

collagen direction and effective stiffness (Fig. 3.9).  

 

Our findings implicate changes in ECM structure and mechanics on the mechanical 

properties of diaphragm muscle. As DMD progresses in patients, pulmonary function 

declines36 as the diaphragm muscle weakens with age.37,38 To understand how tissue 
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level properties lead to changes in muscle function, animal models such as the mdx 

mouse allow us to measure tissue properties with disease. Mechanical properties of 

diaphragm muscle are often measured from uniaxial strip tests and show a decrease in 

elasticity and contractile force in mdx diaphragm.12,105 However, unlike most skeletal 

muscles, the diaphragm sustains biaxial loads in vivo and exhibits nonuniform and 

anisotropic behavior.61,62,106 From uniaxial tests of rat diaphragm muscle, Boriek et al. 

report that extensibility of diaphragm tissue is decreased when loaded uniaxially 

transverse to muscle fibers, than when loaded uniaxially along muscle fibers.62 From 

biaxial tests of healthy canine diaphragm muscle, Boriek et al. reported that samples were 

stiffer and more non-linear transverse to muscle fibers than along the muscle fiber 

direction.61 In our models, we simulated a 20% equibiaxial test and predicted that both 

healthy and mdx tissue was stiffer transverse to the muscle fiber direction, similar  to 

Boriek et al.’s findings.61 While our models of healthy murine tissue predicted about a two 

times increase in transverse relative to longitudinal stress, Boriek et al. reported about a 

five times increase in transverse to longitudinal stress in healthy canine tissue at 20% 

longitudinal strain when a load corresponding to 20% transverse strain was applied. 

Differences in the experimental conditions and animal models may account for the 

decreased stiffness ratio predicted in our healthy models and future studies in murine 

diaphragm tissue are needed to make direct comparisons with our model predictions.  

 

In our study we only modeled the ECM, focusing on the effects of collagen organization, 

and found that WT tissue was stiffer than mdx in the longitudinal direction. Indeed, 

previous studies report that longitudinal muscle stiffness is greater in mdx tissue than WT 
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and Stedman et al. reported that the dynamic elastic modulus of mdx diaphragm muscle 

was more than 30 times greater than WT12. Although we expect that in mdx muscle tissue 

both longitudinal and transverse stiffness are greater than in WT muscle tissue, we posit 

that the increase in transverse passive stiffness is due to the organization of collagen 

fibers. Surprisingly, Smith et al. did not find any significant differences in longitudinal 

passive stiffness in mdx and healthy diaphragm muscle tissue although collagen area 

fraction was approximately four times greater in mdx relative to WT mice at 12 months.14 

Based on the findings presented here, the increase in collagen amount may play a larger 

role on the transverse properties in the diaphragm muscle, requiring biaxial mechanical 

testing to elucidate the role of collagen on passive mechanics.  

 

The methods presented here offer a novel framework to explicitly model the 

influence of ECM structure on mechanical properties. In a previous constitutive model 

of epimysium from rat tibialis anterior muscle107, Gao et al represented collagen fibers 

with unit cells and assigned unit cell angle from collagen fiber distributions that were 

measured experimentally25 but were not specific to the epimysium. In the image-based 

modeling pipeline presented here, we explicitly modeled collagen organization by 

assigning fiber directions in each finite element, allowing for a framework that can be 

easily translated. In the SEM images, we found an increase in collagen fiber straightness 

in older healthy mice relative to younger healthy mice (Fig. 3.5A), but this difference was 

not reflected in the model predictions (Fig. 3.7). In both images and models, we did not 

find any differences between diseased and healthy groups at 12 months, suggesting that 

the ECM of older healthy mice resembles that of diseased mice. A benefit of our modeling 
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pipeline is that we can relate collagen fiber-level structural parameters to tissue-level 

mechanical parameters to predict structure-function relationships. In the models based 

on SEM images, significant relationships were seen between collagen fiber straightness 

and alignment with effective stiffness, but not collagen fiber direction (Fig. 3.8). 

Theoretically, we would expect collagen fiber direction to be an important predictor of 

tissue properties and the models based on simplified images show an exponential 

relationship between collagen direction and tissue stiffness (Fig. 3.9). However, in the 

SEM-image based models collagen direction was not a dominant factor in distinguishing 

the properties across samples. This may be due to the fact that collagen fiber direction 

did not vary greatly between the tissue samples or because collagen alignment and 

straightness accounted for key differences between samples and had a greater impact 

on stiffness. For all SEM image-based models, the effective stiffness was greater in the 

transverse/cross-muscle fiber direction relative to longitudinal/muscle-fiber direction 

(kr>1), and collagen fibers were oriented in the transverse direction. Taken together, 

these findings suggest that although collagen fiber direction determines the direction in 

which the ECM will be stiffer in tension, collagen fiber straightness and alignment explain 

differences in model predictions for mdx and WT mice.  Another advantage of the 

methods presented here is that we can isolate structural parameters using simplified 

images and predict “theoretical” structure-function relationships from our FE models. By 

comparing these theoretical curves with the SEM image-based models, we can see that 

accounting for collagen fiber direction or collagen fiber straightness alone is not sufficient 

for explaining the changes in tissue level properties we predicted with age and disease in 
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our FE models. This suggests that there is isotropy beyond changes in collagen fiber 

straightness or direction that play a role in distrusting stresses throughout the ECM.  

 

There are some limitations of this approach that should be mentioned. Enzymatic and 

detergent digestions such as the sodium hydroxide protocol used in this study have been 

shown to alter the mechanical properties of the ECM.42 While this is what motivated us to 

use modeling to explore the mechanical implications of the ECM, changes in the structure 

of collagen fibers may have been influenced by removing all other ECM components. As 

chemical fixation has been shown to lead to tissue shrinkage, 108 there may have been 

shrinkage in our diaphragm muscle samples before isolating the ECM, as well as during 

the dehydration preparation for SEM imaging. This tissue shrinkage may have influenced 

the straightness of collagen fibers, possibly increasing the waviness we detected. Since 

all samples underwent the same protocol, we assume that these influences were constant 

between groups. 

 

All samples were physically unconstrained throughout the duration of our protocol. Our 

images were captured after muscle fibers and additional ECM components were 

digested, leaving only the collagen fibers. Although all samples were imaged with the 

epimysium in a stress-free configuration, the collagen fibers may still have some form of 

stress and we cannot directly relate this configuration to in vivo muscle fiber lengths. 

Collagen fiber angle is known to vary with muscle fiber length, with collagen becoming 

more aligned with muscle fibers at greater sarcomere lengths.109 Therefore, the 

transverse collagen fibers we measured in our samples may reflect their position at 
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shorter sarcomere lengths. As collagen becomes more aligned with the muscle fiber 

direction at greater sarcomere lengths, the wavier collagen fibers may allow for more 

lengthening while the straighter fibers may prevent longer muscle fiber lengths from being 

achieved.  Henry et al. reported a decrease in “resting”  sarcomere length  in mdx 

diaphragm muscle relative to WT,45  suggesting that they operate on different regions of 

the force-length curve. Based on our findings, we posit that the straighter collagen fibers 

measured in our mdx samples may contribute to this leftward shift on the force-length 

curve.  

 

In the FE models, we grouped all collagen subtypes in one material and did not account 

for changes in other ECM components or crosslinking of collagen fibers, although 

increased collagen crossing linking has been previously reported in mdx mouse 

diaphragm tissue and muscle from patients with DMD.54 For this reason, it is important to 

acknowledge that the results presented in this work focus on the effects of collagen fiber 

organization alone. Additionally, we did not measure mechanical properties of our 

decellularized samples directly. While simplistic, this allowed us to focus specifically on 

relating structural parameters at the collagen fiber level to bulk level tissue properties. 

Thus, the modeling results presented here are theoretical in nature and provide 

interesting hypotheses for future experiments to examine changes in passive mechanics 

of the dystrophic diaphragm.   

 

The skeletal muscle ECM is a complex three-dimensional scaffold that is organized 

uniquely across muscle groups. Skeletal muscle fibrosis is often characterized with 
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images of muscle cross-sections showing a honeycomb structure of the perimysium, 

surrounding muscle fascicles, and endomysium, surrounding muscle fibers.25–27 The 

structure of the endomysium is similar across skeletal muscles,28 while differences in 

perimysium and epimysium are reported across muscle groups and with disease. Borg 

et. al report that perimysium from diaphragm muscle is less developed than other skeletal 

muscle groups where large bundles of collagen fibers are seen, arranged both parallel 

and circumferential to muscle fibers.28 An increase in the number of such “perimysial 

collagen cables” has been reported with fibrosis, 110 but their prevalence in diaphragm 

muscle fibrosis remains unknown. In our study, we collected images of the diaphragm 

muscle epimysium, the outermost layer of the ECM surrounding skeletal muscle. 

Differences in the structure of the epimysium are also reported across skeletal muscles, 

where a cross-ply arrangement of wavy collagen fibers oriented approximately 55° to the 

muscle fiber direction is reported in long strap-like muscle and a dense layer of collagen 

fibers aligned parallel to muscle fibers is reported in pennate muscle.26 These muscles 

sustain uniaxial loads in vivo, and thus collagen fibers aligned with the muscle fiber 

direction may mainly contribute to the longitudinal, or along muscle fiber properties. Gao 

et al. report that the outer layer of the epimysium in rat tibialis anterior muscle consists of 

wavy collagen fibers highly aligned in a “predominant direction” but do not report the 

direction relative to muscle fiber direction or quantify collagen alignment or 

straightness.111 Our SEM images show a similar arrangement to Gao at al. in the 

diaphragm muscle epimysium, but with collagen fibers oriented transverse to muscle 

fibers. As the diaphragm sustains biaxial loads in vivo, this suggests that the epimysium 

may mainly contribute to its transverse, or cross-muscle fiber properties. We hypothesize 
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that the arrangement of collagen fibers we measured in the epimysium is unique to the 

diaphragm muscle and highlights the need to study the arrangement of collagen fibers in 

each muscle before we can determine how changes during fibrosis affect its mechanical 

properties. 

 

Compared to other skeletal muscles, the diaphragm is thin and relatively flat with a larger 

surface to volume ratio. Thus, the epimysium spans a greater area as it is continuous with 

the surface of the diaphragm muscle and may be responsible for bearing a greater 

amount of load relative to the peri- and endomysium.  Griffiths et al. report the presence 

of an elastin rich layer of connective tissue on the thoracic surface of sheep diaphragm 

muscle, which provides elastic recoil and reduces stress on the diaphragm muscle.112 A 

similar structure has not been reported in mouse diaphragm muscle, nor did we notice 

the presence of one during our muscle isolation. However, the epimysium may serve a 

similar purpose and the increased collagen fiber straightness and alignment we measured 

in mdx epimysium may increase stress on the diaphragm muscle. Although the 

epimysium may play a larger role in the diaphragm muscle, future studies are still needed 

to explore changes in collagen organization within the intramuscular ECM layers. Prior 

studies report that the endomysium is composed of a planar network of irregularly wavy 

collagen fibers,25,26 and thus the changes in alignment and straightness that we measured 

in the epimysium may also be implicated in these layers in the diaphragm muscle.  

 

The skeletal muscle ECM is essential for transmitting forces from muscle fibers. 

Muscle fibers can transmit force both longitudinally along the muscle fiber axis, and 
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laterally to adjacent muscle fibers.113–115 Lateral force transmission occurs through 

physical linkages between the actin cytoskeleton and ECM at the muscle fiber 

membrane.18 This notion is supported by the ability of the endomysium to transmit forces 

between intrafascicularly terminating muscle fibers through shear115 and the physical 

continuity of the perimysium from muscle to tendon.20 Huijing et al. describe “epimuscular 

myofascial force transmission” as the force transmitted between muscle and its 

surroundings through the epimsuyim.19 This idea is supported through experiments where 

force transmission still occurs after tendonotomy116,117 and differences in proximal and 

distal force are measured when the muscle-tendon complex length is held constant.118 

Such experiments provide strong evidence of force transmission through pathways other 

than the myotendinous junctions and highlight the role of the ECM. Damage to connective 

tissue is shown to hinder force transmission and we must consider how fibrosis affects 

the ability of the ECM to transmit forces.118 In mdx mice, where the muscle fiber 

membrane is weakened due to the lack of dystrophin, lateral force transmission is 

severely impaired.114 The diaphragm muscle has a complex architecture with a majority 

of intrafascicularly terminating muscle fibers,119 suggesting that the ECM is especially 

critical for lateral force transmission. The SEM images in this study revealed that collagen 

fibers are oriented transverse to the muscle fibers, suggesting that they may serve as a 

direct pathway for transmitting forces laterally between muscle fibers.  Thus, changes in 

the alignment or straightness of these transversely oriented collagen fibers may influence 

the ability of the ECM to transmit lateral forces between neighboring muscle fibers of from 

muscle fibers to tendon. 
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We must consider the role of collagen organization on respiratory insufficiency in 

DMD. To hypothesize the implications of our findings on respiration we must first consider 

the unique architecture of the diaphragm muscle. The diaphragm is a dome shaped, 

“sheet-like” muscle, with a central tendon connecting to the costal and crural muscle 

domains.120 In our study, we collected samples from the costal region.  In this region, the 

muscle fibers are arranged radially from the central tendon to insertion at the rib cage. 

Therefore, if we consider our results at the whole-muscle level we expect that collagen 

fibers are arranged circumferentially to maintain the transverse orientation we measured 

at high magnifications. Collagen fibers are responsible for generating force when 

stretched in tension, implicating that the epimysium limits circumferential expansion of the 

diaphragm muscle. This suggests that the epimysium may regulate the ability for the 

diaphragm muscle to return to its fully relaxed configuration during expiration, preventing 

it from moving through the proper excursion lengths contributing to insufficiency. To better 

understand the mechanical role of the epimysium on respiratory insufficiency we must 

characterize the changes in biaxial properties of diaphragm muscle with fibrosis and 

develop methods to quantify in vivo motion of the diaphragm during respiration. 

 

Future work should consider the unique structure and mechanics of fibrotic tissue 

in therapies for DMD. Despite progress in recent years, DMD remains a fatal condition, 

with fibrosis a key contributor to muscle dysfunction and hypothesized to decrease the 

effectiveness of therapeutics. Anti-fibrotic therapies target inflammatory pathways such 

as TGF-β, but their effectiveness is measured by decreasing levels of collagen 

expression, without accounting for changes in ECM structure or mechancis.121,122 The 
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importance of mechanical and structural properties of the ECM is well documented in the 

literature, with ECM stiffness and alignment key regulators of cellular behaviors involved 

in fibrosis, such as fibroblast alignment, migration, and proliferation.49,50 Our study reveals 

changes in both ECM structure and mechanics in fibrosis, highlighting the need to study 

the role of therapeutics on collagen organization. Further, we must account for differences 

in collagen organization between tissue systems, especially as we aim to alleviate the 

deleterious impacts of fibrosis in DMD in the diaphragm muscle. 
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3.6 Glossary of Terms 

 

Longitudinal/muscle fiber direction: direction of muscle fibers, aligned with the horizontal 

axes 

Transverse/cross muscle fiber direction:  direction transverse to muscle fiber direction, 

aligned with vertical axes 

Collagen fiber direction (0°<cfd<90°): average of collagen fiber directions measured in 

each image subregion reported relative to muscle fiber direction, automatically output 

from image processing algorithm 

Collagen fiber straightness (0<Ps<1): straightness of collagen fibers (Ps=Lo/Lf ,), where Lo 

= linear end-to-end straight-line length of collagen fiber and Lf,=collagen fiber path length, 

measured manually in ImageJ 

Collagen fiber strength of alignment (0<SA<1, 1=high alignment): alignment of collagen 

fibers across image subregions calculated from resultant vector length (𝑆𝐴 =  ‖𝒓̅‖), 

automatically output from image processing algorithm  

Transverse effective stiffness (ktrans): tissue-level stiffness in the cross-muscle fiber 

direction calculated from mechanical models at 20% applied biaxial strain 

Longitudinal effective stiffness (klong): tissue-level stiffness in the muscle fiber direction 

calculated from mechanical models at 20% applied biaxial strain 

Effective stiffness ratio: transverse effective stiffness divided by longitudinal effective 

stiffness (kratio= ktrans/klong 
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Chapter 4  
 

 

It’s more than the amount that counts- 
implications of collagen organization 

on passive muscle tissue properties revealed 
with multiscale mechanical models and experiments. 

 
Acknowledgements: Kaitlyn Hixson, Silvia S. Blemker 

 

 

 

The middle is messy, 

 

but it’s also where the magic happens. 

 

—Brenè Brown 
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4.1 Abstract 

 
Collagen accumulation is often used to characterize skeletal muscle fibrosis, but 

collagens’ role in passive muscle mechanics remains debated. Here we combined 

multiscale finite element models and experiments to examine how collagen organization 

contributes to macroscopic muscle tissue properties. Tissue microstructure and 

mechanical properties were measured from in vitro biaxial experiments and imaging in 

dystrophin knockout (mdx) and WT diaphragm muscle. Micromechanical models of 

intramuscular and epimuscular extracellular matrix (ECM) regions were developed to 

account for complex microstructure and predict bulk properties, and directly calibrated 

and validated with the experiments. The models predicted that intramuscular collagen 

fibers align primarily in the cross-muscle fiber direction, with greater cross-muscle fiber 

alignment in mdx models compared with WT. Higher cross-muscle fiber stiffness was 

predicted in mdx models compared with WT models and differences between ECM and 

muscle properties were seen during cross-muscle fiber loading. Analysis of the models 

revealed that variation in collagen fiber distribution had a much more substantial impact 

on tissue stiffness than ECM area fraction. Taken together, we conclude that collagen 

organization explains anisotropic tissue properties observed in the diaphragm muscle and 

provides an explanation for the lack of correlation between collagen amount and tissue 

stiffness across experimental studies.   

 

 
 
KEYWORDS: collagen organization, passive muscle properties, biomechanics 
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4.2 Introduction 

 

The development of fibrosis leads to muscle dysfunction in several neuromuscular 

disorders and impairments. As healthy muscle is replaced by noncontractile fibrotic 

tissue, increased passive stiffness contributes to decreased mobility and quality of life. 

An accumulation of collagen is often used to characterize fibrosis, simplifying the complex 

microstructure of collagen fibers within the extracellular matrix (ECM). The ECM is as a 

key contributor to passive muscle properties123 and transmits both physical and chemical 

signals within muscle tissue.18–20 The epimysium (epimuscular ECM) surrounds the 

outermost surface of skeletal muscle, and the perimysium and endomysium 

(intramuscular ECM) separate muscle fascicles and muscle fibers.25–27 Collagen fibers 

regulate the structure and tensile properties of the ECM, with unique collagen 

arrangements reported across muscle groups and between ECM layers.26,111 However, 

the relationship between ECM structure and muscle function remains poorly understood, 

particularly in complex muscles such as the diaphragm, which is severely affected in 

progressive muscle diseases such as Duchenne muscular dystrophy (DMD). 80,124 

 

The diaphragm muscle is anisotropic, with higher tissue stiffness in the direction 

perpendicular to muscle fibers as compared to the stiffness along muscle fibers.61–63 

Interestingly, while the dystrophin knockout mouse model (mdx) exhibits notable 

increases in fibrosis in the diaphragm (as in humans),12,45,81,124 the amount of collagen 

only exhibits a minimal correlation with diaphragm passive muscle tissue stiffness.14 

Previous experiments found higher along- and cross-muscle fiber tissue stiffness in mdx 

relative to WT diaphragm (from biaxial tests)64 and higher along-muscle fiber tissue 
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stiffness in D2.mdx relative to WT diaphragm (from uniaxial tests),60 but these differences 

were no longer observed after enzymatically digesting collagen.60,64 While the 

collagenase impacted tissue stiffness, it did not affect collagen content (measured by 

collagen solubility assay)60 and had a minimal impact on collagen area fraction (measured 

with imaging),64 suggesting that alterations in collagen microstructure during enzymatic 

digestion contribute to the loss of stiffness. Indeed, increased intramuscular collagen fiber 

alignment relates to increased passive stiffness in mdx lower limb muscle,125 and distinct 

relationships between intramuscular collagen alignment and stiffness are observed 

across muscle groups.126   Similarly, we previously observed changes in epimuscular 

ECM of diaphragm muscle tissue in mdx compared to WT mice that also has implications 

on tissue stiffness.127 Taken together, it is clear that it is more than the amount that 

matters, leading us to the following question: do variations in collagen organization in 

ECM layers explain why collagen amount does not correlate with muscle tissue stiffness 

in mdx diaphragm? 

 

The above question is very challenging to answer through experiments alone; however, 

computational modeling empowers us to precisely examine how microstructural 

variations contribute to macroscopic tissue properties. For example, previous 

micromechanical models generated from images of muscle cross-sections revealed how 

fascicle cross-sectional morphology influences the transversely anisotropic behavior at 

the tissue level.15 Furthermore, micromechanical models created using Voronoi 

tessellation to replicate muscle fiber geometries71 examined how variations in structure 

along the muscle fiber direction influence shear properties,74 how the ECM mediates 
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strain propagation from damaged fibers,128 and how changes in connective tissue with 

aging influence macroscopic muscle force.75  Micromechanical models that simulated 

changes in microstructure seen in DMD found that the effect of increased ECM area 

fraction was highly dependent on the stiffness of the ECM.76 These previous models 

provided key insights, but simplify the representation of the ECM as isotropic,128 

transversely isotropic aligned with muscle fibers,15,76 or use a generalized helical 

assumption to represent collagen direction.71,74,75 Therefore, they do not account for 

distinct ECM layers or incorporate the ability to examine the role of changes in collagen 

microstructure on muscle tissue properties. These models also rely on integrating 

measurements from several studies across different skeletal muscle groups,71,74,75,128 so 

it would be impossible to use these models to answer specific questions about variations 

in the structure and function of a particular muscle.  

 

Here we introduce a novel framework that couples experimental measurements with 

multiscale finite element models to examine how microstructural variations account for 

measured differences in macroscopic tissue properties. Specifically, the goals of our 

study were to (1) measure diaphragm muscle tissue structure using imaging and biaxial 

mechanical properties in mdx and WT mice, (2) develop, calibrate, and validate a 

modeling framework that relates the multiple layers of ECM microstructure to bulk muscle 

tissue properties, and (3) predict how changes in tissue microstructure contribute to 

impairments during disease.  



 

 

64 

 

 

4.3 Methods 

 

Our framework combines experimental measurements of tissue microstructure and 

mechanical properties with multiscale finite element models to investigate how collagen 

organization within the epimuscular and intramuscular ECM influences skeletal muscle 

tissue properties (Fig 4.1). All experiments were conducted in diaphragm muscle tissue 

from 6-month-old mdx and WT mice and used to develop mdx and WT models. 

Micromechanical models of intramuscular and epimuscular regions were developed to 

account for complex microstructure and coupled to predict bulk muscle tissue properties. 

In vitro biaxial experiments were performed to measure bulk tissue stresses and stiffness 

for model calibration and validation. Imaging measurements were collected to determine 

tissue microstructure to initialize the intramuscular model geometries and couple the 

intramuscular and epimuscular model predictions.  

 

Figure 4.1: Overview of coupled framework leveraging imaging (A), mechanical modeling (B) and biaxial testing (C). 
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4.3.1 In vitro biaxial mechanical testing 

All experiments were approved by the University of Virginia Animal Care and Use 

Committee and conducted in C57BL/10ScSn-Dmdmdx/J male mice (mdx), and C57BL/6J 

male mice (WT), purchased from Jackson Laboratories (n=6 WT, n=5 mdx). Mice were 

humanely euthanized with CO2 and cervical dislocation. Incisions were made above and 

below the xiphoid process of the sternum to allow pressure to equalize. The entire 

diaphragm muscle was then excised along with its attachments to the ribs and placed in 

a chilled 30mM solution of 2,3-butanedione monoxime (BDM) to prevent actin-myosin 

crossbridge formation. A 5x5 mm sample was dissected from the costal region on the 

right side of diaphragm muscle while keeping the whole diaphragm muscle pinned to 

maintain its length. The excised sample was loaded into a Cell Scale Biotester (CellScale, 

Waterloo, Canada) such that the 3+ direction corresponded to the longitudinal/muscle 

fiber direction and 1+ direction corresponded to the transverse/cross-muscle fiber 

direction (Fig 4.2A). The sample was speckled with graphite powder for strain tracking 

analysis and lowered into BDM solution for the duration of the testing. The tissue was 

preloaded to 10mN in both directions and tested in four loading conditions. The first 

condition simulated muscle contraction by applying 5% along-muscle fiber shortening and 

5% cross-muscle fiber lengthening (in vivo). The second condition prescribed 10% 

equibiaxial along- and cross muscle fiber lengthening (biax).  The third condition applied 

10% uniaxial lengthening in the along-muscle fiber direction (uniax along).  The fourth 

condition applied 10% uniaxial lengthening in the cross-muscle fiber direction (uniax 

cross) (Fig 4.2B). Five cycles of each stretch condition were applied, and the final cycle 

was analyzed to minimize the effects of viscoelastic behavior. A contralateral sample from 
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the left side of diaphragm muscle was dissected and used to measure thickness with a 

laser displacement sensor (Keyence, Itasca, IL). Thickness was measured in nine evenly 

spaced locations and averaged. The sample was then placed in optimal cutting 

temperature solution and snap frozen in liquid nitrogen cooled isopentane for imaging. 

We assumed symmetry between the two halves of the diaphragm, as differences in 

microstructure are not observed between the left and right sides.45,129 

 
Images of the tissue sample were collected during the duration of the test and used for 

strain tracking analysis. Digital image correlation was performed to obtain the deformation 

gradient (F)130 and determine the components corresponding to deformation in the along 

and cross-muscle fiber directions (F11, F33, F13, F31). Lagrangian strain (E) was then 

calculated with the following equation: 

E = 
1

2
(𝐹𝑇𝐹 − 𝐼) 

 
Equation 4.1 

Along- (A3) and cross- (A1) muscle fiber cross-sectional tissue areas were calculated 

using the measured tissue thickness and sample length and widths recorded during 

testing. Along (f3) and cross (f1) muscle fiber force-displacement data was output from the 

Biotester and an exponential curve was fit to the data to resample the force data and filter 

out noise.  Along-muscle fiber (t33) and cross-muscle fiber (t11) Cauchy stresses were 

calculated with the following equation:  

𝑡11 =
𝑓1

𝐴1
√𝐹11

2 + 𝐹13
2 ,  𝑡33 =

𝑓3

𝐴3
√𝐹33

2 + 𝐹31
2  

Equation 4.2    

For each sample, tissue stress and strain values were plotted and resampled with an 

exponential function. A linear fit was calculated using three points near the specified strain 
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value and used to calculate stress and stiffness (Fig 4.2C). For the in vivo condition, 

along- and cross-muscle fiber stress was analyzed at 1% cross-muscle fiber tissue strain. 

For the biaxial and uniaxial conditions, along- and cross- muscle fiber stresses were both 

analyzed at 3.5% along- or cross muscle fiber strain. 

 

Figure 4.2 Overview of in vitro biaxial mechanical testing. (A) A 5x5mm sample of diaphragm muscle tissue was 
excised from the costal region and loaded into the Biotester. Rakes were attached to align with the along-muscle fiber 
(3+) and cross-muscle fiber (1+) directions. (B) Samples underwent four loading conditions: (1) 5% along-muscle 
fiber shortening and 5% cross-muscle fiber lengthening (in vivo), (2) 10% equibiaxial along- and cross muscle fiber 
lengthening (biax), (3) 10% uniaxial along-muscle fiber lengthening (uniax along), (4) 10% uniaxial cross-muscle fiber 
lengthening (uniax cross). (C) For each sample, raw tissue stress and strain values were plotted (x) and resampled 
with an exponential function (o). A linear fit was calculated using three points near the specified strain value and used 

to calculate stress and stiffness. 
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4.3.2 Ex vivo imaging of tissue microstructure 

Snap frozen tissue samples were cryosectioned perpendicular to the muscle fiber 

direction to obtain 15µm thick cross-sections and mounted onto microscope slides. Slides 

were air dried for 20 mins and then fixed with ice cold acetone for 30 mins. Picrosirius red 

staining was performed with the following steps: 1) Rehydrate with 100%, 95%, and 70% 

EtOH (3 min each) and rinse in deionized H20 (1 min). 2) Incubate with picrosirius red 

solution (60 min) followed by 0.1N hydrochloride acid (2 min). 3) Rinse with deionized 

H2O (1 min) and dehydrate in 70% EtOH (30 sec), 95% EtOH (3 min), and 100% EtOH 

(6 min). 4) Incubate with Xylene (6 min), seal with cytoseal, and coverslip. Samples were 

then imaged under brightfield (BF) to visualize ECM (red) and muscle (yellow) regions 

and a custom code was written to determine image measurements (MATLAB). First, the 

outer border of the sample and the border of the intramuscular area were manually traced 

to create separate masks for the total sample (𝑀𝑠𝑎𝑚𝑝𝑙𝑒), intramuscular region (𝑀𝑖𝑛𝑡𝑟𝑎), 

and epimuscular region (𝑀𝑒𝑝𝑖 = 𝑀𝑠𝑎𝑚𝑝𝑙𝑒 − 𝑀𝑖𝑛𝑡𝑟𝑎). The areas of each region 

(𝑎𝑠𝑎𝑚𝑝𝑙𝑒 ,  𝑎𝑖𝑛𝑡𝑟𝑎,  𝑎𝑒𝑝𝑖) were calculated by summing the number of pixels (𝑛𝑝𝑖𝑥𝑒𝑙𝑠) within 

each mask. The RGB image was converted to HSV color space and ECM pixels were 

identified as pixels within a specified range of red hue values (0<h<0.077, 0.094<h<1). 

ECM area fraction was then calculated for each region independently 

(𝐸𝐶𝑀𝑎𝑓
𝑠𝑎𝑚𝑝𝑙𝑒 , 𝐸𝐶𝑀𝑎𝑓

𝑖𝑛𝑡𝑟𝑎 , 𝐸𝐶𝑀𝑎𝑓
𝑒𝑝𝑖

) by summing the number of ECM pixels (𝑛𝐸𝐶𝑀) within each 

mask, and dividing by the area of each region. All measurements were averaged across 

mdx and WT samples (n= 4 WT, 3 mdx). For one image per group a 150x150 μm region 

was selected and manually segmented (MATLAB Image Segmentation App) to outline 

muscle fiber boundaries for the intramuscular model geometries (n=1 WT, 1 mdx).  
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4.3.3 In silico micromechanical finite element modeling framework 

The diaphragm muscle has a thin and flat structure where the epimuscular ECM covers 

its thoracic and abdominal surfaces, with an intramuscular layer of muscle fibers and 

ECM.  During axial loading along the muscle fiber (3) and cross-muscle fiber directions 

(1), we assume these layers act in parallel. This assumption allows us to implement the 

Voigt model131 to calculate the bulk muscle tissue stresses based on the stresses in each 

layer and their relative thicknesses. Therefore, we created separate models of 

intramuscular and epimuscular regions to account for their unique complex 

microstructures and then coupled their outputs to predict bulk tissue properties.  

 

Model geometries: Epimuscular models represented a 100x100x1µm region of ECM from 

the ECM layers surrounding the diaphragm muscle. Models were generated in FeBio 

(Musculoskeletal Research Laboratories, University of Utah, Salt Lake City, UT, USA) 

and meshed with 10x10x1 hexahedral elements.127  

 

Intramuscular models represented a 150x150x150µm region of muscle fibers and ECM 

from the middle of the thickness of the diaphragm muscle. A custom code was developed 

in MATLAB to generate models. Muscle fiber boundaries from the cropped 150x150µm 

picrosirius red images were used for model initialization (Fig 4.3A). The segmented 

image was binarized and repeated in a 3x3 grid to create a periodic geometry71 (Fig 

4.3B). Centroids were defined within each muscle fiber and used as seed points for 

Voronoi tessellation. The tessellation generated polygons based on the number and 
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positions of the muscle centroids and was bounded to the inner 150x150 µm region. 

Polygon vertices were then modified to define both ECM and muscle regions. For each 

polygon, vertices were moved inward towards the muscle centroid based on a prescribed 

ratio of the initial distance that defined the ECM thickness. This thickness was defined to 

match ECM area fractions measured from the segmented image. Periodicity was ensured 

by averaging the x locations of nodes of the left and right edges, and the y locations of 

nodes on the top and bottom edges (Fig 4.3C). An initial surface mesh was defined with 

Delaunay triangulation using the updated muscle and ECM vertices and mesh density 

was refined by adding centroids within each muscle triangle and repeating the 

triangulation. The mesh density was further refined by defining new centroids within both 

ECM and muscle triangles and repeating the triangulation (Fig 4.3D). Vertices from the 

final triangulation were used to define surface nodes and repeated along the muscle fiber 

direction (3+) to generate pentahedral elements. The number and thickness of elements 

was defined to maintain the average aspect ratio of the elements (𝑛𝑧 = √𝑛𝑓𝑟𝑜𝑛𝑡) and the 

length along the z dimension (ℓ1 = ℓ2 = ℓ3). Elements were defined as either muscle or 

ECM based whether triangle vertices fell within muscle polygons from the surface mesh 

(Fig 4.4). 
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Figure 4.3: Overview of intramuscular model generation shown with example mdx image. A) Muscle fiber boundaries 
were manually segmented from cropped 150x150µm region of picrosirius red image. B) Segmented image was 
binarized and repeated in a 3x3 grid. Centroids were defined within each muscle fiber and used as seed points for 
Voronoi tessellation. C) Polygon vertices were modified to define both ECM and muscle regions and maintain 
periodicity. D) Surface mesh was defined with Delaunay triangulation using muscle vertices, refining mesh within 
muscle triangles, and then refining mesh within all triangles. 
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Figure 4.4: Mdx (top) and WT (bottom) intramuscular model geometries generated from picrosirius red stained cross-
sections. 

 

Material properties: A transversely isotropic, nearly incompressible, hyperplastic 

constitutive relationship representing the passive and active behavior of skeletal muscle 

was assigned to the muscle elements in the intramuscular model.67 Maximum isometric 

stress was assigned from single muscle fiber experiments in mdx and WT EDL muscle 

and held constant for all simulations, as no significant differences were seen between 

mdx and WT mice.132 The bulk modulus was varied to ensure volume preservation and 

all other material parameters were based on previous modeling studies.69,70 We set the 

activation term to 0, as we were only examining passive conditions. All muscle parameters 

were constant across all simulations (Table 4.1). 

Table 4.1: Material parameters that were held constant or calibrated (*) 

Muscle: Uncoupled solid mixture 

Density 1 

k 1,000 kPa 

Muscle material 

Along fiber shear modulus (G1) 3.87 kPa 

Cross fiber shear modulus (G2) 22.4 kPa 
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Exponential stress coefficients (p1) 0.04 

Fiber uncrimping factor (p2) 6.6 

Optimal fiber length (λofl) 1 

Maximum isometric stress (σmax) 100 kPa  

Fiber stretch for straightened fibers (λ*) 1.06 

Activation level (ꭤ) 0 

Fiber vector (0,0,1)  

 

ECM: Uncoupled solid mixture 

Density 1 

k 10,000 kPa 

Ellipsoidal fiber distribution 

Fiber exponent (β) 2 

*Fiber stiffness (ξtotal) WT: 200 kPa 

Mdx: 300 kPa 

Material axes  a (0,0,1) 

Mooney-Rivlin 

Coefficient of first invariant term (c1) 1000ξtotal 

Coefficient of second invariant term (c2) 0 

 

A coupled solid mixture was used to represent tensile load bearing collagen fibers and 

the non-tensile load bearing “ground matrix”. An isotropic Mooney-Rivlin material was 

used for the ground matrix, governed by the c1 and c2 material coefficients. An ellipsoidal 

fiber distribution was used to represent collagen, where the strain energy density is 

defined by power law exponents (βe1, βe2, βe3) and stiffness parameters (ξe1, ξe2, ξe3).133 

These material parameters vary based on the material axes (e1, e2, e3) and thus the ratio 

of their components determines their relative contribution along each material axes. 

Specific details and constitutive equations can be found in the FEBio user manual 

(help.febio.org). For all simulations β1=β2=β3 to account for constant power law behavior 

across material axes.  The ratio of the total collagen fiber stiffness (ξtot= ξe1+ξe2+ξe3) to the 

ground matrix stiffness (c1) was held constant, assuming a constant density of collagen 

within the ECM. We selected ξtot=1000c1 so that the material response was driven by the 

fibers (Supp Fig 4.1).  The total collagen fiber stiffness was constant between 

intramuscular and epimuscular ECM elements and is referred to as kcoll. The collagen 
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fiber distribution (ξe1/ξe2) was assigned separately for each ECM layer and is referred to 

as cfdistintra and cfdistepi, with ξe3=ξe2 for all simulations. 

 

For the epimuscular ECM material, e1 corresponded to the transverse cross-muscle fiber 

direction and e2 corresponded to the longitudinal along-muscle fiber direction, as collagen 

is reported to be oriented transverse to muscle fibers in the epimysium.127  The 

epimuscular collagen fiber distribution (cfdistepi) was determined from scanning electron 

microscopy (SEM) images of collagen fibers within the diaphragm muscle epimysium in 

6-month-old mdx and WT mice from our previous study.127 In that study, local collagen 

fiber directions were measured from the SEM images and here we fit the ratio of  ξe1/ξe2 

based on the height and width of the probability density function of  local fiber directions.  

 

For the intramuscular ECM material, e1 corresponded to the longitudinal along-muscle 

fiber direction and e2 corresponded to the transverse cross-muscle fiber direction, as 

intramuscular collagen fibers are reported to primarily align with muscle fiber direction in 

diaphragm muscle.60  The intramuscular collagen fiber distribution (cfdistintra) was varied 

during material parameter calibration as described below. 

 

Boundary conditions: To replicate each condition from our biaxial experiments, we 

simulated biaxial and uniaxial loading in our micromechanical models. We assumed that 

the composite materials for the intramuscular and epimuscular layers are spatially 

periodic and thus our micromechanical models can be treated as repeating unit cells 

(RUC) within each layer. Therefore, we assume that the average deformation of the cell 

is equal to the macroscopic deformation gradient and boundaries on opposite surfaces of 
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the RUC are compatible.15 This assumption allowed us to determine boundary conditions 

for each loading scenario (Table 4.2). To implement the boundary conditions in the 

models, we assigned linear constraints with specified load curves to govern the 

displacement between nodes in the respective degree in freedom. 

 

Table 4.2: Periodic boundary conditions applied to intramuscular models 

Loading scenario Macroscopic 
deformation gradient 

Periodic boundary conditions Application 

biax: along-muscle 

fiber (3+) and cross-

muscle fiber (1+) 

lengthening 

𝐹1+,3+ 
𝑚𝑎𝑐𝑟𝑜 = [

𝜆 0 0

0
1

𝜆2
0

0 0 𝜆

] 

𝜆 = 1.1 

𝑢1
𝑓𝑎𝑐𝑒1+

= (𝜆 − 1)ℓ1 + 𝑢1
𝑓𝑎𝑐𝑒1−

 

𝑢3
𝑓𝑎𝑐𝑒1+

= 𝑢3
𝑓𝑎𝑐𝑒1−

 

𝑢3
𝑓𝑎𝑐𝑒3+

= (𝜆 − 1)ℓ3 + 𝑢3
𝑓𝑎𝑐𝑒3−

 

𝑢1
𝑓𝑎𝑐𝑒3+

= 𝑢1
𝑓𝑎𝑐𝑒3−

 

Model 

calibration 

step 1 

in vivo: along-muscle 

fiber (3-) shortening 

and cross-muscle fiber 

(1+) lengthening 

𝐹1+,3− 
𝑚𝑎𝑐𝑟𝑜

=

[
 
 
 
−𝜆1 0 0

0
1

−𝜆1𝜆3

0

0 0 𝜆3]
 
 
 

 

𝜆1 = −1.1, 𝜆3 = 1.1 

𝑢1
𝑓𝑎𝑐𝑒1+

= (−𝜆1 − 1)ℓ1 + 𝑢1
𝑓𝑎𝑐𝑒1−

 

𝑢3
𝑓𝑎𝑐𝑒3+

= (𝜆3 − 1)ℓ3 + 𝑢3
𝑓𝑎𝑐𝑒3−

 

Model 

calibration 

step 2 

uniax cross: Uniaxial 

cross-muscle fiber 

(1+) lengthening 𝐹1+
𝑚𝑎𝑐𝑟𝑜 =

[
 
 
 
 
𝜆 0 0

0
1

√𝜆
0

0 0
1

√𝜆]
 
 
 
 

 

𝜆 = 1.1 

𝑢1
𝑓𝑎𝑐𝑒1+

= (𝜆 − 1)ℓ1 + 𝑢1
𝑓𝑎𝑐𝑒1−

 

𝑢3
𝑓𝑎𝑐𝑒1+

= 𝑢3
𝑓𝑎𝑐𝑒1−

 

𝑢3
𝑓𝑎𝑐𝑒3+

= 𝑢3
𝑓𝑎𝑐𝑒3−

 

𝑢1
𝑓𝑎𝑐𝑒3+

= 𝑢1
𝑓𝑎𝑐𝑒3−

 

Model 

calibration 

step 3 

uniax along: Uniaxial 

along-muscle fiber 

(3+) lengthening 𝐹3+
𝑚𝑎𝑐𝑟𝑜 =

[
 
 
 
 
1

√𝜆
0 0

0
1

√𝜆
0

0 0 𝜆]
 
 
 
 

 

𝜆 = 1.1 

𝑢3
𝑓𝑎𝑐𝑒3+

= (𝜆 − 1)ℓ3 + 𝑢3
𝑓𝑎𝑐𝑒3−

 

𝑢1
𝑓𝑎𝑐𝑒3+

= 𝑢1
𝑓𝑎𝑐𝑒3−

 

𝑢3
𝑓𝑎𝑐𝑒1+

= 𝑢3
𝑓𝑎𝑐𝑒1−

 

𝑢1
𝑓𝑎𝑐𝑒1+

= 𝑢1
𝑓𝑎𝑐𝑒1−

 

Model 

validation 

 

Bulk tissue properties: Average along-muscle fiber and cross-muscle fiber element 

stresses and strains outputted from the intramuscular (𝜎11
𝑖𝑛𝑡𝑟𝑎, 𝜎33

𝑖𝑛𝑡𝑟𝑎) and epimuscular 

(𝜎11
𝑒𝑝𝑖 , 𝜎33

𝑒𝑝𝑖
) models were used to calculate the total predicted stress (𝜎𝑡𝑜𝑡𝑎𝑙) based on the 

areas of the intramuscular (𝑎𝑖𝑛𝑡𝑟𝑎) and epimuscular (𝑎𝑒𝑝𝑖) regions using the Voigt model: 



 

 

76 

 

𝜎𝑡𝑜𝑡𝑎𝑙 =
𝑎𝑒𝑝𝑖𝜎𝑒𝑝𝑖 + 𝑎𝑖𝑛𝑡𝑟𝑎𝜎𝑖𝑛𝑡𝑟𝑎

𝑎𝑒𝑝𝑖 + 𝑎𝑖𝑛𝑡𝑟𝑎
 

Equation 4.3 

 

Bulk tissue stiffness was determined by plotting the total stress-strain curve and 

determining a linear fit at 3.5% strain. 

 

Calibration and validation with in vitro biaxial data 

Calibration: To calibrate the unknown parameters in our ECM material (kcoll, cfdistintra) we 

varied the collagen fiber stiffness (10kPa< kcoll <800kPa) and intramuscular collagen fiber 

distribution (0.1< cfdistintra <2) independently in both the mdx and WT models. We selected 

a range of collagen distribution values to encompass the variability seen in the literature, 

where collagen fibers are reported to primarily align in the along-muscle fiber direction 

(cfdistintra <1)126 or cross-muscle fiber direction (cfdistintra <1).127 The range of collagen fiber 

stiffness values was selected to encompass the range of ECM stiffness values reported 

for decellularized diaphragm muscle from mdx and WT mice.60 This method allowed us 

to determine the relationship between each parameter and tissue properties and then 

narrow down parameter sets sequentially. We simulated a series of deformations in the 

epimuscular and intramuscular models (Table 4.2) and compared the bulk tissue 

properties from the models with the experimental data. After each series of simulations, 

we excluded parameter sets that fell outside of one standard deviation from the measured 

group averages (Supp Table 4.1). Calibration was performed in the following order: (1) 

The biax test was simulated first and total model predicted stiffnesses (𝑘11
𝑡𝑜𝑡, 𝑘33

𝑡𝑜𝑡) as well 

as stiffness ratio (𝑘33
𝑡𝑜𝑡/𝑘11

𝑡𝑜𝑡) at 3.5% strain were compared with experimental 
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measurements. (2) Next, the in vivo test was simulated, and the total model predicted 

stresses (𝜎11
𝑡𝑜𝑡 , 𝜎33

𝑡𝑜𝑡) at 1% strain were compared with experimental measurements. For 

this step, we compared stresses because we applied a negative along-muscle fiber strain, 

and thus a stiffness calculation was not meaningful. (3) Finally, the uniax cross test was 

simulated, and total model predicted cross-muscle fiber stiffnesses (𝑘11
𝑡𝑜𝑡) at 3.5% strain 

were compared with experimental measurements. 

 

Validation: After reducing the parameter values such that the models fit within the 

experimental range from all calibration experiments, we used the uniax along test to 

validate the model predictions. The total model predicted along-muscle fiber stiffnesses 

(𝑘33
𝑡𝑜𝑡) at 3.5% strain were compared with experimental measurements. 

 

In silico investigations informed by variation in experimental data 

To isolate the influence of specific structural parameters within epimuscular and 

intramuscular ECM on bulk muscle tissue properties, we performed a series of sensitivity 

analyses. The average of the calibrated mdx models was selected as our baseline model 

and we varied each structural parameter through the range of values measured from the 

picrosirius red stained images. Intramuscular area fraction was varied by assigning a 

range of ECM thickness values during the model geometry generation such that (0.17 < 

𝐸𝐶𝑀𝑎𝑓
𝑖𝑛𝑡𝑟𝑎 < 0.53).  The ratio of intramuscular to epimuscular area was varied in the bulk 

stress calculation (10 < 
𝑎𝑖𝑛𝑡𝑟𝑎

𝑎𝑒𝑝𝑖
< 35). Collagen fiber distribution was also independently 

varied in the intramuscular ECM based on the range of values narrowed down during our 

calibration process (0.1< cfdistintra <1). 
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4.4 Results 

 

Model calibration suggests that intramuscular collagen fibers are more distributed 

in the cross-muscle fiber than along-muscle fiber direction. For all calibrated models, 

cfdistintra <1 was required, indicating that intramuscular collagen fibers are more aligned 

in e2 (cross-muscle fiber direction: 1+) than e1 (muscle fiber direction: 3+) (Supp Table 

4.1).  The biax calibration narrowed down the collagen distribution values (mdx: 

200kPa<kcoll<800kPa, 0.1<cfdistintra <0.8, WT: 100kPa<kcoll<600kPa, 0.1< cfdistintra <0.7, 

Fig 5) and the in vivo calibration narrowed down the collagen stiffness values (mdx: 

200kPa<kcoll <300kPa, 0.1< cfdistintra <0.2, WT: kcoll =200kPa, 0.2< cfdistintra <0.7, Fig 

4.6A-D). The uniax cross calibration further narrowed down the parameters, with a larger 

range in the WT models (mdx: kcoll=200kPa, 0.125< cfdistintra <0.175, WT: kcoll=200kPa, 

0.2< cfdistintra <0.7, Fig 4.6E-F). The cross- (ξe2) relative to the along-muscle fiber direction 

(ξe1) collagen fiber stiffness was 5.7-8 times greater in the calibrated mdx models and 

1.4-5 times greater in the calibrated WT models. This finding suggests that there is greater 

intramuscular collagen alignment in the cross-muscle fiber direction in the mdx relative to 

WT case.  
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Figure 4.5: Initial mdx and WT model calibration varying total collagen fiber stiffness (10kPa<ξtot<800kPa) and 
intramuscular collagen fiber distribution (0.1< ξe1/ξe2 <2). Range in experiments shown in shaded bar with individual 
model predictions in circles. The equibiaxial lengthening test was simulated and the total model predicted stiffnesses 

(k33
tot, k11

tot) as well as stiffness ratio (k33
tot/k11

tot) at 3% strain were compared with experimental measurements. 
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Figure 4.6: Additional mdx and WT model calibrations based on narrowed down parameter sets from Fig 4. Range in 
experiments shown in shaded bar with individual model predictions in circles. A) The along-muscle fiber shortening, 
cross-muscle fiber lengthening test (in vivo) was simulated, and the total model predicted stresses (σ11

tot, σ33
tot) at 1% 

strain were compared with experimental measurements. B) The uniaxial cross-muscle fiber lengthening test was 
simulated, and the total model predicted cross-muscle fiber stiffnesses (k11

tot) at 3% strain were compared with 
experimental measurements. 
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Validated models suggest an increase in cross-muscle fiber tissue stiffness in mdx 

relative to WT models.  Bulk along-muscle fiber tissue stiffnesses from calibrated mdx 

and WT models fell within the uniaxial along experimental range, validating the model 

predictions (Fig 4.7E). Comparison across the calibrated models suggests greater cross-

muscle fiber stiffness in the mdx models compared to WT during the biax (mdx: k11
tot= 

690  30 kPa, WT: k11
tot = 568  34 kPa, Fig 4.7B) and uniax cross (mdx: k11

tot = 622  

25 kPa, WT: k11
tot = 470  19 kPa, Fig 4.7F) conditions. Additionally, greater along-muscle 

fiber and cross-muscle fiber stresses were seen in the mdx models compared with the 

WT models during the in vivo condition (mdx: σ11
tot= 4.41  0.17 kPa, σ33

tot= -2.15  0.11 

kPa, WT: σ11
tot= 2.94  0.09 kPa, σ33

tot = -1.77  0.06 kPa) (Fig 4.7C-D).  
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Figure 4.7: Finalized model predictions (shaded bars) shown with mdx (circle) and WT (triangle) experimental data 
points. Along-muscle fiber (A) and cross-muscle fiber (B) stiffness at 3% applied equibiaxial strain. Along-muscle fiber 
(C) and cross-muscle fiber (D) stress at 1% applied cross-muscle fiber and -1% along-muscle fiber strains. Along-
muscle fiber stiffness (E) at 3% applied uniaxial along-muscle fiber strain. Cross-muscle fiber stiffness (F) at 3% 
applied uniaxial cross-muscle fiber strain. 
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Differences in tissue stresses were observed during cross-muscle fiber loading. 

Analysis of the models revealed that the differences in properties between the mdx and 

WT models led to differing stress distributions within the intramuscular and epimuscular 

regions. During biaxial lengthening, greater cross- relative to along-muscle fiber stress ( 

𝜎11

𝜎33
>1) was seen in the mdx model within the intramuscular ECM (

𝜎11
𝑖𝑛𝑡𝑟𝑎

𝜎33
𝑖𝑛𝑡𝑟𝑎 = 2.33) and 

epimuscular  ECM (
𝜎11

𝑒𝑝𝑖

𝜎33
𝑒𝑝𝑖 = 1.33) (Fig 4.8A). In the WT model, greater cross- relative to 

along-muscle fiber stress was only observed in the epimuscular ECM (
𝜎11

𝑒𝑝𝑖

𝜎33
𝑒𝑝𝑖 = 1.27) during 

biaxial lengthening (Fig 4.8B). Analysis of the models across loading conditions revealed 

nonuniform strains within the intramuscular ECM during cross-muscle fiber lengthening. 

During the uniax cross and the in vivo simulations, 1st principal strains were primarily 

oriented in the cross-muscle fiber direction, with variability in magnitudes across ECM 

elements seen in the mdx model (Fig 4.9). 

 

 



 

 

84 

 

 
 
Figure 4.8: Intramuscular model outputs for example mdx (ξtot=300kPa, ξe1/ξe2

intra = 0.015) and WT (ξtot=200kPa, 
ξe1/ξe2

intra = 0.5) models from equibiaxial lengthening simulation.  A) Cross-muscle fiber stress at 5% applied equibiaxial 
strain. B) Along-muscle fiber stress at 5% applied equibiaxial strain. 
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Figure 4.9: 1st principal strain orientations (arrows) and magnitudes (color) in ECM elements for mdx model 
(ξtot=300kPa, ξe1/ξe2

intra = 0.015). A) 5% applied uniaxial cross-muscle fiber strain. B) 5% applied uniaxial along-
muscle fiber strain. C) 5% applied equibiaxial strain. D) 5% applied cross-muscle fiber and -5% along-muscle fiber 

strains. 

 
In silico investigations highlight the importance of collagen distribution within the 

ECM. The along- (k33
tot) and cross-muscle fiber (k11

tot) stiffness varied highly across the 

simulated range of collagen distribution (0<cfdistintra<1) and only varied minimally with the 

simulated range of ECM area fractions (0.17 < 𝐸𝐶𝑀𝑎𝑓
𝑖𝑛𝑡𝑟𝑎 < 0.53) and the ratio of 

intramuscular to epimuscular areas (10 <
𝑎𝑖𝑛𝑡𝑟𝑎

𝑎𝑒𝑝𝑖 < 35). Over the simulated range of 
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collagen distributions, k33
tot varied by 214% and k11

tot varied by 43%. By contrast, over 

the simulated range of intramuscular ECM area fractions, k33
tot varied by 32% and k11

tot 

varied by 13%. Over the simulated range of the ratio of intramuscular to epimuscular area, 

k33
tot varied by 31% and k11

tot varied by 16%. These results suggest that variations in 

microstructure have a larger influence on along- than cross-muscle fiber stiffness, and 

that collagen distribution has a larger effect on tissue stiffness compared with the other 

variations in microstructure (Fig 4.10).  
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Figure 4.10: Mdx (pink circle) and WT (green triangles) image-based measurements of A) intramuscular area fraction 
and B) ratio of intramuscular and epimuscular areas used for range of values in model perturbations. Sensitivity 
analysis of the effect of varying intramuscular collagen distribution and ECM area fraction on biaxial along- (C) and 
cross-muscle fiber stiffness (D). Sensitivity analysis of varying intramuscular collagen distribution and ratio of 
intramuscular to epimuscular area on biaxial along- (E) and cross-muscle fiber stiffness (F). 
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4.5 Discussion 

 

Here we present a novel framework to examine how collagen microstructure contributes 

to macroscopic muscle tissue properties. We focused on diaphragm muscle due to the 

devastating consequences of diaphragm muscle fibrosis in DMD and measured tissue 

structure and mechanical properties in mdx and WT mice.  Epimuscular and 

intramuscular micromechanical models were developed to predict local stresses and 

strains and determine bulk tissue properties. The process of model calibration led to the 

conclusion that intramuscular collagen fibers are likely aligned primarily in the cross-

muscle fiber direction in both the mdx and WT models, with greater cross-muscle fiber 

alignment required in the mdx models compared with WT (Figs 4.5-6). Higher cross-

muscle fiber stiffness was predicted in the mdx models compared with the WT models 

(Fig 4.7), and differences between ECM and muscle properties were seen during cross-

muscle fiber loading (Figs 4.8-9). Analysis of the models revealed that variation in the 

distribution of collagen fibers had a much more substantial impact on tissue stiffness, as 

compared to variation in ECM area fraction (Fig 4.10), providing an explanation for the 

lack of correlation between ECM area fraction and tissue stiffness across experimental 

studies.   

 

Previous studies found that increased collagen levels in fibrotic tissue do not correlate 

with increased passive muscle tissue stiffness, suggesting that other changes in muscle 

from fibrosis influence stiffness. While it would be challenging to isolate these factors 

experimentally, we could use our model to isolate the impacts of specific structural 

variations during along-muscle fiber loading to compare model predictions with existing 
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literature.14 Similar to Smith et al, we did not observe a relationship between ECM area 

fraction and along-muscle fiber stiffness (Fig 4.11). However, our model predictions 

reveal that while changes in ECM area fraction have a minimal impact on along-muscle 

fiber stiffness, the variation in collagen fiber distributions accounts for the large range of 

experimental measurements. This finding highlights the important role of collagen 

microstructure on passive muscle tissue properties and provides important context to the 

many experiments over the last decade that have attempted to correlate muscle tissue 

stiffness with collagen amount and/or ECM area fraction.  Rather, we found that collagen 

reorganization has more of an impact on stiffness and therefore may provide an effective 

target for therapeutics and should be considered in designing and testing new treatments. 

 

 

Figure 4.11: A) Measurement of ECM area fraction and along-muscle fiber stiffness from uniaxial diaphragm muscle 
strip testing. Recreated from Smith et al (2014).14 B) Experiments and model results from our current study. Image 
based measurements of intramuscular area fraction and along-muscle fiber stiffness of mdx (circle) and WT (triangle) 

data points. Model predictions shown with grey lines. 

 

A key finding of this study is that, to fit the experimental data, intramuscular collagen must 

be aligned in the cross-muscle fiber direction, with increased collagen alignment in the 

mdx models compared with the WT models.  These findings are in contrast to a prior 
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study that used second harmonic generation images collected in the longitudinal plane to 

measure collagen orientation.  In those images, collagen appeared to be primarily aligned 

with muscle fibers with no significant differences between mdx and WT tissue.126 

However, it is difficult to visualize complex 3-D geometries with 2-D images, especially 

when collected in the longitudinal plane where any components to collagen direction out 

of the plane (IE: transverse to the fiber direction) would not be perceived.  Furthermore, 

our findings do align with our previous measurements in the epimuscular ECM, which is 

more suited for 2-D imaging due to its sheet-like nature and thus more detailed 

characterization was possible with SEM imaging.127 Additional studies show a helical 

arrangement of collagen fibers surrounding muscle fibers within the intramuscular 

ECM.25–27 Lastly, all of the imaging studies require tissue preparation and sectioning, 

which likely impacts collagen microstructure. Through calibrating the distribution of 

intramuscular collagen fibers using our mechanical testing measurements we were able 

to extract the collagen alignment without the need to section or modify the structures 

within the sample. 

 

It is important to acknowledge the limitations of our framework. Our experiments and 

models focused on tissue properties at low strains (<5%). While we selected these values 

based on in vivo strains seen in diaphragm muscle,64 it is important to consider the role 

of collagen microstructure further in the linear region of the passive force length curve. 

Additionally, we did not directly measure collagen fiber organization within the 

intramuscular ECM; further 3-D imaging would increase confidence in model predictions. 

Our intramuscular models utilized Voronoi tessellation methods to estimate muscle fiber 
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geometries and had a relatively coarse mesh; therefore, the models are best poised for 

investigating the effects of ECM microstructure and not detailed fiber geometry. To better 

replicate muscle fiber geometries increased mesh density is required but would decrease 

computational efficiency.  

 

There was a large range in our experimental data; therefore, we did not detect significant 

differences in tissue properties between mdx and WT mice. However, our models were 

calibrated with multiple experiments and predicted disease dependent differences in 

tissue anisotropy (cross- relative to along-muscle fiber properties). This highlights the 

need to characterize the behavior of biological tissues, which are highly variable between 

animals, during multiple distinct loading states, as well as the advantage of our coupled 

framework to minimize errors from experimental measurements alone. Previous studies 

characterized anisotropic muscle tissue properties through uniaxial testing in multiple 

directions,134–136 or biaxial testing with equivalent along- and cross-muscle fiber 

lengthening strains.64,137 Our model predictions reflected trends measured in diaphragm 

muscle tissue, with higher cross- relative to along-muscle fiber stiffness under uniaxial 

loading 61–63 and higher cross-muscle fiber stiffness in mdx relative to WT models during 

equibiaixal lengthening.64 Previous in vivo experiments in the diaphragm muscle 

measured cross-muscle fiber lengthening and along-muscle fiber shortening strains 

during tidal breathing, with lower strains in mdx relative to WT mice.64 Thus, our in vivo 

condition allows us to contextualize passive tissue properties during in vivo loads, and 

the higher stresses predicted in the mdx relative to WT models are implicated on the lower 

diaphragm muscle strains seen in mdx relative to WT mice. 64 
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Our framework allowed us to validate the coupled models with measurements of bulk 

tissue properties, while predicting local properties that cannot be measured 

experimentally. Previous studies extrapolate the ECM’s contribution to passive muscle 

properties by comparing measurements before and after muscle decellularization,42,60,138 

and predicted that the ECM accounts for 60-70% of diaphragm muscle tissue stiffness, 

with no significant differences in stiffness between dystrophic and healthy ECM.60 Our 

models also highlight the ECM’s contribution to passive properties and provide the unique 

ability to predict properties in distinct ECM regions while accounting for the contribution 

of muscle fibers. During the biax simulation, higher cross-muscle fiber stresses were seen 

in the epimuscular compared with intramuscular ECM (Fig 4.8A), while higher along-

muscle fiber stresses were seen in the intramuscular compared with epimuscular ECM 

(Fig 4.8B). From our sensitivity analyses, we also found that both along- and cross-

muscle fiber stiffness decreased with an increase in the ratio of intramuscular to 

epimuscular sample areas (Fig 4.10C). This analysis highlights nonuniformity in the 

stiffness of ECM layers and suggests that an accumulation of collagen within the 

epimuscular ECM, as compared with the intramuscular ECM, has a larger influence on 

bulk tissue properties. Further, we predicted differences in our mdx and WT models that 

may not have been reflected in uniaxial measurements of decellularized matrices.60 

During the in vivo simulations, 1st principal strains were primarily oriented in the cross-

muscle fiber direction (Fig 4.9),  and in vitro studies show that cells orient parallel to the 

direction of stretch,139,140 with fibroblasts observed to deposit collagen in the direction of 

local alignment. Taken together, these findings suggest that in vivo ECM strains cause 



 

 

93 

 

collagen fibers to be deposited in the cross-muscle fiber direction, providing an 

explanation for our model predictions of cross-muscle fiber collagen alignment.   

 

By tightly coupling experiments and finite element models, our framework addresses 

limitations of previous micromechanical models that were not directly validated15,76 or 

relied on integrating measurements from several studies.74,75,128 Here we collected 

images and conducted mechanical testing in the same subset of mdx and WT mice; thus, 

our models were developed, calibrated, and validated with experimental data specific to 

mdx and WT diaphragm muscle tissue. To our knowledge, this is the first framework to 

account for distinct layers of the ECM and examine the role of collagen microstructure on 

muscle tissue properties. Additionally, we provided novel insights into collagen’s complex 

role on passive muscle properties. We found that the primary orientation of collagen fibers 

relative to muscle fibers explains anisotropic tissue properties observed in the diaphragm 

muscle, and that the distribution of collagen fibers explains discrepancies between 

measurements of collagen amounts and tissue stiffness. These methods can be applied 

to the multitude of disorders involving fibrosis, as well as in additional muscle groups110,125 

and soft tissues50,141,142 where changes in collagen microstructure are observed. To do 

so, we also highlight (1) the need to consider collagen’s 3-D microstructure and in vivo 

biaxial loads sustained by specific muscle tissues to measure relevant structure-function 

relationships, (2) the capability of multiscale mechanical modeling to fill gaps from 

experimental measurements alone, and (3) that when characterizing collagens’ 

contribution to passive muscle tissue properties, it is far beyond the amount that counts. 
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Make a plan. Set a goal. Work toward it, 

but every now and then look around. 

 

Drink it in, 'cause this is it. 

 

—Meredith Grey 
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Chapter 5 : Conclusion 

5.1 Summary  

 

I began my PhD with what seemed like a straightforward question- is there something 

about the organization of collagen fibers that can help explain surprising model 

predictions and experimental findings that collagen amount and tissue stiffness do not 

correlate in dystrophic muscle?14,16,17 While this question has remained the overarching 

direction of my research, it has untangled into several others along the way.  

 

To begin exploring collagen organization we first had to establish methods to visualize 

collagen structure in healthy and diseased skeletal muscle. I was inspired by the 

diaphragm muscle, which is severely weakened in Duchene muscular dystrophy37–39 and 

contributes to respiratory insufficiency, a leading cause of death.7 Skeletal muscle is often 

imaged in the plane perpendicular to muscle fibers, characterizing fibrosis by an 

accumulation of intramuscular ECM surrounding muscle fibers and fascicles.25–27 The 

diaphragm has a unique muscle architecture that is thin and sheet like, which led me to 

become interested in the outermost layer of ECM - the epimysium. I adapted methods to 

image collagen architecture from decellularized muscle tissue samples using scanning 

electron microscopy, imaging in the surface plane of the diaphragm muscle. This allowed 

us to visualize collagen fibers in the epimysium and provided a new angle from which to 

view the ECM.  
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Surprisingly, I began to notice that collagen fibers had a preferred orientation that was 

transverse to muscle fibers. The ECM is often assumed to be isotropic or have collagen 

fibers aligned with muscle fibers,15,16 so this initial finding challenged some of our own 

assumptions about skeletal muscle. From imaging both mdx and WT tissue, I observed 

differences in collagen arrangement across samples, highlighting the need for rigorous 

methods to characterize collagen fiber organization in skeletal muscle. I then developed 

an image processing framework to measure the local variability in collagen fiber directions 

and found increased collagen fiber alignment, as well as straightness in the mdx tissue 

compared with WT. This confirmed that indeed, there were differences in collagen 

organization in dystrophic muscle tissue that must be considered.  

 

However, as muscle modelers, this raised more questions for us than it answered. 

Specifically, I became curious about how the orientation and alignment of collagen fibers 

contributed to ECM stiffness in both the muscle fiber direction, as well as the transverse 

direction. To explore these questions, I developed an image-based finite-element 

modeling pipeline to automatically assign local fiber directions in the model based on the 

collagen fiber directions measured from the SEM images. I then simulated biaxial stretch 

to predict tissue stiffnesses in the longitudinal/along-muscle fiber direction and 

transverse/cross-muscle fiber direction. An increase in transverse relative to longitudinal 

stiffness was predicted in all of the models, with increased transverse stiffness in the mdx 

models compared with the WT models. As diaphragm muscle tissue is well documented 

to be anisotropic, with increased stiffness in the transverse relative to longitudinal 

direction,61,62,106 this highlighted a role of collagen organization in regulating tissue 
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anisotropy. It also suggested that previous measurements of diaphragm muscle stiffness 

from uniaxial along-muscle fiber lengthening experiments did not capture the effects of 

collagen reorganization.14  

 

While I became fascinated by the complexity of the skeletal muscle ECM, my motivation 

remained in understanding how the development of fibrosis contributes to muscle 

dysfunction in DMD. This led to another key question of my PhD- how do changes in 

collagen microstructure at the ECM-level influence mechanical properties at the muscle 

tissue-level?  

 

Previous micromechanical models from our lab had been developed to study the role of 

muscle-fascicle microstructure on tissue-level properties,15,16 but were two-dimensional 

and focused on shear deformations. Models of mdx lower limb muscle highlighted the 

importance of ECM stiffness on macroscopic tissue properties,17 but assumed that the 

ECM was transversely isotropic and aligned with muscle fibers. Before extending this 

framework to examine the role of collagen microstructure on biaxial tissue properties, we 

had to develop methods to create three-dimensional models that accounted for collagen 

distribution within the ECM. In seeking to balance computational efficiency with creating 

physically relevant model geometries, I had to rethink our previous model generation 

pipelines.  

 

I focused on the intramuscular region of the diaphragm muscle and developed a 

framework to automatically create finite element models from segmented histology 
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images. This framework leveraged Voronoi tessellation71,74,75 to generate periodic 

geometries and Delaunay triangulation to create a surface mesh. The surface mesh was 

then extruded along the muscle fiber direction, generating pentahedral elements 

representing muscle and ECM regions. I then assigned a mixture material to the ECM 

elements to account for the distribution of collagen fibers within the ground matrix. While 

these models provided a framework to represent complex collagen microstructures and 

loading scenarios, their purpose was to contextualize the role of collagen on bulk muscle 

tissue properties.  

 

This required a way to couple predictions from the epimuscular and intramuscular models 

and characterize bulk muscle tissue properties across loading scenarios. Previous 

experiments from the lab had revealed greater tissue stiffness in mdx relative to WT 

diaphragm muscle during equibiaxial along- and cross-muscle fiber lengthening.64 In vivo 

sonomicrometry experiments also found lower strains in mdx relative to WT mice, but 

demonstrated that the diaphragm muscle lengthens in the cross-muscle fiber direction 

while it shortens in the along-muscle fiber direction.64 This raised new questions about 

differences in tissue properties during in vivo conditions and inspired us to design a new 

series of biaxial experiments.  

 

We first simulated in vivo strains by varying the ratio of along-muscle fiber shortening and 

cross-muscle fiber lengthening based on the range of measurements in mdx and WT 

samples (0.5,1,1.5), and then performed equibiaxial lengthening and uniaxial along- and 

cross-muscle fiber lengthening tests. Additionally, we collected images of picrosirius red 
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stained cross-sections from the muscle samples to characterize the tissue microstructure. 

Similar to previous studies, we found an increase in ECM area fraction in the mdx images 

compared with the WT, but significant differences in tissue properties were not observed.  

 

While this caused us to circle back to our original question, I now had a framework to 

couple the mechanical models and experiments to explain why collagen amount and 

tissue stiffness are not well correlated. From the histology images, I measured the relative 

amounts of the epimuscular and intramuscular diaphragm muscle regions, allowing us to 

calculate bulk tissue properties assuming these layers act in parallel during axial 

loading.131 I then utilized the biaxial experiment data to calibrate and validate the bulk 

model predictions. To fit the experimental data, collagen fibers within the intramuscular 

ECM had to align in the cross-muscle fiber direction with increased alignment predicted 

in the mdx model compared with the WT model. This opposed recent findings in the 

literature where collagen was observed to primarily align with muscle fibers in the 

intramuscular ECM of diaphragm muscle.60 However, this aligned with our findings in the 

epimuscular ECM where more detailed characterization was possible with scanning 

electron microscopy.  

 

With this framework I was also able to isolate the effects of ECM area fraction and 

collagen fiber organization on tissue stiffness. We found that the distribution of collagen 

fibers had a greater influence on passive tissue properties than the amount of ECM and 

explained the variation across samples. Further, we found that tissue properties were 

more nonuniform during cross-muscle fiber loading and that collagen organization 
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explained the increased cross- relative to along-muscle fiber stiffness observed in 

diaphragm muscle.  

 

Overall, my findings suggest that the distribution of collagen fibers has a greater influence 

on passive tissue properties than collagen amount, and that collagen reorganization 

rather than accumulation may provide an effective target for therapeutics. By coupling 

experiments and mechanical models we also highlighted gaps left from predicting 

structure function relationships with experiments alone. I found that collagen orientation 

relative to muscle fiber orientation regulates the direction that tissue has greater passive 

stiffness in, highlighting the importance of characterizing biaxial tissue properties and 

considering in vivo loads sustained by specific muscle tissues to measure relevant tissue 

properties. Additionally, we must consider collagen’s three-dimensional microstructure in 

muscle tissue and account for both epimuscular and intramuscular ECM. Finally, we 

measured changes in collagen organization during disease progression and provided a 

framework to examine how microstructural variations influence macroscopic tissue 

properties that can be applied to hypothesize new experiments and intervention targets.  

 

5.2 Contributions 

 

1. Detailed characterization of skeletal muscle epimysium and changes in 

collagen fiber organization during DMD. 

We developed methods to image the epimuscular ECM of muscle tissue and characterize 

collagen fiber organization. We found that collagen fibers had a preferred orientation that 

was surprisingly transverse to muscle fibers in the diaphragm muscle. To our knowledge, 
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this had not been previously reported and has implications for additional muscle groups. 

We also found significant age and disease effects on collagen organization, with 

increased collagen alignment and straightness in mdx samples compared with WT at 3 

and 6 months. Collagen reorganization had not been previously characterized in 

diaphragm muscle tissue and is implicated in several other conditions involving 

weakening of the diaphragm muscle.  

 

2. Development of a framework to predict mechanical implications of changes in 

collagen organization with disease.  

We developed an image-based modeling pipeline to automatically generate finite element 

models from scanning electron microscopy images. These models allowed us to account 

for variations in local collagen fiber directions and predict mechanical properties at the 

extracellular matrix level. We predicted an increase in transverse relative to along muscle 

fiber direction stiffness in all models, with increased transverse stiffness in the 3- and 6-

month mdx models compared with the WT models. This suggested that local changes in 

collagen alignment during disease increase tissue stiffness, which is implicated on cellular 

dynamics during fibrosis. 

 

3. Creation of a multiscale modeling framework to predict how collagen 

microstructure influences bulk muscle tissue properties. 

We developed a framework to couple micromechanical models of the epimuscular and 

intramuscular regions of the diaphragm muscle and predict bulk muscle tissue properties.  

To our knowledge, this is the first framework to account for distinct layers of the 



 

 

103 

 

extracellular matrix and examine the role of collagen microstructure on muscle tissue 

properties. We also designed biaxial mechanical testing experiments to characterize 

along- and cross-muscle fiber direction tissue properties across different loading 

scenarios. We measured passive tissue properties while simulating in vivo along-muscle 

fiber shortening and cross-muscle fiber lengthening strain, which had not been previously 

characterized. We calibrated and validated the models directly using the biaxial 

experiments, overcoming limitations of previous models that rely on integrating 

measurements from several studies across different skeletal muscle groups.  

 

4. Insights into collagen’s complex role on passive muscle properties. 

We found that the primary orientation of collagen fibers relative to muscle fibers explained 

anisotropic tissue properties of the diaphragm muscle. This highlights the importance of 

considering in vivo loads sustained by specific muscle tissues to measure relevant tissue 

properties. We also found that collagen organization had significant effects on bulk tissue 

properties, highlighting the need consider collagen’s three-dimensional microstructure in 

muscle tissue. Our findings also challenge assumptions of transverse isotropy in skeletal 

muscle tissue suggesting that instead the organization of collagen fibers regulates the 

amount of anisotropy.  

 

5. Characterization of effects of changes in collagen organization during fibrosis. 

While previous studies have shown that increased collagen levels in fibrotic tissue do not 

correlate with an increase in passive muscle tissue stiffness, an explanation as to why 

has remained unresolved. We found that the organization of collagen fibers had a greater 
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influence on tissue stiffness than collagen amount, with increased collagen alignment 

during disease implicated in increased tissue stiffness. This suggests that collagen 

reorganization rather than accumulation may provide an effective target for therapeutics.  

 

5.3 Additional Applications 

 

1. Collagen’s role on passive tissue properties 

The straightening and aligning of collagen fibers regulates the toe-region of the passive 

muscle force length curve, implicating our SEM image-based measurements on the 

length of the toe region of diaphragm muscle tissue. In a subset of mice from which we 

collected SEM images of the epimysium, equibiaxial mechanical testing was also 

performed before and after enzymatically digesting collagen.64 To examine relationships 

between collagen organization and measured tissue stiffnesses, we performed 

regression analyses. In the mdx mice (n=4 6-month-old, n=4 12-month-old) we found 

significant relationships between collagen fiber straightness and along-muscle fiber 

stiffness, as well as the ratio of cross- to along-muscle fiber straightness (Fig. 5.1). These 

relationships aligned with our epimuscular model predictions127 and highlight the 

important role of the epimysium, despite its relatively low proportion to the intramuscular 

ECM.  This also suggests that increased collagen straightness would decrease the length 

of the toe region and thus passive force production would begin at shorter muscle lengths. 

To explore the relationship between collagen fiber straightness and toe region length, 

future experiments can be performed where collagen fiber straightness is measured at 

distinct points in the force length curve and the length of the toe region is measured from 

mechanical tests. 
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Figure 5.1 Relationships between collagen fiber straightness and longitudinal stiffness (A) and the ratio of transverse 

to longitudinal stiffness (B). 

 

2. Further characterization of diaphragm muscle ECM 

While our framework focused on collagen microstructure, we did not account for 

differences in collagen subtypes, or directly quantify intramuscular collagen architecture. 

In our models, we used a single fiber material to represent collagen within the ECM, but 

the ratio of type I/III collagen is implicated in fibrosis.55 In our SEM imaging we 

characterized epimuscular collagen organization, but our coupled modeling framework 

highlighted the importance of intramuscular collagen organization. Thus, it would be 

impactful to directly quantify collagen microstructure within the intramuscular ECM 

(endo/perimysium) and the distribution of key fibrillar collagens (type I and III).  

 

Intramuscular collagen microstructure. Previous studies in diaphragm muscle, did not 

find a significant difference in intramuscular collagen fiber alignment between mdx and 

WT mice from images in the longitudinal/along-muscle fiber direction plane.126 We were 
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initially interested in visualizing the intramuscular ECM from the transverse plane, but our 

preliminary studies highlighted several challenges. From SEM images of intact tissue 

samples, we saw that collagen fibers were organized in layers surrounding muscle fibers 

as expected, but it was difficult to discern collagen and muscle fibers to quantify their 

structure without digesting muscle fibers, as performed for imaging the epimysium (Fig. 

5.2A). Previous SEM imaging has shown collagen fiber organization in the transverse 

plane of muscle samples but was performed in much larger muscles from larger animal 

models.25,26 However, due to the thin nature of the diaphragm muscle tissue our samples 

lost their 3-D integrity after the decellularization. We also performed transmission electron 

microscopy on some diaphragm muscle samples and saw collagen fibers both in and out 

of the plane (Fig. 5.2B). Thus, we tried to image in the longitudinal plane with SEM by 

sectioning along the muscle fiber direction, but issues with contrast between the resin 

and digested tissue made it difficult to visualize fibers. We also applied second harmonic 

generation in intact tissue samples, aiming to image both muscle fibers and collagen 

fibers through the full thickness of the samples. While we saw similar collagen 

arrangements in the epimysium to what we measured from SEM (Fig. 5.2C), signal was 

lost through the sample thickness.  Thus, future studies can focus on applying more 

advanced multiphoton imaging techniques used to visualize three dimensional 

structures143,144  or leverage additional imaging techniques such as micro-computed 

tomography to characterize collagen distribution.145 
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Figure 5.2: A) Preliminary imaging to characterize intramuscular collagen fibers in diaphraghm mucle tissue. A) 
Scanning electron microsocpy (SEM) of intact muscle samples shows collagen surrounding muscle fibers. B) 
Transmission electron microscopy (TEM) shows collagen fibers both in and out of the imaging plane. C) Second 
harmonic generation (SHG) of tissue surface shows collagen fibers oriented transverse to muscle fibers. 

 

Collagen fiber types: Polarized light imaging has been used to visualize collagen fibers 

from picrosirius red stained imaging, due to collagen’s natural birefringence. Further, 

differences in color are often used to estimate the density or type of collagen fibers, with 

red regions corresponding with more type I/densely packed collagen and green regions 

corresponding with more type III/loosely packed collagen. Thus, to estimate collagen 

type/density we imaged the picrosirius red stained cross-sections from chapter four under 

polarized light (Fig. 5.3A). From those images, we measured the amount of red and green 

pixels to calculate the percentages of collagen (total, red, green) within the total sample 

area and each ECM layer (epimuscular, intramuscular). We found greater percentages 

of total red collagen in the mdx images compared with the WT, similar to the ECM area 

fractions calculated from the brightfield images. This trend was also seen in the 

intramuscular region (Fig. 5.3B). However, differences in the green collagen percentages 

were not observed (Fig. 5.3C).  This suggests that collagen within the diaphragm muscle 
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ECM is more densely packed, with increased densely packed collagen in mdx tissue. 

However, polarized light imaging can be highly sensitive to changes in polarizer 

angle146,147 and this analysis had a low sample size (n=3 mdx images, n=4 WT images). 

To increase confidence in our findings, more samples are required, and further studies 

should be done to specifically stain for collagen type using immunohistochemistry57 or 

measure mRNA levels from tissue samples.56  
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Figure 5.3: A) 6-month mdx mouse diaphraghm muscle cross-section stained with picrosirius red and imaged under 
brightfield (left) and polarized light (right). B) Measurements of dense/red collagen in total sample (left), intramuscular 
area (middle) and epimuscular area (right). C) Measurements of loose/green collagen in total sample (left), 
intramuscular area (middle) and epimuscular area (right). 
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3. Extensions to intramuscular modeling framework 

A challenge with micromechanical modeling at the tissue level is validating model 

predictions with measurements at a higher scale. Now that our intramuscular model 

predictions are validated, we can incorporate additional features to refine our 

representation of collagen fiber microstructure and probe specific questions about the role 

of the ECM on force generation.  

 

Collagen fiber directions: In the intramuscular models in chapter four, we accounted for 

the distribution of collagen fibers but assigned the primary orientation in the muscle fiber 

direction for all ECM elements. However, our models suggest that collagen primarily  

aligns in the cross-muscle fiber direction and previous studies show a helical arrangement 

of collagen surrounding muscle fibers.25,26 By assigning individual fiber directions within 

each ECM element we can further examine the effects of variations in collagen fiber 

directions on tissue properties. In previous skeletal muscle models, computational fluid 

dynamics has been used to assign muscle fiber directions,148 and a similar technique was 

applied for collagen fiber directions in micromechanical models.74 To apply these methods 

in our intramuscular models, we defined inlet and outlet surfaces on ECM elements on 

opposing surfaces and prescribed a dilation to the inlet, with zero dilation assigned to the 

outlet. Newtonian materials were assigned to the muscle and ECM elements, with the 

bulk modulus of the muscle elements set several orders of magnitude greater than the 

ECM elements to guide fluid flow through the ECM. After the fluid dynamics simulation, 

fluid velocities were output for each ECM element and used to determine the magnitude 

and orientation (Fig. 5.4A). The fluid velocities were then used to assign material axes 
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within each ECM element (Fig. 5.4B). With the inlet and outlet surfaces assigned on the 

+1 and -1 faces of the model, collagen fiber directions replicated a helical distribution 

seen in the literature. By varying the inlet and outlet surfaces we can then account for 

variation along the muscle fiber direction (+3) and compare the effects on tissue stresses 

and strains.  

 

 

Figure 5.4: Fluid velocities within ECM elements from fluid dynamics simulation (A) used to assign individual collagen 
fiber directions (B). 
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Transmembrane linkages: In previous micromechanical models, springs were used to 

account for transmembrane protein linkages between muscle fibers and ECM.16  To 

model the loss of dystrophin in DMD, springs were then randomly deleted and the 

influence of transmembrane protein density on macroscopic shear properties was 

dependent on the stiffness of the ECM.16 Our models account for more complexity within 

the ECM, allowing us to now examine the interplay between collagen microstructure and 

membrane damage. With our framework we can also simulate complex loading scenarios 

and test the effects of dystrophin loss on bulk tissue properties. We implemented springs 

in our intramuscular models by repeating nodes shared between ECM and muscle 

elements, assigning one node to either element, and connecting them with a linear spring 

(Fig. 5.5A). We used discrete element sets to define the spring pairs and the force-

displacement relationships governing their behaviour, scaling the spring stiffness to 

match the validated tissue level properties in the intramuscular models. By measuring the 

displacements between spring node pairs, we can then calculate the change in length of 

the spring to determine membrane strains.16 From preliminary equibiaixal simulations we 

saw that the springs primarily lengthened in the cross-muscle fiber direction (+1) (Fig. 

5.5B). This suggests that transmembrane proteins primarily contribute to cross-muscle 

fiber properties, which is where we saw differences in mdx and WT tissue properties. 

Thus, the loss of dystrophin in DMD may contribute to these differences in cross-muscle 

fiber properties due to impact of membrane weakening on cross-muscle fiber strains. To 

further investigate this, we can examine the role of transmembrane protein density in both 

our mdx and WT models under distinct loading conditions (Fig. 5.5C). 
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Figure 5.5 A) Springs connecting ECM and muscle nodes. B) Spring length during equibiaxial simulations. C) 
Variation in density of transmembrane proteins. 

 

Shear loading: The ECM is essential for transmitting forces laterally through shearing 

between muscle fibers and ECM.113–115 Lateral force transmission is severely impaired in 

mdx mice114 and previous micromechanical models focused on examining the role of 

tissue microstructure on macroscopic shear properties. These models revealed 

transversely anisotropic behavior at the muscle fascicle level,15 and found that the effect 

of structural changes such as increased ECM area fraction was highly dependent on the 

stiffness of the ECM.76 By simulating shear loading with our updated framework, we can 

now examine how collagen microstructure influences transverse isotropy. To do so, we 

implemented periodic boundary conditions based on the shear macroscopic deformation 

gradient (Equation 5.1). Additionally, we can simulate shear loading while varying the 

transmembrane protein density to examine how transmembrane proteins influence lateral 
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force transmission. From preliminary simulations we see higher shear strains within the 

ECM regions compared with muscle regions, and when accounting for transmembrane 

linkages we see sliding between muscle and ECM regions (Fig. 5.6). Further analysis 

can focus on characterizing how changes in microstructure influence strain distributions. 

𝐹1−3 
𝑚𝑎𝑐𝑟𝑜 = [

1 0 0
0 1 0

−𝑘 0 1
] 

Equation 5.1 

𝑢3
𝑓𝑎𝑐𝑒1+

= −𝑘ℓ3 + 𝑢3
𝑓𝑎𝑐𝑒1−

, 𝑢3
𝑓𝑎𝑐𝑒2+

= 𝑢3
𝑓𝑎𝑐𝑒2−

, 𝑢3
𝑓𝑎𝑐𝑒1+

= 𝑢3
𝑓𝑎𝑐𝑒1−

 

Equation 5.2 

 

 

 

Figure 5.6: A) 1-3 simple shear loading simulation. B) Shear loading with transmembrane proteins connecting muscle 
and ECM nodes.  
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5.4 Future Directions 

 

The development of fibrosis has deleterious impacts in skeletal muscle from the cellular 

to whole muscle levels. While my research has focused on the tissue level, our findings 

raise interesting questions about the role of collagen microstructure on complex cellular 

dynamics during fibrosis (1) and alterations in force generation during muscle dysfunction 

(2). Thus, exciting future directions could focus on the multiscale implications of collagen 

organization and seek to answer the following: 

  

1. How does collagen organization influence the progression of fibrosis? 

Structural, mechanical, and chemical properties of the ECM contribute to a feed-forward 

cycle in fibrosis, where fibroblast and myofibroblast behaviors are dependent on local 

cues.25,35,46,52,53 Our current framework allows us to predict mechanical properties such 

as strains and stiffness but does not account for dynamic cellular responses to these 

stimuli. To address questions at the cellular/biomechanical interface and examine how 

collagen microstructure contributes to the progression of fibrosis we can leverage agent-

based modeling techniques. Agent-based models (ABMs) allow us to simulate the 

recruitment and cellular behaviors of key inflammatory cells and their interactions with 

native muscle cells,149,150 and previous 2-D models of mdx lower limb muscle found that 

increased ECM stiffness was not explained by total amount of collagen alone.17 However, 

previous models did not account for structural parameters within the ECM or 

mechanosensitive behaviors.  
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To examine the role of collagen microstructure on cellular dynamics we could couple our 

intramuscular micromechanical models with ABMs that match their 3-D geometries. 

Agent behaviors from previous ABMs of DMD could be adapted150 with ECM elements 

now storing mechanical parameters: 1st principle strain (magnitude and direction) and 

effective stiffness, structural parameters: collagen alignment, orientation, straightness, 

and crosslinking, and compositional parameters: collagen I/III density, residual ground 

matrix density (elastins, PGs/GAGs). Fibroblast and myofibroblast behaviors would then 

scale based on mechanical cues, with collagen deposited in the local strain direction. The 

ABM and micromechanical models would then be coupled to simulate disease 

progression. The micromechanical model would simulate in vivo contraction and output 

local strains and effective stiffness in each ECM element. The ABM would simulate 

remodeling and predict new microstructure (collagen alignment, direction, density of each 

ECM component) (Fig. 5.7). With this framework we could track the progression of 

diaphragm muscle fibrosis with more specific metrics beyond collagen amount (i.e. 

collagen alignment, orientation, cross-linking) and predict relationships between fibrotic 

tissue structure and muscle dysfunction. Further, we could conduct in silico experiments 

to predict the role of biochemical and mechanical stimuli on respiratory insufficiency and 

therapies. For example, we can modify in vivo strains, simulating mechanical intervention 

by altering the boundary conditions in the mechanical model and simulate the effects of 

anti-fibrotic drug therapies by decreasing pro-inflammatory cytokine levels in the ABM. 

These perturbations would allow us to compare the relative impacts of mechanical and 

chemical cues on regeneration and fibrosis and predict an optimal timing for intervention.  
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Figure 5.7:  Coupled modeling framework where micromechanical model simulates in vivo contraction and agent 

based model simulates muscle remodeling. 

 

2. How does collagen organization influence muscle function? 

The development of fibrosis contributes to muscle dysfunction and decreases mobility 

and quality of life across a range of neurological impairments. The ECM’s contribution to 

passive muscle properties is well established123 and recent studies highlight its role in 

mediating active forces by regulating intramuscular pressure.151 Thus, we must consider 

how noncontractile fibrotic tissue alters the generation of both passive and active muscle 

forces to improve treatment and rehabilitation programs. While our framework focused on 

changes in tissue-level properties, we can apply similar methods to bridge gaps between 

tissue-level measurements and whole-muscle level function. 

 

To investigate how collagen microstructure contributes to force generation we could first 

measure in vivo passive and active force-length relationships in whole muscle.152,153 After 

live experiments, the whole muscle could be explanted to perform ex vivo uniaxial tests 
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before and after digesting muscle cells to estimate the contribution of the ECM to passive 

force.138 The digested muscle could be used to image ECM microstructure (collagen fiber 

direction, alignment),127,154 with the intact contralateral muscle used to image muscle 

architecture (3D geometry, muscle fiber directions)67,69  Finite element models could be 

generated to replicate the 3D muscle geometry, with the material properties accounting 

for local fiber directions and distributions based on our imaging. We could then simulate 

deformations from the mechanical tests and utilize our data for model calibration and 

validation. This framework would allow us to examine how microstructural parameters 

(collagen orientation, alignment) contribute to regional variations in tissue properties 

(stress, strains) at the muscle level and predict relationships between muscle architecture 

and collagen microstructure. We could then apply these methods in other muscle groups 

and animal models of fibrosis to predict relationships between alterations in collagen 

microstructure and muscle function.155 Further, we could perform in silico experiments to 

identify therapeutic targets by simulating changes in microstructure (ie. collagen amount, 

alignment) and mechanical interventions (ie. passive stretch) and compare their influence 

on model outputs (ie. stiffness). 
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5.5 Final Remarks 

 

While I may be ending with my PhD with more questions than I began with, we found that, 

indeed, the complex organizational structure of collagen fibers helps explain the lack of 

correlation between collagen amount and tissue stiffness in dystrophic muscle.14,16,17 My 

investigations into the role of collagen microstructure on passive muscle mechanics have 

also highlighted the importance of considering collagen organization within distinct ECM 

layers and in vivo loads sustained by specific muscle groups. By coupling multiscale 

mechanical models with experiments, we also show the capability of modeling to 

contextualize previous experimental findings, predict properties that cannot be measured, 

and propose new hypotheses. This framework can be applied to further examine 

collagens’ role in passive muscle mechanics during additional impairments, in other 

muscle groups, and across scales.  In sum, I have certainly learned that the journey from 

structure to function is complex and can be wavy at times, but it is also filled with exciting 

findings and new directions.  
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Be strong, be fearless, be beautiful. 

 

And believe that anything is possible when you 

have the right people there to support you. 

 

—Misty Copeland 
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Appendices 

Chapter 3 Supplemental Materials 

 

 
Supplemental Materials 3.1: (A) Sample of intact diaphragm muscle tissue excised from 3-month-old mdx 
mouse and prepared for Scanning Electron Microscopy (SEM) imaging. SEM images of the surface of the 
sample corresponding to the epimysium at 1kX (left) and 15kX (right) show that it is difficult to visualize 
collagen structure. (B) Sample of diaphragm muscle tissue excised from the same 3-month-old mdx mouse 
as in A after enzymatic digestion to eliminate muscle fibers and additional ECM components. SEM images 
of the surface of the sample corresponding to the epimysium at 1kX (left) and 15kX (right) show that the 
collagen fibers can be clearly visualized after. 
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Supplemental Figure 3.2: To validate the image processing algorithm and determine the appropriate 
subregion size, we first used our image processing algorithm with two manually-generated sets of test 
images of dark lines that approximated collagen fibers. (A) In the first image set, we varied collagen (line) 
direction over the range 0-90° while holding strength of alignment constant (SAknown=1). (B) In the second 
set, we varied strength of alignment over the range 0.92-0.99 with collagen direction constant (cpdknown=90°). 
To test the sensitivity of our algorithm to the image subregion size, we also varied the number of image 
subregions (2x2) and calculated the error between the known collagen direction and strength of alignment 
in our test images vs. the values determined by our image processing algorithm. (C) As we increased the 
number of image subregions, error in collagen direction increased. (D) Error in strength of alignment was 
minimized at the 64x64 subregion size. Based on this analysis, we selected the 64x64 subregion size, which 
yielded a collagen direction error of 0.35° and a strength of alignment error of 0.014. 
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Supplemental Materials 3.3: A wide range of values for collagen fiber stiffness are reported in the 
literature, varying from 300 MPa-12 GPa156–158 and are dependent on the mechanical testing conditions. 
Estimates for ground matrix stiffness also have a wide range, varying from 0.01-1 MPa.107,159 These material 
parameters are often fit to experimental data. In this study we were specifically interested in the influence 
of collagen fiber organization on tissue level properties alone. Therefore, we varied collagen fiber stiffness 
relative to ground matrix stiffness to determine the sensitivity of our model outputs to the ratio of E/c1. We 
held ground matrix stiffness and bulk modulus constant (c1=1 MPa, k=100,000 MPa) and varied the collagen 
fiber modulus relative to the ground matrix stiffness (1<E/c1<1000). We used FE models generated from 
scanning electron microscopy (SEM) images of 3-month-old mdx and 3-month-old WT mice (A) to test the 
sensitivity of the models to collagen fiber stiffness and compared the model output of effective stiffness 
ratio (transverse/longitudinal effective stiffness) (B). As we increased E/c1, the difference in effective 
stiffness ratio between the models increased. However, at approximately E/c1=500 the influence of collagen 
fiber stiffness on effective stiffness ratio stabilized. Therefore, we selected E/c1=800 which is within the 
range of reported values and where the influence of collagen fiber stiffness stabilizes.  
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Supplemental Materials 3.4: (A) First, we varied collagen fiber direction (0°<cfd<85°), with collagen fiber 
straightness constant at 1.0 and then 0.85, since the straightness parameters from SEM images fell within 
this range. (B) Next, we varied collagen fiber straightness (0.589<Ps<0.997) while holding fiber direction 
constant at 90° and then 70°, since the collagen fiber directions from SEM images fell within this range. (C) 
We generated FE models from each simplified image in A and plotted effective transverse stiffness vs. 
collagen fiber direction (top), effective longitudinal stiffness vs. collagen fiber direction (middle), and 
effective stiffness ratio vs. collagen fiber direction (bottom). We fit exponential relationships for effective 
transverse and longitudinal stiffness with Ps=1 and Ps=0.85 and then divided the curve fits for transverse 
and longitudinal stiffness for the effective stiffness ratio. (D) We generated FE models from each simplified 
image in B and plotted effective transverse stiffness vs. collagen fiber straightness (top), effective 
longitudinal stiffness vs. collagen fiber straightness (middle), and effective stiffness ratio vs. collagen fiber 
straightness (bottom). We fit power law relationships for effective transverse and longitudinal stiffness with 
cfd=90° and cfd=70°, and then divided the curve fits for transverse and longitudinal stiffness for the effective 
stiffness ratio. *The following material properties were held constant for all simplified image-based models: 
(E=800MPa, c1=1MPa, K=100 MPa β=3, λ0=1.01). 
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Chapter 4 Supplemental Materials 

 

 

 

Supplemental Fig 4.1: Analysis of the effects of the ratio of total collagen fiber stiffness to ground matrix 
stiffness (ξtot /c1) within the ECM material. Model predictions of bulk tissue stiffness during along-muscle 
fiber lengthening, cross-muscle fiber lengthening (ALCL) simulation were compared with varying ξtot /c1. 
The effects of the ratio of total collagen fiber stiffness to ground matrix stiffness stabilized when (ξtot 
=1000c1) and was maintained for all simulations. 

 

Supplemental Table 4.1: Experimentally measured tissue properties used to narrow down parameter 
values during model calibration (biax, in vivo, uniax cross) and validate model predictions (uniax along) 

 

Loading scenario Experiment measurements Model parameters 

Biax: Along-muscle 

fiber lengthening, 

cross-muscle fiber 

lengthening  

mdx k11=1.2e3  8.2e2 kPa 

k33= 5.8e2  3.4e2 kPa 

k11/k33 = 2.4 1.4 

200kPa<kcoll<800kPa 

0.1<cfdistintra <0.8 

WT k11= 4.6e2  4.4e2 kPa 

k33= 4e2  1.4e2 kPa 

k11/k33 = 1.1  0.90 

100kPa<kcoll<600kPa 

0.1< cfdistintra <0.7 

In vivo: Along-muscle 

fiber shortening, 

cross-muscle fiber 

lengthening 

mdx σ11= 3.8  0.79 kPa 

σ 33= -1.5  0.82 kPa 

200kPa<kcoll <300kPa 

0.1< cfdistintra <0.2 

WT σ11= 2.5  2.9 kPa 

σ 33= -1.5  0.82 kPa 

kcoll =200kPa 

0.2< cfdistintra <0.7 

Uniax cross: Cross-

muscle fiber 

lengthening 

mdx k11= 1.2e3  5.8e2 kPa kcoll=200kPa 

0.125< cfdistintra <0.175 

WT k11= 1.1e3  1.4e3 kPa kcoll=200kPa 

0.2< cfdistintra <0.7 

Uniax along: Along-

muscle fiber 

lengthening 

mdx k33= 4.1e2  2e2 kPa kcoll=200kPa 

0.125< cfdistintra <0.175 

WT k33= 4.6e2  2.5e2 kPa kcoll=200kPa 

0.2< cfdistintra <0.7 
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