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Abstract:  

This dissertation spans two separate projects I led during my PhD. The first project 

investigated the conformal encapsulation of stem cells using modified hyaluronic acids: 

Microand nanoencapsulation of cells has been studied as a strategy to protect cells from 

environmental stress and promote survival during delivery. Hydrogels used in 

encapsulation can be modified to immunoisolate cells as well as to influence cell behaviors 

and direct where they collect or are assembled in their surroundings. Here, we report a 

system that conformally encapsulated stem cells using hyaluronic acid (HA). We 

successfully modified HA with lipid, thiol, and maleimide pendant groups to facilitate a 

hydrogel system in which HA was deposited onto cell plasma membranes and 

subsequently crosslinked through thiol-maleimide click chemistry. We demonstrated 

conformal encapsulation of both neural stem cells (NSCs) and mesenchymal stromal cells 

(MSCs), with viability of both cell types greater than 90% after encapsulation. Additional 

material could be added to the conformal hydrogel through alternating addition of thiol-

modified and maleimide-modified HA in a layering process. After encapsulation, we 

tracked egress and viability of the cells over days and observed differential responses of 

cell types to conformal hydrogels both according to cell type and the amount of material 

deposited on the cell surfaces. Through the design of the conformal hydrogels, we showed 

that multicellular assembly could be created in suspension and that encapsulated cells 

could be immobilized on surfaces. In conjunction with photolithography, conformal 

hydrogels enabled rapid assembly of encapsulated cells on hydrogel substrates with 

resolution at the scale of 100 μm. 
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The second project was aimed to develop a new biomaterial platform using highly porous 

granular scaffolds: scaffolds composed of crosslinked hydrogel microparticles (HMPs), or 

granular hydrogel scaffolds, contain pore spaces much greater in size than conventional 

bulk hydrogels. Packing of HMPs creates interconnected, micron-scaled openings that 

are preserved upon crosslinking. Packed HMP scaffolds, also known as microporous 

annealed particle (MAP) scaffolds, greatly improve cell migration and proliferation. 

However, while higher porosity allows for more cellular infiltration, it also reduces the 

mechanical integrity of the scaffolds. Here, we address this challenge by demonstrating 

1) the fabrication of high-porosity granular scaffolds beyond what is possible from particle 

packing using sacrificial HMPs; and 2) stabilization of the high-porosity scaffolds by 

incorporating electrospun hydrogel fibers within the scaffolds. We fabricated granular 

scaffolds using norbornene-modified hyaluronic acid (norHA) HMPs and gelatin HMPs as 

the sacrificial population. We created HMP scaffolds with up to 50% porosity by 

incorporating (0-50 vol.%) sacrificial gelatin HMPs. When electrospun norHA fibers were 

incorporated in scaffolds at 5-10 vol.%, highly porous scaffolds retained their structure 

over a period of 28 days. Additionally, HUVECs were mixed with HMPs prior to scaffold 

formation and exhibited high viability. The HUVEC-HMP mixture could be injected through 

a needle and then crosslinked to form a scaffold, with post-injection viability >80%. Overall, 

this study demonstrates the development and characterization of a stable, highly porous 

granular scaffold system with high processibility and cytocompatibility. 
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Chapter 1: The why and how of cellular encapsulations 

The cues cells experience in their microenvironments are critical in determining cell fates 

through reciprocal interactions. These cues include cell-cell interactions, biochemical 

cues, biophysical cues, and soluble factors. My thesis centers around using biomaterial 

approaches and innovation to achieve control over these factors. In the first 2 chapters, I 

will discuss work that looked to establish material environments immediately adjacent to 

cells to control cell assembly through encapsulations. In the latter parts of the thesis, I will 

describe the establishment of permissive material environments that could present cues 

that influence cell migration and endothelial network formation. 

In both my undergraduate and graduate lab, I found myself working with coating 

mammalian cells with polymers to enhance cellular activity or create additional utility. 

Some of the earliest attempts at encapsulating cells in polymers started in the 1980s, 

where cells mixed with polymer solutions were simply formed into droplets and 

crosslinked1. As technology advanced, however, more tools became available to the 

scientists and the complexity and possibilities of encapsulation increased. Encapsulation 

of cells within microscale and nanoscale coatings can now be achieved and utilized to 

significantly alter cellular microenvironment.  

So, why bother coating mammalian cells with polymers? The most common answer is that 

many research groups, including both my advisor’s labs, are interested in imparting 

protection to the cells under the context of cell-based therapy. In cell therapies, large 

numbers of cells are typically delivered to the wounded or diseased sites2. Cells used in 

these therapies are carefully selected, and sometimes even engineered3-5, to either 
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encourage integration of delivered cells and host tissues, or produce secreted factors with 

pro-regenerative and disease-controlling effects6-10. Because of this high dependency of 

cell therapy on cells and their function, it is imperative that these cells remain viable so to 

derive the most benefit from the therapy.  

Two major hurdles affect cell viability the most in cell therapy: 1) the process of cells being 

delivered to the body, typically through injection2; and 2) host immune responses after 

cells have been delivered11-13. It has been suggested that during the process of injection 

through syringe and needle, extensional flow occurring at the entrance of the needle is 

the major cause of decreased cellular viability14. Extensional flows occur at places where 

fluid move from a wider channel (the syringe) to a narrower channel (the needle), the 

change in fluid velocity results in the velocity-dependent deformation of cells14,15, likely 

causing cells to rupture as the magnitude of deformation becomes too great. In this case, 

protection of cells can be conferred by a mechanically robust coating. For instance, during 

my undergraduate research years in Dr. Brad Berron’s lab, they had developed a PEGDA-

based coating that was able to protect coated cells from osmotic lysis16 – another 

deformation-based mechanic that causes increase in cell volume until rupture, 

demonstrating mechanical reinforcement far beyond the cortical tension of cells. Others 

have shown that coated cells can withstand larger centrifugation forces17. While no studies 

have looked at the extent to which coatings can protect cells from injection, the 

implementation of coatings with less propensity to deformation may be able to significantly 

rescue cells from deformation-induced deaths. 
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For the lucky cells that survived the journey through syringe injection, they are, 

unfortunately, far from being in a comfortable place. Likely, the needle from which the cells 

arrived had punctured through at least a few layers of host cells to reach the injection site 

– a small price to pay for therapeutic benefits. However, this small injury causes the host 

body to respond. Neutrophils arrive at the wound site first, secreting pro-inflammatory 

molecules and eliminating foreign microorganisms, at the expense of a few healthy cells 

around them18. Soon, the now inflammatory environment recruits other monocytes that 

work together to prevent further infection and clean up damaged cellular debris19. Up to 

this point, the delivered cells have been sitting in a suboptimal inflammatory environment 

and interacting with host immune cells. If the host organism is not immunocompromised, 

and if the delivered cells haven’t perished from the innate immune response already, the 

delivered cells, unless autologous, will soon also be recognized as foreign bodies that 

needs to be cleared from the host system. And indeed, retention of delivered cells remains 

a major obstacle in cell therapy7,11-13,21,22. 

Protection from the immune response, however, can be imparted by coatings. Coatings 

have been engineered with selective permeability to allow for secretion of small, 

therapeutic molecules, but prevent antibodies from interacting with cell surface 

receptors23-27. These studies primarily involved pancreatic islets, as long-term insulin 

secretion in the host system is desirable. Encapsulation of islets resulted in prolonged 

survival and long-term benefits25,29, demonstrating that immunoprotective effect, and 

subsequently prevention from clearance, can be achieved using coatings that obviate 

immune interactions between host cells and delivered cells.  
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Beyond protection of cells for cell therapy applications, cell coatings can be designed to 

facilitate the spatial manipulation of cells. The ability to position large numbers of cells at 

desired locations is attractive to tissue fabrication, where multiple cell types need to be 

placed in relative positions, and large number of cells are needed to recapitulate tissue 

characteristics30-35. Additionally, precise and high-resolution control over relative positions 

of small numbers of cells are valuable in studying cell-cell interactions36-39.  

The common approaches to controlling cell placement include 3D printing and 

microfabricated substrates. In 3D printing, cells are typically carried in an ink designed to 

protect cells from the extrusion process. Multiple cell lines in inks can be printed together, 

or sequentially, with precise spatial positioning. However, to achieve protective effects 

using the ink, cell density must be low enough to preserve the flow properties of the ink. 

This dictates that most 3D printing inks are mostly ink in volume, in contrast to tissues that 

are made from mostly cells. This also presents challenges on placements of single cells 

or very low numbers of cells. Here, microfabrication approaches are advantageous. 

Through photolithography techniques, features as small as a single cell can be fabricated 

onto surfaces at any location. These features can contain cell adhesion molecules to 

achieve cell placement only onto the features38. Thoughtful design using this technology 

has allowed researchers to answer questions regarding differences between single-cell 

and multi-cell behaviors. However, microfabrication is often complex and expensive; 

difficult to support multiple cell types; and lacks spatial control beyond 2D surfaces.  

Cell coating, on the other hand, is a unique alternative for spatial control. Cell coatings 

can contain reactive moieties that facilitate coated cell interactions with complementary 
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moieties. As an example, if molecule A has a high affinity to molecule B, cells with coatings 

containing excess molecule A can be directed to surface features containing excess 

molecule B and quickly become bound. Additionally, cells with coatings containing excess 

molecule B can also be complexed with another population of cells with coatings 

containing excess molecule A. Rather than relying on a bulk carrier material or ligand 

presentation from fabricated surfaces, this strategy utilizes coated cells as building blocks 

and more rapid interactions than establishing ligand-receptor connections, with the 

potential to achieve cell-dense structures and allow for precise control over small number 

of cells at the same time. In fact, Gartner et al. demonstrated that two cell populations 

decorated with complementary oligonucleotides self-assemble to form clusters containing 

2 to several cells40,41. Using the same strategy, Todhunter et al. were able to assemble 

heterogeneous, cell-dense structures onto oligonucleotide-decorated surfaces41, 

recapitulating microtissues with distinct epithelial and stromal layers.   

In summary, we now have at least two good reasons to create polymer coating on cells: 

to provide protection and to direct cell placement. But how does one coat cells? Human 

cell sizes range from a few microns in diameter (blood cells) to a hundred microns (ovum) 

and cannot be seen with the naked eye. One does not simply dip individual cells into a 

solution of polymers and create coatings like those on strawberries in a chocolate fondue. 

And even if we could manipulate cells to that extent, the typical number of cells needed 

to run experiments (hundreds of thousands to billions) will render this strategy virtually 

useless. To create coatings specific to the cell surface, many considerations need to be 

made that utilize the property of the plasma membrane.  
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Perhaps the most tested way to create these encapsulations, or coatings, is through 

microfluidics43-45. In this approach, cells in a polymer precursor solution are flowed through 

microfluidic channels into an oil phase. The flow rate is controlled so that discrete droplets 

of the aqueous phase form, which are usually stabilized by surfactants in the oil phase and 

crosslinked to form the encapsulations. The challenge of this approach is the lack of 

specificity. Whether a cell becomes encapsulated is based on probability – the 

encapsulation events follow a Poisson distribution46. Additionally, the sizes of droplets are 

typically > 100 μm in diameter and often multiple cells lie within a single droplet. Rather 

than coatings, these microfluidic encapsulated cells are often termed “micro-

encapsulations”, based on the scale of the droplets. To address the stochastic nature of 

encapsulation and better control over capsule sizes, Mao et al.  utilized cells with surface-

adsorbed CaCO3 and Alginate solution as the aqueous phase47. While encapsulation 

events are still probabilistic, Alginate capsules without calcium-adsorbed cells could not 

crosslink to form a hydrogel. This resulted in only cell-containing capsules to be retrieved 

as well as the ability to achieve smaller capsules47. While microfluidic encapsulation using 

this approach has not been adopted outside of the alginate system, microfluidics remain 

a reliable way to encapsulate cells into relatively small capsules, as success from various 

groups have been documented, and cells experience very little stress that causes loss in 

viability during the process.  

Most other approaches utilize the property and molecules on plasma membrane to 

generate the encapsulation. The most documented strategy for cellular encapsulation is 

layer-by-layer deposition of polyelectrolytes49-58. In this strategy, the net negative charge 
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of plasma membrane forms the basis of polycation adsorption. Typically, native cells are 

incubated for short periods of time in polycation solutions, then washed in PBS through 

centrifugation, then again incubated in polyanion solutions. The washing and incubation 

steps are continued with incubation in polyelectrolytes with alternating charges until 

sufficient layers are formed. Some of the challenges in this approach involves the 

documented cytotoxicity of certain polycations59-63, especially as the first layer where the 

negatively charged plasma membrane is at risk of being disrupted. Further, the repeated 

washing steps increase the length of cell process time and results in loss of cells, both 

from processing steps and the duration of the process.  

Beyond the charges of the membrane, many approaches take advantage of the molecules 

on the cell surface, namely ligands, glycosaminoglycans (GAGs), lipids, and abundant 

amine groups. Romero et al. utilized biotinylated antibodies and subsequent incubation in 

streptavidin-eosin (type II initiator) to achieve cell type-specific tagging16. This allowed cell 

surface-initiated polymerization with eosin-tagged cells in a PEGDA precursor solution. 

Similar strategies were carried out by targeting GAGs and amines rather than cell-specific 

ligands64-69. Commonly, an initiator or enzyme that facilitates localized crosslinking was 

covalently attached to the cell surface, secondary incubation into a precursor then creates 

the encapsulation localized to the surfaces of the cell16,70,71. Similarly, instead of covalently 

attaching initiating moieties to the cell surface, lipid-modified molecules can be inserted 

into the plasma membrane that facilitate further crosslinking51,72-76. Many of these 

strategies require fewer processing steps than layer-by-layer polyelectrolyte deposition; 

however, common challenges in these methods include ensuring enough initiating 
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molecules are present, and sometimes usage of cytotoxic molecules that are required for 

crosslinking16,66,67.   

When Dr. Chris Highley and I first set off on the journey of cell encapsulation in 2018, we 

set our eyes on the encapsulation of neural stem cells. A cell type that holds many 

therapeutic benefits that alleviate brain injury2,,6,7,9, but a somewhat more fragile cell type 

to culture compared to, say, the hardier stromal cells and cancer cells. The idea was to 

combine some approaches mentioned above to create a versatile encapsulation that is 

compatible to neural stem cells and allow for a range of functionalities. More specifically, 

we wanted to explore the layer-by-layer approach, as it offers the most tunability – as more 

layers are deposited, the coating becomes thicker, offering more potential to influence 

surface antigen availability and mechanical protection. However, rather than using 

polyelectrolytes that tend to be cytotoxic, we wanted to create a material system that is 

more cytocompatible, which meant replacing electrostatic interactions with another 

interaction that allowed for layering; is rapid enough to minimize processing time; and is 

cytocompatible.  

The next chapter details the findings as we attempted to design and test a hyaluronic acid-

based material system on not only neural stem cells, but also mesenchymal stromal cells, 

another cell type commonly used in cell therapies. From these findings, I will also discuss 

the promises and the inadequacies of our approach in the chapter that follows. 
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Chapter 2: Conformal Encapsulation of Mammalian Stem Cells Using 

Modified Hyaluronic Acid 

Contributing Authors: Jack Whitewolf and Chris Highley 

Introduction:  

Encapsulation of cells in biomaterials has become an increasingly sophisticated method 

to isolate cells from environmental stresses that could alter cell behavior; to protect them 

from harsh processing conditions; and to influence cellular phenotypes1–8. While cell 

encapsulation often occurs in bulk materials, encapsulation methods using reduced 

volumes of hydrogels presents opportunities to increase the exchange of nutrients and 

cell-secreted products across the hydrogel, as well as to improve cell delivery to confined 

anatomical locations in cell therapy. Technologies to reduce material volumes in cell 

encapsulation include microencapsulation and approaches that reduce material volumes 

even further such as nanoencapsulation and conformal coatings. Microencapsulation 

have been shown to have immunoisolating as well as mechanically protective effects, 

rendering them a promising tool in stem cell transplantations or deliveries9–17. Compared 

to microencapsulation, conformal encapsulation takes a further step in minimizing the 

material used for encapsulation. In conformal encapsulation, hydrogel layers are 

generated on or adjacent to the plasma membrane that range from 100s nm – 1000s nm 

thick. 

Many conformal encapsulation processes do not require microfluidic systems that are 

often used in cell microencapsulations. The reduction of material volumes also further 

improves mass transport to and from encapsulated cells18,19. While immunoisolation can 
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still be achieved with conformal encapsulations, the thin layers of encapsulation can be 

designed to allow cell surface ligands to interact with their environment18,20–24. 

Conformal encapsulations can be achieved by sequentially depositing multiple layers of 

polymer through electrostatic interactions24–30; using cell surface-initiated chemistry to 

build hydrogels from the surfaces of cells13,31,32; utilizing non-specific adsorption of 

materials to cell surfaces33–36; and through various means of localizing hydrogel 

crosslinking to space adjacent cell surfaces18,27,37,38. These encapsulations have been 

shown to help mechanically isolate, reinforce, and protect the encapsulated cells, as well 

as to be modified to include ligands that provide instructive cues to the encapsulated 

cell27,28,37,39,40. Degradation of the encapsulating materials can also be strategically 

designed to allow cells egress at desired time points or, if long-term encapsulation is 

desired, to more stably encapsulate cells41,42. 

Additionally, spatial relationships between encapsulated cells or between cells and 

external environments might be guided by material design in conformal encapsulations. 

Encapsulations that present to their surroundings reactive moieties such as chemical 

reactive groups, peptides, and oligonucleotides, might be directed to react with 

complimentary reactive groups. In a prime example, microtissues have been precisely 

assembled in suspension and on patterned substrates through modifications of the cell 

surfaces with complementary oligonucleotides 43,44. Conformal encapsulation offers the 

potential to combine directed assembly via surface chemistry and control of cell fates in 

designing multicellular constructs and interactions. 

Up to this point, materials used for conformal encapsulation include a range of both 
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synthetic and natural polymers. Synthetic polyelectrolytes20,24,45, PEG-based 

polymers27,37,46, and naturally-derived polymers including alginate47,48, gelatin39, 

chondroitin sulfate49,50 and hyaluronic acid (HA)25,26,28,45,51 have been used, often in 

conjunction, to encapsulate mammalian cells. Here, we report a material system for 

encapsulation based entirely on HA for the first time. HA, a major extracellular matrix 

(ECM) glycosaminoglycan, plays important roles in development and wound healing52. 

HA is an attractive platform for engineering cellular microenvironments as it can be 

readily modified with diverse functionalities; actively promotes cell survival; and is 

biodegradable through the enzyme hyaluronidase52,53. In this paper, we modified HA with 

lipid groups and click chemistry groups to enable HA deposition onto the cell membrane 

and to allow for subsequent click reactions. Using these modified HAs, we conformally 

encapsulated neural stem cells (NSCs) as well as mesenchymal stromal cells (MSCs) 

to demonstrate the encapsulation capability of modified HAs. By utilizing the chemical 

groups present on the encapsulation material, we were also able to demonstrate the 

potential for conformal encapsulations to direct assembly between encapsulated cells in 

suspension, as well as assembly of cells onto patterned surfaces using photochemistry. 

 

Materials and Methods 

lipid-HA-thiol Synthesis 

Lipidand thiol-modified hyaluronic acid (lipHASH) was synthesized in three steps. First, 

lipid-modified HA (lipHA) was synthesized. Second, 3,3’-dithiopropionic acid (DTA) was 

conjugated to lipHA. Third, the disulfide in the DTA moiety was cleaved to yield lipHASH. 
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In the first step, hyaluronic acid (HA) sodium salt (Lifecore, 82kDa) was dissolved at 20 

mg/mL in deionized (DI) water to achieve a concentration of 2% w/v. Exchange of Na+ 

for H+ was achieved by adding 3 g of Dowex 50W x 8 ion exchange resin (Sigma 

Aldrich) to the solution for each 1 g of HA and stirring for 3 hr. Resin was removed 

by filtration, and the remaining solution titrated to pH 7 with tert-butylammonium (TBA) 

hydroxide (Fisher Scientific, 0.4M in water) to produce HA-TBA54. HA-TBA solution 

frozen and lyophilized to yield dry polymer. Next, to synthesize lipHA, HA-TBA was 

dissolved in anhydrous dimethylsulfoxide (DMSO, Sigma Aldrich, anhydrous, >99.9%) 

at 20 mg/mL under nitrogen. For each molar of disaccharide unit of HA, 0.01 mol of 

1,2-Dipalmitoyl-sn-glycero-3-phosphoethanolamine (DPPE, Sigma Aldrich, >97%) was 

dissolved in reagent grade ethanol (Sigma Aldrich, <0.003% water) at 75 °C at 2 mg/mL, 

then added to HA-TBA solution. Finally, a 10:1 molar ratio of (Benzotriazol-1-

yloxy)tris(dimethylamino)phosphonium hexafluorophosphate (BOP, Sigma Aldrich, 97%) 

to DPPE was dissolved in DMSO and added to the reaction mixture. The mixture was 

stirred at 40 °C overnight. After the reaction, the mixture was placed in a 5000 MWCO 

membrane (Cole Palmer) and dialyzed against deionized (DI) water for 1 day, then filtered 

to remove precipitated excess reagent. The solution was purified by ultrafiltration 

(Millipore Sigma, Amicon Stirred Cells). The resulting lipHA solution was converted to 

lipHA-TBA using the same ion exchange method described above and lyophilized. To 

synthesize the lipHA-dithiopropionic acid intermediate product, lipHA-TBA, 3,3’-

dithiopropionic acid (Sigma Aldrich, 99%), and 4-(Dimethylamino) pyridine (DMAP, 

Sigma Aldrich, >99%) were dissolved at 20 mg/mL in anhydrous DMSO under nitrogen 
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at 45 °C. Di-tert-butyl decarbonate (Boc2O, Sigma Aldrich, >99%) was then added to 

the dissolved reaction mixture. The reaction proceeded for 20 hr at 45 °C. The molar 

ratios of lipHA-TBA:DTA:DMAP:Boc2O were 1:3.75:1.875:0.75 for synthesizing lipHASH 

used in conformal encapsulation and cell assembly and 1:5:2.5:1 for synthesizing material 

used in photo-patterning. The reaction solution was then dialyzed and ultrafiltered as 

described above to yield DTA-modified lipHA. To produce lipHASH, 1,4-dithiothreitol 

(DTT, Sigma Aldrich, 97%) was added to the DTA-modified lipHA solution at 1:1 w/w 

DTT to HA. After the DTT was dissolved, the pH was adjusted to pH 8.5 using 1 M 

NaOH and maintained for 2 hr. The pH was then adjusted to pH 3.5 to quench the 

reaction and prevent further disulfides from forming. The final mixture was ultrafiltered 

with starting pH 3.5 and finally flash frozen for later use. 

 

MaHA, HASH, norHA Syntheses 

Maleimide-modified HA (MaHA) was made as previously described 55. Briefly, HA-TBA 

was synthesized as described above. HA-TBA and N-(2-Aminoethyl)maleimide 

trifluoroacetate salt (Sigma Aldrich, >95%) were dissolved in DMSO. HA-TBA was 

dissolved at 20 mg/mL of DMSO, and the molar ratio of HA disaccharide units to MA 

was 1:0.3. BOP was dissolved in DMSO and added dropwise into the reaction mixture. 

The reaction was allowed to proceed for 3 hr at room temperature, then dialyzed and 

ultrafiltered as described above. Thiol-modified HA (HASH) was made as previously 

described 56. HA-TBA, 3,3’-dithiopropionic acid, and DMAP were dissolved in DMSO 

at 45 °C. Then, Boc2O was added and the reaction was allowed to proceed for 20 hr at 
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45 °C. The molar ratio of HA-TBA:DTA:DMAP:Boc2O was 1:5:2.5:1. The conjugated 

DTA was subsequently reduced using DTT as described above. Norbornene-modified 

HA (norHA) was made as previously described 57. Briefly, 5-norbornene-2-carboxylic 

acid (Sigma Aldrich, mixture of endo and exo, predominantly endo, 98%) was coupled 

anhydrously to HA-TBA in DMSO via Boc2O conjugation to yield norHA, purification 

was done through dialysis in DI water. 

 

Peptide Synthesis 

All peptides used in this study were synthesized using a Liberty Blue (CEM) automated, 

microwave-assisted solid phase peptide synthesizer using Fmoc chemistry. Briefly, Rink 

amide resin (Advanced Chemtech, 100–200 mesh, 1% DVB) was swollen with 

dimethylformamide (DMF, Aldrich, ACS reagent grade), and the immobilized Fmoc 

group removed with 20% (v/v) piperidine in dimethylformamide. Fmoc-protected amino 

acids (Advanced ChemTech, 0.2 M in DMF, 5 equivalents relative to theoretical available 

sites on the resin) and the coupling agents diisopropylcarbodiimide (DIC, Aldrich, 99%, 1 

M in DMF) and Oxyma Pure (Advanced ChemTech, 1 M in DMF) were added to the 

reaction vessel and heated to 90 °C for 4 min. The Fmoc deprotection and coupling 

steps were repeated to build the peptide from the C-terminus to the N-terminus. For 

fluorescent peptides, 5(6)carboxyfluorescein (Sigma Aldrich, >95%) was added last onto 

the N-terminus. The resultant peptides were cleaved from the resin with a cocktail of 

92.5% trifluoroacetic acid (TFA, Aldrich, 99%), 2.5% triisopropylsilane (TIPS, Aldrich, 

99%), 2.5% 2,2(ethylenedioxy) diethanethiol (DODT, Aldrich, 95%), and 2.5% DI water, 
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and then isolated by precipitation into cold diethyl ether (Aldrich, ACS reagent, contains 

butylated hydroxytoluene as inhibitor) and centrifugation. After removal of ether under 

vacuum, the peptides were resuspended in DI water, frozen in liquid nitrogen, lyophilized, 

and stored at 20 °C as powders until ready for use. High performance liquid 

chromatography (HPLC) was used to determine peptide purity. 

 

lipHA-fluor synthesis 

lipHA, synthesized as described above, was functionalized with hydrazides to which 

fluorescein isothiocyanate (FITC) was directly conjugated. First, lipHA-hydrazide (lipHA-

ADH) was synthesized by combining lipHA, N-hydroxysuccinimide (NHS, Thermo Fisher, 

99%), and adipic acid dihydrazide (ADH, Sigma Aldrich, >98%) in DI water at a molar 

ratio of lipHA (disaccharide units):NHS:ADH 1:2:5. LipHA was dissolved at 10 mg/mL. 1-

Ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC, Sigma, Aldrich, >98%) was then 

dissolved in DI water and added to the solution mixture at equimolar ratio to NHS. The 

pH of the reaction mixture was then titrated to 6 using 1M HCl and 1M NaOH. The 

reaction was allowed to proceed overnight. To purify lipHA-ADH, the resulting solution 

was dialyzed for 3 days in DI water and lyophilized. To convert hydrazide groups to 

fluorescent moieties, lipHA-ADH was dissolved at 0.5 wt% in 0.1 M dibasic disodium 

phosphate buffer (Sigma Aldrich, ACS reagent grade) and an equimolar quantity of 

fluorescein isothiocyanate (FITC, Sigma Aldrich, isomer I, >90%) to single disaccharide 

units of HA was dissolved at 0.5 wt% in DMSO and added to lipHA-ADH solution. The 

reaction was allowed to proceed overnight. The mixture was then dialyzed for 3 days 
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and lyophilized. 

 

NSC and MSC culture 

Rat hippocampal NSCs (Millipore Sigma) were cultured on tissue culture flasks coated 

with poly-L-ornithine (Sigma Aldrich, poly-L-ornithine hydrobromide, MW 30,000 – 

70,000), then laminin (Sigma Aldrich, 1-2 mg/mL in Tris-buffered saline) to support 

NSC attachment. The NSC culture medium was DMEM with reduced glutamine 

(Thermo Fisher), B27 supplement (Thermo Fisher, B27 50X), and 1x antibiotic-

antimycotic (anti-anti, Thermo Fisher, Antibiotic-Antimycotic (100X)). Medium was 

changed every two days and bFGF (PeproTech, Recombinant Human FGF-basic) was 

maintained at a concentration of 20ng/mL for each media change. MSCs (Lonza) were 

cultured in MEM alpha (Sigma Aldrich) medium supplemented with 10% fetal bovine 

serum (Thermo Fisher) and 1x anti-anti. Culture medium was changed every 2 days 

during the course of culture. All cell lines were cultured in a humidified incubator with 

5% CO2 at 37°C. To harvest NSCs, flasks were treated with 3 mL of Accutase™ 

(Biolegend) after media aspiration and were incubated for 3 min to allow enzymatic 

detachment. For MSCs, 4 mL of 0.05% Trypsin (Fisher Scientific) was added to each 

flask after media aspiration and washing with PBS, and a 5 min incubation was used. 

The harvested cells were subsequently centrifuged to form pellets and resuspended 

in medium for continued passaging or in desired solutions for experimental use. 

Conformal Encapsulation of NSCs, MSCs, and NSC spheroidsNSCs and MSCs were 

encapsulated by first incubating the cells in 0.5 mg/mL lipHASH solution for 30 min at 
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4 °C. 1 mL of lipHASH solution was used for each 1-2 million NSCs or MSCs. The cells 

were then centrifuged at 300 g for 5 min and washed with 10 mL of Dulbecco’s 

phosphate buffered saline (DPBS, Fisher Scientific, no calcium, no magnesium) once. 

For the second layer of encapsulation, the washed cells were resuspended in a 5 

mg/mL MaHA solution and incubated for 15 min at 4 °C. After incubation, the cells were 

centrifuged at 450 g for 3 min, then washed once with 10 mL of DPBS. For a third layer 

of encapsulating material, cells were incubated in 5 mg/mL HASH solution for 15 mins 

at 4 °C, then centrifuged at 450 g for 3 min and washed with 10 mL DPBS once. For 

encapsulations of four layers and more, the steps described above were repeated with 

alternating incubations in MaHA or HASH solutions. All solutions were made by 

dissolving modified HA in DPBS, then filtering the solution through a 0.45 µm syringe 

filter followed by a 0.22 µm sterile filter for sterilization. To enable fluorescent imaging 

of multilayered coatings, MaHA was covalently modified by a cysteine-containing 

peptide that was end-conjugated with rhodamine B (GCGKKK-RhoB). The peptide was 

dissolved in DPBS at 10 mg/mL then added to a 5 mg/mL MaHA solution prior to 

sterilization. Peptide was added to give a 3% degree of substitution relative to total HA 

disaccharide units. For encapsulation of NSC spheroids, the spheroids were collected 

by centrifuging at 200 g for 5 minutes. All centrifuge spins after washes were adjusted 

to 200 g and 5 minutes. Spheroids were resuspended by gentle trituration via pipetting 

of the spheroid pellet. The rest of the encapsulation procedures were the same as in 

single NSC encapsulations. 
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Live/Dead Assay and Encapsulation Fraction Analysis 

After encapsulation, NSCs or MSCs were cultured in 24 well plates for 3 days. 

Fluorescence around cells – resulting from labeling MaHA as described above – as well 

as cell shape were used as metrics to assess if the cells stayed in encapsulation. 

Microscopy images were taken and encapsulated cells, as well as cells that appeared 

unencapsulated in culture, were counted over 3 days to track the fraction of cells that 

stayed in encapsulation. For live/dead staining, calcein AM/ethidium homodimer 

(LIVE/DEAD™ Viability/Cytotoxicity Kit, for mammalian cells) were used. Each day, 

multiple wide field microscopy (Leica DMi8 Widefield) images were taken for each well 

after live/dead staining, live and dead cells were counted for all the images, and the cells 

from that day were disposed. 

Assembly of NSCs via Complementary Chemistries 

NSCs were split into two groups and encapsulated in either lipHASH (single-layer 

encapsulation) or lipHASH and MaHA (2-layer encapsulation). After washing with DPBS, 

the cells were allowed to assemble through centrifugation. The cells were mixed at a ratio 

of 1:5 MaHA to lipHASH. Cell suspensions were centrifuged at 300 g for 5 min, and the 

pellet was resuspended by gentle pipetting without replacing the medium in which they 

were suspended. 

Photopatterning of NSCs onto a norHA Hydrogel Surface 

NSCs were encapsulated in a layer of lipHASH as described above. After washing with 

DPBS, the encapsulated cells were suspended at a density of 5 million cells/mL in a 

solution consisting of a photoinitiator lithium phenyl-2,4,6-trimethylbenzoylphosphinate 
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(LAP, Sigma Aldrich, >95%) at 1mM in DPBS. 100 µL of the cell solution was then pipetted 

onto the norHA gel and a photomask was positioned on top of the solution. Fabrication of 

norHA hydrogel was conducted as previously described 58. Briefly, glass coverslips were 

functionalized with 3-(mercaptopropyl) trimethoxysilane (MTS, Sigma Aldrich, 95%) The 

coverslips were then washed sequentially in dichloromethane (DCM,Sigma 

Aldrich, >99.8%), 70% ethanol in water, and DI water. norHA hydrogels were created on 

coverslips from a solution consisting of 5% (w/v) norHA, 1 mM LAP and DTT. The solution 

was crosslinked by irradiation for 2 min at 365 nm (10 mW/cm2, Omnicure). The NSCs 

were allowed to settle to the hydrogel’s surface over 10 min, then the NSCs on the gels 

were exposed under 20mW/cm2 UV light through the photomask for 1 min. This induced 

crosslinking between pendant norbornene moieties on the hydrogel surface and thiols on 

the lipHASH coating. The photomask was then removed and the hydrogel washed with 

DPBS 3 times to remove non-attached cells. 

Bulk Degradation of MaHA – HASH Gel 

Bulk gels were made by mixing HASH and MaHA solutions together to achieve a final 

concentration of 5 mg/mL for both materials. HASH and MaHA solutions were made 

separately at 10 mg/mL. 100 µL of MaHA solution was added to the bottom of 96 well 

plates. Then, 100µL of HASH solution was added to the MaHA solution and mixed with a 

pipette. Gelation occurred within 10 seconds. The gels were then transferred to transwell 

inserts and cultured for 7 days in a 24-well plate with enough PBS to cover the gel. The 

mass of gels was measured every day and compared to their original mass. 
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Results 

Material Synthesis and Conformal Encapsulation of Neural Stem Cells 

LipHASH and MaHA were synthesized as illustrated in Scheme 1. HASH was synthesized 

from HA via the same Boc2O reaction used to synthesize lipHASH from lipHA. All HA 

derivatives were characterized using 1H NMR (Supplemental Fig S1-S3.). The lipid 

chosen for our modification has previously been shown to be able to insert into cell 

membranes43; we modified HA with an average of 1 lipid per HA chain in aiming to 

maximize the conformational freedom of lipHA attached to the cell membrane. Our 

syntheses yielded a ∼ 0.3 degree of substitution for both HASH and MaHA. 

Our approach to creating a multilayered conformal encapsulation is illustrated in Scheme 

2, where the pendant lipids that were conjugated to the HA backbone in lipHASH inserted 

into the plasma membrane to create a lipHASH first layer with free thiols available for 

reaction. Then, via maleimide-thiol click chemistry, MaHA could be conjugated to the first 

layer to create a two-layer encapsulation formed by the crosslinking of a thin HA-based 

hydrogel around the cell. Unreacted maleimide moieties in the second layer then served 

to crosslink to a subsequent layer of HASH, with continuing build-up of the hydrogel 

encapsulation possible through further conjugation of alternating layers of MaHA and 

HASH. 
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Figure S1. 1H NMR spectrum of MaHA 
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Figure S2. 1H NMR spectrum of lipHASH 
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Figure S3. 1H NMR spectrum of HASH 
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Scheme 1 A) Synthesis of lipHASH. HA-TBA is the tert-butyl ammonium salt of HA, generated through 

ion exchange as described above. lipHA is synthesized first, then lipHA-dithiol is made in the same way 

as HA-dithiol; and the dithiol (shown above the second step arrow) is subsequently cleaved using DTT to 

generate pendant thiol group. B) Synthesis of MaHA. 

Scheme 2. The process of conformal cell encapsulation. lipHASH is deposited onto the cell membrane 

by hydrophobic interaction, then maleimide-thiol click chemsitry is utilized for subsequent conjugations 

to deposit more layers of HA (final covalent bonds formed and the interaction of the conjugated lipids 

with the cell membrane are shown on the right) 
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To confirm the association of lipHA with the cell membrane, we synthesized FITC-

conjugated lipHA (lipHA-FITC) to enable visualization of lipHA by fluorescent microscopy. 

NSCs incubated with lipHA-FITC exhibited a clear fluorescent ring around cells, indicating 

of lipHA-FITC localization at the cell surfaces (Fig. 1A). To confirm the addition of the 

second encapsulation layer using MaHA, we tagged MaHA with rhodamine B (RhoB-

MaHA). Encapsulation of NSCs using non-fluorescent lipHASH and then RhoB-MaHA also 

showed clear fluorescence on NSCs (Figure 1B). We next conducted experiments to rule 

out potential contributions of auto-fluorescence and non-specific interactions (Figure 1C), 

such as adsorption of HA to the cell surface or the reaction of maleimides (in MaHA) to 

matters present on the cell surface. NSCs were first incubated in PBS (control), lipHA-

FITC (non-thiol containing, fluorescent group), or an 80:20 mixture of lipHASH and lipHA-

FITC (lipHASH for reactivity and lipHA-FITC for fluorescence). We expected the control 

group to show little or no fluorescence; and both lipHA-FITC containing groups to show 

strong fluorescence in the FITC channel due to lipid insertion of modified HAs into the 

plasma membrane. We also expected that NSCs incubated with only lipHA-FITC would 

show a stronger fluorescence due to the higher number of FITC-containing molecules. 

After the first incubation, NSCs were washed and incubated again in PBS (control) or 

RhoB-MaHA (all other groups). We expected that NSCs incubated in PBS to show little or 

no RhoB signal. For NSCs incubated in lipHA-FITC, if non-specific interactions were few, 

little or no RhoB signal should likewise be expected. However, for NSCs incubated in 

lipHASH and lipHA-FITC, stronger RhoB signal should be expected due to reactivity 

between RhoB-MaHA and lipHASH. We quantified fluorescence intensity of FITC and 
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RhoB using ImageJ and saw that both lipHA-FITC-containing groups showed significant 

increases in fluorescence intensity compared to the PBS control. We also saw no 

significant increase in RhoB signal when RhoB-MaHA incubation followed lipHA-FITC 

incubation, suggesting minimal non-specific interactions. On the other hand, significantly 

higher RhoB signal was observed in NSCs incubated with lipHASH before RhoB-MaHA 

incubation. 

Fig. 1 A) NSCs encapsulated in a layer of FITC-tagged lipHA. B) Fluorescence from MaHA around 

NSCs after 1 day of culture post encapsulation. C) Left panels: Representative images of FITC (top 

row) and RhoB (bottom rjow) channels for NSCs incubated in PBS (left), lipHA-FITC then RhoB-MaHA 

(middle), and mixture of lipHA-FITC + lipHASH then RhoB-MaHA (right). Right: quantification of 

standardized fluorescence among three groups. # denotes significant differences of FITC when 

compared to control group. n = 88 cells were used for statistical testing using Welch’s ANOVA and 

Dunnett’s T3 test. Scale bars = 50 µm. For all figures: *p < 0.05, **p< 0.01, ***p< 0.001. 
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Varying Conformal Encapsulation Layers Using NSCs and NSC spheroids 

We next considered the conformal hydrogel’s stability over time and effects on viability in 

NSC encapsulations. Since a minimum of 2 layers of material are needed to form a 

crosslinked network, NSCs were encapsulated with 2, 3, or 4 layers of modified HA and 

cultured over multiple days. To visualize the encapsulating hydrogel, we used RhoB-

labeled MaHA and HASH tagged with Atto 488-maleimide. As expected, fluorescence in 

both channels were detected around the encapsulated NSCs after 2 layers of 

encapsulation (Fig. 2A). Next, NSCs were encapsulated with 3 layers and 4 layers of 

alternating MaHA and HASH. Live/dead stain using calcein AM and ethidium homodimer 

showed that over 94% cells remained viable immediately after encapsulation (Fig. 2B). 

After encapsulations, were cultured on surfaces treated for adherent NSC culture. We 

quantified cell egress from encapsulation based on the fraction of NSCs that lost the 

fluorescent HA at their plasma membranes, and we visually confirmed adherence to the 

planar surface by the extension of small processes and loss of spherical morphology seen 

in suspension culture while encapsulated. We saw that for 2 layers of encapsulation, 

egress occurred within 24 hours. The time needed for egress increased for 3 layers of 

encapsulation, with the fraction of cells encapsulated remaining higher compared to 2 

layers over subsequent days in culture (Fig. 2C). No significant cell egress occurred during 

multi-day culture when cells were surrounded by a 4-layer conformal hydrogel. To further 

assess the stability of the encapsulation, bulk hydrogels of MaHA and HASH were made 

at the same concentration used for cell encapsulation, and the degradation of the bulk gel 

was tracked over a period of 7 days (Supplemental Fig S4). The degradation of the bulk 



42 

 

  

Fig. 2 A) NSCs encapsulated in RhoB-tagged MaHA and then Atto 488-tagged HASH. B) Representative 

image of live/dead staining immediately after encapsulation. C) The fraction of NSCs that remained 

encapsulated over 3-day culture periods. D) The fraction of NSCs that remained viable over 3-day 

encapsulation periods. For both C and D, * denotes significant differences within groups. For C, and ‡ 

denotes significant differences of 3-layer and 4 layer-encapsulated NSCs compared to Day 0, respectively. 

For D, #, ‡, and † denotes significant differences of 2-layer, 3-layerand 4-layer-encapsulated NSCs 

compared to Day 0, respectively. Two-way ANOVA and Tukey’s Post hoc tests were run for statistical 

testing. There are at least 3 replicates for each group, and for each replicate, n > 468 cells were counted. 

A total of 12,282 cells and 7,587 cells were used to assess encapsulation fraction and viability fraction, 

respectively. All scale bars = 50 µm. 
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 gel occurred slowly, with 80% of the gel remaining at day 3, suggesting that while 

degradation occurs, cell egress is likely also facilitated by other active mechanisms such as 

cytoskeletal movement and enzymatic degradation. 

We tracked NSC viability over 3 days in culture: in the group with a 2 layered HA hydrogel, 

NSCs retained >80% viability over 3 days as they were able to exit the encapsulation and 

proliferate. In groups with 3 layers and 4 layers of encapsulations, we observed viability 

decreases concomitant with reduced egress. NSCs exhibited 75.8 ± 2.8% and 45.7 ± 3.4% 

viability after 3 days in culture when encapsulated in 3 layers and 4 layers of HA, 

respectively. 

Figure S4. MaHA-HASH gel degradation. Gel degradation was assessed by tracking the weight of the 

MaHA-HASH gels for 7 days. The weight of the gels was normalized to their original weight at day 0. n=3 

replicates were done for the degradation, for each replicate, >5 gels were made as repeats.  
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One potential factor for the loss of cell viability could be the reduced cell-to-cell contacts 

mediated by increasing layers of encapsulations. To elucidate the impact of cell-cell 

interactions on cell survival, we cultured NSCs on non-adherent plates to form NSC 

spheroids. These spheroids were then encapsulated similarly to NSCs, by incubation 

sequentially in solutions of lipHASH, MaHA, and HASH. NSC spheroids with 2 layer, 3 

layer, and 4 layers of encapsulations were created. Similar to NSCs, the NSC spheroids 

showed strong fluorescence on Day 0 covering all spheroids (Figure S5). After 2 days, in 

2-layer encapsulation groups, cells on the perimeter of the spheroids appeared to have 

no fluorescent signals, suggesting proliferation of and growth of NSC spheroids and 

egress of NSCs from the encapsulation (Supplemental Fig S5-S6). However, for all 

encapsulation groups, viability of the spheroids over the 3-day culture period was above 

90% (Figure 3), assessed using a live/dead kit. This suggests that established cellular 

contacts could enhance the survivability of encapsulated NSCs. 

Conformal Encapsulation of NSC Spheroids 

In encapsulating single NSCs, we observed that NSCs that formed clusters appeared to 

have higher viability than single NSCs, presumably due to cell-cell contact and signaling. 

To assess whether clustering of NSCs facilitated survival, we cultured NSCs into spheroids 

and encapsulated the spheroids using the same materials. Spheroids were encapsulated 

with 2, 3, or 4 layers of modified HA and cultured over multiple days, rhodamine B was 

conjugated to MaHA and thus incorporated into the encapsulation for visualization. The 

encapsulation and viability of spheroids were tracked over 3 days for comparison with 

single NSCs. 
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Strong fluorescence was observed on Day 0 around all spheroids. After the initial 

encapsulation, cells that appear to be on the exterior of the fluorescently labeled 

conformal encapsulation can be observed (Supplemental Fig S5-S6). Viability of the 

spheroids were assessed over the 3-day culture period using a live/dead kit (Figure 3A, 

B). High viability (>90%) was observed across all groups at all time points.  

Figure S5. NSC spheroids encapsulated with 2 layers of material on Day 0 (Top row) and Day 2 

(Bottom row). From left to right: phase contrast image of NSC spheroids; fluorescent image of 

spheroids coated in rhoB-conjugated MaHA; and merged image of both phase contrast and 

fluorescent channel. Scale bar = 100 µm. 
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Figure S6. Comparing NSC spheroids encapsulated with 2 layers of material after 3 days. From left to 

right: spheroids with 2 layers of encapsulation in bright field (outline traced in yellow); spheroids with 2 

layers of encapsulation under fluorescence (outline traced in blue); overlay of traced outlines from bright 

field and fluorescent micrograph; and enlarged overlay of selected outlines (indicated by red arrow). Scale 

bar = 100 µm. 
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Conformal Encapsulation of Mesenchymal Stromal Cells  

NSCs are not contractile and have a reduced cytoskeletal structure compared to 

contractile cells, and thus are susceptible to damage from processing steps, particularly 

in single-cell suspension where they lack cell-cell contact that occurs in robust 

neurosphere cultures or in vivo59. MSCs, on the other hand, readily spread on tissue 

culture plates and do not require significant cell-cell contact to survive60. Furthermore, 

while both NSCs and MSCs have potential in therapeutic transplantation, MSCs are more 

widely studied as a candidate for cell therapy, due to their immunosuppressant abilities 

and trophic factor secretion61,62 and are employed in >1000 clinical trials63. Therefore, 

towards assessing the generality of our encapsulation approach, we encapsulated MSCs 

in up to 4 layers of HA and assessed the effect of the conformal hydrogel on MSCs, as 

above for NSCs. 

MSCs were encapsulated using the same protocol as for NSCs. Up to 4 layers of 

encapsulations were established, where lipHASH was used as the first layer, RhoB-tagged 

MaHA as the second, HASH as the third, and MaHA as the fourth layer. Again, we 

observed fluorescence around MSCs after forming a 2 layered conformal hydrogel on 

their surfaces (Fig. 4A). When we looked at the fraction of cells encapsulated over time 

Figure 3. A) Representative image of a live/dead stain for D0 NSC spheroids with 2 layers of encapsulation. 

B) The fraction of NSCs that remained viable over 3 days was >90% in all groups. * denotes significant 

differences within the same group when compared to D0. There are at least 3 replicates for each group, 

and for each replicate, n > 3000 cells were counted. A total of 228,605 cells were used to assess viability. 

Scale bar = 100 µm. 
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(Fig. 4B), we observed a faster rate of MSC egress from 3 layers and 4 layers of conformal 

encapsulations compared to NSCs. Interestingly, for 2 layer encapsulations, though MSCs 

started spreading as early as day 1, fluorescent coating remained on the surfaces of 

adherent cells. This indicates that MSCs were able to spread in the presence of the 2-

Fig. 4 A) MSCs encapsulated in lipHASH and then RhoB-tagged MaHA. B) The fraction of MSCs that 

remained encapsulated over 3-day culture periods. C) MSCs spread with MaHA still coating portions of 

the cell membrane. Yellow arrow denotes where MaHA localizes on the MSCs. D) The fraction of MSCs 

that remained viable over 3-day encapsulation periods, no statistical significance were detected. * 

denotes significant differences within groups, #, ‡, and † denotes significant differences of 2-layer, 3-

layerand 4-layer-encapsulated MSCs compared to Day 0, respectively. There are at least 3 replicates for 

each group, and for each replicate, at least 472 cells were counted. A total of 14,103 cells and 12,198 

cells were used to assess encapsulation fraction and viability fraction, respectively. Two-way ANOVA 

and Tukey’s Post hoc tests were run for statistical testing. All scale bars = 50 µm. 
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layer conformal coating, perhaps spreading within the coating, through the coating, or in 

the presence of a coating which is partial disrupted (Fig. 4C).  

To further investigate the dynamic of cell egress, we tracked the movement of MSCs 

encapsulated with 2 layers of material (Supplementary Movie S1). We saw that 

encapsulated MSCs (visualized by rhoB-conjugated MaHA) were able to spread as soon 

as 30 minutes after plating. However, we also saw that for some cells, the encapsulation 

prevented immediate adhesion to the plate. These cells underwent increased blebbing 

before adhering to the plate (indicated by yellow arrows in the movie). The encapsulating 

material, however, did not detach from the cell surface. Rather, the materials were 

rearranged and conformed to MSC movements. This observation is in line with previous 

work on MSC encapsulations 28. We also observed that while 4 layers of encapsulation 

prevented NSCs from egressing, it did not have the same effect on MSCs. The MSCs 

were able to spread and egress even from a 4-layer conformal encapsulation. Notably, we 

saw that the MSCs maintained high viability across groups and that viability did not 

significantly drop over multiple days in culture (Fig. 4D). 

Assembly and Photopatterning of Encapsulated NSCs 

To demonstrate the potential to leverage conformal encapsulation for multicellular 

assemblies, we utilize the same hydrogel materials used in the conformal encapsulation 

to generate multicellular clusters and to pattern cells onto a substrate with a resolution of 

100 µm using photolithograpy. To direct the assembly of multicellular clusters, we used 

the complementary thiol-maleimide chemistry to organize multiple cells around a single 

cell. In one population of NSCs, we created a conformal coating in which the outer layer 



50 

 

was lipHASH (thiol-NSCs), containing unreacted thiols. In a second population of NSCs, 

we assembled a coating whose outer layer was MaHA (mal-NSCs) that contained free 

maleimides. By mixing these populations in suspension with thiol-NSCs in excess, then 

centrifuging to bring them together, we were able to create assemblies of thiol-NSCs 

surrounding mal-NSCs in which the cells were in close proximity and held together by 

covalent bonds between conformal coatings in directed assembly (Fig. 5A). To assess the 

specificity of the interaction, we quantified the fraction of mal-NSCs and thiol-NSCs that 

formed clusters >2 cells. In the mixture of mal-NSCs with excess thiol-NSCs, almost all 

mal-NSCs formed clusters with thiol-NSCs. Thiol-NSCs, on the other hand, rarely 

aggregated to each other (Fig. 5B), confirming that maleimide-thiol reaction directed the 

assembly of NSCs. The assembled construct was stable and withstood vigorous mixing 

using a handheld pipette. 

Fig. 5 A) NSCs encapsulated with MaHA (red cells in the center) were assembled together with excess 

lipHASH-encapsulated NSCs (green cells on the outside). Scale bar = 20 µm. B) Significantly more 

maleimide-presenting cells clustered with thiol-presenting cells (97.5 ± 3.5%) than thiol-presenting cells 

with other thiol-presenting cells (7.67 ± 2.6%). A total of n = 1,520 cells were used to perform statistical 

testing with student’s t-test. 
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Photolithography is often used to exert spatiotemporal control over properties of 

hydrogels that contain photoactive chemical functionalities. Photolithographic 

modification of a hydrogel offers high-resolution spatial control over crosslinking (e.g. 

photo-triggered crosslinking), degradation (e.g. using photolabile bonds), and 

presentation of bioactive molecules64. Capabilities that enable cells to be assembled at 

resolutions that can be attained in light-based photopatterning, which include the length 

scales of single cells, may be useful in studying basic biology and in fabricating tissue 

structures65,66. Because we can prepare conformal encapsulations that present reactive 

thiols to the surrounding environment, we investigated the photopatterning of 

thiolpresenting cells onto norHA hydrogels fabricated with remaining unreacted 

norbornene pendant groups67. To demonstrate the ability to control the positions of 

conformally encapsulated cells, we encapsulated NSCs in a conformal hydrogel with an 

outermost layer of HASH or lipHASH. The process for photopatterning encapsulated 

NSCs is schematically illustrated in Fig. 6A. Briefly, we prepared the norHA substrate as a 

thin gel conjugated to a thiolated glass slide, with the upper surface of the hydrogel 

presenting unreacted norbornene groups58. We incubated the cells in a dense suspension 

containing photoinitiator on top of the gel, then used a photomask placed on top of the 

cells to spatially control light exposure in 100 µm wide stripes. The photoinitiated thio-ene 

reaction thus crosslinked the conformally encapsulated cells to the norHA substrate in 

100 µm wide stripes with equal spacing, demonstrating the specificity and resolution of 
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the interaction (Fig. 6B), the intensity profile across the striped pattern showed that the 

distance between patterns is ∼100 µm in size. 

Discussion: 

The conformal encapsulation system we studied here was based on HA, which can be 

used to design hydrogels for many applications53. We used a lipid modification to localize 

an initial layer of the HA material to the cell surface. This approach, based on the 

interaction between the pendant phospholipid and the cell membrane, has been used with 

Fig. 6 A) Schematic of the photopatterning procedure, thiolated cells are allowed to settle on the 

norHA gel (orange in schematic) with a photoinitiator (LAP) present, a photomask (black slit in 

schematic) was then fitted to the surface of the solution. NSCs are then UV crosslinked to the 

substrate for 1 min, the striped pattern (purple in schematic) remained after washing with PBS. B) 

NSCs encapsulated in lipHASH then photopatterned onto norHA substrate. Scale bar = 200 µm. C) 

The intensity profile of the photopatterned substrate was quantified using imageJ, the distance 

between the yellow dashes is 200 µm. 
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synthetic glycopolymers68, DNA43, and PEG46,69 and appears generalizable for localizing 

material onto cell membranes. For our lipid material, our synthesis method allows us to 

control the degree of substitution for both lipid and thiol pendant groups, making it tunable: 

we observed that the degree of substitution (DoS) for lipid could be increased up to 5% 

before lipid-HA became almost insoluble, and we were able to achieve a DoS for thiol 

functionality of up to 40%. Concurrently, the use of a glycosaminoglycan (HA) reduced 

concerns about cytotoxicity present in some conformal encapsulation systems, as it is 

sometimes seen in synthetic polyelectrolyte-based encapsulations that are formed 

layering processes similar to the one used here. 

Using this new material system, we chose to encapsulate progenitor cells – NSCs and 

MSCs – towards the development of materials platforms that might ultimately enhance cell 

delivery or support cell survival and phenotype in therapies, as delivery of naïve cells 

through a needle often associates with low viability5. With respect to NSCs, interactions 

with HA through the CD44 receptor play important roles in maintaining NSC stemness 

and differentiation70,71. HA has also been shown to influence MSC phenotype in cell 

therapy for cartilage regeneration72,73.  Further material design to include instructive cues 

is possible using the same conjugation methods as those used to introduce fluorophores. 

We showed NSCs could be encapsulated in minimal coatings with high viability, although 

we observed significant decreases of viability in 4-layer conformal encapsulations in later 

time points: at 1 day and beyond. However, encapsulating NSCs as spheroids negated 

decreases in viability, suggesting that lack of cell-cell interaction when NSCs are 

encapsulated as single cells contributed to the loss of viability. 
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MSCs exhibited higher viability and tendency to escape encapsulation with time 

compared to NSCs. We did not optimize our system for long-term encapsulation. 

Cytoprotective and short-term surface modification may be exploited in certain 

applications, such as cell printing, where cells must be shielded from acute stress 

imposed by the extrusion process; and cellular assembly or patterning, where surface 

modification is needed for the initial positioning of cells. Additionally, expedient cell egress 

from encapsulation, as well as the ability for encapsulated cells to interact with their 

microenvironment and other cells, may prove beneficial in cell delivery applications, 

where therapeutic benefits rely on the activity of the delivered cells.  

Studies of conformal encapsulations have demonstrated they convey cytoprotection from 

mechanical stresses, including shear during delivery by injection or extrusion in 

bioprinting applications
27,47,74

. Towards biofabrication, while the work presented here did 

not directly evaluate mechanical protection, we showed the reactive moieties on the outer 

layer of encapsulation can be utilized to spatially assemble cells. Microtissues assembled 

through complementary oligonucleotides coatings have been demonstrated
43,75

; here, our 

system offers similar capabilities, albeit limited to one complementary interaction: thiol-

maleimide. The conformal hydrogel offers the potential for further cues to be engineered 

into the extracellular environments of assembled cells through HA modification and 

hydrogel design. Rapid elimination of engineered material may be desirable as cells begin 

to deposit their own ECM67 and as cells or microtissues establish interactions with their 

surroundings. Additionally, external cues engineered into coatings might be used to 

direct delivery of cells to, or influence responses by, the surrounding tissue into which 
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cells and microtissues are implanted. 

The reactive moieties, such as the thiol functionality used in this study, also allow 

encapsulated cells to be patterned onto substrates with complementary chemistry. In 

comparison to other approaches, such as cell adherence to patterned RGD islands, in this 

paper we utilized photochemistry to achieve cell attachment over a short period of time: 

10 minutes for cells to settle to the substrate surface then 1 minute of crosslinking. With 

the use of a photomask, this method potentially allows for the patterning of multiple cell 

types onto overlapping shapes. This method can be carried out in culture medium at 37 °C, 

so that the cells remain in controlled and supportive culture conditions at all times. Going 

forward, the patterned cells might serve as another substrate for subsequent reactions; 

for example, thiol-coated cells patterned onto the norHA substrate can serve as reaction 

sites for the addition of maleimide-coated cells, allowing complex, cell dense structures 

to be assembled. 

Conclusions: 

Conformal hydrogels enable minimal volumes of engineered material to be used to protect 

encapsulated cells and influence phenotype and fate. These systems have potential 

applications in cell delivery, biofabrication, and systems designed to control interactions 

of the cells with their immediate surroundings or influence the interactions of the 

surroundings with the cell via the encapsulation material. The encapsulation system 

presented here featured an HA-based system that utilized a dual-modified HA, lipHASH, 

to encapsulate NSCs, for which few encapsulation systems have been demonstrated, and 

MSCs. We showed that the interactions of cells with the conformal hydrogel encapsulation 
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was dependent both on cell type and material design, with the duration of cell 

encapsulation and cell viability being modulated by hydrogel properties. We also showed 

that conformal encapsulations could be used to direct cellular aggregation into 

multicellular assemblies and organization into designed, high-resolution patterns using 

photolithography. Given the extent of functionality which can be engineered into soft 

biomaterials, such as HA-based hydrogels, these systems offer opportunities for using 

biomaterials approaches to influence cell fate within minimal material environments, at the 

resolution of individual cells. This hydrogel represents a new, versatile material system 

that might be used in conformal encapsulations in the delivery of cells in cell-based 

therapies, in the assembly of cells 3D systems for expansion or culture in vitro, in directing 

interactions with tissue environments in vivo, and in assembling complex, cell-dense 

tissue constructs. 
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Chapter 3. Identifying opportunities for cell fate control through 

unique features in granular hydrogels 

Our cellular encapsulation approach demonstrated possibilities for using biomaterials to 

control cellular environment and generate multicellular structures. As described below, 

this served as the basis for further collaborative studies on the material’s role in guiding 

cellular assembly in a vasculature model. Concurrently, I began working with granular 

hydrogels and identified opportunities that would serve as the basis for the development 

of a unique, porous granular system, which I will describe in the later part of this chapter. 

PART I: Discussion of cell encapsulation potentials and further work 

Our encapsulation technology, being based on biocompatible, natural hydrogels to which 

thiolated biofunctionalities could easily be conjugated, could offered potential beyond 

protective encapsulation and cell assembly. However, there are significant bottlenecks that 

need to be overcome, which led to my focus on the latter part of my thesis using a different 

system, granular hydrogels, to achieve cell-instructive biomaterials.  

A primary challenge exists in the synthesis of the materials. The material we used for 

insertion into the cellular membrane, lipHASH, requires prolonged synthesis process and 

time from commercially obtainable sodium hyaluronate. Additionally, lipHASH, as well as 

HASH and MaHA used in encapsulation present some challenges in long-term storage 

due to their high reactivity.  

Secondly, while our material chemistry can, in theory, support unlimited layering, a small 

percentage of cells were lost to each washing process that can accrued as the number of 

layers increases. Combined with the process time, this also presents limitations to the 
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system. Additionally, as shown in the previous chapter, both NSCs and MSCs stop 

interacting with their environment at higher numbers of layers; however, as the number of 

layers increased, cell viability tended to become lower. Further optimization may be 

required if the material system were to be applied to provide protection against immune 

responses, where cell surface antigens need to be masked. Further, while we did not 

conduct any studies on the coatings protective effect from needle extrusion, we speculate 

that higher numbers of layers are also needed to achieve a significant effect. Again, loss 

in cell number and viability from adding layers of encapsulation to achieve protection may 

outweigh the benefit brought about by increased protection during injection. Especially 

when cell death from injection could also be rescued by increasing the needle size, at the 

expense of having somewhat more robust inflammatory responses1.  

Therefore, to achieve cytoprotective effects using this system, extensive modifications and 

optimizations are needed to materials that are already complex. On the other hand, the 

assembly-mediating capability was quite exciting for us: lipHASH provides us with a 

molecule that can be inserted into any cell surface without compromising cell viability. 

Without forming a crosslinked encapsulation, lipHASH would disappear from the cell 

surface over a period of 24 hours, presumably due to a combination of endocytosis and 

spontaneous detachment and thermal diffusion into the surrounding solution. This 

transient interaction, however, may prove useful in establishing cellular assemblies. The 

material could serve as the initial guide that places cells near each other or onto a 

substrate. As cell-cell or cell-substrate interactions occur over a period of hours, the 

material slowly leaves the cell surface, leaving only cellular interactions in place.  
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In fact, when I presented these findings in an Society for Biomaterials 2022 Annual 

Meeting in Baltimore, Dr. Nan Zhao, who was presenting a poster across from mine, saw 

the opportunity to use this material for exactly this purpose in the project he was working 

on.  

Dr. Zhao was, at that time, a postdoc in Dr. Peter Searson’s group at Johns Hopkins, 

working on an in vitro model of the arteriole. Briefly, an arteriole consists of an endothelium 

wrapped within smooth muscle cells (SMCs). To recapitulate this key characteristic, the 

Searson group utilized a microfluidic device with a center channel amenable to cell 

seeding (Figure 1). As illustrated in Figure 1, SMCs were first seeded to the walls of the 

Figure 1. Schematic for creating an in vitro arteriole model. Credits to Dr. Nan Zhao in the Searson group. 
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channel to create a confluent layer. Subsequently, endothelial cells (ECs) would be seeded, 

in an attempt to create another confluent EC layer over the SMC layer.  

EC layering, however, proved to be problematic. In physiological systems, vasculogenesis 

does not start with the formation of the SMC layer, but rather the endothelial layer, which 

in turn recruits SMCs and stromal cells2. Doing it in reverse resulted in low adhesions of 

ECs – ligands present on SMCs are not adept at supporting ECs that have not formed a 

stable endothelial layer. As shown in Figure 2B, direct seeding of ECs resulted in ECs 

competing for channel adhesion with SMCs and heterogenous distributions, rather than 

ECs adhering to SMCs.  

Figure 2. A) SMC seeded channel forms a confluent layer after 12 hours of culture. B) Seeding ECs 

onto SMC lined channels resulted in uneven adhesion and little adhesion of ECs to SMCs. Image credits 

to Dr. Nan Zhao in the Searson group. 
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When I chatted with Dr. Zhao at the conference, he was exploring ways to attach adhesive 

ligands (ECM molecules such as collagen and laminin). Interestingly, he was also using 

lipid-modified small molecules, in addition to small molecules that can be covalently 

attached to the surfaces. However, cellular viability was low, presumably due to the high 

number of molecules on the cell surface, disrupting the membrane and/or other cellular 

signaling activities occurring on the membrane. In our material system, the lipHASH 

molecule was synthesized to have an average of 1 lipid present on each chain of the HA 

polysaccharide. However, for each chain of the polysaccharide, many SH (thiol) groups 

are present. As the thiol groups are the reactive sites that facilitate further conjugation, 

this means that for each lipid insertion, our system creates a great number of reactive 

sites. While the small molecules modified with lipid has a 1:1 reactive group to lipid ratio, 

for our system, a common molecular weight of 60kDA with a thiol degree of substitution 

(DoS) of 0.3 provides ~50:1 reactive group to lipid ratio. We hypothesize that the reduction 

in lipid insertion will reduce the cell death they were seeing. And the present of thiol 

groups provide convenient conjugation sites for the ECM molecules that the Searson 

group was already using.  

To test if our material system would facilitate conjugation of adhesion molecules and the 

subsequent attachment of ECs, we synthesized lipHASH at 0.35 DoS. The Searson group 

conjugated gelatin, a cell attachment molecule derived from collagen, with maleimide. 

Incubation of lipHASH on confluent layers of SMCs showed that lipHASH attached 

consistently and evenly to the SMC surfaces at a concentration of 0.5mg/mL (Figure 3A, 

see the materials and methods section of this chapter for experimental details). 
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Subsequent incubation of lipHASH-coated cells in gelatin maleimide (G-M) tagged with 

FITC (G-M-F) showed splotchy, but strong signals indicating gelatin attachment to the cell 

surfaces (Figure 3B). After gelatin attachment, ECs were cultured on top of the SMCs for 

a day before imaging. Here, we qualitatively observed that while having the conjugated 

gelatin increased the initial seeding density of ECs by a small amount, EC spreading and 

morphology was not changed (Figure 4). 

 

Figure 3. A) SMC monolayers cultured with lipHASH-FITC solution with varying concentrations then 

washed; and 16 hours after incubation in 0.5mg/mL lipHASH-FITC solution. B) Gelatin maleimide 

incubation after incubation with and without 0.5mg/mL lipHASH. Image credits to Dr. Nan Zhao in the 

Searson group. 
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The experiments were not carried out further due to other priorities in the Searson group. 

ECs were not able to spread on SMCs with lipHASH-G-M, likely due to the relatively weak 

interactions provided by lipid insertion. While the G-M attachment helped retain cells 

initially, cellular contractile forces following adhesion ligand (gelatin) attachment could 

Figure 4. A) 30 minutes after seeding ECs (green) on confluent layers of SMCs (deep red) treated with 

indicated groups. B) 1 day after EC seeding on SMCs treated with indicated groups. Image credits to 

Dr. Nan Zhao in the Searson group. 
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have removed the lipHASH-G-M from the surface. This is supported by ECs not being 

able to spread, which is a result of integrin binding that requires formations of focal 

adhesions4. However, this experiment further demonstrated the reproducibility and 

capability of the lipHASH system: lipHASH was able to consistently cover cell surfaces 

and supported secondary attachment of gelatin. Crosslinking of lipHASH to form a more 

stable layer prior to attaching gelatin could provide ECs with a better substrate upon which 

to spread.  

In conclusion, while further optimization is required toward providing cellular protection, 

our material system provides a versatile and cytocompatible platform for cellular assembly. 

This system could be used to provide temporary, but precise patterning of cells onto 

substrates, as well as with each other. Upon further optimization, this system holds 

promises for engineering cell-dense tissues with precise control over cell type and 

positioning.  

PART II: Exploring potentialities in granular hydrogel scaffolds 

In continuing to engineer biomaterials to influence cell fates beyond cellular encapsulation, 

I also began to pursue possibilities using jammed hydrogel microparticles (HMPs), a class 

of materials with seemingly improbable, but very convenient properties. In short, 

hydrogels, when made into particles typically 10-100s of μm in diameter, can be packed 

together. As the packing of particles becomes tighter, the packed particles stop being able 

to flow and roll past one another. Instead, they form a solid structure without needing any 

adhesive forces among particles. This change in bulk flow behavior is termed the 

“jamming transition”4-5. A great example of jammed particles is toothpaste, which, though 
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not a hydrogel, is composed of tightly packed particles. The packed toothpaste particles 

give toothpaste the special property of 1) being able to be squeezed out of the tube, and 

2) staying as a solid and not rolling down our toothbrushes after having been placed. 

The solid structures formed by jammed HMPs are typically called “granular hydrogels”: a 

multitude of granules that are, in themselves, hydrogels, jammed together to form a bulk 

solid. In recent years, many groups have been experimenting with the granular hydrogel 

system; mainly due to two unique properties that makes the system highly convenient and 

attractive for tissue engineering and regenerative applications.   

The first is the ability of the HMPs to flow past each other when an external force is applied. 

While granular hydrogels remain solid-like at rest, HMPs are held together only by the 

compressive forces they exert on each other6. Overcoming the compressive forces 

holding the HMPs together is relatively easy due to the lack of other adhesive or attractive 

interactions among HMPs. On the macroscopic level, this means that most granular 

hydrogels can be injected through a needle, as shown by various groups that have utilized 

the granular system as injectable therapies7, as well as in 3D printing applications8. 

Compared to injectable bulk hydrogels made up of polymer networks, granular hydrogel 

systems have a decided advantage. In order for bulk hydrogels to be injectable without 

breaking, reversible bonds are needed so that the polymer network can break to allow for 

injection, then reform after injection is complete. This typically requires non-covalent 

interactions9,10 or dynamic covalent bonds11 that introduce many limitations and 

complexities to material choice and design. In contrast, the injectability of granular 

hydrogels comes not from the characteristics of bonds between polymers, but the 
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physical interactions between HMPs, which break and reform without needing additional 

attractive forces. As most hydrogels can be processed to form microparticles, HMP-based 

approaches can decouple the design of hydrogel molecular structure from injectability. 

This allows for a huge range of hydrogels to become injectable, as long as they can be 

fabricated into the form of HMPs, or even other irregular shapes that can be packed 

together12-14. Beyond injectability, the ability for granular hydrogels to flow easily yet 

remain a solid when unperturbed is very desirable for laboratory transfer and processing. 

Bulk hydrogels typically remain in liquid form prior to crosslinking, necessitating the need 

for molds and containers that hold liquid in place. Additionally, incorporating of cells into 

bulk hydrogels, done very commonly to achieve 3D culture of cells, typically require 

constant agitation of the cell-liquid mixture as the precursor crosslinks, so that cells do 

not sink to the bottom of the hydrogel and create heterogenous distributions. Granular 

hydrogels exhibit liquid behaviors but forms a free-standing solid structure at rest, thus 

eliminating the requirement of a mold and enabling formation of more complex structures. 

Additionally, cells can be mixed into granular hydrogels and reside in the interstitial spaces 

between the HMPs with minimal movement, again reducing experimental complexities 

and in turn, broadening the use and applications of 3D culture systems.   

The other property unique to the granular hydrogel system is its inherent porosity. Packing 

of spherical particles is inefficient and leaves void spaces between the particles. For HMPs 

with 10s – 100s μm in diameter, even when packed, void spaces between HMPs are on 

the scale of 10s of μm in size, spacious enough for cells to reside and migrate into7. Further, 

the total void space, or porosity, as well as the pore sizes, can be tuned by changing the 
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packing density and HMP sizes, respectively. Bulk hydrogels, on the other hand, typically 

possess only nanoscale porosity within the crosslinked polymer meshes that comprise 

their molecular structures. The nanoscale porosity limits diffusion and cell movement. 

Though porosity and permissiveness of the hydrogel polymer mesh can be engineered 

by using strategies such as using sacrificial materials15,16, 3D printing17, and material 

chemistry that allow for degradation18 and malleability3,19; granular hydrogels are 

positioned to support cells without requiring extensive engineering.  

One of the most cited examples showcasing the benefits of granular hydrogel porosity is 

the microporous annealed particle (MAP) scaffolds developed by Dr. Tatiana Segura, Dr. 

Donald Griffin, and Dr. Dino Di Carlo7. In their seminal paper, PEG-based HMPs were 

packed together to form granular hydrogels. The granular hydrogel was then secondarily 

crosslinked using excess reactive groups on the HMP surfaces to form MAP scaffolds. 

The secondary crosslinking is important in stabilizing the granular hydrogel. Without this, 

while granular hydrogels consisting of uncrosslinked HMPs remains a solid at rest, 

submersion of granular hydrogels in solution will quickly result in their dissociation. Griffin 

et al. found that incorporation of stromal cells in MAP scaffolds resulted in much better 

proliferation and spreading compared to stromal cells incorporated in non-porous bulk 

scaffolds. More strikingly, when used in a murine skin wound closure model, MAP-treated 

mice resulted in ~40% wound closure, double that of the no treatment group (~20%). Non-

porous bulk hydrogel-treated mice, on the other hand, only had ~7% wound closure. 

Additionally, significant infiltration of vascular cells and other cell types enabled large-

scale tissue structure formation within the MAP scaffolds. 
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Since then, efforts from many groups have shown beneficial effects of granular hydrogels 

in regeneration of muscle20 and cartilage21. Injectable MAP formulations in which particles 

can bind with each other through physical interactions have been developed for tissue 

repair after stroke22,23. Further, fabrication of granular hydrogels in shapes other than 

spheres are being explored to simplify production13 and alter system characteristics such 

as flow behavior and void space24, all of them showing great propensity for cellular support. 

Needless to say, I was very excited when I had the chance to work on a project in a 

collaboration among my own advisor, Dr. Chris Highley; one of the original creators of 

MAP scaffolds, Dr. Donald Griffin; and an expert in mesenchymal stromal cell (MSC) 

biology, Dr. Ross Marklein. In working with HMPs comprising MAP, however, I quickly 

found that our centrifuge was not quite powerful enough to sufficiently jam the HMPs. 

Specifically, a 15% decrease, with a final relative centrifugal force (rcf) of 21,130 

compared to 25,000 rcf used in the Griffin lab, did not support the final crosslinking of the 

HMPs into a network. Presumably due to insufficient interparticle contacts that are key to 

stabilizing the final scaffold. This insight led me to rethink the design of granular scaffolds, 

as in granular hydrogels, the magnitude of granular hydrogel porosity is altered by the 

degree of packing, with pores and porosity becoming smaller as packing density 

increases12,24. However, if a high degree of packing is needed to crosslink and stabilize the 

granular hydrogel, porosity, and the magnitude change in porosity become limited as 

decreased packing quickly renders the granular hydrogel unable to be crosslinked. I 

became interested in attempting to address this challenge, by finding a way to decouple 
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the packing density requirement and the achievable porosity in granular scaffolds, as well 

as methods to stabilize granular scaffolds. 

Porosity is the hallmark of granular hydrogels and provides great benefits in supporting 

cell growth, as shown for MAP scaffolds7. However, even in microporous granular 

hydrogels, cells can benefit from higher porosity and pore sizes. Anderson et al. showed 

that increased particle fraction (decreased porosity), or packing density, resulted in 

decreased mesenchymal cell growth and slower macromolecular diffusion25. Qazi et al. 

showed that decreasing packing density (increased porosity) enhanced the sprouting of 

HUVEC/MSC spheroids. Spheroid sprouting was also enhanced when the packing density 

is kept the same, but the sizes of the particles increased24 (increased pore sizes). So far, 

controlling porosity characteristics in granular hydrogels is typically done by changing the 

sizes of the particles to change the pore sizes; and changing the density of particle 

packing to change the total porosity. Both approaches present some challenges as 1) pore 

size is limited by the size of particles. Granular hydrogel formulation such as MAP has 

pore sizes on the order of 10s of μm with particle diameter of ~100 μm. Much larger 

particles with millimeter scale diameter might be needed to achieve pore sizes on the 

scale of 100 μm. However, macroscale particles will become hard to process using 

pipettes with small inlet diameters, as well as potentially change the jamming behavior 

undesirably. 2) Changing particle packing alters the flow behavior of the granular hydrogel 

and is limited by particle contacts. Porosity is increased as particle packing density 

decreases, or, in other words, the amount of interstitial solution increases, effectively 

diluting the particles. There are challenges in this process. First, loosely packed granular 
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hydrogels are easier to flow, but harder to hold solid-like structures at rest, bringing 

potential undesired behavior for certain applications. Second, “loose” vs “dense” 

packings are not standardized, strategies for changing packing density includes varying 

centrifugation speed, drying the particles on a filter12,24, as well as lyophilizing the particles 

then adding back calculated volumes of solution25. While the last method can be done 

reproducibly and can precisely control the particle fraction, lyophilization of the particles 

is difficult to achieve and will likely require different strategies for different materials26. As 

for the rest, further characterization of “loosely packed” and “densely packed” granular 

hydrogels are needed to elucidate the porosity of the system. Lastly, dilution of the 

particles cannot be increased indefinitely. Particles eventually exit the jammed state as 

the packing density decreases and lose contact with each other. This, again, takes away 

from the jammed behavior desirable in many applications, and more importantly, limits 

the porosity that can be achieved in granular hydrogels.  

In the next chapter, I will detail our attempt to address these limitations by engineering a 

granular hydrogel scaffold that is easy to fabricate, easy to crosslink, and can achieve 

controlled porosity independent of the packing process. Further, as increasing porosity 

has shown beneficial effects on cellular infiltration and growth, we also devised a method 

that can create porosity beyond the current approaches while keeping the highly porous 

scaffold stable for long-term culture.  

Materials and Methods for PART I 
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Synthesis and preparation of lipHASH and gelatin maleimide: 

LipHASH is synthesized as described in the previous chapter. HA:Boc2O:SH ratio is 

adjusted to achieve 0.4 degree of thiol substitution. Purified lipHASH is stored in solution 

along with tris(2-carboxyethyl)phosphine (TCEP) at a 2:1 SH:TCEP molar ratio in -80C and 

shipped to Johns Hopkins on dry ice. Gelatin maleimide is synthesized by Dr. Nan Zhao 

in the Searson group. 

Assessing lipid insertion into SMC membrane 

LipHA-FITC was lyophilized and reconstituted in PBS before use. To assess if lipid-HA 

inserts into and are retained on the cellular membrane, SMCs were first cultured until a 

confluent monolayer formed. LipHA-FITC dissolved at 0mg/mL, 0.25mg/mL, or 0.5mg/mL 

in PBS was added to the SMCs and allowed to incubate for 1 hour. The SMCs were 

subsequently washed with PBS and observed for FITC signal over a period of 16 hours. 

Assessing gelatin attachment to lipHASH 

LipHASH (non-fluorescent) was lyophilized and reconstituted in PBS at 0.5mg/mL before 

use. pH of the lipHASH solution was tested and adjusted to 7 using 0.1mM NaOH and 

0.1mM HCl. SMC monolayer was incubated in either PBS or lipHASH solution for an hour 

and washed with PBS. Then, gelatin-maleimide-FITC (G-M-F) or gelatin-maleimide (G-M) 

was incubated for another 2 hours before PBS washing and imaging.  

Endothelial cell culture on SMC monolayers 

SMCs were incubated with PBS or lipHASH for 1 hour, then G-M for 2 hours, as described. 

After washing with PBS, endothelial cells (ECs) were seeded onto the SMC monolayer, 



79 

 

EC attachment at spreading were assessed at the 30-minute time point, as well as at 1 

day after seeding.  
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Chapter 4: Creating highly porous granular hydrogel scaffolds 

reinforced by electrospun hydrogel fibers for long-term stability 

Contributing Authors: Jack Whitewolf, Lindsay Riley, Brooke Brady, Greg Grewal, Tatiana 

Segura, and Chris Highley 

Abstract:  

Scaffolds composed of crosslinked hydrogel microparticles (HMPs), or granular hydrogel 

scaffolds (GHSs), contain pore spaces much greater in size than conventional bulk 

hydrogels. Packing of HMPs creates interconnected, micron-scaled openings that are 

preserved upon crosslinking. Scaffolds created by crosslinking packed HMPs, also known 

as microporous annealed particle (MAP) scaffolds, improve cell migration and 

proliferation. However, while higher porosity and larger pore sizes have been shown to 

improve cellular infiltration, creation of high porosity and large pores are usually 

associated with decreased packing density and number of HMP contacts, resulting in 

reduced scaffold mechanical integrity. Here, we address this challenge by demonstrating 

1) the fabrication of high-porosity granular scaffolds beyond what is possible from particle 

packing using sacrificial HMPs; and 2) stabilization of the high-porosity scaffolds by 

incorporating electrospun hydrogel fibers within the scaffolds. We fabricated granular 

scaffolds using norbornene-modified hyaluronic acid (norHA) HMPs and gelatin HMPs as 

the sacrificial population. HMPs with varying norHA concentrations and sizes were 

fabricated to quantify the effect of HMP mechanical property and sizes on granular 

hydrogel flow behavior. We created HMP scaffolds with up to 50% porosity by 

incorporating (0-50 vol.%) sacrificial gelatin HMPs. When electrospun norHA fibers were 

incorporated in scaffolds at 5-10 vol.%, highly porous scaffolds retained their structure 
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over a period of 28 days. Additionally, HUVECs were mixed with HMPs prior to scaffold 

formation and exhibited high viability. The HUVEC-HMP mixture could be injected through 

a needle and then crosslinked to form a scaffold, with post-injection viability >80%. Overall, 

this study demonstrates the development and characterization of a stable, highly porous 

granular scaffold system with high processibility and cytocompatibility.  

Introduction:  

Hydrogels have been widely used as 3D cell culture platforms. Synthetic and natural 

polymers have been engineered to recapitulate characteristics of the extracellular matrix 

(ECM), including mechanical properties, degradability, and bioactive ligands that guide 

cell fate. Among the various strategies of hydrogel engineering, fabricating granular 

hydrogels from microparticle components has become a popular approach. Hydrogel 

microparticles (HMPs) can be packed together to create granular hydrogels that can 

transition from a solid-like state to a liquid-like state1-3: when the applied stress is less than 

the yield stress of granular hydrogel system, the bulk material responds elastically to 

deformation. However, once applied stress surpasses the yield stress, the HMPs can flow 

past each other, and the bulk material exhibits shear-thinning behavior. This property is 

particularly desirable for injection-based applications and 3D printing4,5. Moreover, even 

when fully packed, interconnected, micron-scale porosity exists among the HMPs, priming 

the system for easy cellular infiltration6-8. This porosity is preserved even after interparticle 

crosslinking between HMPs is established to form a scaffold, as shown extensively with 

microporous annealed particle scaffolds6 (or MAP scaffolds). HMPs comprising MAP 
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scaffolds can be injected into wound sites then crosslinked to form a microporous scaffold, 

which have been shown to support tissue regeneration6,9-12.  

While the micro-scale porosity in packed HMPs is desirable for cellular infiltration, porosity 

comes at the cost of mechanical integrity13. In scaffolds formed by continuous hydrogels, 

polymer chains crosslink to form nanoscale meshes throughout the hydrogel, creating a 

highly crosslinked network that holds the scaffold together. In granular hydrogel scaffolds 

(GHSs), while the HMPs themselves possess the same polymer network, the interactions 

that hold the scaffold together occur at HMP interfaces, which are comparatively fewer 

and further apart, as each HMP could be 10s to 100s of μm in size. As a result, HMP 

stability relies on discrete clusters of interactions occurring at the interfaces of 

neighboring HMPs. This differs qualitatively from crosslinked polymer chains in 

continuous hydrogels, where the distribution of crosslinking sites is more homogeneous, 

and polymer chains can utilize long-range interactions beyond their neighbors to 

strengthen the network and dissipate applied force. In comparison, the clusters of 

interactions that uphold GHS structure are fewer in number and more localized, making 

GHSs more liable to disruption from external forces and hence weaker. 

Currently, approaches for increasing the stability of GHSs are limited. Some stabilization 

approaches include using crosslinked interstitial matrix or interpenetrating networks 

throughout the GHS13-16. However, both methods require a polymer network to be formed 

within the interstitial space, doing away with the microscale interstitial porosity and 

focusing on applications that do not require a microporous scaffold. Other potential 

approaches to increase stability include decreasing HMP sizes and increasing packing 
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density. Both serve to create more HMP interfaces available for interaction. However, as 

smaller HMPs pack more densely, the interstitial pore sizes also become smaller and less 

accessible to cells. Increasing packing density faces similar limitations, as both pore sizes 

and total porosity could be reduced as HMPs become more packed17-19.   

In our work, we explore another approach to increase GHS stability that does not impact 

HMP packing and scaffold porosity. We demonstrate stabilization of HMP scaffolds by 

adding small volumes of high-aspect ratio hydrogel fibers as a scaffold-forming 

component. By adding small volumes of fibers that have widths of single-microns but 

greater lengths than HMP diameters, HMP associations can be extended beyond its 

immediate neighbors without significantly affecting total porosity. This allows HMPs to 

form connections through fibers in a larger surrounding volume, strengthening the 

network beyond the strength of HMP interfacial bonds. Additionally, fiber stabilization of 

GHSs allows for the establishment of highly porous scaffold with long-term stability. Using 

sacrificial HMPs, we can achieve well-controlled porosity by changing the ratio of 

sacrificial HMPs to scaffold-forming HMPs. We demonstrate that large, interconnected 

pores desirable for cellular infiltration can be achieved in this manner without requiring 

low packing density or large HMPs. Finally, we show that packed HMPs can be injected 

with cells for facile cell culture, as well as potential applications in cell delivery and 

regenerative medicine.  
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Results and Discussion:  

Fabrication and characterization of norHA HMPs 

HMPs were generated from norbornene-modified hyaluronic acid (norHA). Hyaluronic 

acid (HA) is a naturally derived polysaccharide that is biocompatible, biodegradable, and 

amenable to chemical modification. The addition of norbornene pendant groups to HA 

enables reactions of norHA to thiolated molecules: a highly efficient thiol-ene click 

chemistry that allows for stoichiometric control over the consumption of norbornene 

groups by limiting the available thiol-containing groups (Figure 1A). This enables the 

preservation of norbornene pendant groups for secondary conjugations. Here, we 

synthesized norHA with a 0.3 degree of substitution (DoS), confirmed by 1H NMR (Figure 

S1). By controlling the thiolated crosslinker to norbornene concentration, 0.3 DoS 

Figure 1. A) Thiol-ene click chemistry using norHA and DTT. Norbornenes conjugated to HA and DTT 

can be crosslinked under UV light with the presence of a photoinitiator (LAP). Stoichiometric control of 

DTT ensures there be excess norbornene for later reactions. B) HMP fabrication. HMP precursor (norHA, 

DTT, and LAP; aqueous phase) is mixed together with mineral oil with 2% Span80 (oil phase) and 

homogenized to form an emulsion. Application of UV light while stirring crosslinks the precursor solution 

into stable HMPs. 
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sufficiently supports both crosslinking required to form the HMPs and subsequent 

interparticle crosslinking to form GHSs (Table S1). 

Using batch emulsification, we generated norHA HMPs (Figure 1B) with varying moduli 

and size by varying the HMP composition and the speed of homogenization, respectively.  

Soft, medium, and stiff HMPs are made using 2% w/v, 3% w/v, and 4% w/v norHA 

concentration and 2mM, 3mM, and 4mM DTT concentration, respectively (Table S1). The 

mechanical properties of the HMPs are characterized by measuring the storage moduli of 

bulk hydrogels with identical compositions. Soft, medium, and stiff HMPs have average 

storage moduli of 782 Pa, 1758 Pa, and 3797 Pa, respectively (Figure S2). We can also 

alter the size of norHA HMPs by changing the spin speed of the homogenizer used for 

emulsification. Small, medium, and large HMPs were generated at 750 rpm, 1500 rpm, 

and 3000 rpm. For each modulus, we generated HMPs with mean diameter ranging from 

Figure S1. 1H NMR spectrum of norbornene-modified HA with 0.3 degree of substitution. 
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<10µm to 50µm (Table 1). Due to the nature of the emulsion process, size distributions of 

HMP populations were polydisperse.  

Polydispersity increased as the stir speed decreased (Figure 2A); however, mean sizes 

were well-separated and statistically significant for groups across stir speeds. Effect sizes 

were also calculated for each comparison. The smallest effect size calculated for 

comparing between stir speed was 1.17, accounting for a large effect (>0.8). In comparing 

the HMP size distribution across HMP composition; however, the largest effect size 

Table S1. Varying norHA HMP compositions and available reactive groups  

Table 1. NorHA HMP mean sizes for all compositions and speeds 
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calculated was 0.55, accounting for a medium effect (>0.5), with most groups having a 

small effect (>0.2) and less (Figure 2B).  

Figure 2. NorHA HMP size characterization. A) Size distributions comparing HMPs made from varying 

homogenization spin speeds. B) Size distributions comparing HMPs with varying compositions. C) 

Fluorescent micrograph of HMPs at varying spin speeds. Scale bars = 100 µm. 
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Next, we conducted rheological tests to investigate the properties of granular hydrogels 

formed from packed HMPs in response to applied strains, in the absence of interparticle 

crosslinking. HMPs, when sufficiently packed, enter a “jammed” state1-3. Jammed HMPs 

have been well documented to be able to flow under external forces and recover when 

applied force is removed. This property allows granular hydrogel formulations to be 

extruded from a needle and enabled various applications in injectable therapeutics and 

3D printing. We confirmed our HMPs exhibit the same behavior using time sweeps 

alternating between 0.5% and 500% strain (Figure S2). For all compositions and sizes, 

packed norHA HMPs exhibited solid-like behavior below the yield strain (here, at 0.5% 

strain) and liquid-like behavior above the yield strain (here, at 500% strain). Frequency 

and strain sweeps were also conducted for all HMPs. We observed that changes in 

granular hydrogel moduli correlated to changes in the moduli of the component HMPs. In 

considering the sizes of the HMPs, when size was held constant, increases in HMP 

modulus resulted in increases in the modulus of the granular hydrogel as a bulk (Figure 

3A, S2). However, changes in HMP sizes largely did not affect the bulk modulus, with one 

exception observed in the 4% norHA group (Figure 3A). 
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Figure S2. Representative rheology results for all norHA HMP compositions and sizes. Left column: time 

sweeps with strains alternating from high (500%) strain to low (1%) strain. Right column: strain sweeps 

from 0.1% strain to 500% strain. From top to bottom: rheology results of small, medium, and large norHA 

HMPs, respectively. 
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Another important feature of granular hydrogels is their resistance to flow, often described 

by the yield stress of the system. Here, we measured yield stress using stress sweeps 

supplemented by shear rate sweeps focused on lower shear rates (Figure S3, Figure 3B). 

Yield stress of each formulation was quantified using results obtained from stress sweeps; 

shear rate sweeps at low shear rates provided an indirect measure of shear stresses that 

can used to confirm measurements from stress sweeps by showing values obtained in 

each test do not significantly deviate from each other. Similar to results obtained for bulk 

moduli, for HMPs of the same size, yield stresses of packed HMPs increased as the moduli 

for component HMPs increased (Figure 3B). We also observed that for 3% norHA and 4% 

norHA HMPs, yield stress increased as HMPs became smaller (Figure 3B). This finding 

largely corroborates literature findings of yield strain changes with respect to HMP sizes7. 

Yield stress is difficult to define and measure for many material systems20. Our shear rate 

sweep profiles on packed HMPs were reminiscent of shear-banding behavior in other 

packed systems, suggesting that shear-banding within packed HMPs could be a driving 

force in the initiation of HMP flow20-22. A possible reason for the yield stress changes we 

saw could be due to larger HMPs possessing less contact density per unit volume 

compared to smaller HMPs. The lessened contacts may be less suited for dissipating the 

externally applied force to other HMPs, causing localized disruptions as external forces 

exceed local HMP interactions, thus facilitating the onset of shear bands or flow.  

Further, this trend was corroborated by qualitative experimental observations. 2wt% 

norHA HMPs, even when fully packed, flow very easily and could not hold their shape at 

rest, reflecting the low yield stress as well as storage modulus. On the other hand, small 
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3wt% norHA HMPs and all 4wt% HMPs presented challenges in processing: during 

pipette transfer, these HMP formulations frequently became stuck to the side of the pipette 

tip, and the bulk granular material fragmented or separated into discrete pieces during 

aspiration or extrusion.  

  

Figure 3. A) Quantified storage modulus of norHA HMPs for all compositions and sizes, compared based 

on composition (left) or size (right). B) Quantified yield of norHA HMPs for all compositions and sizes, 

compared based on composition (left) or size (right).  
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Creating tunable porosity in HMP scaffolds using sacrificial gelatin MPs 

Porosity as well as pore sizes in hydrogel scaffolds influence important processes such 

as cellular infiltration, immune cell responses, and vasculature growth. In HMP scaffolds, 

spaces among packed spherical particles inherently create interconnected micropores 

that are challenging to engineer in bulk hydrogels, facilitating cellular infiltration and tissue 

regeneration when implanted in vivo. Currently, porosity in HMP scaffolds is largely 

controlled by changing HMP sizes and packing density; however, limitations exist for both. 

Pore sizes can be increased by increasing HMP diameters without affecting porosity. 

However, increasing HMP sizes can impact packing behavior and affect bulk modulus 

undesirably7,23,24. The uniform increase in pore size can also cause cells to fall through the 

open spaces, presenting challenges for in vitro culture24,25. On the other hand, decreasing 

packing density can increase porosity18. However, as the interstitial fluid volume increases, 

Figure S3. Representative rheology curves for packed norHA HMP stress sweep (left) and shear rate 

sweep (right). Red arrow points to representative data points used for quantifying and confirming yield 

stress.  
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the tendency of HMPs to stay solid-like at rest may be attenuated. More importantly, cross-

linking becomes impossible as interstitial space becomes greater and the HMPs lose 

physical contact with each other, limiting the porosity.  

The use of sacrificial HMPs is an alternative method for creating porosity that does not 

rely on changing particle sizes or packing density. Here, we mixed known volumes of 

norHA HMPs (scaffold-forming) and gelatin HMPs (sacrificial) at defined ratios to control 

porosity in HMP scaffolds. Gelatin HMPs were fabricated similarly to norHA HMPs through 

emulsification (Figure S4) and mixed with norHA HMPs to form solid scaffolds. The 

component gelatin HMPs can be liquefied (or sacrificed) at 37°C, making them easy to 

remove and create pore spaces under standard culture conditions. The process is as 

shown in Figure 4A. First, to observe porosity characteristics, we fabricated gelatin HMPs 

with varying sizes and generated scaffolds where norHA HMP diameters are less than, 

equal to, or greater than gelatin HMP diameters (Figure S5). Scaffolds with norHA HMPs 

and gelatin HMPs mixed at 100:0, 75:25, and 50:50 volume ratios were generated for 

porosity measurement.  

We observed large pockets of void space when gelatin HMP diameters are greater than 

norHA HMP diameters, while equal-sized or smaller gelatin HMPs created more 

continuous void spaces in scaffolds (Figure S5). Gelatin HMP sizes had negligible effects 

on the total porosity created. For subsequent studies, all scaffold porosities are created 

using gelatin HMPs with diameters smaller than norHA HMP diameters.  
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For each volume ratio group, we generated separate scaffolds using small, medium, and 

large populations of norHA HMPs to elucidate the effect of size on porosity. We found that 

for all norHA HMP sizes, we consistently generated scaffolds with ~10% porosity for 100% 

norHA scaffolds; ~30% porosity for 75% norHA scaffolds; and ~50% porosity for 50% 

norHA scaffolds (Figure 4B). However, for each volume ratio group, no statistically 

significant differences were found for porosity among norHA HMPs with different sizes 

(Figure 4B).  

We did, however, see a trend of Increasing porosity as HMP sizes increased for 100% 

norHA scaffolds, which corroborates reported findings in existing approaches that do not 

use sacrificial HMP components7. Interestingly among the small norHA HMPs (3000 rpm) 

Figure S4. Gelatin HMP fabrication scheme. Gelatin solution was homogenized at varying speeds in oil 

and surfactant at 40 degrees Celsius. The mixture is then cooled to room temperature and washed in the 

same method as norHA HMPs to obtain gelatin HMPs.  
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in 100% norHA scaffolds, we often saw pockets of pore spaces much larger than the HMPs 

(Figure S6), whereas pore spaces only existed between packed particles for larger norHA 

HMPs. This suggests that the centrifugal force was not enough to overcome the 

Figure 4. A) HMP scaffold fabrication. Desired ratios of norHA and gelatin HMPs, along with DTT and LAP, 

are combined and packed by centrifugation. The packed HMPs were then crosslinked and cultured at 37°C 

to liquefy gelatin HMPs. The scaffolds were then submerged in FITC-dextran solution and imaged. B) Left: 

Representative confocal images (top) and corresponding thresholded images (bottom) of scaffolds with 

varying ratios of norHA HMP (750 rpm) to gelatin HMP (2000 rpm). Right: Quantified void volume fraction 

for each scaffold composition. Scale bars = 100µm. 

 

 

Figure S5. From to top to bottom: 100% norHA, 75% norHA, and 50% norHA scaffolds created with gelatin 

HMPs with diameters greater than (top), equal to (middle), or less than (bottom) the diameters of norHA 

HMPs. Porosity of each scaffold is quantified and shown on the right. 
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microstructures created by small HMPs and may be remedied by more aggressive 

filtration methods to eliminate interstitial fluid. The inherent structure may be desirable for 

certain applications and has implications on the flow properties of packed HMPs, as they 

could create local heterogeneity in shear-driven flow that disrupts bulk flow behavior. 

However, this is outside the scope of the current work.  

We then quantified the 2-D pore sizes using a custom Matlab program. Images were 

segmented and processed to quantify the area of interconnected pores for all our 

scaffolds compositions. Plotting pore area distribution based on the number frequency 

revealed that small pores formed by HMP packing made up the majority number-wise 

(Figure S7). However, large pores that were fewer in number but account for high fractions 

of total pore area with several magnitudes higher pore area were seen in 75% and 50% 

scaffolds (Figure S7). Toward better capturing and elucidating the effect of these large 

Figure S6. Left: small norHA HMPs packed at 21,000 rcf and imaged in FITC-dextran. Right: medium 

norHA HMPs packed at 21,000 rcf and imaged in FITC-dextran (green).  
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pores, we calculated the pore area fractions (pore areas divided by total pore area) and 

plotted the pore size distribution based on the area fraction with which the pore sizes were 

associated. A visual representation of pore distribution is shown in Figure 5A, where large, 

connected pores form the majority of the total pore area but are few in number; and 

smaller pores, though numerous, only comprise a small amount of pore area. This is 

corroborated by area fraction-based distribution (Figure 5B). We saw that regardless of 

HMP sizes in the scaffold, higher total porosity created by sacrificial materials resulted in 

having larger pores that contribute to most of the porosity. This effect is most pronounced 

in our large norHA HMPs, where one or a few pores contributed to ~90% of the total 

porosity in the 50% scaffolds and ~60% of total porosity in the 75% scaffolds, indicating 

very high degrees of interconnectivity.   

Further, we observed that in HMP scaffolds with varying porosities, pore size distributions 

among the small pores were similar. We hypothesized that these pores existed among 

packed norHA HMPs and are preserved when sacrificial HMPs are incorporated. In other 

words, in 100% norHA scaffolds, these pore features would exist throughout scaffolds; 

Figure S7. Number-based pore area distribution for each scaffold composition. 
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however, in 75% and 50% norHA scaffolds, these features exist where packed norHA 

HMPs were not disrupted by gelatin HMP incorporation. To investigate this, we looked at 

the distribution of only the smaller pores spaces in each group. More specifically, for each 

norHA HMP size, we used the largest pore found in the 100% norHA group as the cut-off 

pore size. Pore spaces in 75% norHA and 50% norHA with area larger than the cut-off 

were eliminated, and the pore size distribution was compared among the groups (Figure 

S8).  The pore size distribution based on number fraction as well as area fraction showed 

great consistency among groups with different porosity, suggesting that while higher 

porosity groups possess much larger pore spaces, the smaller pore spaces that resulted 

from HMP packing are still present.  

The heterogeneity in pore sizes is unique to this system, where interconnected “mega” 

pores comprise most of the porosity, yet pores areas several magnitudes lower are 

present. The co-existence of both types of pores allowed for the creation of non-uniform, 

multiscale void spaces that could encourage cellular infiltration26-30. 
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Figure 5. A) Visualization of 2D pore spaces. From left to right: confocal image of the scaffold with 

fluorescent interstitial space; all pore spaces highlighted in green; and representation of both small pore 

areas (green) and large pores areas (maroon). B) Pore area distribution based on the area fraction of 

pores, small, medium, and large HMP were used to make 100%, 75%, and 50% norHA scaffolds, the pore 

areas of each scaffold was found and plotted.  
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Computational assessment of 3D pore spaces in HMP scaffolds 

To extend 2D analysis of pore area distribution and general porosity to 3D considerations 

of pore volumes and interconnectivity, we utilized LOVAMAP31. LOVAMAP is a software 

created specifically for the analysis of 3D pore spaces in GHSs with the ability to 

accurately discern discrete pore volumes and interconnected pore spaces.  Here, our 

analysis used scaffolds composed of 3% norHA HMPs fabricated at 750 rpm, as this 

formulation exhibited desirable flow properties and showed the highest connectivity as 

porosity increased in our 2D analysis.  

Figure S8. Pore area distributions using the largest pore in 100% norHA scaffolds as the cut-off point. A) 

Pore area distribution based on the number of pores. B) Pore area distributions based on the area fraction 

of pores 
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Using this formulation, we fabricated scaffolds with increasing porosity, as previously 

described: 100% norHA, 75% norHA, and 50% norHA HMPs with the remainder being 

sacrificial gelatin HMPs. We fluorescently tagged norHA HMPs for confocal imaging and 

analyzed confocal z-stacks in LOVAMAP, which computationally reconstructed 3D 

volumes25,31 and provided visual representations of computationally identified 3D pore 

spaces (Figure 6A). For the 100%, 75%, and 50% norHA groups, the total porosities found 

were 7%, 18.8%, and 59.4%, respectively (Figure 6B). While this deviates somewhat from 

our 2D analysis, it demonstrates the range of porosity achievable using sacrificial HMPs. 

If certain porosity is desired, this can be reached by adding or removing sacrificial HMPs 

and does not affect the trends found in this study. Additionally, 3D analysis allowed us to 

elucidate the true number of pores in the scaffolds. Analysis of pore number in fixed 

scaffold volumes showed decreasing number of pores as porosity increases (Figure 6B), 

indicating much larger pores in higher porosity scaffolds. Average pore size calculated 

based on porosity (total porosity divided by total number of pores) showed that pore 

volume increases in magnitudes as porosity increased (Figure 6B).  

Plotting volume fraction-based pore volume fraction showed the same trend as in 2D 

(Figure 6C), especially in our 50% scaffold, where a singular large pore accounted for over 

90% of the total porosity. Plotting small pores only using the largest 100% norHA scaffold 

pore as the cut-off again showed similar distributions (Figure S9), as seen in 2D. This 

confirms the heterogeneity of the true pore volumes in 3D, where large volumes of pore 

spaces are interconnected yet small pores created by packing still exist.  
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Additionally, in reconstructions of scaffold volumes, LOVAMAP analysis allowed us to 

differentiate between pores which interface with the surface of the scaffold (“exterior 

pores”), and those that do not and are instead enclosed within HMPs (“interior pores”) 

(Figure S9). This is important towards understanding reciprocal access between the 

scaffold interior and the surrounding environment through scaffold porosity; for example, 

Figure 6. A) Representative LOVAMAP-generated domains of HMP scaffold with varying compositions. 

B) from left to right: void fraction, total number of pores per scaffold, and the average pore volume for 

each scaffold composition. C) Left: volume fraction-based pore volume distribution for each scaffold 

composition. Middle and right: representative largest pore for 50% norHA scaffold and 100% norHA 

scaffold. 
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exterior pores are desirable for supporting tissue infiltration into the scaffold. We observed 

that as total porosity increased, larger pore spaces accounted for increasingly large 

percentages of the total porosity, while the number of interior pores decreased (Figure 

S9). By volume fraction distribution, we saw that interior pores of all groups were similar 

in size and distribution, but only ~1% of pore volumes were in interior pores for our highest 

porosity 50% norHA scaffolds compared to ~50% pore volumes being interior pores for 

our least porous 100% norHA scaffolds (Figure S9).  

Both 2D and 3D analysis demonstrate the co-existence of large, interconnected pores and 

small pores in our system. This structure is permissible to engineering multi-scale tissue 

structures (e.g., vasculature) and may be desirable for many tissue engineering and 

regenerative applications. Importantly, porosities in the scaffolds above are achieved 

predictably, as a direct function of sacrificial HMP fraction. This circumvents the need to 

dilute packed HMPs or perform other processing steps to reduce packing density. Instead, 

mixtures can be ratiometrically combined to achieve controlled, high porosity in a single-

step process. With this high porosity, however, maintaining GHS stability remains a 

challenge. To address this, we looked to quantify the impact of including hydrogel 

nanofibers within HMPs scaffolds on scaffold stability. 
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Incorporation of electrospun fibers alleviates HMP scaffold degradation 

To generate hydrogel fibers to reinforce HMP scaffolds, we electrospun norHA fibers 

crosslinked by norbornene-DTT click chemistry. Crosslinked fibers were hydrated in PBS 

and segmented (Figure 7A) to yield high-aspect ratio fibers with a mean width of 1.6 ± 

0.59 µm and a mean length of 95 ± 48.5 µm. Similar to HMP formation, in crosslinking 

electrospun norHA fibers, we controlled the norbornene to DTT ratio so that excess 

Figure S9. Top left: volume fraction-based pore volume distributions using the largest pore in 100% 

norHA scaffolds as the cut-off point. Top right: percent of exterior pores for each scaffold composition. 

Bottom: representative LOVAMAP-generated scaffolds with only interior pores shown.  
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norbornene were present after crosslinking. The unreacted norbornenes on fibers enable 

secondary crosslinking with the norbornenes on HMP surfaces, strengthening fiber-HMP 

interactions. 

We combined defined ratios of norHA fibers, norHA HMPs, and gelatin HMPs, to generate 

composite scaffolds with controlled compositions (Figure 7B). Confocal imaging of HMP 

scaffolds with fiber incorporation showed that fluorescently labeled fibers distributed 

within the interstitial space of the scaffolds (Figure 7C, left and middle), wrapping around 

volumes occupied by HMPs (spherical-shaped empty spaces), and we observed that 

fibers did not appear inside spaces occupied by HMPs. Additionally, fibers were well 

distributed throughout the space and could bridge between HMPs that were otherwise 

not in direct contact with one another (Figure 7C, right).  

Next, we investigated the effects of fiber-based reinforcement on scaffold degradation, as 

a function of scaffold porosity. In our granular system, we had previously observed 

degradation by scaffold erosion with increasing porosity and concomitant drops in 

particle-particle contacts. Here, we added fibers to scaffolds of increasing porosity: 100% 

norHA HMPs, 75% norHA HMPs, and 50% norHA HMPs, and tracked their weight and 

appearance over 28 days. For each scaffold composition, we varied the fiber content (0% 

v/v, 1% v/v, 5% v/v, and 10% v/v) to elucidate the amount of fibers needed to reinforce 

granular hydrogels in long-term culture. As shown in Figure 8A, 100% norHA scaffolds 
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retained ~70% of their initial mass without fiber reinforcement after 28 days of culture in 

PBS. Incorporation of 1%, 5%, and 10% fiber into 100% norHA scaffolds retained more 

mass (up to 80%) by the end of culture; however, there were no statistically significant 

differences, suggesting that these scaffolds are suitable for long term culture without fiber 

reinforcement. In 75% norHA scaffolds, the incorporation of fibers markedly enhanced the 

scaffold stability in long-term culture (Figure 8A). After the initial mass loss between day 

0 and day 1 as the result of the removal of sacrificial particles, significant mass loss 

Figure 7. A) Representative fluorescent image of electrospun norHA fibers. A more dilute population of 

fibers was used for quantification of fiber sizes. B) Electrospun fiber incorporation into the scaffold. Fibers 

and desired ratios of norHA and gelatin HMPs were combined, along with DTT and LAP. The mixture is 

jammed through centrifugation and UV-crosslinked; then submerged in rhodamine B-dextran for imaging. 

C) Left and middle: 3D confocal image of fibers within the scaffold, and fibers combined with interstitial 

space (in red) within the scaffold. Right: Representative 2D confocal image of fibers (green) and norHA 

HMPs (red) in a 50% scaffold. All scale bars = 100µm.  
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continued in scaffolds with 0% fiber. By day 7, only ~50% of the scaffold remained for 0% 

fiber scaffolds. Scaffolds with 1% fiber did not show significant differences compared to 

0% fiber scaffolds for the first 6 days. However, from day 7 on, 1% fiber scaffolds degraded 

significantly less than 0% fiber scaffolds. At day 28, ~7% of 0% fiber scaffold and ~32% of 

1% fiber scaffold remained. Neither group retained their shape at 28 days In comparison, 

both 5% fiber and 10% fiber scaffolds held their shape over the 28 days of our study, and 

both retained >50% of their initial weight, which included the mass of the gelatin HMPs. 

Additionally, at no point of the study were the two groups statistically different from each 

other, indicating that both 5% fiber and 10% fiber scaffolds were suitable for maintaining 

stable GHSs in long-term culture.  

In our most porous scaffold group (50% norHA), the reinforcement effect of fibers was the 

most pronounced (Figure 8A, B). Without the incorporation of fibers, dissociation of 50% 

norHA scaffolds started by day 3, with scaffolds breaking apart into smaller pieces and 

losing most of their weight. Adding 1% fiber delayed the start of dissociation, but no 

scaffolds remained after 6 days. Incorporation of either 5% and 10% fibers in 50% norHA 

scaffolds was able to stop the scaffold from dissociating, with 10% fiber incorporation 

retaining significantly more scaffold mass after 28 days. Further, while both 5% fiber and 

10% fiber incorporation were able to keep the scaffolds from dissociating, only 10% fiber 

scaffolds were able to maintain their shape over the course of the study, a representative 

image is shown in Figure 8B. Confocal microscopy of 50% norHA scaffold with 10% fiber 

on day 28 showed that the internal structure of the scaffold was preserved, with porosity 

comparable to newly made 50% norHA scaffolds (Figure 8C), demonstrating that the 
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fibers both had minimal effects on porosity and the potential to preserve pore spaces 

within the highest porosity scaffolds over weeks in culture. 

We also investigated whether fiber incorporation strengthened the mechanical properties 

of HMP scaffolds using non-destructive oscillatory rheology. We measured the shear 

modulus of 100% norHA scaffolds, 75% norHA scaffolds, and 50% norHA scaffolds, with 

no fibers or with 5% fiber. We chose 5% fiber incorporation only, because it provided 

significant short-term reinforcement, corresponding to the time scale of this experiment. 

The storage moduli were measured for all groups prior and after gelatin HMP liquefication. 

In all scaffolds with sacrificial gelatin HMPs, liquefication of gelatin HMPs resulted in 

significant decreases in scaffold moduli (Figure 8D). Prior to gelatin HMP liquefication, 

however, there were no significant differences in storage moduli in all groups. 5% fiber 

incorporation was able to rescue some of the reduction in scaffold modulus from gelatin 

liquefication (Figure 8D). For 50% norHA scaffolds, the differences in the storage modulus 

of scaffolds prior and after gelatin liquefication were compared; statistical significance was 

shown between non-fiber reinforced scaffolds and 5% fiber scaffolds. For 75% norHA 

scaffolds, while 5% fiber incorporation reduced the decrease in storage modulus after 

liquefication, no statistical significance was shown. Combined, these data showed that up 

to 5% fiber incorporation did not reinforce the scaffolds by increasing the storage modulus 

of system. Rather, fiber incorporation reinforced the scaffolds by alleviating the loss in 

modulus resulted from liquefication of gelatin HMPs. These results suggest that low 

amount of fibers (5%) work to passively tether the HMPs together rather than changing 
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the bulk properties of the scaffold. This allows for the decoupling of scaffold bulk 

mechanical properties and scaffold integrity, offering more control in HMP scaffold design.   
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Injection of cell-HMP mixture and subsequent crosslinking retained high cell viability 

Injectable biomaterials in regenerative applications allow for minimally invasive 

administrations of therapeutics. The self-assembling, shear-thinning, and self-healing 

properties of granular hydrogels make these microporous materials particularly promising 

for both injection and for cell culture, promoting cellular infiltration and tissue remodeling. 

To assess our system as an injectable, cytocompatible material, we extruded packed, 100% 

norHA HMPs with cells included among the HMPs (Figure 9A). Subsequently, we 

crosslinked the HMPs into a scaffold and assessed cell viability. Human umbilical vein 

endothelial cells (HUVECs) were used in this study to show that our granular scaffold 

system could support cells critical for vasculature formation.  

To discern the effects of processing the cells within the material from the effects of the 

material itself on cell viability, viability was assessed at distinct steps during material 

preparation and extrusion. Specifically, a live/dead assay was performed (1) prior to the 

extrusion process to assess if the processing of cells within the materials was adverse to 

cell survival, (2) immediately after extrusion and UV cross-linking to discern the effect of 

injection and crosslinking on cell viability, and (3) after three days of culture to assess cell 

survival and proliferation in the scaffold. 

Figure 8. A) Remaining weight fraction of scaffolds tracked over 28 days normalized to scaffold weight at 

day 0. B) Visual presentation of effect of fiber amounts on 50% scaffold degradation over a period of 5 

days. C) Porosity for 50% scaffold with 10% fiber at day 28 compared to day 0. D) Left: Rheological 

quantification of storage moduli of all scaffolds prior to and after gelatin HMPs liquefy. Right: Quantification 

of the moduli differences for each scaffold before and after gelatin liquefication.  
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We showed that cell viability was maintained at all steps in the process. On day 3 of culture, 

HUVECs visibly adhered and spread on the HMPs (Figure 9B). After the initial process of 

mixing cells within the packed HMPs, HUVEC viability was observed to be between 80%-

90%, preserving a high degree of cell viability for continued culturing. This viability was 

maintained through extrusion, with measurement immediately after extrusion, suggesting 

minimal cell deaths occur from the injection and crosslinking process. After 3 days of 

culture, a slight reduction in cell viability was observed. This might be attributed to delayed 

effects of the extrusion process as well as the lower porosity in 100% norHA scaffolds. 

Figure 9. A) The process for HUVEC incorporation, extrusion, and scaffold formation. B) Representative 

images of live/dead stain carried out independently after HUVECs are mixed with HMPs (left), after the 

cells-HMPs mixture are extruded through the syringe (mid), and after 3 days of culture (right). C) 

Quantified cell viability for each timepoint in panel B. 
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Together, our current results indicated that the granular hydrogel systems are 

biocompatible, support cell viability through extrusion, and might serve as platforms for 

delivering cells within biomaterials that can be designed to be highly porous. These 

extrudable materials might be leveraged in 3D bioprinting and regenerative engineering 

applications.  

Conclusion:  

We were able to fabricate norHA HMPs with varying sizes and moduli rapidly using this 

batch emulsification.. Through efficient norbornene-thiol click chemistry, norHA HMPs 

was secondarily crosslinked to each other, as well as conjugated with thiolated RGD to 

facilitate cell growth. We showed that by introducing a population of sacrificial particles, 

we were able to tune the porosity and create mulit-scale, interconnected pores. Porous 

scaffold with as much as 50% porosity can be made viable for long term culture through 

the introduction of electrospun fibers. 10% v/v fiber incorporation was able to stabilize 

scaffolds with 50% porosity over a period of 30 days, retaining both the scaffold porosity 

and structure. Finally, we showed that the HMPs we generate are suitable for cell culture; 

and that HUVECs were able to survive mixing, injection, as well as subsequent UV 

crosslinking in the HMPs with high viability. The presented approach allows for easy 

fabrication of highly porous GHSs with well-characterized pore spaces. Additionally, 

reinforcement of crosslinked HMPs enabled by small amounts of electrospun fibers has 

not been previously explored; and is shown here to be a viable method to reinforcing even 

highly porous HMP systems. Combined, the methods presented in this paper may enable 



118 

 

an additional degree of freedom in designing granular materials for various tissue 

engineering and regenerative medicine applications.  

Experimental methods:  

NorHA synthesis and characterization:  

norHA was synthesized through a previously described method32. Briefly, HATBA was 

made by first dissolving sodium hyaluronate (lifecore biomedical) in water and adding 

Dowex® 50WX8 hydrogen form (Sigma). After filtering the resin at the end of the ion 

exchange, tetrabutylammonium hydroxide (Fisher) was used to titrate the filtered solution 

until pH reaches 7. Finally, the HATBA was frozen and lyophilized. To synthesize norHA, 

HATBA and 4-Dimethylaminopyridine (Sigma) were dissolved in DMSO under anhydrous 

conditions. 5-norbornene-2-carboxylic acid (Sigma) was then added to the solution. After 

the reagents became well mixed, di-tert-butyl dicarbonate (Sigma) was added and the 

temperature raised to 40C. The reaction was allowed to proceed overnight and 

terminated by quenching with cold water. The mixture was purified through dialysis and 

precipitation, then lyophilized. 1H NMR was done to characterize the synthesized norHA 

by dissolving lyophilized norHA at 10mg/mL in D2O. NMR was conducted using a 600MHz 

NMR machine (Varian, Inova). 

NorHA HMP fabrication:  

norHA was dissolved at the desired weight percentages in PBS (2 wt%, 3 wt%, and 4 wt%). 

Then, 60mM LAP (Sigma) in PBS was added to adjust the final LAP concentration to 6mM. 

DTT (Sigma) was also added to reach final concentrations of 1mM of DTT per 1 wt% of 

HA in solution. After fully mixing, the solution was added to light mineral oil (Fisher) with 
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2% Span 80 (Sigma) at a ratio of 1:9 (solution : oil). The oil-solution mixture was then 

emulsified for 3 minutes at desired speed, then UV crosslinked for 15 minutes under 

stirring.  

To retrieve the HMPs from oil and eliminate surfactant, the HMP-oil emulsion were first 

centrifuged at 3,000 rcf for 2 minutes. After discarding the oil, the HMPs were 

resuspended in hexane and centrifuged at 3,000 rcf again for 2 minutes. This was 

repeated twice. After the hexane wash, the HMPs were then resuspended in isopropanol 

and centrifuged at 1200 rcf for 5 minutes. The isopropanol wash was repeated twice to 

wash off the remaining hexane and sterilize the HMPs at the same time. aAter discarding 

the excess IPA, the norHA HMPs were resuspended and rehydrated in PBS. This process 

can be done sterilely to generate culture-ready particles. Finally, the HMPs were filtered 

through a cell strainer (Pluristrainer, Fisher) with mesh sizes ~1.5x the largest diameter 

HMP in the distribution to eliminate particle clusters formed through aggregation or faulty 

crosslinking.  

Gelatin HMP fabrication:  

Gelatin from bovine skin, type B (Sigma) was dissolved in PBS at 10wt% at ~40C. The 

solution was then added to light mineral oil with 2% Span 80 (also heated to ~40C) and 

emulsified at desired speed for 3 minutes. The emulsion was then allowed to cool to room 

temperature to form HMPs. Once cooled, the gelatin HMPs were washed and processed 

in the same way as norHA HMPs. 
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Size characterization of norHA HMPs:  

norHA HMPs suspended in PBS at 1:1 volume ratio were centrifuged at 21,000 rcf for 5 

minutes. After discarding the excess PBS, 2mM of thiolated peptide-rhodamine B 

(sequence GCGKKKG-RhoB) suspended in PBS was added at equal volume to the HMPs 

to achieve a final concentration of 1mM rhodamine B. 10mM LAP was also added to the 

solution to reach a final concentration of 1mM LAP. The HMPs were then vortexed with 

the solution so that particles are sufficiently suspended. The suspension was then placed 

under UV light for 5 minutes at 10mW/cm2. After conjugation, the HMP suspension was 

centrifuged at 21,000 rcf for 5 minutes again. The excess solution discarded and the HMPs 

were resuspended in fresh PBS. This washing step is repeated until no color was seen in 

the PBS after centrifugation.  

The now fluorescent HMPs were imaged using a Leica DMi8 widefield microscope. HMPs 

were first diluted 1:100 volume ratio in PBS. Then 200L of the suspension was added to 

a glass-bottom confocal dish and imaged on the microscope. Further dilution was carried 

out as needed so that HMPs do not overlap each other in the final micrograph. The image 

was then processed in FIJI, which delineated and analyzed the size of each particle. 

Plotting and statistical analysis was done using Rstudio. Welch’s ANOVA and Games and 

Howell post-hoc test was done for all hypothesis testing. 

Rheological tests for HMP flow properties:  

A DHR-3 rheometer (TA instruments) was used for all rheology testing. For all flow 

property assessments, the HMP samples were conditioned by pre-shearing at 100 s-1 for 

10 seconds. Samples were then allowed to equilibrate for another 2 minutes before 
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conducting measurements. All gap sizes are set to be 10 times greater than the larges 

HMP size in the population. Rheology tests are conducted on a Peltier plate, with a 20mm 

sandblasted solvent trap parallel plate geometry and temperature control at 20C. For 

frequency sweeps, after conditioning, 1% strain was applied at frequency ranging from 

0.01 Hz to 10 Hz in logarithmic increments. For strain sweeps, frequency was kept at 1 Hz, 

with strain varying from 0.01% to 500%, also in logarithmic increments.  

Fabricating porous norHA scaffolds:  

To create norHA scaffolds with varying porosity, both norHA HMPs and gelatin HMPs were 

first suspended in PBS at 1:1 volume ratio. From here, desired amount and ratio of both 

populations were calculated, and the appropriate amounts were mixed together. 10mM 

LAP and 25mg/mL DTT were added to the mixture to achieve a final concentration of 1mM 

for both. This mixture was then centrifuged at 21,000 rcf for 5 minutes; excess solution 

was discarded.  

To crosslink the HMPs, desired amount HMPs from the last step was transferred with a 

wide-bore pipette tip. The HMPs were then UV crosslinked for 1 minute at 10mW/cm2. For 

HMP scaffolds with gelatin HMPs incorporated, PBS were added to cover the scaffold and 

the scaffolds were cultured in a 37C, humidified incubator for 20 minutes to liquefy the 

gelatin HMPs.  

Porosity characterization of norHA scaffolds:  

All norHA scaffolds were fabricated as described above. After scaffold formation, all 

scaffolds are submerged in 1mg/mL FITC-dextran in PBS and cultured at 37C for >20 
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minutes. These scaffolds were then imaged under a Leica confocal microscope (Stellaris 

5).  

To assess the porosity of each scaffold, at least one and up to four randomly sampled 

region was chosen for each scaffold. For each region, Z-stack images were taken to 

penetrate 100m into the scaffold, with step size no larger than 5m. The images were 

thresholded with FIJI and the pore fraction for each slice calculated. The final porosity was 

estimated by the average of each Z-stack image. If multiple regions were selected, the 

porosity from all Z-stack images were averaged to be the final porosity of the scaffold. 

Replicates of at least 3 were done by fabricating a new scaffold for each replicate and 

repeating the above process.  

Pore space 2-D analysis:  

To analyze the pore spaces in porous scaffolds, the same microscopy images were used 

as those for characterizing porosity. After thresholding in FIJI, the pixel values (0 or 256) 

and their corresponding XY coordinates were exported as a .csv file. An in-house Matlab 

program was built to utilize the pixel value and position data to find interconnected pixels 

that form the pore spaces. The area of each pore space was then calculated in Matlab. 

Area fraction was found by first defining number of bins desired for graphic representation. 

Then, area fraction was calculated by dividing the sum of the pore areas in the same bin 

by the total pore area. The average pore area of each bin was used as the x-axis value in 

the distribution graph.  
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LOVAMAP analysis of 3-D pore space:  

norHA HMPs used for imaging was made fluorescent using AF 430 tetrazine(Lumiporbe). 

Briefly, norHA HMPs suspended in PBS were centrifuged at 21,000 rcf for 5 minutes. The 

excess PBS was discarded and 1mM AF tetrazine was added at equal volumes to the 

HMPs (final concentration 0.5mM AF tetrazine). The mixture was then vortexed to 

resuspend the HMPs. The reaction was allowed to proceed for 20 minutes, after which the 

HMP suspension was centrifuged again at 21,000 rcf for 5 minutes. The excess solution 

was discarded and replaced with fresh PBS. This process was repeated until the solution 

became clear after centrifuging the HMPs. All scaffolds were fabricated without fiber as 

described above. The scaffolds were imaged in PBS using a Leica confocal microscope 

(Stellaris). A 20x objective was used and Z-stacks of 100 m was taken for each scaffold. 

Electrospinning norHA fibers:  

electrospinning solution containing 3.5% w/v norHA, 2.5% w/v 900 kDa polyethylene oxide 

(PEO, Sigma), 0.05% I2959 (Sigma), and 6.5 mM DTT in deionized water was dissolved 

overnight. The solution was extruded using a syringe pump at a flow rate of 0.4 mL/hr 

through a 16G needle. The fibers were collected on an aluminum foil substrate attached 

to a mandrel spinning at ~1,000 rpm. 13-16 kV positive voltage was applied to the needle 

and 4kV negative voltage was applied to the collection substrate.  

After collection, fibers were crosslinked under UV light for 15 minutes at 10mW/cm2 under 

nitrogen. Once crosslinked, the fibers were wetted with PBS to detach from the collection 

substrate, then suspended in PBS. The suspension was homogenized at 9,000 rpm for 2 
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minutes and then filtered through a 40 m cell strainer (Fisher) to eliminate large 

aggregations of fibers.  

norHA fiber characterization:  

fluorescent fibers were made by incorporating 4mg/mL FITC-dextran (1 MDa, Sigma) in 

the initial electrospinning solution. All other steps were the same to produce fluorescent 

fibers. After filtering, fibers were diluted 1:1000 in PBS, and placed between two glass 

cover slips. Images were taken using a Leica DMi8 widefield microscope and further 

dilution of the fibers was carried out until fibers no longer overlap each other in the 

micrograph. The images were then analyzed in FIJI to find the length and width of each 

fiber. 

Characterizing degradation of norHA scaffolds:  

non-fiber scaffolds were fabricated as described above. For fiber-reinforced scaffolds, 

fibers were first centrifuged at 3,000 rcf to form a pellet. The pellet volume was estimated, 

and the pellet was resuspended 1:10 fiber to PBS volume ratio. To fabricate the scaffolds, 

desired volume of fiber was calculated (1%, 5%, or 10%), and corresponding volume of 

fiber was added to the norHA-gelatin HMP mixture (amount measured as described before 

for 100%, 75%, and 50%). 10mM LAP and 25mg/mL DTT was then added to the mixture 

to reach a final concentration of 1mM for each reagent. The rest of the fabrication was 

carried out in the same way as described for fabricating non-fiber scaffolds.  

All scaffolds for this study were fabricated on a glass coverslip substrate. Each coverslip 

was weighed by itself, and then weighed again with the scaffold on top to find the weight 

of the scaffold. Each scaffold was then submerged in PBS and cultured in a humidified 
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incubator at 37C. For each degradation time point, the PBS was removed by pipetting 

and gently wicking off the remaining PBS with a KimWipe. The weight of coverslip and 

scaffold was then measured again. Plotting and statistical analysis were done in Rstudio. 

Statistical comparison was done using ANOVA and Tukey’s post-hoc test.  

Rheological tests for HMP scaffolds:  

Time sweeps were done for HMP scaffolds to assess their mechanical properties. 

Scaffolds were fabricated into disks with 1mm height and 8mm diameter. This is done by 

first biopsy punching a 1mm thick PTFE sheet (McMasters) to create an 8mm diameter 

opening. The HMPs were loaded into the opening, then a glass slide is placed on top to 

flatten the HMPs so that they conform to the opening. Excess HMPs that overflowed 

between the glass slide and the PTFE sheet were simply wiped away after the glass slide 

is removed. The HMPs were then photo-crosslinked for 1 minute under 10mW/cm2 UV 

light.  

Rheology was conducted on a Peltier plate temperature controlled at 20C. The fabricated 

8mm scaffolds were loaded onto the Peltier plate and positioned under an 8mm 

sandblasted parallel plate geometry. Each scaffold is conditioned by applying a small axial 

force (0.3-0.8 N) prior to oscillatory testing. This accounts for the potential uneven 

topography produced during scaffold fabrication and ensures that all scaffold is 

sufficiently contacting the geometry. Time sweeps were done at 1% strain and 1 Hz 

frequency for 60 seconds.  

To assess mechanical properties of scaffolds post gelatin HMP sacrifice, after time sweep 

was done for the pre-sacrifice scaffolds, the scaffolds were submerged in PBS and 
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cultured for 20 minutes at 37C. After culturing, the scaffolds were gently washed with 

excess PBS, also at 37C, to remove liquefied gelatin. The same time sweep with 

conditioning was conducted again on the scaffolds. Statistical analysis was done using 

paired t-tests for these samples.  

Injection of HUVEC and HMPs:  

HUVECs (Lonza) was cultured in EGM-2 medium (Lonza) at 5% CO2 and 37°C in a 

humidified environment. HUVECs Passage 6-8 was used for this experiment. HUVECs 

were detached from plate using 0.05% trypsin, centrifuged at 300 rcf for 3 minutes, and 

resuspended in EGM-2 at 30 million cells per mL.  

RGD-modified norHA HMPs were made by mixing the norHA HMPs with RGD and LAP to 

reach a final concentration of 1mM RGD and 1mM LAP (norHA HMPs comprises half the 

volume of the solution). This mixture was placed under UV light at 10mW/cm2 for 5 minutes, 

then washed twice with PBS to eliminate excess RGD and LAP.  

The RGD-norHA HMPs were centrifuged at 21,000 rcf for 5 minutes. The dense HUVEC 

suspension was then mixed with the HMPs to reach a final density of 2 million cells/mL. 

The mixture was then loaded into a 1 mL syringe and subsequently extruded onto a 6-

well cell culture plate through a bevel, 18G needle. The material was subsequently UV 

crosslinked at 15 mW/cm2 for 1 minute.  

For live/dead staining, HUVECs-HMPs mixture were collected prior to loading the material 

into the syringe, while post-printing mixtures were collected either immediately after 

extrusion or after 3 days of culture. The cells were stained using a Live/Dead viability kit 
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(L3224, Invitrogen) and imaged in a plastic-bottom culture plate by a Leica DMi8 widefield 

microscope. Statistical analysis was performed using GraphPad Prism 9. Statistical 

comparison was made using one-way analysis or variance (ANOVA) with Tukey post hoc 

test. 
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Chapter 5: Discussion on porosity and its implications, the future of 

fiber-reinforced microparticle scaffolds 

Discussion on porosity: 

We have demonstrated a unique system with high porosity and stable formulation able to 

withstand long-term culture. While porosity on the same scale has been shown in HMPs 

made with crosslinked gelatin methacrylate (gelMa), cell culture in gelMa HMPs was only 

carried out to 7 days1. Our system provides a unique approach to reinforce less stable 

formulations, such as our norHA HMP scaffolds, which completely dissociate by day 5 at 

~50% porosity. More importantly, the amount of fiber needed for scaffold reinforcement 

did not substantially change the total porosity and mechanical properties of the scaffold. 

Further study is needed to elucidate cell-fiber interactions in our fiber-based scaffold, but 

based on our current data, we can comfortably present fiber as a component with, at least, 

no adverse effects to porosity and cellular growth within HMP scaffolds.  

Being able to generate robust, soft HMPs with high porosity could have impactful 

implications in the field of regenerative engineering. Many studies have been conducted 

on the effect of hydrogel porosity on vasculature ingrowth and tissue infiltration2-5. Notably, 

hydrogels with porosity >60% are often investigated in various regenerative applications, 

especially bone regeneration5-9. These highly porous hydrogels are typically generated 

using uniformly sized spherical porogens, and usually require harsh or prolonged 

sacrificial procedures4,6-9. Additionally, polymer with high mechanical modulus are typically 

used to withstand the sacrifice process and uphold the hydrogel structure3,7,8. Granular 

hydrogels beginning with MAP, while giving up some porosity, presented a facile method 
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for an injectable and moldable hydrogel scaffold. This, combined with the ability to use 

soft and stiff hydrogels alike10-11, enable a large range of translatable regenerative 

applications. Going further, our system enables high porosity in addition to the advantages 

presented by granular hydrogel scaffolds.  

So, how much porosity is sufficient porosity? And what, then, is the optimal porosity? 

These are important questions that the field has yet to fully answer. One of the challenges 

in answering these questions is that responses provoked by porosity are highly cell-type 

and context dependent. Bone regeneration, for example, has shown recorded success 

when pore size is greater than 200 microns4,8,9,12. Pores less than 200 μm in size did not 

support deep infiltration, due to limited nutrient diffusion and insufficient vascularization9,12. 

In one study, uniform pore sizes have been shown to promote bone formation up to 600 

μm9,13, with a reduction in bone formation as pores became larger. However, pores on the 

order of 1mm showed the highest osteoblast gene expression, suggesting a combination 

or gradient of pore sizes may be needed to achieve optimal pore characteristics for bone 

regeneration9. Chondrocytes, on the other hand, seemed to prefer microcavities on the 

order of 80-120 μm based on evidence from in vitro studies14,15. To complicate things 

further, vascularization studies using porous materials have shown no consensus in the 

optimal pore sizes, with evidence showing optimal vascular formation in either ~100-μm 

or ~40-μm pores16-18.  

An additional confounding factor is that pore size is not sufficient to describe pore 

characteristics. For instance, the total porosity of the material is an important metric with 

implications for accessible volume within the material and interconnection between pores. 
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Porosity, while connected to the pore sizes, is not defined solely by this parameter. Large 

pores can be formed, for example, using large spherical porogens in a bulk hydrogel; 

however, the porosity of the final hydrogel will depend on the number of porogen used: 

discrete, large pores can exist in a low-porosity hydrogel. In practice, therefore, studies 

that rely on spherical porogen-templated hydrogels typically use packed spheres to 

ensure that all pores are interconnected and thereby accessible13-15,17,19-21. The final 

porosity is not always reported in these studies; however, we can infer that the porosity 

will be quite high if the spheres were truly packed, as the body-centered cubic packing 

fraction for non-deformable, uniformly sized spheres is 0.68. Other factors typically 

encountered in studies including heterogeneity in particle sizes, dense packing, and 

deformable particles will only increase the packing fraction, and thus porosity greater than 

68%. Granular hydrogels, on the other hand, require less concern pertaining the 

interconnectedness of pores. Packed particles have inherently interconnected pores – this 

allows the fabrication of the porous hydrogel mentioned above, the process of which 

involves liquid precursors infiltrating the space among packed particles. As a result, fully 

packed hydrogels possess interconnected pores on the order of 10s of μm in size as well 

as low porosity22-26 (10-20%), whereas porogen-templated hydrogels with pore sizes on 

the same magnitude are high in porosity17,18,27-30. Therefore, both pore size and porosity 

must be considered in characterizing a system, as they have large implications on the 

accessibility and connectivity of the porous space. 

If we take it a step further to discern the characteristics of pore shapes and 

interconnections between pores, even more complications arise. In granular hydrogels 
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where pores are the void spaces created from packing, the pores are irregular. Studies in 

granular hydrogels have shown that pore shape – especially shapes with high aspect 

ratios – can affect cellular infiltration and behavior significantly31,32. These irregular pores, 

typically 10s of μm in size form narrow, corridor-like interconnections, where, going from 

one pore to the other, the connecting available volumes become increasingly smaller and 

finally becoming larger again as we move closer to the next pore33. Porogen-templated 

hydrogels, on the other hand, have round pores and typically form interconnections 

through contact between porogens prior to sacrifice20. The area of contact determines the 

size of interconnections after porogen leeching and can be controlled by altering the 

packing intensity. Compared to granular hydrogels, where cells must travel the corridor-

like interconnections to migrate between pores, interconnections in porogen-templated 

hydrogels draw more similarity to doors, requiring less traversal from cell to cross. Studies 

that increased the “door” sizes of the interconnections has been shown to have beneficial 

effects to cellular ingrowth13,20, and the interconnectedness of the pores have been shown 

to have important roles in facilitating tissue ingrowth12. For granular hydrogels, this effect 

has not been elucidated, as the interconnecting volumes are linked to total porosity and 

are difficult to alter independently. However, the beneficial effects from having higher 

porosity in granular hydrogel scaffolds are likely a result of increased size of 

interconnecting volumes.  

Finally, the mechanical properties of the hydrogels can differentially affect cells34-37. Higher 

stiffness hydrogels, which typically promotes cell spreading and osteogenesis37, are prime 

candidates for bone regeneration and used extensively in porogen templating due to their 
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excellent mechanical integrity. Softer hydrogels, on the other hand, are typically used as 

granular systems and have shown success in many studies for soft tissue10 as well as 

cartilage regeneration11. This introduces another confounding factor, especially for in vivo 

studies, as the stiffness of the hydrogel significantly alters the immune cell38,39 and stromal 

cell40-44 behavior that are integral to the local microenvironment and the wound healing 

process. As a result, porosity studies using hydrogels that differ in mechanical property 

cannot be easily compared to each other, especially when regenerative studies are carried 

out in different tissues.  

In summary, porosity and pore characteristics are complex 3D spaces that have not been 

adequately characterized. Pore shapes, interconnections, and pore sizes vary vastly 

between systems, and there are not yet unifying descriptors in the field to quantify these 

characteristics. Additionally, these characteristics often cannot be changed independently, 

making it challenging to isolate and fully understand the effect of singular parameters. 

There are, however, general trends to be discerned from individual studies that can serve 

as guidelines to designing porosity. In the following, I will discuss some of these trends 

and how our unique scaffold system fits in as a scaffold with promising pore characteristics. 

First, hydrogels with microscale porosity perform better than bulk hydrogel controls, which 

are typically nanoporous22. However, further increases in porosity and pore size do not 

linearly correlate with enhanced tissue regeneration or altered cell behaviors beneficial to 

regeneration. This effect has been shown for different systems on different size scales. 

For pores with sizes 100 μm and above, multiple studies have shown increases in tissue 

formation as pore size increased. However, as pore sizes approach 400 μm and above, 
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either no increased tissue formation was observed13, or decreased formation was found9, 

suggesting an optimum pore size range for tissue formation under regenerative contexts. 

This could be due to the difficulty for cells to bridge the large void spaces created with 

large, spherical porogens. Perhaps more interestingly, for pores on the order of 10s of μm, 

multiple studies have shown that pores with size of ~40 μm encouraged better vessel 

formation17,18 compared to pores with larger sizes. In on of the studies, populations of 

macrophages skewed toward the M1 phenotypes inside the pores but more M2-skewed 

populations were present outside the pores18. Other studies have also shown that M2-like 

macrophage increase as pore sizes become bigger45,46. This suggests the important role 

pore sizes could play on immune-mediated wound healing in porous scaffolds. 

Additionally, studies using 40-μm pores for ophthalmologic regeneration17 and cardiac 

regeneration27 have shown beneficial effects, further validating 40 μm-sized pores as a 

promising candidate for tissue regeneration.  

Hydrogels incorporating heterogenous pores have been suggested to promote better 

tissue formation9. Studies focused on heterogeneous pores are mostly concerned with 

biomimetic multiscale porosity, often using a combination of 3D printing and porous 

hydrogels. The effect of heterogeneity on a smaller scale (100s of μm to 10s of μm), 

however, have not been systematically studied. While little experimental studies have been 

done, Mehdizadeh et al. computationally modeled angiogenesis using computer-

generated porous scaffolds with spherical pores and an agent-based angiogenesis 

model47. In this work, they showed that angiogenesis correlates positively to pore size as 

pore size increased from 100 to 400 μm. Better angiogenesis was also found when 
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porosity and interconnectivity increased. Furthermore, they altered the distribution of pore 

sizes by changing the standard deviation of pore distributions, which allowed changes in 

the degree of heterogeneity. Interestingly, they found that a wider distribution in pore sizes 

(higher heterogeneity) positively correlated to blood vessel growth for all pore sizes and 

porosities. This model does not consider immune cross-talks that influence vessel 

formation in smaller pores; however, it shines light on the profound effect of pore spaces 

on blood vessel growth and formation. Combined, evidence from current studies suggest 

that a heterogeneous system may be desirable for regeneration: what if both pores >100 

μm (infiltration-promoting) and ~40 μm (angiogenesis-promoting) co-exist in the system? 

Would we get the best of both worlds? Or, would we see one effect dominate over the 

other? 

Our system as heterogeneously porous scaffolds: 

Our system – granular scaffolds with sacrificial particles – may be able to provide a start 

to answering this question. With the help of LOVAMAP, we were able to understand our 

pore spaces to great depths. As shown in the last chapter, pore with volumes on the order 

of 10s of picoliters (created from packing) to 10,000 of picoliters (single interconnected 

pore comprising most of the porosity). While this showcases the interconnectivity of our 

scaffolds, it is difficult to draw comparison to porogen-templated hydrogels, the pore sizes 

of which are typically quantified in length scales, to reflect the diameter of the porogen 

from which the pores arose. One descriptor not mentioned in the last chapter, however, 

could help paint a better picture in relation to porogen-templated hydrogels. As shown in 

Figure 1. LOVAMAP can calculate the largest enclosed sphere in each pore. Data from 
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50% norHA scaffold show that pores containing largest spheres with diameters from ~1 

μm to ~90 μm exist. This, however, does not mean that our largest pore is 90 μm in size. 

Rather, our largest pore is an expansive 3D volume with a size much greater than a 90-

μm diameter sphere, within which a 90-μm sphere could fit. This could be advantageous 

to cell growth within the pore, as cells do not have to bridge distances further than 90 μm. 

More work is still needed to quantify the shape of our large pores in meaningful ways, but 

we can comfortably claim that our pore spaces contain a large range of pore sizes relevant 

to tissue infiltration and angiogenesis, with higher interconnectivity than typical granular 

hydrogel scaffolds.  

To see if our scaffold system with heterogeneous pore spaces can enhance cell growth 

and infiltration, we first cultured HUVECs using our scaffolds with varying porosity. We 

selected HUVECs again as our model cell type because supporting vasculature cells are 

of critical importance in tissue engineering as well as regeneration. We fabricated 100%, 

75%, and 50% norHA scaffold with HUVECs incorporated at a density of 10 million cells 

per milliliter scaffold volume. As shown in Figure 2, after 4 days of in vitro culture, actin 

and nuclear stain showed a significant increase in cell numbers as porosity increased from 

Figure 1. A) LOVAMAP visualization of largest enclosed sphere. B) LOVAMAP output of largest enclosed 

sphere in scaffolds of varying compositions. C) Representative largest pore in 50% norHA scaffold. 
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~10% (100% norHA scaffold) to ~25% (75% norHA scaffold). Further increase in porosity 

upheld the trend of increasing cell numbers but was not statistically significant. 

Quantification of cell area did not show a significant difference in average individual area 

(Figure 2), suggesting that cell spreading was not significantly altered. Here, the 

heterogeneity of the scaffold (largest heterogeneity in 50% scaffold) did not appear to 

have a significant effect on proliferation, likely due to having less physical space on which 

to spread and grow as porosity increases: HUVECs did not seem to bridge the larger gaps 

between HMPs, but rather spread on the surfaces of the HMPs. Thus, while higher 

Figure 2. Top: max projection image (100 microns) of HUVECs cultured for 4 days in scaffolds of varying 

compositions. Bottom: from left to right: number of cells per scaffold volume based on nucleus count; total 

cell area per volume based on actin stain; and average cell area.  
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porosity provided higher surface area per volume, the available volume to HUVECs 

decreased as the trade-off.  

Next, we wanted to understand cellular infiltration and migration within the scaffold. 

HUVEC and MSC spheroids were generated as described by Qazi et al31. Spheroids were 

randomly distributed in 100%, 75%, and 50% norHA scaffolds and cultured for 4 days 

before staining. Preliminary analysis showed that a small increase in total spheroid area 

was seen as porosity increased to ~25% (75% scaffold, Figure 3). Strikingly, spheroid 

cultured in 50% scaffold spread extensively into the surrounding space, and appeared to 

adopt a different morphology, with thinner but further reaching branches (Figure 3). 

Spheroid area analysis based on fluorescent presence showed marginal increases as 

porosity increased (Figure 3). This, however, did not adequately reflect the significantly 

larger spread area of the 50% scaffold spheroid. Hull area analysis, on the other hand, 

allowed us to quantify the area covered by the spreading spheroid (Figure 3), and showed 

that 50% scaffold had almost a magnitude increase in hull area compared to all other 

scaffolds. This result was somewhat unexpected and provides a stark contrast to our 

HUVEC culture results, where increase in porosity from the 75% scaffold to 50% scaffold 

provided little benefit. We contemplate that heterogeneity provided a significant effect on 

our infiltration and migration model, where, in contrast to cellular proliferation, cell 

outgrowth originates from an established structure (the spheroids). As cells are supported 

by the spheroid, they can benefit from the void area for unimpeded migration, in the 
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meantime, smaller pores may act as support and help provide continuity among the large 

void volumes.  
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More studies are needed to elucidate and assess the extent to which our scaffolds 

encourage infiltration, especially under a regenerative context in vivo. Current studies are 

being carried out in collaboration with Dr. Patrick Cottler at UVA, where our scaffolds with 

varying porosities have been injected and crosslinked subcutaneously in mice. The 

cellular infiltration and immune populations within the scaffolds will be assessed at 4 

weeks post injection. 

In vitro vascularization using porous granular hydrogel scaffolds: 

In addition to in vivo regeneration, we also wanted to explore the possibility of generating 

an in vitro vasculature system using granular hydrogels. So far, many 3D in vitro 

vasculature models are based on vasculogenesis in fibrin-based hydrogels48-52 and other 

bulk hydrogels53-55. Granular hydrogels, on the other hand, can provide a versatile platform 

for in vitro studies due to 1) ease of cell incorporation, 2) modularity that allows the 

incorporation of heterogenous properties, and 3) printability or injectability that allow for 

easy incorporation of designed chemical gradients and printed channels.  

At first, we utilized a co-culture of HUVECs and 3T3 fibroblasts, as co-culture of HUVECs 

and fibroblasts have been reported to successfully generate vasculature in vitro50. 

However, we quickly realized, from the morphology seen on 2D co-cultures, that growths 

of 3T3s quickly overtakes that of HUVECs in co-culture, which is somewhat expected as 

the doubling rate of 3T3 is at least two times faster than HUVECs. 3D co-culture carried 

Figure 3. HUVEC/MSC spheroid infiltration assay. Top and middle: microscopy images of spheroids stained 

with phalloidin (magenta) and DAPI (cyan). Bottom left: spheroid area based on actin stain. Bottom right: 

convex hull area of spheroids. 
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out in 100% norHA scaffold showed extensive cell coverage on day 6 (Figure 4). We do 

not truly know the identity of these cells but posit they are likely fibroblasts. This, however, 

show cases the possible extensive formation of networks even in 100% scaffolds. 

We then switched to a co-culture of RFP-HUVECs and human bone marrow mesenchymal 

stromal cells (MSCs), a slower-growing cell type which have also shown success in 

generating in vitro vasculature under co-culture conditions52. A 5:1 co-culture of HUVECs 

to MSCs at a total density of 5 million cells per milliliter of scaffold was carried out in 100% 

norHA scaffolds only. To further encourage vascularization, we also supplemented the 

media with an addition of 50ng/mL VEGF-165. Some of the cultures were carried out 

Figure 4. Actin and nuclear stain of HUVECs and 3T3 co-culture in a 100% norHA scaffold on day 6 
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for >20 days. However, in contrast to the extensive connections formed in the 3T3-HUVEC 

co-culture, we observed no formation of network-like structures over the period (Figure 

5), and the addition of VEGF did not seem to have a meaningful impact in this system. 

Additionally, HUVEC cells seem to regress after day 14, with less cells in the field of vision 

by day 16 and day 20. 

These results suggest that the inherent porosity from packed scaffolds were not enough 

to encourage in vitro vasculogenesis. We replicated the experimental conditions of in vitro 

vascularization using fibrin hydrogels50; however, the difference may lie in the signaling 

generated from HUVECs, which are more confined in fibrin gels and need to reorganize 

their local environment for movement.  

By this time, we have tried numerous co-cultures, cell-seeding conditions, and media 

compositions and nothing seemed to be working. Around that time, however, we started 

having conversations with Dr. Lakeshia Taite, whose lab had shown the possibility of 

vasculogenesis on 2D and 3D PEG-based hydrogels using tethered VEGF-mimetic 

peptides56-58. They were able to show that by tethering a QK peptide sequence derived 

from VEGF onto the hydrogel surface, they can significantly increase vessel-like 

morphologies and tubule lengths with 2D HUVEC monoculture. This seemed a very 

promising revenue for us to pursue as cells spread on the 2D surfaces of our HMPs, rather 

than being encapsulated in a 3D nanomesh network. In collaboration with Dr. Taite’s lab, 

we employed a thiol-PEG-QK molecule. The thiol functionality allowed us to attach PEG-

QK to the surface of our norHA-based HMPs via thiol-norbornene reactivity.  
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Figure 5. HUVEC/MSC co-culture on various days in 100% norHA scaffold. RFP-HUVECs are shown in 

red, and MSCs were stained with Celltracker green, which became diffused after one week as the MSCs 

proliferated. Number of HUVECs per field of view decreased observably as they stayed in culture longer.  
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To further increase the chances of in vitro vascularization, 75% norHA scaffold was chosen 

based on its positive response in our cell growth experiment, we think it represented the 

best balance of porosity and cellular growth (Figure 2). Additionally, we increased the total 

cell density to 11 million cells per milliliter of scaffold, with 10:1 HUVECs to MSCs ratio, 

and supplemented with the culture media with an additional 5% fetal bovine serum. 

In vitro vascularization using 75% QK-tethered norHA scaffold with the condition 

mentioned above encouraged HUVEC spreading and yielded connecting networks. As 

shown in Figure 6, we start to identify large scale network formation around day 15 under 

brightfield microscopy. Compared to the sparse populations of HUVECs seen in norHA 

scaffolds (Figure 5), as culture time increased in QK-tethered scaffold, we were able to 

discern more cells among the particles and the change from individual cells to connected 

cells spread across the imaging field (Figure 6). 

The scaffolds were cultured to 30 days to observe network stability as well as scaffold 

stability. The last brightfield image taken at day 25 is shown in Figure 7. We qualitative 

observe even more cells within the scaffold that appear to take up much of the interstitial 

space. CD31 staining on day 30 showed extensively interconnected CD31 positive cells 

in our scaffold. Figure 7 shows a representative max projected image of cell growth within 

the first 50 μm of our scaffold. We did notice; however, the cell density drops off at 50–

100-μm depths (Figure 7). This could be due to cellular migration toward the surface 

where more nutrients are readily available, as well as due to exposure to small shear forces 

in the media during culture that enhanced proliferation. In another replicate scaffold with 

unintentionally uneven topology, we observed that the cells formed macrostructures 
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reminiscent of tubules. However, we cannot conclude that structures or vasculature were 

truly formed without staining for markers such as VE-cadherin and functional testing.  

This is, however, a promising start to elucidating the parameter needed for vasculogenesis 

in vitro. Notably, the stability of the scaffold and the number of cellular growths was 

tremendous. Especially compared to our previous results in 100% norHA scaffolds, the 

cell growth was quantitatively and qualitatively different.  

I want to disclaim here that our findings in vascularization, though promising, are 

preliminary. Many further studies are needed to elucidate the formation of vasculature in 

granular hydrogels. Additionally, some of the data presented in the first part of this section 

precedes all cell culture studies presented in the prior sections of this chapter, the lack of 

comparison between groups is a result of continuously improving cell culture 

optimizations. For example, the early experiments using 100% norHA scaffols should be 

repeated with the updated protocol to make them truly comparable to our current groups. 

Further work should be done to elucidate the important parameters including porosity, 

tethered ligands (and lack thereof), cell seeding density, optimal co-culture cell types, and 

culture media. We believe that being able to reproducibly generate vasculature in our 

system will shed light on granular hydrogel design and the implications of pore 

characteristics. A successful in vitro vasculature system using the versatile granular 

hydrogels platform could also prove useful for mechanistic studies in vascular biology. 

And finally, QK-peptide-tethered HMPs can be used as an in vivo scaffold that encourages 

vascularization, as similar work has been done on QK-tethered PEG hydrogels.  
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Figure 6. HUVEC/MSC co-culture in 75% norHA, QK-tethered scaffold on various days. BF images are 

shown here where network formation can be qualitatively discerned. 
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Figure 7. HUVEC/MSC co-culture in 75% norHA, QK-tethered scaffold on day 25 (Top left BF image) and 

day 30 (rest of the images).  
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Materials and Methods 

HUVECs culture in granular hydrogel scaffolds 

HUVECs (Lonza) were expanded first in TC flasks using EBM-2 media with the standard 

supplement kit (Lonza). HUVECs used in this experiment were kept between P4-P8. To 

generate various scaffold compositions, norHA HMPs and gelatin HMPs were mixed at 

100:0, 75:25, or 50:50 volume ratios. Sterile filtered 10mM LAP in PBS and 162 mM DTT 

in PBS were added to adjust the final concentration to 1mM LAP and 2mM DTT. The 

mixtures were centrifuged at 21k rcf for 5 minutes and their supernatant discarded 

immediately before adding the cells.  

HUVECs were detached using 0.05% Trypsin and counted. Number of HUVECs needed 

to achieve 10 million HUVECs per mL of scaffold were then pelleted by centrifuging at 300 

rcf for 3 minutes. The pellet was then resuspended at roughly 100 million cells/mL, and 

pipette onto the surface of the jammed HMPs. The jammed HMPs were then gently mixed 

with the cells using a wide-bore pipette tip.  

The cell-HMP mixture was then pipetted onto a confocal dish. An isopropanol-sterilized, 

sigmacote-treated glass slide is placed on top of the jammed cell-HMP mixture so that 

uniform, 1mm thick shapes are created. UV (365nm filtered) crosslinking was carried out 

at 10mW/cm2 for 1 minute. The treated glass slide was then removed, and the scaffold 

cultured for 4 days in EGM-2 media. Media change was carried out every 2 days.  
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Staining and imaging of HUVECs 

After 4 days of culture, scaffolds with HUVECs were fixed in 4% paraformaldehyde (PFA) 

in PBS in the confocal dish. Permeabilization was then carried out using 0.1% Triton-X 

100. Subsequently, blocking with 3% bovine serum albumin (BSA) in PBS was carried out 

for 2 hours. After blocking, phallodin was mixed with 3% BSA in PBS at 1:600 dilution and 

added to the fixed scaffold. This step is carried out at 4°C overnight. Phalloidin stained 

scaffolds were then washed with PBS 3 times, then DAPI in PBS (1:1000 dilution) was 

added to cells and let sit for 30 minutes. PBS washes were carried out 2 additional times 

before imaging.  

Stained scaffolds hydrated with PBS were imaged using a Leica confocal microscope 

(Stellaris 5). Whole scaffolds or randomly selected regions were imaged using a 10x 

objective. All regions were imaged at 5 µm z-direction increments, for a total of 100 µm 

depth. The images were analyzed in FIJI. Cell number was analyzed based on DAPI-

positive nuclei, and cell area was analyzed based on phalloidin positive areas. Statistical 

analysis was carried out in PRISM. One-way ANOVA with parametric assumption was 

used for all groups concerned in this experiment.  

HUVEC/MSC spheroid culture in granular hydrogel scaffolds 

HUVECs were cultured as described above in TC flasks. MSCs (donated by Dr. Ross 

Marklein and his team) were cultured in MSC basal media with the standard supplement 

kit (ATCC). HUVECs and MSCs P4-8 were used in this experiment. To from the spheroids, 

AggreWell-400 templated agarose microwells were first fabricated. HUVECs and MSCs 

were detached and mixed at a 2:1 number ratio and seeded in agarose microwells at a 
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density of ~2000 cells per microwell. Centrifugation at 100rcf for 2 minutes was carried 

out to locate the cells to the bottom of the wells. The cells were then cultured for 48h in 

EGM-2 media to allow for spheroid formation.  

Various scaffold compositions were generated as described above. Spheroid were 

retrieved from the agarose microwells and resuspended in PBS. Spheroids and PBS were 

then aspirated using a pipette and added to the jammed HMPs at 1:10 (spheroid+PBS : 

HMPs) volume ratio. The final density averages ~10 spheroids per 100 µL of HMPs. 

Spheroids and HMPs were then gently mixed and UV crosslinked using the same 

conditions as described above. The spheroids-loaded scaffolds were then cultured for 4 

days in EGM2 media.  

Staining using phalloidin and DAPI were carried out identically as described above. 

Confocal imaging and analysis in FIJI were carried out in the same fashion. Hull area 

analysis was carried out in FIJI using the “Hull and Circle” add-on. Statistical analysis was 

carried out in PRISM. One-way ANOVA was used with parametric assumption for spheroid 

area analysis and non-parametric assumption (Kruskal-Wallis) for Hull area analysis. 

HUVEC-MSC co-culture for vasculogenesis in granular hydrogel scaffolds 

HUVECs and MSCs were cultured as described above. To generate the scaffold used for 

vasculogenesis. NorHA HMPs with 2mM RGD and gelatin HMPs were mixed together at 

75:25 volume ratio and centrifuged at 21k rcf. After discarding the supernatant, 10mM 

LAP, 162mM DTT, and 2mM SH-PEG-QK (5200 Da) were added to achieve a final 

concentration of 1mM LAP, 2mM DTT, and 1mM SH-PEG-QK. Desired numbers of 
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HUVECs and MSCs were pelleted to achieve a 10:1 HUVEC:MSC number ratio and a final 

seeding density of 11 million cells per mL HMP scaffold. The pellet was resuspended at ~ 

100 million cells per mL then added to the top of the jammed HMPs. After gently mixing 

in the cells, UV crosslinking was carried out as described above. Cell culture in EGM2 was 

carried out for 30 days, with media changes every 2-3 days.  

Staining was carried out similarly, with the addition of primary CD31 (rabbit with human 

reactivity) and donkey normal serum for blocking. Primary CD31 antibody was allowed to 

react overnight. Then, phalloidin and secondary antibody (donkey anti-rabbit) with 

fluorophore conjugation were added to the fixed scaffold and allowed to react overnight 

again. The rest of the staining procedure remained unchanged. Confocal imaging was 

carried out using a Leica confocal microscope (Stellaris 5). Entire scaffolds or select 

regions were imaged with 100 µm depth.   
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Final words: 

I hope I have adequately conveyed my scientific journey to you so far. If I were to quickly 

summarize my PhD: it started from a deep dive into material chemistry and the bottom-

up manipulation of single cells, then moving towards the development of a biomaterial 

scaffold as a top-down approach to influence cell behavior. We have showcased our 

scaffold system as a novel strategy to enable and extend the already broad possibilities of 

granular hydrogel scaffolds. I hope that this technology proves fruitful to the field of 

biomaterials, as well as towards a deeper appreciation of pore spaces in hydrogels. 

For me, PhD – or life in general – is never always sunshine, nor always rain. The failures 

and struggles are always first to come to mind, but small, and sometimes big triumphs are 

spread throughout, to be found savored. The biggest triumphs to me, however, are those 

earned at the end of the struggles. In my almost 6 years at UVA, I have learned a 

tremendous amount both professionally and personally, from my struggles as well as 

triumphs. For that, I am grateful. I plan to continue to use my love for science toward 

contributing to the understandings and solutions for human health. And finally, thank you 

all for reading this document and being a part of my journey, I cannot express my gratitude 

enough in words.  
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