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Abstract
Membrane proteins have essential cellular functions in transport, signaling,
energy conversion and catalysis. These ubiquitous proteins comprise approximately 30%
of the genome, and with their roles in intra- and extracellular communication, membrane
proteins are the target of over 60% of the therapeutic drugs on the market. While
membrane protein research is imperative, there is significantly less known about the
function, stability, and structure of these proteins as compared to soluble proteins.
Membrane protein research is challenged by the native environment of these
proteins: the lipid bilayer. Bilayer mimics such as detergent micelles and lipid-detergent
bicelles are often used to isolate membrane proteins. Utilizing these mimics requires an
extensive screening process to identify the appropriate amphiphilic environment for
biophysical

characterization,

functional

assays,

and

high-resolution

structure

determination of membrane proteins. To enable rational mimic selection, the goal of this
research is to investigate the structural properties of micelles and bicelles to determine
how their physical characteristics can forward membrane protein research.
Often considered more membrane-like than micelles, the “ideal” bicelle is
composed of a lipid bilayer encapsulated by a detergent rim. Because of the propensity
for detergents to form ellipsoid micelles in aqueous environments, the feasibility of
distinctly separated lipid and detergent domains suggested by the “ideal” bicelle model is
questioned, especially in respect to detergent-rich bicelles. To investigate the viability of
the “ideal” bicelle, the structure and composition of detergent-rich bicelles was elucidated
with small angle X-ray and neutron scattering. Small angle scattering results suggest that
detergent-rich bicelles form ellipsoid structures similar to mixed micelles, with higher
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degrees of mixing between lipid and detergent components than suggested by the “ideal”
model. As lipid concentration is increased, the aggregate transitions from a mixed micelle
to bicelle structure. This research emphasizes the importance in understanding the
structures of the mimics used for membrane protein research; the size and shape of these
ellipsoidal detergent-rich bicelles can have a significant impact on mimic selection.
The influence of detergent micelles on protein function was also investigated.
Understanding the key physical detergent properties that impact protein activity will also
guide membrane mimic selection. The activity of several membrane proteins is currently
being assayed in varying detergent micelles to correlate trends between the micelle and
active, stable protein. Functional results from two membrane enzymes, outer membrane
phospholipase A1 (OMPLA) and lipoprotein signal peptidase A (LspA) suggest that the
detergent head group charge and size has a major effect on protein activity, and the
carbon tails of these detergents have minor impacts on detergent binding and catalysis.
Identifying similar trends with other protein-detergent complexes will guide the selection
of the appropriate detergent to use for membrane protein research, and ameliorate
arduous detergent screening.
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Chapter 1: Membrane proteins in research
All functions of living organisms are made possible by the actions of proteins.
Highly abundant and extraordinarily diverse in cells, these biomolecules perform
essential cellular processes to sustain life. Fundamentally, proteins are polymers of 20 or
more amino acids. The amino acid sequence, or primary structure, of these proteins is
dictated from a DNA sequence, representing the “Central Dogma” of molecular biology –
DNA is transcribed to RNA, which is translated to protein.1 Once translated from the
ribosome, these proteins adopt one or more three-dimensional conformations in which
their functional roles are performed.
In 1953, Sanger and Thompson determined the complete amino acid sequence of
bovine insulin, writing: 2,3
“It is certain that proteins are extremely complex molecules but they are no longer
completely beyond the reach of the chemist, so that we may expect to see in the
near future considerable advances in our knowledge of the chemistry of these
substances which are the essence of living matter”
The substantial progress in the field of protein chemistry that Sanger predicted was
exemplified with the publishing of the first high-resolution, three-dimensional protein
structure of myoglobin in 1960 via X-ray crystallography.4 Following these discoveries,
over 24,000 unique protein structures have been deposited in the RCSB Protein Data
Bank. Despite this increasing wealth of information, there is more to learn about the
diverse structures and functions of proteins.
1.1

Membrane protein background
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Proteins can be divided into two classes: soluble and membrane proteins. Soluble
proteins fold with hydrophobic residues excluded from the aqueous solvent, within the
inner core. Unlike their soluble counterparts, membrane proteins have both hydrophobic
and hydrophilic domains on their surface. Because exposure to the aqueous solvent is
unfavorable for these nonpolar residues, membrane proteins fold within the cellular
membrane such that the hydrophobic residues interact with the hydrocarbon core while
the polar residues remain in the exterior of the membrane. The cellular membrane
satisfies the hydrophilic and hydrophobic protein surface requirements, and stabilizes the
functional fold of membrane proteins.
The membrane is an environment consisting of lipids organized in a two-layered
planar structure with polar head groups facing the aqueous space and nonpolar tails on
the interior. Native bilayers are 40 to 50 Å thick, with the hydrophobic region spanning ~
30 Å and a head group shell of 10 Å or less. The assembly and composition of the bilayer
is discussed extensively in Section 1.3. Because of the hydrophobicity of the membrane,
it is unfavorable for polar and charged residues to interact with the interior of the bilayer.
Hydrophobic residues interact with the bilayer hydrocarbon core, stabilizing the protein’s
fold via van der Waals interactions with the bilayer hydrophobic tails.5
The trends of protein primary structure and fold in bilayers were expanded several
researchers including Wimley and White, who determined the preference for specific
amino acid partitioning into the membrane.6 This research monitored the difference in
free energy of a membrane peptide, WL-X-LL, as it was altered at the X position for
varying amino acids and exposed to octanol and water. The amino acids with the highest
free energy of transition were most likely present in transmembrane domain (TMD) of
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the bilayer. Following establishing this relationship between amino acids and membrane
partitioning, the hydrophobicity scale, a measure of how soluble an amino acid is in
water, was developed. As expected, it was unfavorable for charged and polar residues to
interact with the hydrocarbon core of the membrane in comparison to nonpolar amino
acids. Therefore, the hydrophilic residues tend to localize near the lipid head groups or in
the periplasmic or extracellular space.
Additional studies analyzed the frequency and position of amino acids of several
membrane proteins. Typically, leucine is the most prevalent residue in membrane protein
sequences, followed by isoleucine, valine, alanine, phenylalanine, and glycine.7 Lysine
and aspartate are the least prevalent amino acids.7 Basic residues are more populated
within the intracellular side of the protein, resulting in the positive-inside rule that often
used for identifying the topology of membrane helices.8 Lysine and arginine, also tend to
“snorkel,” orienting themselves to allow an association between their long aliphatic
chains with the hydrophobic bilayer core while extending beyond the core for interactions
between their positive charged groups at the end of the amino acid with the lipid polar
head group.9 Aromatic residues localize near the membrane interface, enabling hydrogen
bonding with lipid head groups or water molecules while maintaining nonpolar
interactions with hydrocarbon lipid tails.10-12 Membrane protein topology is often
predicted using this knowledge of the localization of charged, aromatic, and nonpolar
residues in a lipid bilayer environment (Figure 1.1).
While all membrane proteins share common distributions of certain amino acids,
the proteins can also be divided into two subclasses by fold: α-helical bundles and βbarrels (Figure 1.2). α-helical bundles, found in every cellular membrane and the inner
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Figure 1.1 Membrane protein topology depicted with a fictional amino acid sequence.
Native bilayers are 40 to 50 Å thick, with the hydrophobic region spanning ~30 Å and a
head group shell thickness of 10 Å or less. Membrane proteins often have similar
topology, regardless of the type of membrane or the secondary structure of the protein.
This topology includes the charged and polar residues (green) in the aqueous periplasm
or extracellular space, the aromatic residues (red) near the bilayer interface, the
snorkeling residues (orange) and the interior of the bilayer containing mostly
hydrophobic residues (black).
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Figure 1.2. Examples of membrane protein tertiary structures. α-helical bundles and βbarrels, such as rhodopsin (pink) and OmpA (purple), located in the inner and outer
membrane, respectively, are the protein structures found in cellular membranes. These
structures can be monotopic or polytopic, attached to one side of the membrane or
spanning the entire membrane one or more times.
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membrane of bacteria and organelles, are composed of membrane spanning α-helices.13
Depending on the entry point, slope, and straightness, the length of the transmembrane
helices varies from 20 to 40 residues, with typically 3.6 residues per turn.14 β-barrels are
only found in Gram-negative outer membranes, and in the outer membrane of
mitochondria and chloroplasts.15 Several antiparallel β-strands form a closed cylinder via
hydrogen bonds within the interior, making the rigid, stable β-barrel. Typically, β-barrels
have a periplasmic domain with tight turns and an extracellular side with longer loops.16
β-barrels span the membrane with up to 22 β-strands of 9 to 11 residues each and a tilt of
20-45° with respect to the membrane.13
Most bacterial α-helical and β-barrel proteins are both targeted and inserted into
the membrane through a translocon. Ribosomes making α-helical bundles typically bind
cotranslationally with the SecYEG translocon in the inner membrane. The α-helical
protein is then translated directly into the membrane, moving laterally from the SecYEG
translocon channel.10 β-barrels are transferred to the SecYEG translocon via SecB, and
then posttranslationally translocated through the SecYEG and inner membrane with the
aid of the SecA ATPase. β-barrel proteins are then chaperoned through the periplasmic
space and inserted into the outer membrane via the Bam (β-barrel assembly machinery)
complex.10 Once at their final destination in the inner and outer membranes, these
membrane proteins participate in their cellular roles.
1.2 Significance of membrane proteins
Membrane proteins are essential to the cell with functions in transporting,
signaling, energy conversion, and catalysis. As such, these proteins are ubiquitous;
approximately 30% of the genome encodes for membrane proteins.17 These proteins have
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significant pharmaceutical implications because of their role in intra- and extracellular
communication. Membrane proteins are the target of approximately 60% of all of the
FDA-approved drugs on the market, ranging from allergy medicine responding to
membrane receptors to diuretics that interact with membrane transporters.18-19 Despite
their significance to physiology and medicinal research, there is considerably less
information about membrane proteins than soluble proteins. Of the 24,693 unique protein
structures deposited in the Protein Data Bank, only 584 (~2%) are membrane proteins.20
Progress in membrane protein characterization is complicated by low protein expression
and lack of in situ biophysical techniques, but the most problematic challenge is the
membrane protein native environment, the lipid bilayer.
1.3

The native lipid bilayer
Membrane proteins are embedded in the lipid bilayer. This vast, heterogeneous,

dynamic native membrane provides the stability and electrostatic interactions necessary
for stable, properly folded, and active membrane proteins. The native lipid bilayer is not a
feasible environment for most biophysical techniques used to study membrane proteins.
Standard techniques such as nuclear magnetic resonance (NMR), X-ray crystallography,
small angle scattering (SAS) require a highly homogenous environment, which is the
opposite of a physiological lipid membrane. Researchers are challenged to solubilize
membrane proteins while preserving its stability and functional fold for accurate
structural or physical characterization of membrane proteins.
1.3.1 Lipid bilayer assembly
Biological membranes are mainly composed of amphipathic glycerophospholipids
and membrane proteins. Each lipid has a hydrophilic polar head group and two
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hydrophobic nonpolar acyl carbon tails. The assembly of lipid bilayers, monolayers, and
other phases are driven by the hydrophobic effect.21 Water molecules self-associate via
hydrogen bonding. Insertion of nonpolar molecules, such as lipids, into an aqueous
environment distorts these interactions, and forces water molecules to reorder around the
nonpolar entity. There may or may not be a loss of hydrogen bonds during this reordering
of water molecules, affecting the enthalpy. However, the cage, or clathrate, that water
forms around the nonpolar molecule is greatly ordered, resulting in a substantial loss of
entropy. The water molecules lower this entropic cost by sequestering the nonpolar
molecules into larger aggregates, reducing the total surface area of exposed nonpolar
material and decreasing the amount of water molecules in clathrates, increasing
entropy.21 Van der Waals forces between lipid acyl tails further stabilize the nonpolar
aggregate.21 This nonpolar, lipid aggregate surrounded by water maximizes the polarpolar water interactions and nonpolar-nonpolar acyl tail interactions, while minimizing
unfavorable polar-nonpolar interaction between water and the hydrocarbons.
1.3.2 The fluid mosaic model
The fluid mosaic model was proposed by Singer and Nicholson in 1972 after
much debate about the lipid membrane structure and composition (Figure 1.3).22 The first
principle established by the model is that the lipid aggregate is a bilayer, as opposed to
the monolayers previously expected.23 Lipids have an overall cylindrical shape and
aggregation of these molecules results in a bilayer: a two-layered planar structure with
hydrophilic head groups facing the aqueous space and hydrophobic tails on the interior.
Bilayer thickness depends on the number of carbons in the phospholipid acyl chains.
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Figure 1.3. Diagram of the fluid mosaic model. The heterogeneous bilayer contains
integral and peripheral membrane proteins embedded in a phospholipid bilayer. This
environment also contains cholesterol, glycolipids, and carbohydrates.
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Bilayers are composed of not only glycerophospholipids, but also membrane
proteins, sphingolipids, sterols, glycolipids, and lipopolysaccharide. Membrane proteins
scattered across the bilayer surface with other membrane contents create the “mosaic”
effect of the membrane. The bilayer composition can range from 80% lipid and 20%
protein (myelin) to 25% lipid and 75% protein (mitochondrial inner membrane).24 There
are several

different

types

of lipids

in

the bilayer including zwitterionic

phosphatidylethanolamine (PE) and phosphatidylcholine (PC), as well as anionic
phosphatidylserine (PS), phosphatidylinositol (PI), and phosphatidylglycerol (PG). The
dominant sterol molecule in bacterial membranes is cholesterol.24 A nonuniform
distribution of these contents disrupts the tight packing between glycerophospholipids
and contributes greatly to the degree of membrane fluidity.
Another aspect of the fluid mosaic model is the mobility of the membrane
components. Lipids can move rotationally, laterally, and transversely. Lateral and
transverse diffusion affect the bilayer asymmetry while rotational motion (a single lipid
rotating around its axis) does not. Lateral diffusion (microsecond timescale) occurs when
neighboring lipids switch places within a monolayer.25 Transverse diffusion is a slower
process (minutes to days), where a lipid from one side, or leaflet, of the bilayer “flipflops” with a lipid on the other leaflet.25
The membrane also undergoes phase changes and shifts from a gel to liquid state.
Lipid acyl chains are highly ordered and tightly packed in the gel phase, contrary to the
liquid phase where there is rotational freedom. Several factors impact membrane fluidity
including temperature, alkyl chain saturation, and membrane composition. Like most
molecules, the thermal energy from a high temperature (23 to 75°C, depending on lipid
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tail length) causes an increase in lipid motion, resulting in a more liquid state.26 The
degree of saturation of the acyl chains affects how closely they can interact via van der
Waals forces. A cis-double bond introduces a kink in the carbon tails, which affects how
closely they can associate, decreasing melting temperature (Tm). Changes in the
membrane composition affect membrane fluidity in several ways. An increase in acyl
chain length allows more van der Waals interactions between each lipid, increasing Tm. 26
Cholesterol regulates fluidity for both gel and liquid states. The large molecule stabilizes
and increases the rigidity of the membrane, ordering the lipids at higher temperatures.27
The sterol also separates the phospholipids, partitions into the densely packed lipids, and
reduces lipid ordering.28
1.3.3. The bacterial inner membrane
Gram-negative bacterial cells contain both an inner and outer membrane,
separated by the periplasmic space. Unlike eukaryotic cells that contain intracellular
organelles such as the endoplasmic reticulum and mitochondria that perform a number of
essential membrane-associated cellular processes, bacteria lack organelles, and
consequently, all of these essential functions occur at the bacterial inner membrane (IM).
Energy production, protein secretion, lipid biosynthesis, transport, and cellular signaling
events all take place within the inner membrane.29 The IM is a phospholipid bilayer; in E.
coli, the primary phospholipids present are PE and PG, but there are lesser amounts of PS
and cardiolipin.29
1.3.4. The bacterial outer membrane
The outer membrane provides resistance to toxic host molecules and a
permeability barrier between the cell and the extracellular environment.30 The bilayer is
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highly asymmetric, with the inner leaflet consisting of glyerophospholipids (70-80% PE
and 20-30% PG lipids) and cardiolipin while the outer leaflet is primarily composed of
LPS (Figure 1.4).31
LPS contains three parts: the hydrophobic anchor, Lipid A, the core
oligosaccharide, and the O-antigen polysaccharide. Lipid A interacts with phospholipids
of the inner leaflet via van der Waals forces, forming the 30 Å thick bilayer. Unlike
phospholipids in the inner leaflet, all carbon chains of lipid A are saturated. 32 The lipid A
core is modified with several phosphate groups that contribute to the overall negative
charge of the moiety. The O-antigen is a repetitive glycan polymer that interacts with the
extracellular space.32 The O-antigen composition is bacterial strain-specific, but can also
vary within one bacterial strain.32 Modifications to LPS have an impact on the host cell’s
immune response, which will be mentioned below in Section 1.4.2. with PagP function.32
1.4

Functions of membrane proteins
Membrane proteins participate in a variety of functions; the three primary classes

are transporters, receptors, and enzymes. Transport across the membrane can occur in
several ways. Active transport proteins move a molecule or ion against a concentration
gradient. These proteins require one of two primary sources of energy for this function:
energy from the hydrolysis of ATP (primary active transport) or energy provided when a
molecule moving with the concentration gradient is coupled to the transport of a
molecule moving against the gradient (secondary active transport). A well-characterized
active transport protein is the Na+/K+ pump.33 The pump transports two K+ ions into and
three Na+ ions out of the cell with every ATP hydrolyzed. Lactose permease from E. coli
is a secondary active transporter, specifically a symport protein which uses the proton
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Figure 1.4. Composition of the outer membrane. The outer membrane has an inner leaflet
on the periplasmic face and an outer leaflet that faces the extracellular space. The inner
leaflet contains mostly PG and PE lipids. The outer leaflet contains LPS, which contains
lipid A, the core oligosaccharide composed of 3-deoxy-α-D-mannooctulosonic acid
(KDO) and heptulose (Hep), and the O-antigen polysaccharide comprised of
galactosamine (NGa) and glucosamine (NGc).
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gradient across the membrane to transport both lactose and H+ across the membrane.34
In contrast to the active transporters, porins, such as PhoE, the phosphophorin, are
passive transporters, moving molecules and ions down the concentration gradient across
the membrane. Membrane receptors span the plasma membrane and transduce signals in
response to ligand interaction. G-protein coupled receptors (GPCRs) are a classic
example of membrane receptors; GPCRs bind ions, nucleotides, hormones,
neurotransmitters, and even photons.35 Upon ligand binding, the GPCR changes
conformation, activating G-proteins and triggering the cell to complete specific functions.
Membrane enzymes are involved in the catalytic functions of the cell. They
participate in transport, signaling, and in the electron transport chain and other redox
reactions. Examples are diacylglycerol kinase, an enzyme involved in replenishing
phophatidic acid in the cell and formate dehydrogenase, a single TMD membrane
enzyme that catalyzes the oxidation of formate to carbon dioxide.36,37 Part of this
dissertation will focus on the function and activity of four bacterial membrane enzymes:
outer membrane phospholipase A (OMPLA), the PhoPQ-activated gene protein (PagP),
the temperature-regulated protease OmpT, and lipoprotein signal peptidase A (LspA).
1.4.1. OMPLA structure and function
OMPLA is the first outer membrane β-barrel enzyme to be functionally
characterized.38 The E. coli pldA gene codes for a mature OMPLA protein of 269 amino
acids, preceded by a signal sequence of 20 residues for protein translocation across the
inner membrane.39 The 31 kDa β-barrel protein is comprised of 12 β-strands, and its
structure was determined in 1999 via X-ray crystallography.40 OMPLA belongs to a
family of lipid-hydrolyzing enzymes, but does not share sequence similarity with the
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other soluble proteins in the group.36 OMPLA is inactive as a monomer, but active as a
reversible dimer (Figure 1.5A). The dimer has calcium-dependent phospholipase A1 and
A2 abilities, cleaving the acyl chain from either carbon 1 or carbon 2 of phospholipids
into lysophospholipids (Figure 1.6).41,42 OMPLA dimerization and calcium-dependent
activity is a response to perturbations of the integrity of the outer membrane. Typically,
the outer leaflet of the outer membrane is composed of only lipopolysaccaride (LPS), a
large lipid and polysaccharide molecule, while the inner leaflet contains phospholipids.
Events such as heat shock, EDTA treatment, and phage-induced lysis negatively affect
this normal lipid asymmetry.38 These disruptions in the membrane integrity cause
phospholipids that normally remain on the inner leaflet of the outer membrane to move to
the outer leaflet, accessing the active site of OMPLA, triggering dimerization, and
resulting in calcium-dependent phospholipase cleavage.
OMPLA has implications in several biological processes. The constitutive
expression of OMPLA suggests that it is a housekeeping enzyme, responding to any
perturbations to the outer membrane integrity in the cell.41 OMPLA cleavage of
phospholipids results in an accumulation of lysophospholipids in the outer membrane.
These amphiphilic molecules often perturb membranes, destabilize blood cell
membranes, and contribute to increased hemolysis.43 Phospholipases also play a role in
the virulence of several pathogenic bacteria. Three bacteria, Proteus mirabilis,
Helicobacter pylori, and Staphylococcus saprophyticus, produce urease, a potent
virulence factor necessary for the pathogens to colonize the gastric mucosa.44,45
Phospholipases degrade the gastric membrane, allowing for the release of ureases into the
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Figure 1.5. Structure of OMPLA. A) OMPLA (PDB ID: 1qd6) is monomeric in its
inactive form and forms a homodimer (right) when active. B) The OMPLA active site
residues Ser144, His142, and Asn156 bind two phospholipid substrates (magenta)
between the dimer interface. These residues perform calcium dependent hydrolysis of the
phospholipids with the aid of two catalytic water molecules (red). Following substrate
cleavage, the OMPLA dimer disassociates.
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Figure 1.6. Phospholipid cleavage sites for OMPLA cleavage. Phospholipase A1 cleaves
the acyl chain from carbon 1 of the phospholipid (purple) and phospholipase A2 cleaves
the acyl chain from carbon 2 (red).

18

host. Bacterial ureases aid in the colonization of the host by neutralizing gastric acid and
providing ammonia for pathogenic bacterial protein synthesis.46 High amounts of urease
in the stomach are associated with hepatic encephalopathy, peptic ulcers, and infection
stones.47
Bacteriocin-release proteins (BRP) also use OMPLA to secrete colicins through
the outer membrane. The BRP signal peptide, which is not degraded after processing,
accumulates in the cytoplasmic membrane.48 Over expression of BRP accumulates these
peptides in the membrane which in turn, activates the OMPLA dimer, permeabilizes the
cell membrane, and allows colicin release.49 The release of colicins kills other bacteria of
the same species, providing a competitive advantage for nutrient bacteria.50
There are several structural components vital for OMPLA dimerization, substrate
binding, and activity. Monomeric and dimeric OMPLA do not exhibit structural
differences, and both contain a catalytic triad of Ser144, His142, and Asn156 at the
interface of the membrane (Figure 1.5B).40 The Ser144 and His142 have been identified
by chemical modification and site-directed mutagenesis as essential active site residues,
resembling traditional serine hydrolases, while the Asn-156 is less conserved.51-53 The
OMPLA dimer is formed via the association of the flat barrel side of each monomer,
creating the substrate binding pockets: two clefts along the hydrophobic subunit interface
that run down from the two active sites.40 Therefore, the OMPLA monomer is inactive
because of the lack of substrate binding pockets, not due to the absence of the catalytic
residues. Because of the relatively large binding pockets, a broad range of substrates can
interact with the dimer. This includes substrates of with different head groups, multiple
acyl chains, and of various acyl chain lengths.54
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Reversible dimerization is activated primarily by the binding of the substrate to
the OMPLA catalytic residues. Upon dimerization, the two substrate acyl chain fit into
the clefts created by the monomers and serine hydrolysis of the phospholipid occurs.
Calcium contributes marginally to the dimerization process, but is essential to enzymatic
activity.42 Each monomer has two Ca2+ binding sites, one with high affinity (KD 36 μM)
and one with lower affinity (KD 358 μM).55 In monomeric OMPLA, one calcium binding
site is 10 Å away from the active site. After dimerization, a second calcium binding site,
also known as the catalytic calcium site, is formed at the dimer interface. The calcium is
ligated by Ser-152 and polarizes the two water molecules, creating the oxyanion hole
necessary for serine hydrolysis.41 In summary, there are 3 factors that contribute to the
activity of the enzyme: 1) formation of substrate binding pocket, 2) the oxyanion
stabilization provided by the catalytic calcium, and 3) physical interaction between the
active site and the substrate.36
1.4.2. PagP structure and function
The

PhoPQ-activated

gene

protein,

PagP,

is

an

outer

membrane

palmitoyltransferase that plays a role in the PhoPQ regulatory system. PagP was
discovered while studying Salmonella and the role of the PhoPQ two-component signal
transduction pathway in the virulence of pathogenic Gram-negative bacteria.56 Upon
invasion of pathogenic bacteria, the pathogen must withstand the host’s defense system:
antimicrobial peptides and macrophage phagosomes. The PhoPQ system regulates
bacterial resistance to the host’s defensive mechanism.57 During pathogenic invasion, the
host stimulates PhoQ, the sensor kinase, causing it to autophosphorylate. This
phosphorylation subsequently transphosphorylates PhoP, the response regulator. Once
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phosphorylated, PhoP binds DNA and activates the expression of pags (PhoP activated
genes). These gene products allow the pathogenic bacteria to survive inside the host.58
Among the pags is pagP, encoding the PagP membrane enzyme.
PagP participates in the PhoPQ virulence system by modifying lipid A on the
outer leaflet of the outer membrane. PagP catalyzes the transfer of a palmitate chain from
the sn-1 position of a phospholipid to the hydroxyl group of the N-linked R-3hydroxymyristate chain on the proximal glucosamine unit of lipid A (Figure 1.7).56
Modification of lipid A interferes with outer membrane signaling and attenuates its
ability to activate the host’s immune response.59 Therefore, the nature and efficacy of the
host immune response to bacterial infection are dependent on the structural component of
lipid A, which in turn is determined by PagP.60
PagP is expressed in several Gram-negative bacteria, including Salmonella,
Legionella, Bordetella, and Yersinia; however, this project focuses on E. coli PagP.60
The PagP structure was determined by both solution NMR and X-ray crystallography in
2002 and 2004, respectively (Figure 1.8).56,61 The monomeric protein is 19 kDa, with 141
residues forming the 8-stranded antiparallel β-barrel, preceded by a 19-residue short
amphipathic N-terminal helix on the periplasmic side of the membrane.56 The helix
anchors the protein to the membrane, and can facilitate enzymatic activity even under
external stress.59 The barrel has a distinct 25° tilt in respect to the membrane, and is
composed of shorter β-strands than typical outer membrane β-barrels. Although the
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Figure 1.7. PagP palmitoylation of Lipid A. PagP transfers a palmitate chain from a
phospholipid to the hydroxyl group of the N-linked R-3-hydromyristate chain on the
proximal glucosamine unit of lipid A (red).
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Figure 1.8. Structure of PagP. PagP is an 8-stranded β-barrel protein with a 25° tilt. PagP
active site residues include Ser77, His33, and Asp76 at the bilayer interface. The protein
was determined in LDAO, FC12, and OG detergents. This figure depicts an LDAO
(magenta) in the PagP binding cavity.
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catalytic mechanism remains to be elucidated, the tilt of the barrel places the possible
catalytic residues, His33, Asp76, and Ser77, on the extracellular interface of the
membrane, around a high concentration of lipid A (Figure 1.8).56
PagP has a cavity on the inside of the barrel to interact with the phospholipid
palmitate donor and lipid A acceptor. The binding pocket is lined with hydrophobic
residues and extends approximately halfway into the barrel. The extracellular surface of
this cavity contains the three putative active site residues. This binding cavity serves as a
“hydrocarbon ruler,” and transfers, specifically, only 16-carbon palmitate chains from
phospholipids to lipid A.61 This highly precise ruler is dependent on a conserved Gly-88
at the bottom of the cavity, which, if substituted, can result in a broader specificity.62
Weakened hydrogen bonds at the two laterally positioned faces of PagP form two faces
within the protein responsible for the entry and exit of phospholipid and lipid A.63
PagP can adopt its native fold in multiple detergents, including LDAO, FC12,
DDM, OG, and Cyclofos7.61,62 The cavity can also be bound by detergents; both LDAO
and FC12 detergents have shown an inhibitory effect of PagP palmitoylation. Both
detergents have similar properties as the phospholipids and can fit into the interior of
PagP, while other detergents with larger head groups and carbon tails, such as DDM and
Cyclofos-7, do not have the same effect.61
While the PagP barrel remains rigid, the outer loops, especially loop 1 (L1), are
highly mobile (nanoseconds).64 PagP dynamics and conformations were elucidated by
studying the structure of the protein in FC12, OG, and Cyclofos7 micelles. NMR
relaxation experiments suggest that PagP exists in an exchange between two states that
differ significantly in mobility and L1 loop structure.64 The relaxed (R) state is more
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mobile, potentially for substrate access, while the tense (T) state is rigid, possibly for
catalysis. The detergents play a role in these conformations. The R state conformers for
FC12, OG, and Cyclofos7 PagP protein-detergent complexes (PDC) are similar, but the T
states of the three have distinctly different chemical shifts, suggesting a complete
rearrangement of L1.64 These differences emphasize the necessity to study these
membrane proteins in several environments for a complete understanding of protein
structure, function, and dynamics.
1.4.3. OmpT structure and function
OmpT, the temperature-regulated outer membrane protein, is a part of the omptin
family of proteins found in Gram-negative bacteria. Most omptins are bacterial virulence
factors and function as aspartic proteases.65 Bacterial proteases can affect the immune
response by degrading the host’s antibodies and antimicrobial peptides, impairing the
fibrin clots that prevent bacterial migration through invasion of the host’s epithelial and
phagocytic cells.66 Specifically, the function of OmpT in E. coli is to cleave the
antimicrobial peptide, proteamine, which is excreted by epithelial cells of the urinary
tract.67 With this purpose, OmpT is associated with complicated urinary tract disease.68
OmpT of E. coli is the most characterized member of the omptin family. The
structure of the 297 residue enzyme was determined via X-ray crystallography in 2001
(Figure 1.9).69 The enzyme is a vase-shaped 10-stranded antiparallel β-barrel that extends
about 40 Å above the lipid bilayer with extracellular loops extending near the outer edge
of LPS.62 Extension of the barrel and active site into the extracellular space allows OmpT
to access the substrate peptides for cleavage.
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Figure 1.9. Structure of OmpT. The OmpT β-barrel extends into the extracellular space,
into the LPS in the outer membrane. OmpT has two catalytic pairings in the extracellular
space, Asp210/His212, and Asp83/Asp85.
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OmpT degrades antimicrobials by cleaving the bond between two basic amino
acids within peptides. The active site of OmpT lies extracellularly in a groove at the top
of the barrel with two catalytic pairings, Asp210/His212 and Asp83/Asp85 (Figure 1.9).
Based on crystal structure analysis, OmpT shares the catalytic residues of both serine and
aspartate proteases, and is formally classified as an aspartate protease.69 His212 and
Asp83 are bridged by a water molecule that acts as a nucleophile in place of the absent
catalytic serine, and attacks the peptide carbonyl of the substrate.70 Asp83 and Asp85
stabilizes the oxyanion intermediate of the peptide cleavage reaction.65
Several additional factors play a role in OmpT activity. Electrostatic interactions
impact OmpT cleavage specificity and affinity for the substrate. OmpT is highly selective
toward basic peptides due to the negative environment near the active site on the
extracellular membrane surface.69 Increased ionic strength, high pH, and acidic amino
acids near the active site can decrease OmpT-substrate affinity.69 OmpT activity is also
dependent on LPS, as LPS association may ensure OmpT is only active when inserted
into the outer membrane.69 LPS extends far beyond the surface of the OmpT active site,
which can shield other proteins from being degraded by the enzyme. Only cationic
peptides small enough to penetrate the LPS layer of the outer membrane will be targeted
by OmpT.38
1.4.4. LspA structure and function
LspA is an α-helical membrane protein that spans the inner membrane of Gramnegative and Gram-positive bacteria.71 The E. coli lsp gene codes for a mature LspA
protein of 164 amino acids.72 The 21 kDa protein is comprised of four transmembrane
helices, containing five conserved domains (Figure 1.10).
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Figure 1.10. LspA topology. LspA is comprised of four transmembrane helices (red) with
5 conserved regions (green, A-E). Catalytic residues (yellow) are in conserved regions C
and E while an important aspartate for protein folding (blue) is in conserved region A.
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The first conserved region, A, is located in TMD 1 and has a sequence of dxxtk
(uppercase represents strictly conserved residues and lowercase depicts mostly conserved
amino acids). The B. subtilis Asp-14 in this region is critical for protein structure;
mutations of this residue results in misfolding and degradation of LspA by proteases
within the cell.73 Region B is located in the periplasmic loop 1, and has the motif
NxGaaf. The third conserved region, C, contains the sequence iiggaxlgNxxDr, and is
located partially within TMD3. Region D contains the triplet vvd in the periplasmic loop
2 and region E has the consensus sequence FNxAD, in or near the periplasmic space.71
These domains play vital roles in the function of the α-helical protein.
LspA is a type II signal peptidase involved in protein secretion, specifically
cleaving signal peptides from prolipoproteins as they are exported by the Sec pathway
through the bacterial inner membrane.71 Signal peptides play an indispensible role in
protein insertion. Some proteins are translated with short (5 to 30 residue) signal
peptides, or signal sequences, at the N-terminus. These peptides are responsible for
directing the newly synthesized protein to the correct cellular compartment and
facilitating co-translational or post-translational translocation through the inner
membrane. Co-translational translocation occurs during protein translation; once the
signal peptide emerges from the ribosome, it is recognized by the signal-recognition
particle (SRP) which halts further translation.74 The SRP directs the signal peptideribosome-mRNA complex to the SRP receptor at the surface of the inner membrane
where the signal peptide is inserted into the translocon, the ribosome is docked onto the
cytoplasmic face of the translocon, and the protein synthesis into the periplasm or inner
membrane resumes.75 Post-translational translocation is initiated after protein synthesis is

29

completed. The signal peptide is recognized by the SecB chaperone protein which
transfers the protein to the SecA ATPase that pumps the protein through the translocon.75
Once the protein is in its targeted destination, the signal peptides have carried out their
function, and they are cleaved by signal peptidases such as LspA (Figure 1.11).71
Signal peptides cleaved by LspA generally do not share sequence homology, but
they do have three conserved domains: a positively charged N-terminus (N) region, a
central hydrophobic domain (H-region), and the C-terminal domain that contains the
consensus LspA cleavage sequence, Leu-X-X-Cys (Figure 1.12).71 LspA functions as
aspartate protease to hydrolyze the linkage between signal peptides and mature protein.
Asn99 and Asp102 in the conserved region C and Asp129 in region E of B. subtilis are
critical for activity, with both aspartate residues proposed to compose the catalytic
residues at the active site.76
In vitro LspA activity has been studied with several methods. The cleavage of
radioactively labeled preproteins by LspA has been monitored with SDS-PAGE and
autoradiography as they are synthesized using an E. coli wheat germ transcription
system.77 Synthetic signal peptide cleavage via LspA has also been measured with
fluorescence and HPLC.78 LspA activity is inhibited by globomycin, a cyclic peptide
antibiotic. Globomycin acts as a substrate analog to signal peptides, binding LspA and
interfering with the processing and translocation of prolipoproteins.79 The inhibition of
LspA leads to an accumulation of prolipoprotein in the inner membrane and inhibits
bacterial growth, making globomycin an attractive drug.79
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Figure 1.11. Simple Sec pathway diagram for protein exportation. Signal peptides (red)
target the protein translocon (blue) in the inner membrane. Upon binding to the
translocon, the proprotein is transported across the membrane. Signal peptidases (yellow)
cleave the signal peptide from the proprotein after the protein has translocated into the
periplasm.
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Figure 1.12. Topology of the LspA signal peptide substrate. Typical signal peptides have
a positive charged N-terminus (N-region, red) followed by a hydrophobic domain (Hregion) and C-terminal region (C-region) that contains the canonical signal peptidase
cleavage sequence (L-X-X-C). Cleavage of the peptide from the prolipoprotein results in
mature protein.
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1.5. Thesis objectives
The native lipid bilayer presents a challenge for the biophysical characterization
of membrane proteins. Conducting experiments on membrane proteins require purifying
the protein from the lipid environment, yet when removed from the amphiphilic
environment, the proteins often aggregate in aqueous buffers. To maintain the integrity of
the protein for future experiments, researchers almost always use membrane mimics to
isolate, purify, and/or reconstitute the proteins. During protein purification, the membrane
protein embeds into the membrane mimic, and the new environment can provide the
same stabilization as the bilayer. Although necessary for membrane protein research,
these mimics often perturb the stability and functional fold of the protein. Therefore,
when conducting research on a membrane protein in vitro, there is a generous amount of
time and money spent on finding a suitable membrane mimic for a stable and active
protein. The aim of this work is two-fold: 1) determine the micelle properties important
for stabilizing membrane protein activity in vitro by monitoring the function of four
membrane enzymes (OMPLA, PagP, OmpT, and LspA) folded into varying detergents,
and 2) characterize the physical structure of bicelles. This research will provide guiding
principles for membrane mimics selection for use in future membrane protein research.
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Chapter 2: Membrane mimics
2.1. Detergent micelles
2.1.1. Self-association of detergent monomers
Detergents are amphiphilic surfactants. They typically consist of a nonpolar,
hydrophobic alkyl chain covalently linked to a polar, hydrophilic head group, making
their amphiphilic nature very similar to lipids. There are over 100 synthetic detergents
that are used for membrane protein research. The larger head group surface area to tail
volume ratio gives detergent monomers an overall conical shape. Although this conical
shape prevents bilayer formation, detergents self-associate to form micelles that can be
small spheres, ellipsoids, or long cylindrical rod-like structures.1
Micelle formation occurs above a defined concentration of total detergent
monomers in solution, called the critical micelle concentration (CMC).2 Below the CMC,
detergents exist as individual monomers. Above the CMC, the monomer concentration
remains unchanged while the concentration of micelles increases (Figure 2.1).1 The CMC
is different for every detergent and is dependent on the degree of hydrophobicity of the
detergent. Detergents with longer alkyl tails are more hydrophobic, and have smaller
CMCs. Conversely, less hydrophobic detergents with shorter nonpolar tails have higher
CMCs. Increasing a detergent monomer nonpolar tail by 2 methyl groups results in a
decrease in CMC by an order of magnitude.1
Micelle formation requires an attractive force between hydrocarbon tails. The van
der Waals forces between alkyl tails favor interaction and aggregation of the detergent
monomers while head group repulsions prevent giant micelle formation.1 The number of
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Figure 2.1. The relationship between monomeric concentration and total concentration of
amphiphiles in solution. The monomeric detergent concentration increases until it reaches
the CMC. Above CMC, the addition of more detergent contributes solely to the
concentration of micelles.

44

detergent monomer within one micelle is called the aggregation number (N). Micelles
formed by amphiphiles with shorter tails, such as FC8, are small (N = 35). As carbons are
added onto the tail, there is more space to accommodate more monomers into the
aggregate, making larger micelles (FC14, N = 110).
There are distinct trends and geometric considerations for the dimensions of
detergent micelles. As earlier alluded, the CMC and N are dependent on the length of the
alkyl tail. An addition of two carbons onto the tail of a detergent will decrease the CMC
by an order of magnitude and increase N by approximately 20 monomers. 1 The volume
(V) of the hydrocarbon core is determined using Tanford’s formula:1
V = 27.4 + 26.9*nc [1]
where nc is the number of alkyl chain carbons, V is in cubic Angstroms, and the constants
are derived from the densities of liquid hydrocarbons and Traube’s formula for
calculating molecular volume from each volume constant of the constituent elements of
molecular solutions. Because there is no hole in the interior of the micelle, the maximum
extension of the hydrophobic chain (Lmax) into the core can be derived using the distance
of 2.53 Å between alternate carbon atoms of a fully extended chain with the addition of
the van der Waals radius of the terminal methyl group (2.1 Å). Lmax is represented with
this formula:1
Lmax = 1.5 + 1.265*nc

[2]

2.1.2. General detergent micelle categories
Detergents have a variety of head groups and carbon tails whose properties affect
the membrane protein differently. These detergents are categorized by these traits, and
will be briefly discussed in this section, followed by an in-depth discussion of the
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properties of each of these detergent micelles. Figure 2.2. depicts the structures of these
detergents.
Phosphocholine (FC) detergents have a negatively charged phosphate and a
positively charged choline group in the polar head, resulting in a zwitterionic charge.
Phosphocholine detergent alkyl tail lengths vary between 8 and 16 carbons. FC12 (often
called DPC) is one of the most used phosphocholine detergents. The FC12 nomenclature
derives from the phosphocholine, or foscholine, head group and its 12 carbon alkyl tail.
Cyclofos detergents have a zwitterionic phosphocholine head group with a bulky
cyclohexyl hydrocarbon ring at the end of the tail. These detergents are available with 1
to 7 alkyl carbon tail lengths. Anzergents, also called zwittergents, have polar heads that
consist of a sulfate and choline group. Anzergent 310, 312, 314, 316, and 318, with the
corresponding tail lengths of 10 to 18, are produced by Anatrace.
Glucoside and maltoside detergents have a sugar head group that is covalently
bonded to the hydrophobic alkyl tail. Glucoside detergents have glucose head groups
while maltoside head groups are derived from maltose. Both types of detergents are
available with a broad range of carbon tail lengths (6 to 12 for glucosides and 6 to 16 for
maltosides). Cymal detergents also have the maltose head group, but contain a cyclic ring
at the end of its hydrocarbon tail. Cymal is available with 1 to 7 carbon tail lengths.
Steroid-like detergents include CHAPS, Big CHAPS, and CHAPSO. They all
have a tetracyclic nonpolar tail with a structure similar to the cholesterol that is present in
native membranes. With their large size, these detergents normally form micelles
composed of only a few detergent monomers.4
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Figure 2.2. Common detergent monomer structures. Detergents are categorized based on
head group type, and have varying alkyl tail lengths (n).
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There are other extensively used detergents that have not been utilized for the
work completed in this thesis. This includes a highly denaturing anionic detergent,
sodium dodecyl sulfate, other zwitterionic detergents, such as lauryl dimethylamine
oxide, and a variety of polyethylene detergents.5,6 Each detergent is different; therefore,
each detergent micelle has its own properties that affect the membrane protein
differently.
2.1.3. Micelle properties
Micelle properties are derived from the characteristics of individual detergent
monomers, and have a significant effect on membrane proteins. Micelle properties not
only include CMC and N, but also the shape, size, radius of gyration (Rg), shell thickness,
hydrophobic thickness, surface area, volume, and charge. Small angle X-ray scattering
(SAXS) has been used to determine multiple properties of various detergent micelles.7
Core-shell ellipsoid fitting of the SAXS data provided the core and shell volumes as well
as the core axial dimensions (a and b) and the head group shell thickness, t, of the
micelles (Figure 2.3).7 Table 2.1. depicts the specific properties of detergent micelles that
will be discussed in this section.7
2.1.3.1. Effects of head group
In detergent micelles, the polar head group forms a uniform hydrophilic shell
around the micelle hydrocarbon core. Detergents have a variety of head groups with
different structures, thicknesses, and charges that directly impacts the surface area and
shape of the micelle head group shell.
SAXS analysis of FC10, FC12, and FC14 detergents indicate that the
phosphocholine head groups shell has a thickness of approximately 3 Å.7 The Anzergent
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Figure 2.3. Ellipsoidal model of a micelle. Micelles have a core-shell ellipsoidal model.
The ratio between minor and major axes, a and b, dictates the prolate or oblate micelle
shape. Micelle properties such as the head group shell thickness, radius of gyration,
hydrophobic thickness, and head group to head group distance are depicted.
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Table 2.1. Properties of detergent micelles. aGlucoside aggregation numbers were derived
from literature, balkyl tail lengths were derived from Tanford’s formula [2], cvolume was
predicted from Tanford’s formula [3].
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head groups are assumed to have a similar size; Anzergent polar heads are composed of
similar groups to phosphocholine, a choline and a sulfate group. The glucose head group
on glucoside detergents result in a thicker head group than the phosphocholines at ~ 3.5
Å.7 As expected, the detergents with maltose head groups, such as maltosides and
Cymals, have even larger head group shells of approximately 5.8 Å.7
With their respective chemical structures, the FC, Cyclofos and Anzergent
detergent head groups are zwitterionic while the glucoside, maltoside and Cymal
detergents have nonionic heads. The charge and size of the head group impacts the
surface area and shape of the micelle. Electrostatic repulsions between the charged or
larger head groups increase the surface area of the micelles, preventing tight packing of
the detergent monomers and increasing the surface area.1 An analysis of surface packing
characteristics is described by this dimensionless packing parameter, P:8
[3]
where vc is the carbon chain volume, ao is the optimal head group area, and lc is the
critical chain length, the longest effective length that the chain can be extended in the
micelle. The packing parameter reflects the curvature of the micelle.8 With identical
carbon tails, a micelle with a charged or larger head group would have a larger ao,
decreasing P. A smaller packing parameter represents a highly curved micelle, while a
larger P reflects a less curved aggregate.8
This relationship is reflected in the detergents used in this project. Iyer and
Blankschtein and Dupuy et. al proposed models that predicted the ellipticity and shape of
nonionic micelles based on head group packing.9,10 Independent of tail length, oblate
micelles (aspect ratio a/b < 1) are predicted for small nonionic detergents, but as the head
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group size increases or electrostatic repulsions occur, prolate micelles (aspect ratio a/b >
1) may be preferred.9 This trend was confirmed by the SAXS results on the ellipticity of
glucoside, maltoside, and the negatively charged lysophosphatidylglycerol (LPG)
micelles.7 The LPG micelles have a more spherical geometry (aspect ratio a/b ~ 1)
compared to the uncharged, oblate glucoside and maltoside micelles. Phosphocholines,
with zwitterionic head groups, also have significant electrostatic repulsions between polar
heads, forming prolate micelles.7
2.1.3.2. Effects of alkyl tail
Detergent monomers have a variety of carbon tail lengths, varying from
approximately 9 to 24 Å.1 These tails have a direct impact on micelle properties such as
the CMC, aggregation number (N), radius of gyration (Rg), head group to head group
distance (L), hydrophobic thickness, and core volume (Figure 2.3). Section 2.1.1
describes the relationships between CMC and N with the alkyl tail lengths; this section
will focus on the influence of the carbon tail on these other characteristics.
As expected, the Rg, L, and hydrophobic core thickness of a micelle increase with
the length of the alkyl carbon tail.7 Rg refers to the distance from the center of mass of an
object. FC10 micelles have an Rg of approximately 26 Å while FC12 and FC14 micelles
have Rg values of 35 and 50 Å, respectively.7 The Rg of glucosides and maltosides follow
the same trend: OG and NG Rg values are 30 and 34 Å, while the Rg of OM, DM, and
DDM micelles are 22, 26, and 32 Å, respectively.7
L represents the head group to head group distance. The L is the length from the
ellipsoidal minor axis from the center of one head group to the center of a head group
directly opposite on the micelle.1 The carbon tail linearly impacts L; every two carbons
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added to the alkyl chain of phosphocholine, glucoside, or maltoside detergents increases
the L by 2.5 – 3.0 Å, 1.31 Å per carbon.7 This distance corresponds well to Tanford’s
formula [2].1 L values for FC micelles range from 28 to 42 Å depending on tail length,
while glucoside micelle L values differ from 24 to 32 Å and maltoside distances vary
from 28 to 40 Å.7 The hydrophobic core thickness has similar values, subtracting the
contributions from the head groups from L.
The volume also increases with carbon tail length. Using Tanford’s formula for
volume [1], the micelle volume can be predicted for varying micelles.1 FC10, FC12, and
FC14 micelles have volumes of 494, 548, and 602 Å3, respectively.1 OG, NG, and DG
micelle volumes are estimated at 419, 446, and 472 Å3.1 The volumes of OM, DM, and
DDM micelles are predicted at 590, 644, and 698 Å3.1 The volume of these micelles will
be significantly increased for micelles composed of detergents with a hydrocarbon ring in
the carbon tail, such as Cyclofos and Cymal detergents.
2.1.4. Solubilization, folding, and stabilization of membrane proteins in micelles
Detergents are essential to the successful purification of membrane proteins.
“Solubilization” of membrane proteins in detergent refers to removing the proteins from
the native lipid bilayer and placing them in a new amphiphilic environment. When
removed from the native, amphiphilic environment, membrane proteins often aggregate
upon contact with the aqueous solvent.11 Therefore, extracting the proteins requires using
detergent to dilute and replace the native bilayer for the micellar environment.
Solubilization occurs following a sequence of events:12 1) detergent monomers penetrate
the outer monolayer of the bilayer, 2) equilibration of the detergent monomers with the
native lipids in both monolayers, 3) saturation of the bilayer with excess detergents,
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resulting in dilution and permeabilization of the membrane, and 4) transition of the
bilayer to micelle.12
β-barrel membrane proteins are often overexpressed in vitro into inclusion bodies,
an insoluble aggregate of misfolded, membrane bound protein.13 Solubilization of the
membrane protein from inclusion bodies involves resuspending the protein in a
denaturant, such as urea or guanidine hydrochloride, and rapidly diluting the resuspended
protein in detergent.13 Rapid dilution of the resuspended protein results in a folded
membrane protein in detergent.13 Some α-helical membrane proteins do not express to
inclusion bodies. These α-helical proteins remain bound to the membrane after bacterial
cell lysis.14 Solubilizng these proteins require pelleting the membrane fraction with high
speed centrifugation and resuspending the membrane-bound protein pellet in detergent.14
Although the solubilizing detergent efficiently removes membrane proteins from
the bilayer, it may not be the suitable detergent for protein characterization. A membrane
protein in an unsuitable detergent can result in protein destabilization, aggregation,
unfolding, or misfolding. An unsuitable detergent could have a head group charge that
affects the protein active site, or a hydrophobic diameter that mismatches the protein.
These issues with protein-detergent complexes (PDCs) are discussed in section 2.3.
Because some effective membrane solubilizers do not necessarily stabilize a
specific protein’s fold, the solubilizing detergent is often exchanged for a different
detergent that conserves the functional fold of the protein. This process often occurs by
immobilizing the affinity tagged membrane protein to an appropriately tagged column,
and washing and eluting the protein in the desired detergent.14 Obtaining a PDC that
contains properly folded and active protein is often an extensive trial-and-error process
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involving excessive time and money. There also more opportunities for PDC formation;
mixed micelles, micelles composed of two detergents, can be used for membrane protein
research, allowing for more micelles with different properties.
2.1.5. Mixed micelles
Mixing detergents with different characteristics can yield micelles with
intermediate properties, providing additional membrane mimic options for protein
characterization. Ideal detergent mixing occurs when the ratio of detergent components in
the micelle is equal to the ratio of total detergents in solution. Originally, ideal mixing
was only expected when mixing detergents with the same head group and different alkyl
chain lengths, due to the electrostatic repulsions that can occur between different head
groups.8 The first experiments completed on mixed micelles used detergents with the
same head groups: first, mixing two ionic detergents, followed by tests completed by
mixing two nonionic detergents.15,16 These experiments established a relationship
between ideal mixed micelles and the CMC that is currently used:8

Where XA and XB are the mole fractions of each detergent in the mixture, CMCA and
CMCB are the CMCs of the pure detergents, and CMCmix is the resulting CMC of the
newly formed mixed micelle.1 From these earlier experiments, newer detergent
combinations have been utilized to modulate other mixed micelle properties.17
Micelle hydrophobic thickness can be modulated using mixed micelles. There is a
dependence of L on the alkyl chain lengths of the detergents composing the mixed
micelle. As increasing amounts of a shorter tailed detergent (FC10, for example) is added
to a detergent with a longer tail (DDM), a linear decrease in L is observed as the mole
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fraction of the FC10 increases.17 This trend occurs when forming mixed micelles
composed of detergents with varying head group and tail length.17 The relationship
between the mixed micelle tail lengths and L is linear, enabling a modulation of
hydrophobic thickness by varying the mole fractions of detergent components. Therefore,
a mixed micelle composed of 50% tetradecyl-maltoside and 50% octyl-maltoside forms a
micelle with an L consistent with undecyl-maltoside micelles.17
There are similar trends with micelle volume, size, and shape. The volume of a
micelle mixture of maltosides and phosphocholines varies linearly with the mole fraction
of each component.17 Mixing a larger volume detergent micelle (DDM) with increasing
amounts of a smaller volume detergent micelle (FC12) linearly decreases the core
volume, ultimately becoming the volume of FC12 micelles.17 Unsurprisingly, the overall
ellipsoid size dimensions change similarly when mixing smaller and larger detergents.17
Increasing amounts of prolate FC12 micelles added to oblate maltoside detergent
micelles changes the mixed micelle shape from an oblate ellipsoid to prolate.17 An
addition of anionic lysomyristoylphosphatidylglycerol (LMPG) detergent can also alter
the micelle surface charge, linearly increasing the surface potential as the mole fraction of
the charged component is increased in the mixed micelle.17 These trends with maltoside
and phosphocholine detergents mixtures are useful when trying to generate a micelle with
normally unattainable properties. Mixed micelles also allow a systematic tuning of
micelle properties to test hypotheses about micelles and protein-detergent complexes
(PDC).
2.2. Bicelles
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Bicelles are model membranes composed of long-chain lipids and short-chain
detergents. The “ideal” bicelle in aqueous solutions is assembled with lipids forming a
planar lipid-rich bilayer and detergents coating the bilayer rim (Figure 2.4).18 These
detergents on the rim stabilize the otherwise exposed lipid hydrocarbon chains. Bicelles
may better model the biological bilayer and are a useful system for biophysical studies.
Bicelles overcome challenges often encountered with membrane proteins in
detergent micelles and liposomes. The bicelle interior is composed of a planar bilayer
region, which is closer to the native environment than the sharp ellipsoid curvature of
micelles.19 This lack of curvature was useful when studying the HIV-1 envelope peptide.
Detergent micelles were confirmed to induce significant strain on the helical peptide
structure in comparison to bicelles as observed with NMR decoupling measurements.20 In
addition, the membrane protein diacylglycerol kinase retains its activity in bicelles, in
contrast to micelles, possibly from changes in the more planar bilayer environment.21
The lipid-detergent complexes also impact protein oligomerization. Sedimentation
equilibrium analytical ultracentrifugation (AUC) and fluorescence resonance energy
transfer (FRET) experiments indicate that the stability of the membrane transporter EmrE
dimer is increased in DLPC/DHPC bicelles as opposed to DDM micelles, but the bicelle
complex has less stability than DLPC liposomes.22 Bicelles are also significantly smaller
and more stable than liposomes, enabling increased biophysical characterization
techniques, such as high resolution NMR structure determination and X-ray
crystallography.20
The first bicelles described were dimyristoylphosphatidylcholine (DMPC) lipid
and CHAPSO detergent mixtures published in 1990.23 Two years later, Sanders and
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Figure 2.4. Ideal bicelle structure. A) Bicelles are planar bilayers of lipids (red) enclosed
and stabilized by a detergent rim (blue). The most commonly used bicelles are composed
of DMPC lipid and DHPC detergent. B) The bicelle structure depicted with mixing
between detergent and lipid components and the core-shell bicelle model used to fit the
aggregate.
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Schwonek replaced the non-lipid CHAPSO detergent with dihexanoylphosphocholine
(DHPC) detergents, making the most commonly used DMPC/DHPC bicelle.24 Soon after,
bicelles were first applied to membrane protein research.25 This research led to several
different lipid and detergent compositions and multiple applications in membrane protein
research.
2.2.1. Bicelle composition
Bicelle properties are dependent upon the q-ratio, lipid and detergent mixture,
total amphiphile concentration (CL), and temperature. q is defined as the ratio of lipid and
detergent concentrations:

q has a great impact on the size and shape of the bicelles (Figure 2.5). Lipid rich
bicelles (q > 1) are larger structures, with a shape that is often debated.26 These bicelles
can form larger disks, perforated multi-lamellar sheets, or potentially worm-like micellar
structures, and can also undergo a liquid-crystalline phase change.26 Although lipid-rich
bicelles are more commonly utilized in membrane protein research, detergent-rich
bicelles are also an option for biophysical experiments. Small (q ≤ 0.5) bicelles are ideal
isotropic fast tumbling aggregates for obtaining high-resolution solution-state NMR
spectra as opposed to magnetically aligned high-q bicelles.27,28 The research in this thesis
will discuss detergent-rich bicelles. These bicelles have a low q-ratio, q ≤ 1, and are
smaller discoidal structures. Several methods have been used to characterize these low-q
bicelles including NMR, electron microscopy, fluorescence spectroscopy, dynamic light
scattering, and small angle neutron scattering.29,30
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Figure 2.5. Bicelle structure dependence on q. With increasing lipid concentration,
micelles transition to bicelles, perforated lamella, and bilayers.
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While the most common bicelle mixture is DMPC lipid and DHPC detergent,
other combinations have been successful in biophysical research. Lipids with negatively
charged

head

groups,

such

as

dimyristoylphosphatidylglycerol

(DMPG)

and

dimyristoylphosphatidylserine (DMPS), have been used in bicelle mixtures with DHPC.
These acidic bicelles were less stable because the negative charged DMPG and DMPS
are less miscible with DHPC than the neutral DMPC lipid.31 Unsaturated lipids such as 1palmitoyl-2-oleyl-sn-3-glycerophosphocholine (POPC) destabilize the bicelles as
expected; any degree of unsaturation will result in less packing between lipids.32
Saturated lipids with longer hydrophobic tails such as dipalmitoylphosphatidylcholine
(DPPC) successfully form bicelles, but tumble slower than other bicelle compositions,
making them less useful for NMR experiments.33
The DHPC detergent is often replaced with CHAPS in bicelle compositions. The
rigidity of the CHAPS molecule with DMPC increases bicelle stability.34 Another
detergent used in place of DHPC is Cyclofos-6. Cyclofos-6 has a smaller CMC than
DHPC, and DMPC/Cyclofos-6 bicelles are stable at lower total amphiphile
concentrations. With a bulky ring in the alkyl tail, Cyclofos-6 is also less likely to
partition into the lipid domain of the bicelle, remaining in the rim of the structure and
resulting in a more native structure to use for membrane protein research.35
2.3. Difficulties with protein-mimic investigations
Membrane mimics, such as micelles and bicelles, are often used for the
biophysical characterization of membrane proteins; however, they are not the native
bilayer and pose investigative challenges. Hydrophobic mismatch, aggregation, protein
misfolding, and attenuated function are all possible consequences of an ill-fitting protein-
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mimic complex. All of these negative consequences emphasize the importance of
understanding the structural properties of these mimics and selecting better mimics for
membrane protein experiments.
2.3.1. Challenges with protein-detergent complexes
Although detergent micelles are one of the standard tools for membrane protein
reconstitution and characterization, there are several pitfalls to using detergents for
membrane protein studies. Sometimes the organization of the hydrocarbon tails cannot
accommodate the membrane protein, resulting in a hydrophobic mismatch.36 There are
several consequences of hydrophobic mismatch which subsequently impact protein
function, including protein aggregation, backbone conformational changes, tilting, and
surface orientation.36-38
Detergents also have a major impact on membrane enzyme kinetics. For example,
enzymatic studies of a membrane rhomboid protease, GlpG, indicate that protein activity
varies depending on the detergent environment.38 GlpG has higher activity when
solubilized in phosphocholine or maltoside detergents with 10 to 12 carbon lengths.38 The
function of the protein is significantly attenuated when folded in detergents with longer
nonpolar tails.38
The substrates for membrane enzymes are often phospholipids or amphiphilic
molecules with structures that are similar to detergent monomers. This can result in two
issues when studying protein function in a PDC: detergent inhibition and substratemicelle partitioning. When solubilizing and folding the membrane enzymes in micelles, a
detergent can have an antagonist interaction with the enzyme. The enzyme may bind
detergent monomers due to similar qualities to its substrate, inhibiting the substrate from
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interacting with the active site residues. An example is the LDAO detergent monomer
present in the binding cavity of PagP described in Chapter 1. PagP activity is inhibited in
LDAO and similar FC12 detergents due to antagonist inhibition.39
Substrate partitioning into the micelle can occur when the amphiphilic substrate
acts as a detergent monomer, interacting with the micelle via alkyl tail van der Waals
interactions and head group repulsions. When this interaction occurs, the substrate may
not reach the active site residues of the enzyme. Substrate partitioning into micelles can
reduce enzymatic activity and cause false-negatives when conducting functional assays in
PDCs. This concern is more pronounced when studying OMPLA, an enzyme that cleaves
phospholipids. The substrate for OMPLA activity is an amphiphilic molecule similar to a
phosphocholine detergent. Therefore, several procedures and controls must be conducted
when assaying OMPLA activity to overcome these issues.
There are many properties of detergent monomers, micelles, and mixed micelles
to note, as well as several advantages and difficulties with characterizing proteindetergent complexes. A suitable PDC to use for accurate characterization of a membrane
protein would have a minimal denaturing affect on the protein, would not affect proteinsubstrate interactions, and the detergent would contain an appropriate hydrophobic
thickness to accommodate the transmembrane domain of the protein. An ideal detergent
would also enable functional studies, with minimal substrate and enzyme active site
interactions. These traits are identified by systematically varying detergent properties and
correlating micelle characteristics with protein function. In this study, the function of four
membrane enzymes will be monitored in different micelles, and these key physical
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detergent properties for active protein will be identified. Chapters 3 and 4 describe the
results from this study as well as future directions to test these new hypotheses.
2.3.2. Challenges with low-q bicelle structures
Although protein-bicelle complexes are used for the biophysical characterization
of membrane proteins, there are still debates on the structure of the bicelles used for these
investigations.21,26 The ideal bicelle model suggests that low-q bicelles are a disk
consisting of distinctly separated lipid bilayer domain surrounded by a detergent rim.29,40
It is widely accepted that lipid-rich bicelles are more likely to form the ideal bicelle
structure; however, due to the tendency of detergents to form mixed micelles in
detergent-rich conditions, low-q bicelles may have some degree of mixing of the lipid
and detergent components.26,41
Ideal bicelle structures have been proposed and refuted in detergent-rich systems.
Electron microscopy suggests ideal bicelle-like particles using detergent-rich
DMPC/DHPC mixtures of q ≤ 0.5.29 31P NMR studies also suggest there is little mixing
between the DMPC and DHPC components of q = 0.05 to 0.5 bicelles.29 Contrary to
these studies, similar
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P NMR experiments indicate that at low-q, mixed micelles are

likely to form.41 Elucidating the structure and composition of detergent-rich bicelles will
impact membrane protein research and guide membrane mimic selection. Membrane
proteins fold and function differently in ideal bicelle systems vs. mixed micelles, and this
can be exploited if using the correct mimic.
The stability and size of low-q bicelles are also dependent on the total
concentration of amphiphiles (CL) in solution and the temperature. The CL studied in
bicelles varies from below 1% to 35% (w/v).34,42 Dynamic light scattering and cryo-
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transmission electron microscopy were used to measure the size and shape of the
DMPC/DHPC bicelle mixtures with CL of 4%, 8%, and 16% (w/v) at q = 0.5 and 1.43 In
summary, low-q (0.5), low CL bicelles (4% w/v) are smaller, 29 Å micelle-like particles
in which the DMPC and DHPC are more mixed. Bicelles with a C L of 8% and 16% are
slightly larger at 32 Å. An increase in temperature resulted in an enlargement of the lowq 8% and 16% bicelles, but did not have any effect on the 4% bicelles. This same set of
experiments was repeated with q = 1 bicelle mixtures with similar results. The 4%
bicelles remained smaller and unchanged while the 8% CL bicelles increased in size by
23 Å and the 16% increased by 14 Å. This led to the conclusion that detergent rich, low
CL bicelles are smaller, temperature-independent particles and less stable, larger bicelles
are formed with higher CL.43
These experiments demonstrated the effect of temperature and composition on the
phase separation of bicelles. DMPC lipids are in an ordered gel phase below 23°C with
the hydrocarbon chains closely packed while at higher temperatures the hydrocarbons are
fluid and loosely packed in the liquid crystalline phase. The 8% and 16% CL samples
show temperature dependence, which indicates a bilayered structure of the DMPC within
the bicelle interior that can undergo the typical DMPC lipid phase changes at low and
high temperatures.36 The 4% CL bicelles were unaffected by temperature, suggesting that
there was a higher degree of mixing between the DMPC and DHPC, preventing the gel
phase at low temperatures.36 These observations support the notion that bicelles with low
CL are closer to mixed micelles than the “ideal” bicelle that contains the separate lipid
and detergent components. These results emphasize the importance of choosing the
appropriate lipid and detergent mixtures when designing a suitable membrane mimic.

65

Currently, there are few methods that can resolve the composition and structural
components of bicelles. Small-angle scattering can give structural information on these
low-q bicelles, and specifically, small angle neutron scattering (SANS) can resolve the
internal composition of these mimics. Molecular simulations can also generate actual
low-q bicelle structures. Chapter 5 will discuss small angle scattering and MD
simulations and the bicelle structural information learned from using these techniques.
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Chapter 3: The influence of detergents on the function of β-barrel enzymes
The bilayer mimic selected for membrane protein characterization effect the fold
and function of the protein. Typically, initial detergent selection is based on the overall
project goal. For this study, the size of the protein’s transmembrane domain (TMD) as
well as the detergent head group charge and size are often considered. Choosing a
detergent with short alkyl tails may result in micelles that are smaller than the TMD, and
likewise, selecting a detergent with longer alkyl tails may yield micelles that engulf the
entire protein. Prevention of the protein aggregation that results from this hydrophobic
mismatch is an initial aim for membrane protein researchers. Also, the head group charge
and size will be regarded, especially if the active site residues of the protein are
positioned in the head group region. These considerations are a starting point for
membrane protein investigations; however, detergent selection continues to be an
arduous trial-and-error process. The research in this chapter focuses on monitoring the
influence of different detergents on the activity of membrane proteins. This systematic
variation of detergents will emphasize key detergent properties that are essential in
maintaining active membrane proteins. This chapter will focus on the function of outer
membrane phospholipase A (OMPLA) in varying detergents, along with preliminary data
from other membrane proteins.
3.1. Protein-detergent complex formation with OMPLA
As discussed in Chapter 2, successfully obtaining a protein-detergent complex
(PDC) to characterize is a multi-step process. OMPLA was recombinantly expressed into
insoluble, inactive, and unfolded protein aggregates called inclusion bodies. These
inclusion bodies were isolated by lysing the cells with a high pressure homogenizer and
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removing the cell debris via centrifugation. The inclusion bodies were washed several
times with buffer to remove contaminants. The unfolded aggregate was resuspended in a
denaturing buffer containing urea to prepare the protein for refolding.
Refolding the protein is required to obtain potentially functional and folded
protein for biophysical characterization. The conditions for refolding are protein specific,
and require detergent to prevent aggregation. The OMPLA refolding procedures were
adapted from Burgess et. al. and optimized by varying the refolding detergent and
incubation temperatures.1 OMPLA was confirmed to refold best in pH 10 borate and
decyl maltoside (DM) detergent buffer at 50°C overnight (Figure 3.1).
Successful refolding does not confirm that the protein is functional. Often, the
refolding detergent is not the optimal detergent to maintain protein stability for long-term
characterization. Thus, the detergent is exchanged for another, typically, via
chromatography. OMPLA detergent exchange occurs by adding the refolded protein to an
ion exchange column with DEAE resin. The protein is immobilized in the resin and is
washed with buffer containing excess amounts of the new detergent, exchanging the
detergents via dilution. OMPLA is eluted in the new PDC with high potassium chloride
concentration and dialyzed to remove the high salt concentration (Figure 3.2). Generally,
the next step is to study the protein with several different biophysical techniques.
However, to study the influence of detergents on the activity of OMPLA, this process of
recombinant expression, inclusion body isolation, refolding, and detergent exchange is
repeated several times, exchanging the DM-refolded OMPLA into over 20 detergents
(Figure 3.3).
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Figure 3.1. OMPLA refolding optimization in several detergents. SDS-PAGE was used to
confirm OMPLA refolding in several detergents. Several lanes from samples of other
proteins were removed from the gel to focus on the refolded OMPLA samples. The
molecular weight marker is labeled M. Unfolded, boiled OMPLA was used for sample
comparison. OMPLA was refolded overnight in pH 10 borate buffer at 50°C in dodecyl
maltoside (DDM), decyl maltoside (DM), tetradecylphosphocholine (FC14), Anzergent
314 (314), Cyclofos-7, and dodecylphosphocholine (FC12) (not pictured) detergents.
Folded OMPLA runs at a smaller molecular weight than unfolded OMPLA (31 kDa).
DM successfully refolded OMPLA.
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Figure 3.2. OMPLA purification and detergent exchange fractions. Refolded OMPLA
was immobilized on an ion exchange column for detergent exchange into FC12 micelles.
Fractions from the detergent exchange were analyzed with SDS-PAGE. The lanes of the
gel correspond to unfolded, boiled OMPLA, flowthrough (FT), wash (W), elution (E),
concentrated eluted protein (C), and resin (R). Folded FC12 OMPLA PDCs are
confirmed in lanes 4 and 5.
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Figure 3.3. OMPLA purified in several detergents. SDS-PAGE was used to confirm the
successful purification of OMPLA in 19 detergents (FC16 not pictured). Folded OMPLA
runs slightly smaller than its molecular weight of 31 kDa. Anzergent 310, OG, and
Cyclofos OMPLA have lower protein concentrations than the other OMPLA PDCs. With
each detergent exchange conducted with the same amount of refolded OMPLA, the lower
protein concentrations after purification may indicate that OMPLA forms less stable
complexes in these detergents.
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OMPLA exchanged into 310, OG, and Cyclofos 5 detergents were less
concentrated than the other PDCs. Each detergent exchange was conducted with the same
amount of refolded OMPLA; therefore, the lower protein concentrations after purification
for these three PDCs may indicate that OMPLA forms less stable complexes in these
detergents. After confirming OMPLA folding with SDS-PAGE, there are several other
considerations that must be addressed before monitoring OMPLA activity: 1)
confirmation of complete detergent exchange, 2) determination of the detergent and
micelle concentration, and 3) identifying the oligomeric state of the OMPLA.
3.2. Pre-assay biophysical characterization of OMPLA
3.2.1. Detergent exchange verification and concentration determination with NMR
Monitoring detergent exchange and the micelle-to-protein ratio after membrane
protein purification ensures consistent sample preparation and activity assay design. An
effective technique to use for these two tasks is nuclear magnetic resonance (NMR)
spectroscopy. 1-D

1

H NMR is often used as a first step in chemical structure

determination.
NMR spectra of a detergent in a PDC before and after detergent exchange are
very different depending on the detergents involved, and comparing the two can confirm
the success of a detergent exchange. For example, NMR spectra for glucoside detergents
have broad chemical shift peaks group between 3 and 4 ppm indicative of the hydroxyl
protons on the head group. A spectrum of the phosphocholine detergents has a sharp peak
at 3.2 ppm, corresponding to the hydrogens on the choline of the head group (Figure 3.4).
The considerable differences between the two PDC spectra allow detergent exchange

76

Figure 3.4. 1-D 1H NMR spectra of OMPLA before and after detergent exchange.
OMPLA in OG detergent (black) was exchanged with FC12 detergent (red). Proton NMR
confirms successful detergent exchange. Peaks between 3 to 4 ppm indicative of the OG
head group (dots) are no longer present after the detergent exchange. A sharp peak at 3.2
ppm is newly present (star), indicative of the hydrogens on the phosphocholine head
group. The integral of a peak at 1.2 ppm (not shown) corresponding to methylene group
on the detergent carbon tails is used for detergent concentration determination.
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confirmation using NMR. 1H NMR investigations of OMPLA in several steps of the
purification and detergent exchange was conducted, and these spectra confirm an
efficient and complete detergent exchange protocol.
The micelle-to-protein ratio is important when completing membrane protein
activity assays. As described in Chapter 2, the detergent can significantly impact protein
function and substrate performance. Maintaining a low (10:1 to 1:1) micelle-to-protein
ratio can minimize the amount of free micelle able to impact activity assays. Also,
knowing the micelle, and therefore, detergent, concentration, is important when designing
activity assays with proper negative controls. 1-D

1

H NMR spectra enable the

determination of detergent concentration. A chemical shift at 1.2 ppm is representative of
the methylene tail of the detergent. Detergent concentrations are measured by comparing
the methylene peak of the PDC with standard samples of known detergent
concentrations. The micelle concentration is calculated from the detergent concentration
with the following formula:

3.2.2. Determination of the OMPLA oligomerization state
An effective technique for the determination of a protein’s oligomeric state is size
exclusion chromatography coupled to multi angle light scattering (SECMALS). Typical
column chromatography of membrane proteins is challenged by the hydrophobic nature
of these proteins. Membrane proteins tend to interact with the mobile and stationary
phases differently than soluble proteins, eluting at retention times that do not reflect the
actual molecular weight of the protein. With SECMALS, the molecular weight of the
protein is not dependent upon retention time, but light scattering, enabling a more
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accurate molecular mass measurement for membrane proteins. In addition, MALS detects
the detergent micelles, which can allow the determination of the size of the proteindetergent complexes.2
The SEC component of this technique is solely responsible for fractionating the
solution into distinct peaks that can be analyzed with the detectors. Three detectors
measure the protein absorbance at 280 nm (UV), the refractive index (RI), and the light
scattering (LS). The UV and RI detectors provide information about the concentration of
the protein while the LS detector measures the light scattering and provides a weightaverage molar mass of the species. LS is proportional to the molecular mass (M W) and
the protein concentration with the following equation:2

where Iθ/I0 is the ratio of the intensities of the light scattered at angle θ and the incident
light.2 ΔLS is the difference in light scattered from the protein complex and the
surrounding buffer.2 K is a constant derived from the refractive index of buffer without
protein (n), the wavelength of light used (λ0), the angle between the incident and scattered
light (θ), the distance between the scattering molecule and detector (r), and Avogadro’s
number:2

C is the protein concentration. dn/dc is the specific refractive index of the protein, which
is typically 0.187 ml/g for soluble proteins, but is unknown for membrane proteins in a
PDC complex.2 The dn/dc for membrane proteins can be determined with the following
formula,
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enabling an accurate calculation of the PDC molecular weight.2 Unfortunately, the
amount of detergent bound to the protein (δ) is unknown, and without knowing dn/dc of
the protein, the ΔLS, and subsequently, the molecular mass of the PDC is unsolvable.2
These difficulties in determining the PDC molecular weight is another example of the
challenges with characterizing membrane proteins. To determine the dn/dc of a
membrane protein, the refractive index of the protein must be measured at 690 nm
wavelength at different protein concentrations in experimental buffer conditions.3
The OMPLA oligomerization state is of interest because the protein forms
reversible dimers when active. Confirmation of the OMPLA homodimer in different
detergents will give implications on the protein’s activity. Currently, SECMALS has
been completed with OMPLA in 7 detergents: Anzergent 312, Anzergent 314, FC12,
FC14, FC16, DM, and DDM (Table 3.1). The expected 62 kDa OMPLA dimer is
confirmed in Anzergent 312, FC12, and FC16 while molecular weight values for
Anzergent 314, DM, and DDM OMPLA are slightly larger and FC14 OMPLA is slightly
smaller. The small increase in the molecular weights of the dimer is likely due to
aggregation. The SECMALS light scattering detector is highly sensitive (1 μg/mL BSA),
and minimal aggregate can have a major effect on the overall molecular weight of the
protein. The smaller molecular weight for FC14 OMPLA could be a result of a less stable
PDC that was partially dissociated by the SEC. Figure 3.5 depicts a SECMALS
chromatogram with DDM OMPLA. Although the peak is narrow and well-defined, the
aggregate had a minor effect on the molecular weight measured.

80

Table 3.1. Molecular weights and aggregation numbers from SECMALS of OMPLA
PDCs. SECMALS was conducted on 7 OMPLA PDCs. The OMPLA dimer (62 kDa) is
confirmed in all of the samples, with DM and DDM PDCs eluting slightly larger and
FC14 PDCs measuring slightly smaller. Large 200 kDa aggregates eluted with the 314,
FC14, and FC16 samples. One FC16 sample eluted an OMPLA monomer peak (Figure
3.5). SECMALS also confirmed micelles with the expected size and aggregation number
in the PDCs without the aggregates. The 312, 314, and FC14 PDCs were analyzed twice,
while the other samples were examined in triplicate. These samples will be repeated for
error determination and completed for all PDCs.
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Figure 3.5. SECMALS chromatograms with DDM and FC16 OMPLA. SECMALS
conducted on DDM OMPLA eluted well defined peaks for the OMPLA dimer and
detergent micelle. Minimal aggregate was observed. The FC16 OMPLA SECMALS
depict a large aggregate along with the OMPLA dimer and a monomer peak. A micelle
peak is not observed.
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The FC14, FC16, and Anzergent 314 OMPLA samples have large amounts of an
approximately 200 kDa aggregate that elutes earlier in the SECMALS (Figure 3.5). These
larger aggregates are potentially an effect of solubilizing OMPLA in larger micelles.
FC14, FC16, and Anzergent 314 have the longest carbon tails of the detergents
characterized, and thus, they form the largest micelles sampled. These large micelles
have the capacity to accommodate more protein and may promote aggregation.
The FC16 OMPLA SECMALS experiments were conducted in triplicate; three
separately purified OMPLA PDCs were analyzed with this method. Of the three
experiments, one FC16 OMPLA sample had aggregate, dimer, and monomer present
(Figure 3.5). This was the only PDC to contain OMPLA monomer present, and this may
impact protein activity.
The SECMALS experiments confirm that the OMPLA PDCs are forming dimers
without substrate or calcium present. OMPLA dimerization without these effector
molecules has not been well-characterized in the literature. Cross-linking and equilibrium
analytical ultracentrifugation experiments demonstrate that OMPLA is monomeric until
the

addition

of

substrate

or

calcium

in

dodecyl-N,N-dimethyl-1-ammonio-3-

propanesulfonate (12-SB) detergent.4,5 Only minor evidence has depicted OMPLA
dimerization without the presence of calcium or substrate; glutaraldehyde cross-linking
experiments conducted by Kingma et. al. depict 40% OMPLA dimer, and 60% monomer
in the presence of EDTA in FC16 detergent.6 The SECMALS confirmation of OMPLA
dimers in the PDCs could be a result of detergents interacting with the OMPLA active
site, triggering dimerization. This is reasonable because the detergents have similar
characteristics to the phospholipid OMPLA substrate (Figure 2.2).
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The empty detergent micelle size and aggregation number was also determined
with SECMALS. Contrary to the UV detector at 280 nm, the light scattering instrument
can monitor the detergent micelles during elution. Eluting just after the protein, the
detergent micelle peaks for Anzergent 312, FC12, and DDM were at the molecular
weights expected, 19, 26, and 53 kDa, respectively. The DM micelles had a molecular
weight of approximately 55 kDa, slightly larger than the 43 kDa predicted. With the
expected molecular weights, the aggregation numbers of these micelles were also at the
projected values. The PDCs that formed large aggregates, FC14, FC16, and Anzergent
314, did not elute peaks for the detergent micelles. This is likely due to the detergents
associating with the aggregates, minimizing the amount of empty micelles present for late
elution. With OMPLA PDCs confirmed with two techniques, the activity of this enzyme
was assayed in different micelle environments.
3.3 OMPLA activity assay design
The OMPLA activity assay monitors the calcium-dependent hydrolysis of the
OMPLA substrate, 2-hexadecanoylthio-1-ethylphosphorylcholine (HEPC) (Figure 3.6).7
After hydrolysis of HEPC via OMPLA cleavage, the free sulfur anion on HEPC interacts
with another buffer component, 5,5’-dithio-bis-[2-nitrobenzoic acid] (Ellman’s reagent).
Ellman’s reagent targets the conjugate base, cleaving itself to form a disulfide bond with
the substrate.6 This bond formation yields a stable mixed disulfide and a colored species,
2-nitro-5-thiobenzoic acid (TNB2-). The increase in color change from TNB reflects
OMPLA hydrolysis activity and is measured spectrophotometrically.7
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Figure 3.6. Workflow of the OMPLA activity assay. The OMPLA substrate, HEPC, is
cleaved by OMPLA, yielding a free sulfur anion. Ellman’s reagent targets the anion to
form a mixed disulfide with the remaining HEPC molecule. This bond formation results
in a colored moiety, TNB2-. The increase in yellow color from TNB2- production reflects
OMPLA hydrolysis activity and is measured spectrophotometrically over time.
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A major consideration for this assay is the HEPC substrate. This substrate is a
phosphatidylcholine analog with a phosphocholine head group and 16-carbon tail. This
molecule is similar to those used in the OMPLA PDCs, especially the phosphocholine
detergents. With those similarities, the HEPC could likely partition into empty detergent
micelles without OMPLA, not interacting with OMPLA dimer active site. Maintaining a
low micelle-to-protein ratio minimizes the chances of this occurring; however, this is
more challenging with detergents that have high CMCs. Substrate-micelle interactions is
a problem often encountered with membrane protein research and functional assays, and
is circumvented with proper controls (reaction mixture + detergent at the appropriate
concentration without OMPLA + substrate) and assay design.
The assay color change is measured at 412 nm every 10 seconds for 2.5 minutes,
and absorbance vs. time is plotted (Figure 3.6). The initial rate of the reaction was
determined using the slope of the line between 0 and 1.5 minutes. The rate of product
formation is determined using these initial rates and the molar extinction coefficient of
the TNB2- product. By plotting the reaction rate vs. substrate concentration, the curves
were fit using the Michalis-Menten equation:

where ν is the reaction rate, Vmax is the maximum rate of reaction, [S] is the substrate
concentration, and KM is the substrate specificity (Figure 3.7). The Michaelis constant,
KM, is the substrate concentration at which the reaction is at half-maximum, and is an
inverse measurement of the substrate’s affinity for the enzyme. Vmax = kcat[E]0, where
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Figure 3.7. Example of Michaelis-Menten for OMPLA. OMPLA function was assayed in
OG at different substrate concentrations. The initial reaction rates vs. substrate
concentration were graphed and fit Michaelis-Menten kinetics curves. The maximum
reaction rate (Vmax) and substrate specificity (KM) were determined from these plots;
these values were used to determine the substrate turnover rate (kcat) and enzyme
efficiency (kcat/KM).
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[E]0 is the initial enzyme concentration. kcat is the substrate turnover rate, the maximum
number of substrate molecules converted to product per enzyme molecule per second.
The catalytic efficiency, kcat/KM, is a measurement of enzyme efficiency and how well
the enzyme converts substrate into a product.
There are a few assumptions made for Michaelis-Menten kinetics.8 First, the
enzyme-substrate (ES) complex is a steady state intermediate—that is, the concentration
of ES remains relatively constant because the complex is being broken down and
produced at the same rate.8 Second, there is no product at the start of the reaction and the
product cannot be converted to substrate.8 Third, the [S] represents the free substrate
concentration, but is assumed to be close to the total substrate concentration.8 This is
valid as long as [E] << [S]. Fourth, the binding and unbinding of substrate to enzyme is
much faster than the release of product.8 The Michaelis-Menten kinetic parameters, KM,
Vmax, kcat, and kcat/KM, were reported for OMPLA activity in different PDCs.
The substrate turnover rate, kcat, is derived from the initial enzyme concentration
and the maximum reaction rate (Vmax). OMPLA kcat values represent the speed in which
OMPLA hydrolyzes HEPC when the system is saturated with enzyme. Trends identified
for OMPLA substrate turnover rates reflect the protein’s overall catalytic function. The
Michaelis constant, KM, is a measurement of the affinity of the substrate for the enzyme.
OMPLA KM values represent how well the substrate binds to the enzyme. Trends with
OMPLA substrate affinity indicates how well the substrate interacts with the protein in
certain detergent conditions and also highlights any possible competitive inhibition from
detergents interacting with the OMPLA binding site. kcat and KM affect one another, and
when used together, the kcat/KM reflects both the OMPLA binding and catalytic events;
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however, when distinguishing trends with OMPLA activity in detergents, it is more
practical to analyze the values separately.
3.4 Structural considerations for OMPLA activity
OMPLA activity in different PDCs will vary depending on how the detergent
micelle impacts the structure of the protein and its active site. For a complete
commentary on OMPLA function in varying environments, structural features important
in protein function should be highlighted and monitored. Perturbations to these
components can impact both substrate turnover rate and specificity. Examination of the
OMPLA atomic resolution structure elucidates two important structural components for
protein function.
First, OMPLA has an approximate 29 Å tall hydrophobic barrel with the active
site residues located 4 Å from the top of the barrel (Figure 3.8). Typically buried within
the hydrophobic domain of the lipid bilayer, maintaining this hydrophobic environment
around the hydrophobic barrel may be essential to protein activity. Second, the OMPLA
active site residues extend out 4.8 Å from the barrel, potentially interacting with lipid
head groups at the bilayer interface (Figure 3.8). For optimum activity, the placement of
the barrel and active site residues in these micelle mimics must be considered. OMPLA
will likely have more activity in micelles with hydrophobic cores that can encompass the
29Å long barrel length. Increased protein activity may also be observed with OMPLA in
PDCs with thicker head groups that can accommodate the 4.8 Å extension of the active
site residues from the barrel.
3.5. OMPLA activity in varying detergents
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Figure 3.8. Structural considerations for OMPLA activity. The length of the OMPLA
barrel is ~29 Å with the active site located 4 Å from the extracellular surface. The
extracellular loops of OMPLA extend ~10 Å from the top of the β-barrel. The active site
residues extend from the barrel as far as 4.8 Å. Micelles used for solubilization of
OMPLA should accommodate this bicelle length and active site location and orientation.

90

OMPLA functional assays conducted in different PDCs confirm that OMPLA is
active in 19 different detergent micelles. The detergents studied were the phosphocholine
detergents (FC10, FC12, FC14, and FC16), the Anzergents (310, 312, and 314), the
Cyclofos detergents (CF3, CF5, and CF7), glucosides (7G, OG, and NG), maltosides
(NM, DM, and DDM), and the Cymal detergents (C5, C6, and C7). The numbered
nomenclature is indicative of the carbon tail length – FC12 detergents have a
phosphocholine head and 12-carbon tail, while decyl maltoside (DM) detergents have a
maltoside head and 10-carbon tail. Figure 2.2 has structures for all of these detergents.
All of the OMPLA PDCs had similar activity (kcat), substrate affinity (KM), and
enzymatic efficiency (kcat/KM) (Figures 3.9 and 3.10 and Table 3.2). This confirms that
OMPLA is a highly stable, robust enzyme with the ability to dimerize, properly form the
catalytic active site, bind substrate, and perform calcium-dependent hydrolysis of HEPC
in varying detergent environments. A negative control containing Ellman’s reagent,
HEPC, and the appropriate detergent was subtracted from each triplicate reaction to
remove any contributions from HEPC and detergent without OMPLA.
According to the SECMALS data, the FC14, FC16, and 314 OMPLA PDCs have
some aggregated protein as well as the OMPLA dimer. This aggregation can potentially
impact the measured kcat and KM values. The function of these three PDCs could be
reduced due to this aggregated protein or overestimated. With a portion of the protein
aggregated, the actual concentration of OMPLA dimer, the effective enzyme
concentration, is lowered. This lower [E]0 will reduce the actual kcat. The protein
aggregation complication can be resolved by collecting only the OMPLA dimer fraction
during SECMALS and using that for protein activity assays. Due to this aggregation, the
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Figure 3.9. Substrate turnover rates (kcat) of OMPLA PDCs. The determined kcat values
from the OMPLA kinetic assays are displayed graphically. All of these assays were
performed in triplicate, and corrected with a negative control (reaction buffer + CaCl2 +
HEPC + detergent, without OMPLA). The results are separated by head group (top).
PDCs with aggregation are denoted with black asterisks. Trends were made with the nonaggregated PDCs, and are highlighted with the teal lines. Cyclofos5 OMPLA activity (red
asterisk) must be repeated for confirmation of kinetic parameters. Error bars represent
standard deviation (n = 3).
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Figure 3.10. Substrate specificities (KM) of OMPLA PDCs. The determined KM values
from the OMPLA kinetic assays are displayed graphically. All of these assays were
performed in triplicate, and corrected with a negative control (reaction buffer + CaCl 2 +
HEPC + detergent, without OMPLA). The results are separated by head group (top) and
head group type (bottom). Trends are highlighted with the teal line. PDCs with
aggregation are denoted with an asterisk. Error bars represent standard deviation (n = 3).
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Table 3.2. OMPLA PDC detergent, micelle, and protein concentrations as well as activity
kinetic parameters in varying detergents. Aggregation numbers for the Cyclofos
detergents have not been determined; therefore the micelle concentrations for these PDCs
are unknown.
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trends identified with OMPLA kcat and KM omit contributions from the FC14, FC16, and
314 PDCs.
3.5.1. Effects of detergent micelles on OMPLA substrate turnover rates (kcat)
Although OMPLA has similar activity in all of the detergents, modest trends can
be identified with the detergent head groups. Removing the contributions from the
aggregated samples, the average substrate turnover rate for OMPLA activity was
approximately 13 s-1. There are eight PDCs with activity above average: FC12, 312,
Cyclofos7, NM, DDM, and Cymal 6. For better understanding of how OMPLA is more
active in these PDCs, the micelle hydrophobic thicknesses and head group thicknesses
are correlated with the dimensions of the OMPLA barrel and the orientation of the
enzymatic active site (Figure 3.11).
The OMPLA PDCs with above average kcat are composed of micelles with larger
hydrophobic and shell thicknesses. The hydrophobic thicknesses of the PDCs with higher
kcat range from 26 to 34 Å with an average of 31 Å and the head group thicknesses
average 4.75 Å. This is compared to the PDCs with lower kcat values that have
hydrophobic thicknesses that range from 21 to 30 Å with an average of 26 Å and head
group thicknesses that average 3.6 Å. This larger micelle core and shell may better
accommodate the 29 Å OMPLA barrel; proteins embedded in smaller micelles may
undergo conformational dynamics that can perturb the enzymatic active site.
OMPLA substrate turnover changes with carbon tail length. For the Cymal and
maltoside detergents, an increased tail length decreases kcat. Cymal 5 and NM provide the
optimum environment necessary for OMPLA function, with the catalytic residues near
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Figure 3.11. Hydrophobic and shell thicknesses of OMPLA PDCs. The hydrophobic
thicknesses and shell thicknesses of OMPLA PDCs are organized by increasing substrate
turnover rate (bottom). OMPLA with above average substrate turnover rate have thicker
hydrophobic cores and head group shells.
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the head group interface of the micelle. An increase in the carbon tails results in a
burying of the active site residues, decreasing catalytic turnover (Figure 3.12A).
The opposite trend is observed with the phosphocholine, Anzergent, and Cyclofos
detergents. Removing the contributions from the aggregated samples and the Cyclofos5
OMPLA outlier, an increase in substrate turnover is observed with detergent tail length.
For these PDCs, the micelles have hydrophobic cores smaller than what may be required
to accommodate the OMPLA barrel and active site, leading to exposed active site
residues and attenuating substrate turnover. (Figure 3.12B).
The substrate turnover rate for the three glucoside detergents are within error of
one another. This is attributed to the three micelles having similar structure. With the
same glucose head group and a minor increase of 5 Å for 7G to NG micelles, the
environment for OMPLA stability and activity remains very similar, resulting in
comparable kcat values for all three PDCs.
3.5.2. Effects of detergent micelles on OMPLA substrate affinity (KM)
OMPLA has similar substrate affinity (KM) in all of the detergent micelles.
Analysis of OMPLA activity in respect to head group highlights modest trends between
the detergent and substrate binding. Removing the contributions of the aggregated
samples, the average KM for the OMPLA PDCs is approximately 35 μM. Four of the
seven OMPLA complexes with below average substrate affinity (FC10, FC12, 312, and
Cyclofos7) are composed of zwitterionic detergents. These zwitterionic detergents have
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Figure 3.12. Effects of increased detergent carbon tail lengths on the OMPLA active site.
Trends were identified with OMPLA substrate turnover and carbon tail length. (A) For
the OMPLA with an above average kcat, the Cymals and maltoside detergents, the
enzymatic active site was located at the optimum location for Cymal5 and NM PDCs. An
increase in carbon tail length results in a burial of the active site, attenuating the substrate
turnover rate. (B) For OMPLA with below average kcat, such as the phosphocholine,
Anzergent, and Cyclofos detergents, these smaller micelles were enlarged with an
increase in detergent carbon tail length, providing a better environment for the OMPLA
active site and raising the kcat.
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the potential to interact with the OMPLA extracellular surface and catalytic residues. The
active site residues, Ser144, His142, and Asn156, are positioned at the extracellular
interface between the β-barrel and loops (Figure 1.5). This extracellular surface is highly
charged with more negative surface potential than positive (Figure 3.13). It is likely that
the zwitterionic head groups on the smaller detergents are associating with portions of the
OMPLA extracellular surface and possibly the active site residues, attenuating substrate
specificity.
3.5.3. Additional remarks on OMPLA activity
A carbon ring in the nonpolar tail of the detergents does not impact substrate
binding and enzyme catalysis. Both Cymal and Cyclofos PDCs have kcat and KM similar
to their corresponding maltosides and phosphocholine micelles. The concentration of free
micelle was kept low with a maximum micelle to protein ratio of 10:1, maintaining
activity in all detergents, including 7G (CMC = 70 mM) and FC16 (CMC = 0.013 mM).
The PDCs with 10:1 micelle to protein ratios (312, NM, and Cymal 5) had reasonable KM
and kcat values in relation to the other PDCs. High micelle concentrations can reduce
enzyme activity, as seen with 12-SB detergents; however, this was not a problem for
these assays.2
The most efficient PDC is DDM OMPLA, while the least efficient detergent is
FC16. DDM OMPLA has a low KM, enabling it to bind substrates, but the μM affinity
prevents an interaction that is too tight that it would hinder turnover. FC16 OMPLA has
less substrate affinity, resulting in less activity. The aggregation in FC16 OMPLA is
likely responsible for the decreased enzymatic efficiency.
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Figure 3.13. Surface representation of the OMPLA dimer and active site. The OMPLA
catalytic residues as well as the extracellular surface have positive (blue) and negative
(red) potentials that can interact with charged detergent head groups, impacting substrate
specificity.
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3.6. Future directions
To further explore and test the hypotheses on OMPLA activity, mixed micelles
can be utilized. Mixed micelles enable a measurement of OMPLA activity in micelles
with intermediate properties of both detergents. With mixed micelles, specific
contributions to protein activity can be elucidated, including distinguishing head group or
hydrophobic thickness effects on function. Mixing NM and DDM detergent will tune the
hydrophobic thickness of the micelles, and the protein’s activity as a function of
increased size will provide conclusions on how the core thickness modifies protein
activity. Similar studies can be pursued with head group thickness and surface charge.
SECMALS of OMPLA in mixed micelles can be conducted to not only confirm
that mixed micelles are being formed, but to also monitor trends with protein aggregation
in the larger micelles. 314/310 or FC16/FC12 PDCs can be used to identify the
dependence of OMPLA aggregation on micelle size. Also, SECMALS dimer fractions
without aggregation can be assayed to confirm the determined kcat and KM values.
All of these experiments with mixed micelles will help identify which physical
properties of detergent micelles impact OMPLA activity. In addition to exploring the
influence of detergents on OMPLA function, similar pursuits are currently being
conducted with other membrane proteins. Results from these multiple studies can be
compiled to give a complete picture on how well detergents mimic the bilayer.
3.6.1. PagP purification and activity in detergent micelles
The activity of the PhoPQ-activated gene protein (PagP) 8-stranded β-barrel
membrane enzyme is also being characterized in varying detergent micelles. PagP
expression, refolding, and purification procedures are similar to OMPLA protocols. PagP
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inclusion bodies were resuspended similarly to OMPLA, but rapid dilution and refolding
occurs in FC12 micelles instead of DM. Refolded PagP is added to a DEAE column for
detergent exchange. PagP has been successfully purified in 15 detergents (Figure 3.14).
PagP functions in the transfer of a palmitate group from a phospholipid to the
hydroxyl group of the N-linked R-3-hydroxymyristate chain on the proximal glucosamine
unit of lipid A (Ref. Chapter 1). The PagP activity assay is designed to mimic the first
step in PagP activity, the cleavage of the palmitate group from the phospholipid. Instead
of a phospholipid, the chromophore p-nitrophenyl phosphate (pNPP) is used as the
substrate (Figure 3.15). Addition of PagP to pNPP in buffer results in the hydrolysis of
the substrate, yielding yellow p-nitrophenol. The absorbance of p-nitrophenol at 405 nm
is measured over time to obtain initial rates of reaction. Preliminary PagP activity assays
indicate that PagP is active in Cyclofos7 PDCs (Figure 3.16). Cyclofos7 detergent was
initially used for PagP assays because the cyclic ring in the tail prevents the detergent
from fitting into and interacting with the PagP binding cavity like other detergents. 10
PagP function will continue to be assayed, identifying trends between PagP activity and
micelle properties.
3.6.2. OmpT purification and activity assay design
The β-barrel membrane enzyme OmpT will also be assayed in different detergent
micelles. Functional information on all three β-barrel enzymes will be used to correlate
physical properties of detergents with active membrane proteins. OmpT is expressed and
purified with similar methods as OMPLA and PagP. OmpT is refolded overnight in
FC12, and also applied to a DEAE column for detergent exchange. OmpT has been
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Figure 3.14. PagP purified in several detergents. SDS-PAGE was used to confirm the
successful purification of PagP in 15 detergents. Folded PagP runs at a molecular weight
of 19 kDa.

103

Figure 3.15. PagP activity assay. PagP function is assayed by measuring the change in
absorbance obtained upon cleaving the p-nitrophenyl phosphate substrate with PagP.
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Figure 3.16. Activity of Cyclofos7 PagP. Triplicate PagP assays were conducted in
Cyclofos7 detergent. The increase in color over time is indicative of PagP cleaving the
pNPP substrate. A negative control containing pNPP in detergent without enzyme was
subtracted from the data.
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successfully purified into 16 detergents, but purification optimization is ongoing (Figure
3.17).
The OmpT activity assay is designed to monitor the cleavage of a custom peptide
(Figure 3.18). OmpT cleaves antimicrobial peptides preferentially between two basic
residues. The substrate for OmpT cleavage contains the basic amino acid sequence
required for OmpT hydrolysis (Arg-Arg-Glu) along with an indole-3-acetic acid (IAA)
cap at the N-terminus and the chromophore p-nitroaniline (pNA) at the C-terminus. The
assay is coupled with a second enzyme, aminopeptidase M, an exopeptidase. Upon
cleavage of the custom peptide with OmpT, the free amine group is exposed and
subsequently cleaved by aminopeptidase M. This second hydrolysis releases the pNA
chromophore, yielding a yellow color change that is monitored spectrophotometrically.
3.7. Conclusions
The OMPLA functional studies in varying detergent micelles are a first step
toward elucidating the relationship between detergent characteristics and protein activity.
OMPLA remained active in all 19 detergent micelles, with modest trends in substrate
turnover rate and specificity. The enzyme is more active in detergents with larger,
nonionic head groups such as the glucosides, maltosides, and Cymal detergents. These
nonionic polar heads are less repulsive and form less perturbing interactions with the
charged extracellular surface of OMPLA. An increase in the carbon tail length of the
phosphocholine, maltoside, and glucoside PDCs attenuates substrate turnover, potentially
due to hydrophobic mismatch destabilizing the OMPLA catalytic residues near the
micelle head group – tail interface. Smaller micelles such as 7G, OG, and NG provide
active site accessibility and less electrostatic repulsions at the interface, resulting in PDCs
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Figure 3.17. OmpT purified in several detergents. SDS-PAGE was used to confirm the
successful purification of OmpT in 14 detergents. Folded OmpT runs at a molecular
weight of 25 kDa. Purification optimization is required to obtain clean, pure OmpT
PDCs.
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Figure 3.18. OmpT activity assay. The custom substrate for the OmpT assay will be
hydrolyzed by OmpT between the two basic arginine residues. Aminopeptidase M targets
the resulting free amine, cleaving the remaining arginine from the p-nitroaniline
chromophore. The released p-nitroaniline is the colored species that occurs as a result of
OmpT cleavage. Spectrophotometric measurements of the assay will yield OmpT
reaction rates.
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with almost identical kcat and KM. The OMPLA PDCs all bind HEPC at μM affinity, but
protein aggregation may attenuate substrate specificity for the enzyme, as seen with
FC14, FC16, and 314 KM values.
This systematic characterization of activity in respect to detergent micelle
properties is ongoing. PagP and OmpT function in bilayer mimics will be compiled with
OMPLA activity, forming a complete commentary on optimal β-barrel membrane
protein-detergent complexes.
3.7. Materials and Methods
3.7.1. Expression and purification of β-barrel enzymes
OMPLA, PagP, and OmpT genes in pET11a vectors were generously provided by
the Karen Fleming laboratory (Johns Hopkins University, Baltimore, MD). All three
proteins have similar expression and purification procedures. For expression, the
plasmids were transformed into a BL21(DE3) Escherichia coli strain. Cell cultures were
grown to an OD600 ~ 0.7 at 37°C in Luria-Bertani media supplemented with ampicillin
(100 μg/mL). Protein expression to inclusion bodies was induced for 4 hours at the same
temperature with 1 mM isopropyl-β-thio-D-galactoside (IPTG). Cells from 1-L culture
were harvested by centrifugation (6000g, 15 min, 10°C), resuspended with 30 mL lysis
buffer (50 mM tris, pH 8, 40 mM EDTA, 2.5 g lysozyme), and lysed using a
microfluidizer (Microfluidics model 110L, Newton, MA).
The insoluble fraction was pelleted (6000 rpm, 30 min, 4°C), washed with wash
buffer (10 mM tris, pH 8, 2 mM EDTA), and then pelleted again. The proteins were
solubilized from inclusion bodies in 5 mL resuspension buffer (10 mM borate, pH 10, 2
mM EDTA, 8 M urea, 2 mg/mL final protein concentration). 500 μL of the resuspended
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protein was rapidly diluted into 12.5 mL refolding buffer (10 mM borate, pH 10, 2 mM
EDTA, 1 M urea) with detergent (4.5 mM FC12 for OmpT and PagP, 5.4 mM DM for
OMPLA) and refolded overnight at 50°C with shaking.
The refolded protein was applied to a DEAE resin (Sigma, St. Louis, MO.)
equilibrated with Buffer A (20 mM tris, pH 8.3, 2 mM EDTA) for OMPLA and OmpT
purifications and Buffer B (10 mM Tris, pH 8) for PagP. Detergent exchange was
conducted by washing the column with 50 mL of Buffer A or B with the appropriate
detergent above CMC. The protein was eluted with 15 mL of elution buffer (Buffer A
with 1 M KCl or Buffer B with 1 M NaCl) in the new detergent above CMC. The eluate
was concentrated (MWCO = 10 kDa) to 2 mL volume. Concentration was determined by
measuring the absorbance at 280 nm. The predicted molar extinction coefficients for
OMPLA, PagP, and OmpT are 82280, 82390, and 78270 M-1cm-1, respectively. Proteins
were stored at room temperature. Detergent concentrations were measured by 1-D 1H
NMR spectroscopy by comparison of the integrated methyl peak with samples of known
detergent concentrations. To adjust the micelle concentration, the protein was dialyzed in
4 L equilibration buffer for an appropriate time to remove excess detergent.
3.7.2. SECMALS
A Waters 1525 binary pump HPLC and 2489 UV/visible detector was coupled to
a Wyatt technology miniDAWN TREOS light scattering detector and Optilab T-rEX
refractometer for SECMALS. Size exclusion chromatography was performed on a
Superdex 200 Increase 10/300 GL column (GE Healthcare, Uppsala, Sweden)
equilibrated with SECMALS buffer (20 mM tris, pH 8.3, 2 mM EDTA, 150 mM NaCl).
To normalize the Astra V SECMALS software, 1 mg BSA (Sigma, St. Louis, MO.) was
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separated with SECMALS. Following normalization, 12 to 73 mg OMPLA was separated
for 1 hour in SECMALS buffer (0.45 mL/min flow rate). The light scattering and
refractometer collected data over time to use for molecular weight determination.
3.7.3. OMPLA activity assay
The OMPLA activity assay mixture was a 100 μL volume of 50 mM tris, pH 8.3,
20 mM CaCl2, 0.8 mM DTNB, and 0.05 μM OMPLA. For Michaelis-Menten kinetics,
triplicate assays were conducted with 1, 0.5, 0.3, 0.1, 0.05, 0.03, 0.02, 0.01, 0.005, 0.003,
0.001, 0.0005, 0.0003 mM HEPC substrate concentrations. The absorbance at 412 nm
was measured for 2.5 minutes in 10 second intervals. A negative control containing the
reaction buffer components with the appropriate detergent sans OMPLA was subtracted
from each reaction. Absorbance vs. time was plotted for each assay. The slope of this
data over the first 1.5 minutes was translated into initial reaction rates (ν) using the
extinction coefficient of the TNB2- product, 13600 M-1cm-1. Initial reaction rate vs. [S]
were plotted to determine Michaelis-Menten kinetic parameters.
3.7.4. PagP activity assay
The PagP functional assay was conducted with 45 μM Cyclofos7 PagP in 100 μL
water. A final concentration of 225 μM pNPP substrate was added to the reaction, and the
absorbance over 2.5 minutes was measured spectrophotometrically at 405 nm. The
negative control containing the appropriate concentration of Cyclofos7 detergent in water
with substrate was subtracted from the triplicate PagP assays.
3.8. References
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Chapter 4: The Influence of Detergents on LspA function
Bilayer mimics have different effects on every membrane protein. Monitoring the
influence of detergent micelles on β-barrel membrane enzymes provides an opportunity
to find trends with physical detergent properties and β-barrel enzyme function. This
research targets not only β-barrel membrane enzymes, but aims to correlate function with
all types of proteins, including α-helical bundles. The stability and function of the αhelical membrane enzyme, lipoprotein signal peptidase A (LspA), in varying detergent
environments is the focus of this chapter.
While α-helical bundles have structural differences from β-barrels, they are
significantly less stable. Entire β-sheets of barrels are stabilized via an internalized
hydrogen bonding network among the backbone carbonyls and amides.1 These β-sheet
interactions are stronger than the local hydrogen bonds formed between individual
residues along the α-helix (Figure 4.1).1,2 The ΔGunf of β-barrels can be as high as 32
kcal/mol compared to ~4 kcal/mol for α-helical bundles.3,4 α-helical proteins differ in
structure, stability, and even native membrane. Therefore, investigations on the stability
and activity of LspA is another interesting strategy to explore protein-mimic complexes.
4.1. Protein-detergent complex formation with LspA
Recombinant LspA from Chlamydia trachomatis was expressed in E.coli cells.
Unlike with the three β-barrel enzymes, LspA did not express into inclusion body pellets.
To isolate the membrane-bound LspA protein, the E. coli cells were lysed with a high
pressure homogenizer and the cell debris was removed via centrifugation. The
supernatant containing the membrane-bound LspA was pelleted using high speed ultra-
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Figure 4.1. Hydrogen bonding and protein secondary structure.2 α-helix and β-sheet
structures both depend on upon hydrogen bonding for stabilization. β-sheets more stable
than α-helices.
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centrifugation (35,000g). To solubilize the protein from the membrane, the pellet was
resuspended in FC12 detergent for 3 hours.
To study LspA in varying detergents, the FC12 was exchanged for several
different detergents via immobilized metal ion affinity chromatography (IMAC).
Recombinant LspA was expressed with a polyhistidine tag for affinity chromatography
purposes. These 6 histidine residues on the N-terminus of the protein interacted with the
Co2+ applied to the IMAC column, immobilizing the protein on the resin. Once
immobilized on the column, the FC12 detergent was exchanged for other detergents,
similar to the OMPLA detergent exchange in Section 3.1 (Figure 4.2). Protein solubility
was monitored 3 days after detergent exchange via centrifugation of the purified protein.
The supernatant and pellet were separated with SDS-PAGE; LspA in the supernatant
indicated stable, solubilized protein, while protein in the pellet suggested that LspA was
unstable and precipitated.
4.1.1. Results: LspA PDC stability in detergent enzymes
LspA detergent

exchange was

conducted in 27 detergents including

phosphocholines, glucosides, maltosides, Cymals, bile salt derivatives, thiomaltosides, an
Anzergent, and dimethylglycine (Figure 4.3 and Table 4.1). A first difference from the βbarrel enzymes, LspA was not soluble and stable in many detergents. There were 3
outcomes from detergent exchange depending on the micelle: 1) purification of a stable
PDC, 2) purification of an instable PDC, and 3) protein precipitation during detergent
exchange.
LspA exchanged into the phosphocholine and Anzergent detergents produced
soluble, stable PDCs (Figure 4.4). The maltosides as well as Cymal 3, 4, and 5,
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Figure 4.2. LspA purification in FC12 detergent micelles. LspA purification and was
immobilized with IMAC for detergent exchange into FC12 micelles. Fractions from the
detergent exchange were analyzed with SDS-PAGE. The gel depicts the column
flowthrough (lane 1), wash 1 (2 & 3), wash 2 (4 & 5), elution (6 & 7), and resin (8 & 9).
The molecular weight of LspA is 21 kDa.
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Figure 4.3. Structures of dodecylthiomaltoside and dodecyldimethylglycine detergents.
Other detergent structures were depicted in Chapter 1.
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Table 4.1. LspA purification in varying detergents. Of the 25 detergents screened for
solubility, 5 detergents formed stable LspA PDCs.
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Figure 4.4. LspA PDC solubility in phosphocholine and maltoside detergents. LspA
PDCs (21 kDa) were centrifuged and supernatant (S) and pellet (P) were separated on a
protein gel three days after purification to analyze solubility and stability. FC10, FC12,
and FC14 LspA samples were in the supernatant, indicating stable, soluble proteins. NM
was less stable, and precipitated after a few days.
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solubilized an unstable PDC, as the protein precipitated from the micellar solution just
hours later (Figure 4.4). The protein immediately precipitated on the IMAC column when
exposed to the glucoside, thiomaltoside, bile salt, and dimethylglycine detergents.
This detergent screen suggests that independent of tail length, LspA is more stable
in detergents with the smaller, zwitterionic head groups. This trend can be due to several
reasons. First, the phosphocholine and Anzergent detergents share greater similarities
with the native lipids within the inner membrane (Figure 4.5).5 The phosphocholine and
Anzergent detergents may be close enough mimics to the bilayer to provide the protein
with enough stability and the electrostatic contacts necessary to fold and remain soluble
in these detergents. Second, Asp-14 within the conserved region A of LspA is essential
for protein folding and stability.6 This aspartate residue, potentially near the micelle head
group shell, may be impacted by a bulkier, nonionic head group, causing instability and
protein precipitation on the column or after purification.
Circular dichroism was completed on the successfully exchanged LspA PDCs to
further confirm the protein’s fold. Circular dichroism (CD) is a qualitative spectroscopic
technique that uses the differential absorbance of right and left circular polarized light
when applied to chiral molecules to analyze the secondary structure of proteins. 7
Although the change in absorbance is usually measured, CD measurements are often
reported in degrees of ellipticity, which are absorbances corrected for protein
concentration.7 With Beer’s law, the differences in absorbance (ΔA) is converted to Δε,
and the mean residue ellipticity [θ] is determined with the following equation:
[1]
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Figure 4.5. Structures of similar detergents and lipids. A few of the inner membrane
lipids, PG and PE, have similar head group size and charges as the phosphocholine and
Anzergent detergents.
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where [θ] are in units of degrees•cm2•dmol-1.7 CD spectra are depicted in molar ellipticity
vs. wavelength, and have characteristic trends depending on the protein’s secondary
structure (Figure 4.6).7,8 α-helical proteins have CD spectra with two minima, one at 208
nm and the other at 222 nm wavelength.9
CD was performed on the purified LspA, and the spectra have minima at 209 and
222 nm wavelengths, confirming that the protein is forming a α-helical protein fold
(Figure 4.7). LspA stability is not dependent on tail length (FC10 and FC16 produce
stable, folded PDCs); this exemplifies the flexibility within the detergent micelles, as the
carbon tails must shift to accommodate the protein.
4.2. LspA function in detergent micelles
4.2.1. Development of a custom signal peptide substrate for LspA cleavage
LspA activity assays involved monitoring the cleavage of a signal peptide with
two methods: HPLC and fluorescence.10 Designing an optimal custom signal peptide
substrate for LspA cleavage was vital in obtaining reliable, consistent activity results. To
engineer the substrate peptide, sequences for other signal peptide were used as a
template. The sequences included three signal peptides from Chlamydia trachomatis and
three from Bacillus subtilis (Table 4.2).11-13 Analysis of the signal peptides from other
bacteria highlighted several characteristics that the LspA peptide should contain: 1) a
lipobox cleavage sequence of L-X-X-C in the C-terminus, 2) 1 to 3 polar residues at the
N-terminus, and 3) 1 to 3 hydrophobic residues at the N-terminus. Common lipobox
sequences varied from LSSC, LAGC, LAAC, and IAAAC.11-13
With this information, three signal peptide substrates were designed containing
the following sequences: GSALSLSSCDNG (named UVAB2), YSGALAACGN
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Figure 4.6. Typical circular dichroism spectra.8 Far-UV CD spectra of α-helices, β-sheets,
and random coil structures have characteristic trends. Typical CD spectra for α-helices
contain two minima at 209 and 222 nm wavelength.
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Figure 4.7. CD spectra of LspA in varying detergents. LspA maintains α-helical fold in
zwitterionic detergents as indicated with the minima of the CD spectra at 209 and 222 nm
wavelength.
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Table 4.2. Signal peptides and the custom substrate sequences. The LspA substrate was
designed using known signal peptide sequences in Chlamydia trachomatis and Bacillus
subtilis. The custom substrate has similar H-region and lipobox sequences to signal
peptides from the literature.
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(UVAB3), and GSALSLSSCSRI (UVAB4). The C-terminal domains were derived from
signal peptides from CccA, MipL, and CRPL2, from C. tch and B. sub (Table 4.2). Each
peptide was tested to confirm cleavage via LspA with HPLC, and the best peptide was
tagged for fluorescence activity assays.
4.2.2. LspA HPLC assay optimization and results
Positive and negative controls for the HPLC and fluorescence activity assays were
required for accurate interpretation of purified LspA function. Cell extract from E. coli
cells transformed with and without lspA in the pET28 vector were used as controls.
pET28b + LspA cell extract was the positive control, and contained LspA in the bacterial
membrane. The negative control was pET28b – LspA, an empty pET28b vector
expressed in E. coli cells. The cell extracts are useful controls; however, the extracts
contain other cell contents and contaminants. Accurate LspA concentrations cannot be
determined with cell extract.
Prior to conducting the LspA activity assays, several controls were completed.
pET28b – LspA and pET28b + LspA cell extracts were monitored with HPLC. The two
chromatograms contained early eluting peaks with retention times between 2 and 4
minutes (Figure 4.8). HPLC runs with peptide only were also completed. The UVAB2, 3,
and 4 all eluted with a single peak at a later retention time (Figure 4.8). Knowing what
retention time to expect the peptide and the cell extract is important when interpreting the
LspA assay results.
The activity assay was designed as follows: prepare a reaction buffer containing
the positive or negative control cell extract, tris buffer at pH 8, EDTA, and DMF. The
substrate is added to the reaction buffer and the mixture is incubated for up to an hour at
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Figure 4.8. HPLC activity assay controls. The negative and positive controls were
analyzed with HPLC (A & B) along with substrate only samples (C – E). Early eluting
peaks are indicative of the cell extract, this is useful when comparing with other
chromatograms.
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37°C. This was completed with UVAB2, 3, and 4 to determine which substrates show the
potential to be a viable substrate for these assays. All three peptides showed signs of
cleavage in both the positive and negative controls (Figure 4.9), with smaller fractions
eluting between 3 and 5 minutes. Although these initial controls were inconclusive, the
peptides with more cleavage products, UVAB3 and UVAB4, were generated with
fluorescent tags for use in all of the following HPLC and fluorescent assays.
UVAB3 and UVAB4 signal peptide substrates were tagged with a fluorescent
donor/quencher pair. With the 3-nitrotyrosine donor and aminobenzamide on opposite
ends of the peptide, LspA activity can be quantitated (Figure 4.10). Upon addition of
LspA, the peptide will be cleaved, the donor/quencher pair will be separated, and the
fluorescence will increase. Initial reaction rates can be determined from the change in
fluorescence. The fluorescence and HPLC activity assays allow for a qualitative and
quantitative measurement of LspA function.
4.2.2.1. Results: LspA activity assayed with HPLC
As before, HPLC was completed on the fluorescently tagged UVAB3 and
UVAB4 peptide only samples (Figure 4.11). Upon addition of the positive and negative
controls, the results were significantly different. UVAB3 with pET28b – LspA did not
show any signs of peptide cleavage while UVAB3 with pET28b + LspA showed distinct
cleavage peaks at retention times between 4 and 5 minutes (Figure 4.12). These results
established a viable positive and negative control and substrate (UVAB3) for the purified
LspA samples. Because the UVAB4 substrate chromatograms did not depict any peptide
cleavage fragments in the positive control (Figure 4.12), the remaining LspA activity
assays focused on the cleavage of UVAB3.
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Figure 4.9. LspA activity with each substrate. Negative (pET28b – LspA) and positive
(pET28b + LspA) cell extracts were incubated with the 3 different signal peptide
substrates (UVAB2, 3, and 4) for 30 minutes prior to HPLC. Cleavage of the signal
peptides is observed for both positive and negative controls. Cleavage peaks are
designated with asterisks, the full substrate peak elutes at approximately 5 minutes, and
the cell extract elutes early, at approximately 2 minutes.
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Figure 4.10. UVAB3 engineered with the donor/quencher pair. A 3-nitrotyrosine donor
and aminobenzamide quencher was added to the opposite ends of the UVAB3 peptide.
Upon LspA cleavage, the donor and quencher are separated, resulting in an increase in
fluorescence.
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Figure 4.11. Fluorogenic signal peptide only chromatograms. UVAB3 and UVAB4 were
analyzed on HPLC as peptide only samples prior to conducting the positive and negative
controls. The peptides eluted as a single peak.
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Figure 4.12. Fluorogenic UVAB3 and UVAB4 positive and negative controls. The
positive and negative control cell extracts were incubated with UVAB3 (top) and
UVAB4 (bottom) for 60 mins. Peptide cleavage occurred for UVAB3 with the positive
control (asterisk).
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Purified LspA activity was monitored with HPLC in FC10, FC12, and FC14
PDCs. While HPLC chromatograms contained peaks for both peptide and LspA at ~ 2
and 5 minutes, respectively, there were no cleavage fragments detected, suggesting that
the detergent-solubilized LspA is inactive (Figure 4.13). For confirmation, these reaction
mixtures were incubated for up to 60 minutes prior to applying to the HPLC column.
These results indicate that even as stable PDCs, LspA solubilized in detergent is
inactive. The active site residues that are located within TMDs 3 and 4 are likely
significantly affected by the membrane mimic. With every purified LspA sample
inactive, it is more challenging to determine which specific detergents affect the LspA
functional fold and what key physical micelle properties are disrupting LspA activity.
Before concluding that LspA is inactive in all detergent mimics, fluorescent assays on the
UVAB3 with purified LspA was completed. The results of these assay show promising,
yet contradictory results.
4.2.3. LspA fluorescence assay optimization and results
The LspA fluorescence assay involved exciting the reaction mixture at 340 nm
and measuring the fluorescent emission at 411 nm every 5 minutes for 30 minutes. The
positive and negative cell extract controls were initially assayed with UVAB3. Upon
addition of UVAB3 to both positive and negative controls, there was an increase in
fluorescence. This is expected, as the cell extract contains not only the target protein, but
other proteins and debris that could cleave the signal peptide. With the change in
fluorescence calculated for enzyme specific activity, the pET28b + LspA positive control
has twice the activity of the negative control (Figure 4.14).
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Figure 4.13. Purified LspA HPLC activity chromatograms. FC10 and FC14 LspA PDCs
were incubated with UVAB3 signal peptide substrate for 60 min. No peptide cleavage
peaks were observed.
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Figure 4.14. LspA fluorescence assay results. LspA specific activity in counts per second
(CPS) per minute per mg is reported by measuring the change in fluorescence upon the
addition of enzyme. The positive control, pET28b + LspA, has almost twice the activity
of the negative control. The activity of the LspA PDCs is significantly greater than the
controls, with FC14 LspA having the highest specific activity.
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4.2.3.1. Results: Purified LspA function assayed with fluorescence
With established controls, fluorescent activity was assayed with the controls,
FC10, FC12, FC14, and Anzergent 314 LspA PDCs. All of the purified LspA PDCs were
active, with specific activities an order of magnitude higher than the positive control
(Figure 4.14 and Table 4.3). Fluorescence methods are 1000x more sensitive than UV
measurements. With increased sensitivity, the fluorescence assay was able to measure
signal peptide cleavage, unlike the HPLC assay. FC14 LspA has the highest activity
while Anzergent 314 has significantly lower activity than the other PDCs.
As with the LspA detergent exchange results, enzyme activity is independent of carbon
tail length. The FC14 and 314 detergents have the same nonpolar carbon tails yet differ
four-fold in specific activity. The phosphocholine and Anzergent head groups have
similar size and charge; however, the charge distribution across the head group shell is
opposite. The positive charge on FC detergents is on the outside of the shell while the
negative charged is closer to the micelle core; Anzergents have an opposite distribution.
The LspA catalytic aspartate residues are located at the micelle interface. There is a
possibility that these residues are interacting with the positive choline on the Anzergent
head group rather than the negative charged phosphate on the phosphocholine detergents.
The electrostatic interactions formed between the LspA catalytic aspartates and the
Anzergent head group could potentially attenuate protein function. Association between
protein and micelle head group not uncommon. NMR experiments suggests hydrogen
bond formation between FC head groups and the arginine side chains of FXYD2, a Na/KATPase as well as association between the protein hormone epidermal growth factor
(EGF) with SDS and FC12 micelles at the surface.14,15
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Table 4.3. LspA fluorescence assay results. Specific activity values for positive and
negative controls as well as purified LspA.
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To further explore LspA activity, globomycin, a known LspA inhibitor, was
added to the reaction mixture. The addition of globomycin to FC12 and FC14 LspA
significantly attenuated protein function (Figure 4.15). Globomycin reduced FC12 LspA
activity by approximately 50% and decreased FC14 LspA activity by 70%.
Preliminary LspA fluorescence activities demonstrate reliable negative and
positive controls, active LspA PDCs, and attenuated function with a known inhibitor.
This assay shows great potential for monitoring LspA in varying detergents and
identifying correlations between detergents and protein properties. Typically,
fluorescence sensitivity can be three times higher than that of a UV detector.16 It is
possible that the both HPLC and fluorescence activities were successful, but the
fragments were not resolved with UV.
4.3. Future directions and conclusions
With these promising results, efforts to monitor LspA activity in varying
detergent micelles are ongoing. The preliminary work on this α-helical protein optimized
LspA solubilization, purification, and activity assays. Initial data suggests that LspA is
not stable in all detergents, and its activity is significantly affected by the membrane
mimics. This work exemplifies the arduous trial-and-error detergent screening that is
required for studying a membrane protein and emphasizes the difference between
outwardly similar detergent micelles.
A major drawback to this research is obtaining a reliable signal peptide substrate.
Although the sequences remained as designed, signal peptides synthesized from the same
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Figure 4.15. LspA PDC activity in the presence of globomycin. Globomycin (GB)
attenuates the specific activity of LspA PDCs. The inhibition is more significant for
FC14-solubilized LspA.
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and different companies produced very different results in respect to both the HPLC and
fluorescence assay. With the replicability issues, this project will benefit greatly with inhouse peptide synthesis to ensure similar results with every experiment. Peptide synthesis
and substrate production will be a beneficial component added to this research.
In addition to obtaining a more replicable substrate peptide, LspA detergent
exchange and purification will continue; it is likely that there will be more success when
purifying in Anzergent 310, 312, and potentially Cyclofos micelles. Stable PDCs will be
confirmed with circular dichroism and assayed with fluorescence. There is potential for
HPLC to be used to qualitatively confirm LspA cleavage; however, other methods may
be more successful. With a combination of biophysical techniques, the activity of LspA
PDCs will be elucidated.
4.4. Methods
4.4.1. LspA expression and purification
The pET28b plasmids containing the lspA gene was transformed into BL21(DE3)
E. coli cells for protein expression. Cell cultures were grown to an OD600 ~ 0.8 at 37°C in
terrific broth media supplemented with kanamycin (50 μg/mL). Protein expression was
induced for 4 hours at the same temperature with 1 mM IPTG. Cells from 6-L culture
were harvested by centrifugation (6000g, 15 min, 10°C), resuspended with 300 mL lysis
buffer (50 mM tris, pH 8, 150 mM NaCl, 1 μL DNAse, ½ EDTA-free protease inhibitor
pellet (Roche)), and lysed using a microfluidizer (Microfluidics model 110L, Newton,
MA). The cell debris was pelleted with low speed centrifugation (10,000g, 30 min, 4°C)
and discarded. The supernatant containing the membrane bound fraction was pelleted
with high speed centrifugation (35,000g, 90 min, 4°C). The pellet was resuspended in 160
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mL extraction buffer (20 mM phosphate, pH 7.8, 150 mM NaCl, 4.5 mM FC12, 1
EDTA-free protease inhibitor pellet) for 3 hours at room temperature.
The resuspended protein was applied to cobalt chelating sepharose fast flow resin
(GE Healthcare, Uppsala, Sweden) for detergent exchange. The column was washed with
10 mL wash buffer 1 (20 mM phosphate, pH 7.8, 500 mM NaCl, and the appropriate
detergent), followed by 5 mL wash buffer 2 (20 mM phosphate, pH 7.8. 500 mM NaCl,
45 mM imidazole, and the appropriate detergent). LspA was eluted with 10 mL elution
buffer (20 mM phosphate, pH 7.8, 150 mM NaCl, 600 mM imidazole, and the
appropriate detergent). The eluate was concentrated (MWCO = 10 kDa) to 2 mL volume.
Concentration was determined by measuring the absorbance at 280 nm. The predicted
molar extinction coefficient for LspA is 29973 M-1cm-1. To remove imidazole, the protein
was dialyzed in 4 L equilibration buffer for 1 hour, 3 times. Detergent concentrations
were measured by 1-D 1H NMR spectroscopy by comparison of integrated methyl peak
with samples of known detergent concentrations. After a few days, protein solubility was
verified by centrifuging the protein (18,000g, 30 min, 10°C) and analyzing the pellet and
supernatant with SDS-PAGE. For CD, 1 mL of 0.05 mg of dialyzed LspA in varying
detergents was added to a quartz cuvette and the differential absorbance of the sample
was measured at 180 to 260 nm. The CD spectra were background subtracted with
measurements of buffer and detergent.
4.4.2. LspA activity assays
The pET28 – LspA and pET28b + LspA cell extract controls were produced by
transforming the plasmids into BL21(DE3) E. coli cells, expressing bacterial cells in
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terrific broth media supplemented with kanamycin (50 μg/mL) to an OD600 ~ 0.8, and
inducing the cultures with IPTG for 4 hours. The bacterial cells were harvested and
pelleted via centrifugation (6000g, 15 min, 4°C) and resuspended in 10 mL lysis buffer.
The cells were lysed with pulse sonication for 30 mins with 30 second pulses. After
sonication, the cell debris was pelleted with centrifugation (10,000g, 30 min, 4°C) and the
supernatant cell extract was used for the LspA activity assays.
The LspA signal peptide substrate (sequenced YSGALAACGN) was produced by
multiple companies (Anaspec, Fremont, CA and Genscript, Piscataway, NJ) with and
without the 3-nitrotyrosine/aminobenzamide donor/quencher pair. The signal peptide
without the donor and quencher was used for the HPLC assays and the tagged substrate
was used for the fluorescence experiments.
The hydrolysis of the peptide substrate was performed in assay buffer (50 mM
tris, pH 8, 1 mM EDTA, 1% DMF, and the appropriate detergent). Varying amounts (μL)
of cell extract were incubated at 37°C for up to an hour in assay buffer with 10 to 200 μM
substrate. After preincubation, the mixture was quenched with 0.2% TFA, centrifuged at
14,000 rpm for 5 min, and the supernatant was applied to a reversed-phase XBridge BEH
130 C18, 5μm, 4.6 x 100 mm HPLC column (Waters, Milford, MA). The mobile phase
separation procedure is a 1 mL/min linear gradient of 10 to 70% solvent B (0.1% TFA in
acetonitrile) in 8 min (solvent A is 0.1% TFA in water), followed by 95% solvent A for 7
min. The substrate and products were detected with the UV detector at 255 nm.
The fluorogenic LspA assay was completed using varying amounts of cell extract
for the controls and 1 μM LspA PDCs in assay buffer. Upon addition of 100 to 500 μM
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tagged substrate, the mixture was excited every 5 minutes at 340 nm and the fluorescent
emission at 411 nm was collected over 30 minutes with a Fluoromax-3 fluorometer
(Horiba, Kyoto, Japan). Reaction rates were reported in counts per second (CPS) per
minute. For the LspA PDC inhibition assays, a final concentration of 0.1 μM globomycin
was added to the reaction buffer with enzyme and substrate.
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Chapter 5: Small angle scattering of detergent-rich bicelles
Scattering techniques have been employed for the studies of biological systems
over the last thirty years with the introduction of many powerful X-ray and neutron
facilities around the world.1 Small angle scattering (SAS) can be used to study the
structure, kinetics, and interactions of macromolecules, nanocomposites, alloys, and
synthetic polymers in the 10 to 1000 Å range.2 Common biological structures studied
with these methods are complex macromolecular aggregates, protein assemblies, organic
polymers, and protein-surfactant complexes.
Small angle scattering was introduced in 1930s with the thesis work of Andre
Guinier on metallic alloys.3 Guinier’s early observations in 1938 on the Al-Cu alloy led
to the discovery that the scattering of X-rays at small angles can provide not only
information on the sizes and shapes of particles but also the internal structure of
disordered and partially ordered systems.4 The method gained popularity in the study of
biological systems in solution in the 1960s when low-resolution structural information,
shape, and internal composition of the system could be determined without
crystallography.2 Since the 1970s the construction of large scale facilities, such as high
flux reactors and spallation sources for neutrons and synchrotron radiation X-ray sources,
has been a major advancement for SAS.2
Although there was a decline of interest in SAS with progress in other structural
methods in the 1980s, the 1990s brought another breakthrough in the technique.2 SAS
data analysis methods were greatly improved, allowing ab initio shape and domain
structure determination and detailed modeling of macromolecular complexes.2 The
instrumentation also advanced, with sub-millisecond time resolution achieved on the
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third generation synchrotron radiation sources.2 Bertram Brockhouse and Clifford Schull
brought SAS to the forefront most recently with their work in the development of neutron
scattering techniques and neutron spectroscopy, winning a Nobel Prize in Physics in
1994.
In this chapter, these advanced SAS methods, specifically, small angle neutron
scattering (SANS), are being utilized for the structural characterization of detergent-rich
bicelles.
5.1. Small angle scattering principles and methodology
5.1.1. Small angle scattering theory
Scattering measurements can be done with X-rays or neutrons. Upon interaction
of the beam with the sample (called the incident) X-rays or neutrons scatter from the
sample. The scattering results from differences in the sample’s electron density in the
case of X-rays, and differences in nuclear density in respect to neutron scattering. While
the fundamental principles of small angle scattering remain the same, there are
differences, benefits, and disadvantages of small angle X-ray scattering (SAXS) vs.
SANS methods that will be discussed in the next section.
X-rays and neutrons have wavelike properties, including amplitude and phase. In
a typical SAS experiment, the X-rays or neutrons are directed toward a dilute,
homogeneous sample in physiological buffer. The sample is then exposed to the
collimated X-ray or neutron beam. Upon interaction, the X-rays or neutrons are scattered
from their original straight trajectory at a small angle, 2θ, of 0.1 to 10° (Figure 5.1) with a
scattering vector of Q (The scattering vector Q is typically lowercased; however, to
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prevent confusion with the bicelle lipid-to-detergent ratio, q, uppercase Q for the
scattering vector is used in this thesis).2 The light can scatter elastically or inelastically. In
elastic scattering, the kinetic energy of the incoming X-ray or neutron does not change
after being scattered from the sample, resulting in no loss in the magnitude of the wave
vector. With inelastic scattering the kinetic energy of the scattered X-rays or neutrons is
altered from those coming from the beam source. Inelastic scattering changes both the
direction and magnitude of the wave vector. The scattering can also be described with
respect to coherence. Coherent scattering is dependent on the scattering vector, Q, and
can provide structural, spatial correlation, and collective motion information. Incoherent
scattering is Q-independent and contributes to the background scattering noise. It is the
elastic, coherent scattering that provides the useful structural information from small
angle scattering.
The scattering vector, Q, specifically refers to the difference between the incident
wave vector ki and the final wave vector, kf, after sample interaction. Q typically has
units in reciprocal space, nm-1 or Å-1, and is defined as:

[1]
This equation can be substituted into Bragg’s Law of Diffraction

[2]
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Figure 5.1. SAS experiment design. Collimated X-rays and neutrons contact the sample
via an incident wave vector, ki. The light scatters at a small angle, 2θ, along a final wave
vector, kf. The scattering vector, Q, is the difference between the incident and final wave
vectors, and also relates to the wavelength of the light source, λ.
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to yield a useful expression that relates Q with d, distance.

[3]
Low-Q (0.01 Å-1) scattering data is indicative of larger interactions (500 Å) and high-Q
(0.3 Å-1) scattering gives more information about smaller distances (10 Å).1
The most fundamental difference between X-ray and neutron scattering is the
mechanism by which the incident radiation interacts with matter. This interaction can be
described in terms of the scattering length, b, and scattering cross-section, σ. X-rays are
scattered by the electrons surrounding atomic nuclei, and its scattering length is defined
as
[4]
where Z is the number of electrons and r0 = 2.82 x 10-13 cm is the Thomson electron
radius. Scattering length is typically in units of cm. The X-ray scattering cross-section is
[5]
where the units for σ is cm2. The scattering length and cross-section for SAXS vary in
direct proportion to the number of electrons present, increasing with atomic number.
Contrary to X-ray scattering, the scattering length and cross-section of neutrons
depends on the interaction between the neutron and a given nucleus and varies irregularly
with each element; even isotopes of the same element have different b and σ (Table 5.1).
Herein lies an advantage of SANS over SAXS: hydrogen and deuterium have different b
and σ, and unlike X-rays, neutrons can “see” deuterium and differentiate it from
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Table 5.1. Neutron scattering lengths and cross-sections. The neutron scattering lengths
(bN) and scattering cross-sections (σ) of different elements, including the isotope
deuterium, is tabled. An advantage of SANS is the differences between the scattering of
hydrogen and deuterium, which can be exploited with contrast variation experiments.
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hydrogen. This is essential to the benefits of SANS experiments, and will be described in
further detail in the Section 5.1.3.
Regardless of the differences in scattering lengths and cross-sections, both SAXS
and SANS scattering are dependent on the scattering length density (SLD), ρ. SLD is
defined as the scattering length of N atoms divided by the volume of the atoms:

[6]
ΣN is the sum of the scattering length contributions from N atoms and Vm is the molecular
volume. The molecular volume can be computed using the bulk density of the material
(ρm), molecular weight (M), and Avogadro’s constant (NA)
[7]
to yield this solvable equation for SLD with units of Å-1.

[8]

The SLD difference between the particle and solvent, also known as the net particle
scattering or contrast (Δρ), is essential to SAS experiments. Without this contrast, there is
no scattering.
The basic Rayleigh-Gans-Debye scattering equation defining the scattering
intensity, I(Q), for an ensemble of a randomly oriented macromolecule is:
[9]
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This equation takes into account the SLD difference in scattering, or contrast (Δρ), the
volume fraction of particles (φP), volume of each particle (VP), form factor (P(Q)), and
structure factor (S(Q)). The form factor accounts for the particle size and shape, while the
structure factor represents particle interactions, interference, or matrix effects. Most
scattering data is plotted in terms of I (Q) vs. Q, or is Fourier transformed into a P(r)
distance distribution function, and these scattering profiles provide structural information
about the sample.
5.1.2. SAXS vs. SANS
SAXS and SANS are advantageous for several reasons. These techniques can
probe structures of 1 nm to 1 μm lengths, providing information on the overall size,
shape, and spatial relationship of the sample. This information can be learned in real
time, allowing for the analysis of the system under a variety of environmental conditions.
As mentioned earlier, SAXS and SANS experiments are distinguished by their
beam source and the process in which the incident radiation interacts with the sample. Xrays interact with electrons surrounding the atomic nuclei, while neutrons interact with
the nuclei, resulting in more uniform scattering lengths and cross-sections for X-ray
scattering that increases with atomic number in comparison to the random values for
neutron scattering. This irregular scattering pattern for SANS experiments has three
advantages: 1) Identifying light atoms, such as hydrogen, in the presence of heavier ones,
is easier 2) neighboring elements in the periodic table have significantly different
scattering and can be identified, and 3) isotopes of the same element can be
distinguished.2 This difference in hydrogen vs. deuterium scattering is a major advantage

153

for SANS methods. SANS contrast variation experiments use this advantage to
distinguish different components of a sample, i.e. a hydrogenated micelle vs. deuterated
protein. Contrast variation experiments can be completed only with SANS, and will be
described in depth in Section 5.1.3.
Due to its relatively weak interaction with the nucleus, the neutron is a highly
penetrating probe. Therefore, SANS experiments can characterize the interior of a
sample, rather than only the surface layer probed by SAXS. The neutron is also
nondestructive, unlike X-rays, and is suitable for high temperatures. Neutron experiments
are completed over a few hours, while SAXS measurements can be completed in
minutes. SAXS has the superior time resolution as well, with millisecond time-resolved
structural and conformational analysis compared to the second time regime of SANS
experiments.
The major disadvantage of SAXS and SANS is that both methods provide only
low resolution structural information (> 10 Å).1 This low resolution regime gives an idea
of aggregation, conformation, stoichiometry, and particle size and shape. Also, there are
no small laboratory sources available to conduct SANS, and less than 50 SANS
instruments exist worldwide. While SAXS instruments are more common, the higher
resolution data can only be obtained at the few facilities with a high flux synchrotron.
5.1.3. SANS contrast variation and multi-component systems
As stated previously, small angle scattering can only occur when there is contrast,
Δρ, between the scattering length densities of the particle and the solvent. Hydrogen and
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deuterium have significantly different scattering lengths in SANS; similarly, the SLDs of
H2O and D2O vary considerably (Table 5.2). Contrast variation, or contrast matching,
experiments can be completed that exploit this contrast requirement, using the differences
in hydrogen and deuterium scattering to identify structural features of a system.
Biological SAS methods are typically completed by obtaining the scattering of the
overall system, which is usually a sample (e.g. a protein in a bicelle) in water. These
experiments would not be able to distinguish between the two components, and the
scattering profile would be representative of the entire system. Contrast variation is
completed by deuterating one component of the system (i.e. a perdeuterated protein) and
leaving the other component (i.e. a bicelle) fully hydrogenated (Figure 5.2).
This example of the perdeuterated protein in a hydrogenated bicelle can be used to
describe a typical contrast variation experiment. SANS of the protein-bicelle complex in
water will result in a loss of contrast between the H2O and the hydrogenated bicelle, and
all scattering of this system will only result from the deuterated protein. Inversely, the
scattering of the perdeuterated protein in the bicelle in D2O solvent will only represent
the hydrogenated bicelle. With these contrast variation experiments, each component of
the system can be distinguished depending on the D2O concentration in the solvent. In
addition to the scattering of each system, experiments can be completed to determine the
overall percentage of D2O in the solvent required to eliminate the scattering for the entire
system. This percentage of D2O is called the contrast match point, or CMP.
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Table

5.2. Scattering length densities (SLD) of water with increasing D2O

concentrations. Water has a different SLD (ρ) than D2O, which is utilized for SANS
contrast variation experiments.
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Figure 5.2. Example of SANS contrast variation. The perdeuterated protein (purple)
embedded in the fully hydrated bicelle (green) can be dialyzed into buffers with varying
D2O concentrations. When exposed to 0% D2O solvent, contrast is lost between the
hydrated bicelle and the solvent, and resulting scattering is only from the protein. By
dialyzing the complex in 100% D2O buffer, contrast between the protein and solvent is
abolished, and scattering is representative of only the bicelle. There is a CMP between 0
and 100% D2O that matches out the entire complex, and there is no scattering.
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Typical contrast variation experiments are completed on the same partially
deuterated system at multiple concentrations of D2O in the buffer, called contrast points.
This enables the researcher to obtain systematic snapshot views of the complex. The
scattering observed from this system at each contrast point is described as:
[10]
where I11(q) and I22(q) describe the basic scattering functions originating from each
component, and I12(q) represents the cross-term scattering.
Contrast variation experiments described in this thesis were completed with d54DMPC lipids that contained deuterated alkyl tails and hydrogenated phosphocholine head
groups, and fully hydrogenated DHPC detergent. These bicelles represent a three
component system containing: 1) the identical d54-DMPC and DHPC hydrogenated
phosphocholine head groups, 2) the deuterated d54-DMPC carbon tails, and 3) the
hydrogenated DHPC alkyl tails (Figure 5.3).
5.2. Previous work and project motivation
The ideal bicelle is often discussed by researchers as the hybrid between detergent
micelles and liposomes, consisting of distinctly separated lipid bilayer and detergent rim
domains. This notion of complete separation between the bicelle components is often
debated, and yields interesting questions about bicelle formation and composition.
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Figure 5.3. d54-DMPC/DHPC bicelle SANS contrast variation experimental design. The
three component bicelle composed of deuterated DMPC lipid tails and fully hydrated
DHPC tails surrounded by a hydrated phosphocholine head group shell. Contrast
variation highlights the differences between the ideal bicelle and a “mixed micelle”
bicelle. In 0% D2O solvent, scattering is observed for the lipid core and depicts an
ellipsoidal shape. In 100% D2O, scattering is seen for the hydrated head groups and rim,
forming a shell-like structure. Between 40 and 65% D2O, depending on q-ratio, the CMP
is reached, abolishing scattering from the entire system. With more hydration within the
bicelle core, the CMP for “mixed micelle” bicelles will be slightly lower than the CMP
for ideal bicelles.

159

While biophysical investigations of lipid-rich bicelles confirm ideal bicelle-like
structures, it is less likely that detergent-rich bicelles follow the same trend.5 Detergents
have the propensity to form micelles in aqueous environments; therefore, detergent-rich
bicelles are likely to have some degree of mixing between its amphiphile components,
forming mixed micelles instead of ideal bicelles. To test the validity of the ideal model,
the size and shape of detergent-rich bicelles are being investigated.
SAS techniques are useful tools to probe bicelle structure. Initial bicelle SAXS
experiments by Ryan Oliver were conducted with DMPC and DHPC mixtures of lipid-todetergent ratios (q-ratios) from 0.1 to 1.0 in 0.1 increments. These low q-ratios
represented the detergent-rich bicelle regime. Several total amphiphile concentrations,
CL, were studied, including 1.5 and 6% (w/v) at 6, 25, and 40°C. A major observation of
the SAXS data was that an increase in lipid concentration results in the aggregate
transitioning from smaller structures to a larger system. As q was increased from 0.1 to
0.5, each SAXS profile was different, indicating that the DMPC and DHPC are well
mixed and form a different structure with each systematic addition of the lipid component
(Figure 5.4). Scattering profiles from q = 0.5 to 1.0 depict only minor differences,
indicating that the overall size and shape formed by the aggregates are similar.
Radii of gyration (Rg) were measured with Guinier analysis of the data, and L,
the dominant head group to head group distance, was determined by using the position of
the second maximum (L = 2π/Qmax) (Table 5.3). L is measured from the center of one
head group to the center of the opposing head group on the opposite side of the bicelle.
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Figure 5.4. Experimental SAXS profiles of DMPC/DHPC bicelles. (A) SAXS data
collected for bicelles at incremental q-ratios (0.1 to 1.0) at CL = 6% (w/v) and 25°C.
Dominant head group to head group distance, L, is determined from the position of the
2nd maximum, Qmax. The Qmax of q = 1.0 bicelles is designated with a dotted line. (B)
Dominant head group to head group distances (L) measured in respect to q-ratio. SAXS
profiles reflect a linear transition from q = 0.1 to 0.5, followed by a plateau from 0.5 to
1.0.
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Table 5.3. Measured radii of gyration and dominant head group to head group distances
of DMPC/DHPC bicelles. SAXS profiles of DMPC/DHPC bicelles at C L = 6% at 25°C
were analyzed with a Gunier fit to determine Rg. Dominant head group to head group
distance, L, is determined from the position of the 2nd maximum.
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Therefore, using carbon bond lengths and the phosphocholine head group size, the
expected L for a pure DMPC bilayer is approximately 44.4 Å and 24.2 Å for a pure
DHPC micelle. The L for the q = 0.1 bicelles is 26.2 Å, and increases until q = 0.5, where
the average L remains approximately 41.8 Å. These values indicate that detergent-rich
bicelles (q = 0.1) form DHPC-like micelles and transition to a DMPC bilayer
morphology with increased lipid concentration. The Rg of the data provided by Guinier
analysis corresponds well to the trends in L. These promising initial results led to the
interest in gaining more structural information about these detergent-rich bicelles.
To capture this transition from micelle-sized aggregates to bicelle-like structures,
SANS was utilized to probe more dimensions of the lipid-detergent mixtures. SANS
contrast variation experiments were completed with q = 0.3 and 0.7 d54-DMPC/DHPC
bicelles at CL = 1.5 and 6% (w/v) and T = 25 and 40°C in solvents with varying D2O
concentrations (Figure 5.5). q = 0.3 and 0.7 were chosen to analyze with SANS because
these structures represent both the mixed micelle and bicelle regimes. Contrast match
points were determined using the x-intercept of a 2nd order polynomial fit to I(0)/c vs.
fraction of D2O in the solvent. The match point for q = 0.3, CL = 6% bicelles was 34.1%
D2O, slightly less than the 43.6% CMP for q = 0.7 bicelles. Because the deuterated lipid
tails are matched with higher D2O concentration in the solvent, this increase in CMP with
higher Q values was expected. These CMP values did not differ substantially with the CL
= 1.5% bicelles.
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Figure 5.5. SANS contrast variation series of DMPC/DHPC bicelles. Scattering was
collected at CL = 6% (w/v) and 1.5% (not pictured) and 25°C of a) q = 0.7 and b) q = 0.3
bicelles. D2O concentration in solvent is designated by color.
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Although preliminary analysis of the scattering data resulted in determining the
Rg, L, and CMP of these low-Q bicelles, the head group shell thickness, overall length,
and radius can be determined by fitting the SANS data with a core-shell bicelle model.
The dimensions obtained from properly fitting the SANS data can confirm a change in
aggregate size with q-ratio and monitor the transition from micelle to bicelle, challenging
the ideal bicelle model for detergent-rich bicelles.
5.3. Structure and composition of d54-DMPC/DHPC bicelles
5.3.1. Core-shell bicelle model
SANS data is analyzed using multiple software packages. SASView facilitates the
fitting of the data to shape-dependent, shape-independent, and custom models. Choosing
the correct model is essential to obtaining accurate dimensions of the bicelles. Because
the d54-DMPC/DHPC aggregates consist of a hydrocarbon core surrounded by an outer
shell of phosphocholine head groups, the model used for the analysis is the core-shell
bicelle model (Figure 5.6). Core-shell models allow for variations in the SLDs for the
shell vs. core. The core-shell bicelle model is a derivative of the cylinder and core-shell
cylinder models. The cylinder model represents a circular cylinder, while the core-shell
cylinder model is almost identical but accounts for an outer shell layer. The difference
between the core-shell cylinder and core-shell bicelle model is that the bicelle shell
parameters are separated into a face-shell and rim-shell, and these values can be varied
for different shell thicknesses and SLDs around the aggregate.
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Figure 5.6. Core-shell models for SANS fitting. The core-shell bicelle model used to fit
the SANS contrast variation data is derived from the cylinder and core-shell cylinder
models. The addition of the different face and rim shell thicknesses and SLDs distinguish
the core-shell bicelle fit from the other models.
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The cylinder model provides the form factor for a monodisperse circular cylinder
and is normalized by the particle volume. As mentioned above, the form factor represents
the particle size and shape, and for the cylinder model is calculated as:4

[11]

where

[12]

and
[13]
Vcyl is the volume of the cylinder. α is defined as the angle between the cylinder axis and
the scattering vector, Q. The function f(Q) averages the form factor over all possible
orientations of the cylinder with respect to Q. L is the length of the cylinder and r is the
radius. j1 is a first order Bessel function representing cylindrical symmetry and
coordinates. The returned value is in units of cm-1 on an absolute scale.
The core-shell cylinder form factor is derived from the cylinder model but
includes the contrast between the core and shell and the shell and solvent such that:6

[14]
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where t is the shell thickness, r is the radius of the core, the outer radius of the shell is
given by r + t, and the total length is given by L + 2t. Vshell is the volume of the outer
shell (i.e. the total volume, including the shell):
[15]
The core-shell bicelle model is a more general case of this core-shell cylinder model form
factor, enabling differences in the face and rim shells.
The core-shell bicelle model allows for the tuning and determination of several
parameters including scale (unit-less), background (cm-1), radius, length, rim thickness,
and face thickness in Angstroms. SLDs (in units of Å-2) of the core, rim, face, and solvent
can be altered as well to get a fit to the scattering data (Table 5.4).
5.3.2. Determination of scattering length densities for core-shell bicelle fits
The experimental SANS data for the 0.3 and 0.7 bicelles were fit using the coreshell bicelle model described above. Although there are 10 parameters that can be
adjusted to obtain the best fit, there are several parameters such as the scattering length
densities (SLDs) that are held constant based on several assumptions placed on the
system. By keeping the SLDs constant, the fitting process is more systematic and allows
for trends in bicelle size and shape to be identified.
SANS contrast variation experiments were utilized by measuring the contrast of
bicelles in solvents with different concentrations of D2O. The solvent SLD was set at
different values depending on this D2O percentage in solution. As demonstrated with
Equation 8, each solution has a different SLD depending on the scattering length of the
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Table 5.4. SASView core-shell bicelle parameters. The several parameters for fitting the
bicelles are tabled. The SLD values of the core, face, rim, and solvent can be assigned to
the core-shell bicelle fit as well as the face and rim thickness, radius, and length.
Background and scale are useful when overlaying the fit with the experimental data.
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molecule and the molecular volume. Therefore, H2O has a smaller SLD (-5.61 x 10-7 Å-2)
than D2O (6.33 x 10-6 Å-2). Table 5.2 is a table representing all of the SLD values given
to the different experimental solvents.
The face and rim SLDs of the d54-DMPC/DHPC bicelles were determined by
assuming a uniform phosphocholine head group shell around the entire bicelle. To
determine the SLD of the face and rim shells with Eqn. 8, the chemical composition of
the head group (C8H14NOP) was used to estimate the sum of the scattering lengths. The
density of the phosphocholine head group was determined at 1.69 g/cm3 by estimating the
molecular weight and head group volume; this density was used to determine the
molecular volume. The SLD of the phosphocholine head group was estimated with these
values at 2.21 x 10-6 Å-2. Preliminary fits of the scattering data constrained the face SLD
and rim SLD to ± 1.0 x 10-6 Å-2 to get an initial size and shape of the bicelles. As the fits
were refined, this wide range of SLDs was narrowed significantly.
The core SLD was determined using the d54-DMPC and DHPC tail SLDs. Both
tail SLDs were estimated similarly to the SLD of the phosphocholine head groups, using
the molecular volume and the chemical composition. The SLD of d54-DMPC tails is 6.91
x 10-6 Å-2 and the SLD of the DHPC tails is -4.65 x 10-7 Å-2. Because of the unknown
degree of mixing between the d54-DMPC and DHPC molecules, preliminary bicelle fits
were completed allowing this wide range of core SLD values. As the fits improved, the
core SLDs of the bicelles were refined.
5.3.3. Systematic generation of bicelle fits
5.3.3.1. Preliminary q = 0.3 bicelle fits
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Preliminary q = 0.3 bicelle fits contained the fit parameters outlined in Table 5.5.
The initial fits allowed for a wide range of core SLDs, compensating for possible mixing
between the deuterated and hydrated tails. The fits also had a wide range of face and rim
SLDs (2.21 ± 1 x 10-6 Å-2) and bicelle size dimensions. The face and rim thickness was
allowed to vary between 5 and 10 Å, the length from 40 to 100 Å, and the radius ranged
from 20 to 35 Å. These preliminary fits were generated for two purposes: 1) gain
familiarity with the software, and 2) to get an idea of the size and shape of the bicelle
without over-constraining the fits.
With widely ranged parameters, trends were identified with initial q = 0.3 bicelle
fits in 0, 20, 60, 80, and 100% D2O solvent (Figure 5.7 and Table 5.6). The fits suggested
a face and rim thickness of 6.5 to 8 Å, a radius between 20 and 30 Å, and a length that
varied from 30 to 60 Å. These values were reasonable, given the dimensions of a
phosphocholine head group size and the lengths of the DMPC tails; however, the wide
values for the core SLD required more constraining to confirm the fit and size
dimensions.
Scattering experiments explore systems in reciprocal space, and the scattering
vector, Q, can act as an inverse yard stick. Thus, low-Q scattering data relates to large
structures and aggregates while high-Q data represents shorter distances. To monitor this
inverse relationship, plots of the face/rim thickness vs. radius, face/rim vs. length, and
radius vs. length were generated using the preliminary q = 0.3 bicelle fits (Figure 5.8). As
expected, alterations in larger bicelle dimensions, such as length and radius, resulted in
vast changes in the low-Q domain of the fits. Differences in the radius also affected the
fits in the mid-Q range, specifically the slope in that region. Changes in the shorter
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Table 5.5. Four generations of core-shell bicelle fit constrained parameters. Initial bicelle
fits were generated with q = 0.3 bicelles and wide ranges for the SLDs and size
dimensions. As the fits improved, narrowed restraints were placed on the bicelle
parameters to obtain uniform SLDs and constrained dimensions to compare with other qratios.
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Figure 5.7. First generation q = 0.3 bicelle fits. The q = 0.3 contrast series was measured
at CL = 1.5% in 0, 20, 40, 60, 80, and 100% D2O at 25°C. The 40% D2O scattering profile
was near the CMP, resulting in little contrast and scattering, and omitted for fitting. Fit
shown in red. The bicelles in solvent with D2O concentrations before CMP had less
intensity, and flatter scattering profiles. For a better view of the fits, these profiles were
zoomed in.
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Table 5.6. First generation q = 0.3 bicelle fits. The q = 0.3 bicelles in varying D2O
concentrations were analyzed with the core-shell bicelle fit (Figure 5.8). Because of the
wide range of SLDs allowed for the SLD core, the SLDcore differs greatly between the q
= 0.3 samples. The 1st generation fits identified starting values for the face and rim
thickness, radius, and length.
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Figure 5.8. Preliminary bicelle fits plotted in respect to radius vs. length. Bicelle
scattering data was collected with q = 0.3 bicelles in 100% D2O at CL = 1.5% (w/v) at 25°
C. With the face and rim thickness at 7.5 Å, the radius and length were varied to monitor
how each parameter contributes to the fit to the data. Face and rim thickness contribute to
changes in the high-Q, while radius and length differences greatly impact the mid to lowQ range. The best fit to the data is boxed.
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distances of the face and rim did not have a significant effect on the fits generated as
expected, only producing minor high-Q alterations. Understanding how each dimension
contributes to the bicelle model fits is important when refining and constraining this data.
5.3.3.2. Second and third generation fits of q = 0.3 bicelles
Because the preliminary fit bicelle parameters contained wide ranges and allowed
for a wealth of bicelle sizes, further constraints were put on the parameters to enable a
more accurate depiction of the d54-DMPC/DHPC bicelles (Table 5.5). These constraints
were modified a total of 4 times before achieving reliable fits. Therefore, there are 4
generations of bicelle fits that can be followed to understand the methodological process
in SANS data fitting. The final parameter values are shown in Table 5.5 in comparison
with the initial constraints.
The second and third fit generations resulted in a narrowing of the face and rim
SLDs from the original 2.21 ± 1 x 10-6 Å-2 to 2.5 and 2.1 ± 0.3 x 10-6 Å-2, respectively.
The core SLD kept its wide range, representing the unknown amount of mixing between
the fully hydrogenated detergents and fully deuterated lipid tails. The face and rim
thickness range was widened from 7.5 ± 2.5 Å to 5.5 ± 4.5 Å, to accommodate a thinner
head group shell indicated by the experimental data fits. The radius values were lowered
and the range extended; preliminary fits restricted the radius to 27.5 ± 7.5 Å and 3rd
generation fits allowed radii to extend to 20 ± 15 Å. Bicelle length range also widened
significantly, extending from 70 ± 30 Å to 55 ± 45 Å. Changes in the bicelle parameters
represent the exploration of a possibly smaller structure than what was originally
observed with preliminary fits.
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5.3.3.3. Final generation bicelle fits
To significantly narrow the range used for the core SLD, the value was calculated
using the mole fraction of the deuterated and hydrated tail SLDs with the following
formula:
SLDχ = (χ(SLDdeut.tails)) + ((1-χ)(SLDhyd.tails))
The core SLDs of the q = 0.3 bicelles was calculated at 1.75 x 10-6 Å-2 and the q = 0.7
bicelles were estimated similarly, equaling 4.74 x 10-6 Å-2. These values were set as
invariable parameters (Table 5.5).
The face and rim SLDs were set to an unchanging 2.1 x 10-6 Å-2. This value was
correlates with the expected SLD of a phosphocholine head group. The face and rim
thickness was ultimately restrained to 4.80 ± 0.75 Å, almost the size of a phosphocholine
head group shell thickness (~ 3 Å). The radius was restricted to 20 ± 5 Å, and the length
increased with q-ratio from 24 to 70 ± 4 Å for q = 0.3 and 0.7, respectively. This trend in
increased bicelle length with q-ratio will be further explored in Section 5.2.4. All of these
values were converged upon during previous fits and emphasizes the importance of
conducting systematic SAS data fitting for accurate size and shape values.
5.3.4. Results: SANS-determined bicelle dimensions
SANS scattering profiles for the CL = 1.5%, q = 0.3 and q = 0.7 bicelles fit
relatively well using the core-shell bicelle fit (Figure 5.9 and 10). Bicelle samples in
solvents with 40 to 70% D2O were omitted for a few bicelles systems. Depending on qratio, these D2O concentrations in solvent are near the entire bicelle CMP, and there is
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Figure 5.9. Small angle neutron scattering profiles of q = 0.3 DMPC/DHPC bicelles.
Contrast variation experiments were conducted on d54-DMPC/DHPC bicelles at q = 0.3,
CL = 1.5% (w/v), 25°C at varying solvent D2O percentages. 40% and 60% D2O scattering
profiles were omitted due to lack of scattering near the contrast match point (40.4%
D2O). (A) SANS contrast variation of d54-DMPC/DHPC bicelles in solvents with 0%,
20%, 80%, and 100% D2O. (B-E) Experimental profiles at varying solvent D2O
concentrations (black) were analyzed with the core-shell bicelle fit (red) at 0.021 < Q <
0.21 for determination of the sizes and dimensions of the detergent-rich complexes.
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Figure 5.10. Small angle neutron scattering profiles of q = 0.7 DMPC/DHPC bicelles.
Contrast variation experiments were conducted on d54-DMPC/DHPC bicelles at q = 0.7,
CL = 1.5% (w/v), 25°C at varying solvent D2O percentages. 50% and 70% D2O scattering
profiles were omitted due to lack of scattering near the contrast match point (56.0%
D2O). (A) SANS contrast variation of d54-DMPC/DHPC bicelles in solvents with 0%,
10%, 30%, 90%, and 100% D2O. (B-F) Experimental profiles at varying solvent D2O
concentrations (black) were analyzed with the core-shell bicelle fit (red) at 0.021 < Q <
0.21 for determination of the sizes and dimensions of the lipid-rich complexes.

179

minimal scattering to fit. All of the bicelles were analyzed at a low-Q of 0.021 Å-1 to a
high-Q of 0.21 Å-1.
Bicelle data before the CMP (40.4% and 56.0% D2O for q = 0.3 and 0.7) are
characterized by a smooth curve with a negative slope that flattens out at high Q. This
curve is indicative of a spherical or elliptical globular structure. Data after the CMP is
characterized by a sharp negative slope at low to mid-Q and second maxima in the highQ. This difference in lineshape is indicative of a shell structure. The changes in scattering
profiles with D2O concentration are expected. With low D2O concentration in the solvent,
the DHPC tails and all of the PC head groups are matched out, and the only contrast
observed derives from the deuterated lipid core. This core would adopt a more spherical
or ellipsoidal geometry. At higher solvent D2O concentrations, the deuterated lipid core
would be matched out; scattering would only represent the PC head group shell and the
DHPC detergent rim, and this will result in a shell-like pattern in the scattering profile
(Figure 5.4).
The core-shell bicelle model fits the experimental data relatively well. The model
fits the low-Q data better than the high-Q data. The high-Q region depicts more features
indicative of the curvature and shell structure and shorter distances. The core-shell bicelle
model is a derivative of the cylinder model while the complex studied likely has more
curvature. Therefore, these differences in high-Q fit between the data and model are
reasonable.
Error for these fits are determined by identifying the best fit to the scattering
profiles, followed by changing the parameters slightly to identify how far the fit can be
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varied before significantly impacting the data (Table 5.7). There are less variations
allowed for face thickness, rim thickness, and radius before modifying the fit while
length can be varied by approximately ±5 Å for q = 0.7 bicelles. Generally, the structural
parameters for the face and rim thickness and radius have approximately ± 1 Å error.
Length is an overall larger dimension; the larger error determined for this structural
parameter is reasonable.
The outer shell of the d54-DMPC/DHPC bicelles are composed of a layer of
phosphocholine head groups in the face and rim. The phosphocholine head group has an
estimated size of 3 Å.7 The q = 0.3 bicelle fits suggested both an average face thickness
and rim thickness of 4.9 Å while the q = 0.7 aggregates contained an average face
thickness of 4.5 and rim thickness of 4.6 Å (Table 5.7).
The bicelle radius corresponds to half of the diameter of the bicelle core. Unlike
L, which represents the head group to head group distance, the radius represents half of
the thickness of the hydrocarbon core. The SAXS-determined L for the q = 0.3 and 0.7
bicelles were 33.3 and 42.1 Å. Removing the 1.5 Å contribution from the head groups
and halving this value gives an estimate of the radii at 15.9 and 20.3 Å. The q = 0.3
bicelles had an average radius of 21 Å while q = 0.7 bicelles was 22 Å (Table 5.7).
Unlike with shell thickness and radius, the increase in lipid concentration
significantly impacts the length of the bicelle. q = 0.3 bicelles have an average length of
22 Å, while the q = 0.7 bicelles have a length of 71 Å (Table 5.7). With these different
lengths, the q = 0.3 and 0.7 aggregates form completely different shaped structures.
Correlations between q-ratio and these bicelle dimensions will be explored in the
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Table 5.7. Final d54-DMPC/DHPC bicelle dimensions. Q = 0.3 and 0.7 bicelle sizes
determined with the core-shell bicelle fitting using constrained core, face, and rim SLD
values in varying solvent D2O concentrations.
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following discussion section along with implications for the ideal bicelle model.
5.4. Discussion
5.4.1. Dimensions of detergent-rich bicelles
The q = 0.3 and 0.7 bicelles have similar head group shell thicknesses and radii.
The face and rim thicknesses of these two aggregates are approximately 4.7 Å. This value
corresponds well with the 3 Å thickness of a phosphocholine head group. The radii of
both bicelles are 21 to 22 Å, relating with what is expected for half of the thickness of a
DMPC bilayer (~ 21 Å). An increase in q-ratio does not impact the radii and shell
thickness, according to the equivalent values for these dimensions. However, the addition
of lipids to these detergent-rich systems significantly impacts the length of the bicelles,
affecting the overall bicelle shape of the bicelles.
With a length of approximately 22 Å and a radius of 18 Å, the q = 0.3 bicelles
form a shape far different than what is expected of an ideal bicelle. The q = 0.3 bicelle
structure has an ellipsoidal shape, with dimensions similar to a DHPC micelle (Rg = 25
Å). In contrast, the q = 0.7 aggregate adopts a more bicellar shape, with its 22 Å radius
and 71 Å length. This q = 0.3 and 0.7 data suggests remarkable implications for bicelle
formation: 1) the transition from mixed micelle to bicelle with increasing q-ratio occurs
with an increase in the structure length, and 2) the ideal model does not adequately
represent these low-q bicelles.
The transition to bicellar structures occurring predominantly with the bicelle
length suggests that the lipids added to the system partition into the DMPC bilayer,
expanding the aggregate size from the core while retaining the shell thickness and radii

183

sizes (Figure 5.11). This is expected; the change in the length of bicelles as lipid
concentration is altered has been mentioned in the literature. Vold and Prosser reported
the increase in bicelle size with q-ratio in 1996, and this observation was later confirmed
with dynamic light scattering by other researchers.8,9 However, the experimental data
suggests that the q = 0.3 and 0.7 aggregates are not expanding from smaller to larger
bicelles, but are transitioning from mixed micelle to bicelle. This implication contradicts
the ideal bicelle model.
The ideal model implies that lipid and detergent mixtures at any q-ratio forms
bicelles with completed separated bilayer and rim domains. The data presented in this
thesis suggests otherwise for several reasons. First, SANS profiles of the q = 0.3 bicelles
demonstrate that low-q bicelles have an ellipsoidal micelle structure and as q-ratio is
increased, the aggregates adopt a bicelle structure. These micelle-like aggregates do not
contain the bilayer domain that is predicted by the ideal bicelle model. Second, the SAXS
profiles of the q = 0.1 to 0.5 bicelles are very different with each incremental addition of
lipid, suggesting that there is some degree of mixing between the DMPC and DHPC.
Even at low q-ratios, the SAXS profiles of ideal bicelles would have the same L, and
subsequently Qmax, indicative of the 42 Å DMPC bilayer thickness, but the
experimentally determined Qmax and L are different for each q-ratio. Third, the SANS
data was fitted using a core SLD of a mixed complex. The goodness of the fits with this
mixed SLD further suggests that there is mixing of the lipid and detergent components in
solution. To monitor the structure and arrangement of the detergent-rich bicelles,
molecular dynamic simulations in conjunction with experimental studies have been
pursued.
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Figure 5.11. Suggested route for lipid partitioning with increased q-ratio. With an
increased q-ratio, the length of the bicelles expands, not impacting the face and rim
thickness or the radius. This suggests that the increased amount of lipids partition into the
lipid core interior of the bicelle, only changing one dimension.
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5.4.2. Utilizing molecular dynamics simulations to observe low-q bicelles
To get a better understanding of the size and shape of these detergent-rich
bicelles, collaborators Svetlana Baoukina and Peter Tieleman at the University of Calgary
generated molecular dynamic (MD) simulations of the DMPC/DHPC bicelles at q = 0.3
and 0.7 (Figure 5.12). The bicelles were simulated over 1 μs with Gromacs v.4.6.5., in a
hydration level of 400 water molecules per amphiphile, and a C L of 100 mM, or 9%
(w/v). The simulations added the bulk q-ratio of lipids and detergents in a box to generate
the aggregates. These simulations were confirmed to have similar sizes to the
experimental bicelles, and therefore, provide an accurate image of actual detergent-rich
bicelles.
5.4.3. Bulk q-ratio vs. actual bicelle q-ratio
An interesting finding from the MD-simulated bicelles focuses on the actual qratios in the bicelle vs. the bulk q-ratio in solution. The generated q = 0.3 and 0.7 bicelles
had different lipid-to-detergent concentrations than the bulk q-ratio in solution (Table
5.8). Although the appropriate ratio of lipids and detergents were added to the MD
simulations, 100% of the bicelle components did not interact to form q = 0.3 and 0.7
bicelles. The complexes formed had different q-ratios, designated q*. The q = 0.3
bicelles had q*-ratios of 0.30 and 0.32 while the q = 0.7 simulated bicelles had a q* =
0.76 and 0.92. Atomic structures of the q* = 0.30 and 0.32 suggested a mixed micelle
shape unlike the q* = 0.76 and 0.92 bicelle-like complexes. This correlates well with the
structures observed with the SAXS and SANS data. This discovery implies
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Figure 5.12. Simulated DMPC/DHPC bicelles at q-ratios of 0.3 and 0.7. Gromacs v.
4.6.5. was utilized to generate q = 0.3 and 0.7 bicelles at C L = 9% (w/v)Although the
appropriate q-ratio of lipids and detergents were added to the simulation box, these
bicelles formed with slightly different q-ratios, designated q*.
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Table 5.8. Bicelle dimensions determined from the atomic MD-simulated bicelles. The
simulated complexes at q = 0.3 and 0.7 formed structures with slightly different q-ratios
than the bulk q-ratio introduced to the system. The q-ratios of these generated bicelles are
denoted with q*. An ellipsoid fit of the complexes to the atomic data was used to
calculate the Rg, shell thicknesses, radii, and lengths from averages over 10 time frames.
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that the mimics designed by researchers may actually be structurally different than
expected.
5.4.4. Dimensions of the simulated bicelles correlate well with experimental data
Before confirming that the MD-simulated bicelles were an accurate depiction of
the low-q bicelles, several steps were taken to ensure that these generated bicelles
represent similar sizes and shapes of the experimental aggregates. The sizes of the
bicelles were determined using calculations from the atomic structures (Table 5.8) as well
as CRYSOL and CRYSON programs in the ATSAS software package.
CRYSOL and CRYSON generate SAXS and SANS profiles from the atomic
PDB files of the simulated bicelles (Figure 5.13 and 5.14). These profiles were analyzed
similarly to the SAXS and SANS data. Guinier analysis and qmax determination of the
generated SAXS profiles measured the Rg and L of the aggregates while core-shell
bicelle model fitting of the generated SANS profiles identified the face and rim thickness,
radius, and length. The Rg and L of the aggregates have similar trends as the SAXS data
(Table 5.9). Considering the error in the experimental data, preliminary CRYSONgenerated SANS profiles of the q = 0.7 bicelles also correlate with the SANS results, with
a shell thickness of approximately 5 Å, radius of 17 Å, and length of 73 Å (Table 5.9).
Although the bicelle sizes are not identical with the experimental results, the
differences in the computational and experimental methods must be considered. The
bicelles used for the computational studies had a total amphiphile concentration of 9%
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Figure 5.13 SAXS profiles generated from simulated DMPC/DHPC bicelles.
Experimental SAXS data for the DMPC/DHPC bicelles were compared to CRYSOLgenerated SAXS profiles from the simulated bicelles. (A) q = 0.3, CL = 9% (w/v)
experimental SAXS data (black) is depicted with the simulated profiles of q* = 0.30, CL =
9% (w/v) (red) and q* = 0.32, CL = 9% (w/v) (blue) bicelles. (B) q = 0.7, CL = 9% (w/v)
experimental SAXS data (black) is shown with q* = 0.76, C L = 9% (w/v) (red) and q* =
0.92, CL = 9% (w/v) (blue) simulated bicelles. SAXS profiles were analyzed with a
Guinier fit and Qmax determination for identification of radii of gyration and dominant
head group to head group distances.
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Figure 3.14. SANS profiles generated from simulated DMPC/DHPC bicelles. (A)
Experimental SANS data for DMPC/DHPC bicelles at q = 0.7, C L = 9% (w/v) (black) are
depicted with CRYSON-generated SANS profiles from the simulated bicelles at q* =
0.76, CL = 9% (w/v) (red) and q* = 0.92, CL = 9% (w/v) (blue). (B and C) SANS profiles
of the q* = 0.76 and q* = 0.92 bicelles (black) were fit with the core-shell bicelle model
(red) to determine structural parameters of the simulated bicelles
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Table 5.9. Bicelles dimensions determined from SAXS and SANS profiles of simulated
complexes. SAXS and SANS profiles of the simulated bicelles, with q-ratios denoted q*,
were generated with CRYSOL and CRYSON, respectively. Rg and L of the SAXS
profiles were determined with Guinier analysis and using the position of the 2nd
maximum, Qmax. Core-shell bicelle model fits of the generated q* = 0.76 and 0.92 SANS
data were used to determine structural parameters of the q = 0.7 DMPC/DHPC
complexes.
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(w/v) while the experimental bicelles had a concentration of 1.5% (w/v). This 10-fold
difference in amphiphile concentrations can impact the comparison between the two
methods. Therefore, comparing the sizes directly is useful, but monitoring the trends with
the two bicelle complexes may also provide helpful information. However, with the
disadvantages, the MD-simulated bicelles provide a reliable depiction of the low-q
bicelles. The trends provided from these simulations can be trusted to reflect the actual
systems.
5.4.5. Detergent-rich bicelles are mixed systems that contradict the ideal bicelle model
The MD-generated bicelles reflect the experimental data well. With that, the
simulated bicelles also give a second confirmation that the ideal bicelle model does not
represent detergent-rich bicelles. The simulated bicelles contain well-mixed DMPC and
DHPC components. Because this well-mixed simulated complex correlates well with the
experimental data, this suggests that the experimental bicelles formed by these mixtures
are also mixed systems. Also, the SANS contrast variation experiments were well fit with
the core-shell bicelle model using a core SLD of a mixed system. The goodness of the fits
with this mixed core SLD also suggests that there is a more mixed arrangement of the
bicelle components.
In addition to the mixed composition, SAXS, SANS, and MD data suggest that
the q = 0.3 bicelles have an ellipsoid micelle-like structure that transitions into a more
bicelle arrangement with an increase in lipid concentration. This contradicts the bicelle
model that insists that the complex has bicellar features throughout the low and high q-
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ratios. By using a combination of experimental and theoretical methods, the structure and
composition of low-q bicelles has been well-investigated.
5.5. Closing remarks and future directions
This analysis of the SAXS and SANS scattering data in conjunction with MD
simulations demonstrate that the size and shape of bicelles are largely dependent on the
q-ratio, and unlike the ideal bicelle model, detergent-rich bicelles form mixed micelle
structures. Preliminary SAXS data showed a transition from mixed micelle to bicelle with
a q = 0.1 to 0.5 which was supported with neutron scattering data. By increasing the qratio of these systems, more lipids partition into the DMPC bicelle core, extending the
overall length of the structure while retaining the same shell thickness and radius. These
results correlate well to literature reported on these detergent-rich aggregates. MD and
core-shell bicelle model fitting suggest that lipid and detergent domains of the bicelle
have a higher degree of mixing than predicted with the ideal bicelle model, especially in
highly detergent-rich bicelles. Because bicelles are increasingly popular in membrane
protein research, confirming of the size and shape of these detergent-rich structures will
enable researchers to make better choices when selecting an appropriate membrane
mimic for their membrane protein.
To further monitor the transition from mixed micelles to bicelles, experimental
and theoretical pursuits to elucidate the q = 0.5 bicelle structure is in progress. q = 0.5 is
the q-ratio in which the bicelles first adopt the bicelle structure. Therefore, elucidating the
structure of q = 0.5 is challenged with SANS profiles that may represent a hybrid of
micelle and bicelle structure. Preliminary fits of the q = 0.5 bicelles suggests similar shell
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thicknesses and radii to the other bicelle mixtures, and a length of approximately 77 Å
(Figure 5.15 and Table 5.10). These fits are being improved systematically to give an
accurate determination of the size of q = 0.5 bicelles. MD simulations of the q = 0.5
bicelles depict bicelles with both a mixed micelle shape (q* = 0.51) and bicelle shape (q*
= 0.72) (Figure 5.16 and Table 5.11). Deciding which model accurately reflects the
system will depend on the final size dimensions for the experimental bicelles and how
they correlate with the CRYSON-generated q = 0.5 models.
In addition to determining bicelle size and shape, the structures of proteins
embedded in bicelles, proteobicelles, are also being explored. Preliminary proteobicelle
SANS experiments were completed using fully hydrated Opa β-barrel membrane proteins
embedded in d54-DMPC/DHPC bicelles. The q = 0.3 proteobicelles were made using
two methods: 1) adding DHPC to Opa-DMPC proteoliposomes, and 2) adding DMPC
lipids to Opa-DHPC protein-detergent complexes (PDC). Initial data suggests that the
proteobicelles produced by adding DHPC to the Opa proteoliposomes formed large,
globular structures, not bicelles. The Opa proteobicelles prepared from Opa-DHPC PDCs
produced better scattering profiles (Figure 5.17). Although scattering was obtained for
these Opa proteobicelles, these experiments must be repeated along with a full contrast
variation series to obtain information on the structure of Opa in this mimic. These
preliminary experiments provided useful insight on the optimal formation of Opa
proteobicelles.
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Figure 5.15. Core-shell bicelle fits to the q = 0.5 bicelles. Scattering collected of the d54DMPC/DHPC bicelles at q = 0.7 and CL = 1.5% (w/v) at 25°C. The data in varying
solvent D2O concentrations was fit with the core-shell bicelle model. The 60% D2O fit
were omitted due to lack of scattering near the CMP. Optimization of these fits continues,
and will provide key information on the transition from mixed micelle to bicelle. Fits
shown in red.
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Table 5.10. d54-DMPC/DHPC dimensions for q = 0.5 bicelles. Sizes determined with the
core-shell bicelle fitting. The SLD for the core was 3.29 x 10-6 Å-2. The solvent, face, and
rim SLDs are the same values for the q = 0.3 and 0.7 fits. These values were converged
upon via several generations of q = 0.5 fitting.
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Figure 5.16. Simulated DMPC/DHPC bicelle at q = 0.5. Although the appropriate bulk qratio of lipids and detergents were added to the simulation, these bicelles formed with
different structures with varying q-ratios, designated q*.
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Table 5.11. Size and shape of MD-simulated q = 0.5 bicelles. CL = 9% (w/v), q = 0.5
bicelles were simulated twice over 1 μs. The two q = 0.5 simulated bicelles had different
q*-ratios, representing two different structures. SAXS profiles of the simulated bicelles
were generated with CRYSOL to determine the Rg and L.
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Figure 5.17. Opa proteobicelle SANS scattering profile. Neutron scattering lineshape
from Opa d54-DMPC/DHPC bicelles at CL = 1.5% at 25°C. This scattering profile is at
45% D2O, potentially the CMP for the bicelle, representing scattering from the Opa βbarrel membrane protein.
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5.6. Methods
5.6.1. Sample preparation
1,2-dihexanoyl-sn-glycero-3-phosphocholine

(DHPC),

1,2-dimyristoyl-sn-

glycero-3-phosphocholine (DMPC), 1,2-dimyristoyl-d54-sn-glycero-3-phosphocholine
(d54-DMPC),

and

1,2-didecanoyl-sn-glycero-3-phosphocholine

(diC10PC)

were

purchased from Avanti Polar Lipids. D2O was purchased from Cambridge Isotope Labs
and all other chemicals were obtained from Fisher, unless otherwise noted.
DMPC/DHPC bicelles were prepared by resuspending DMPC with sodium
phosphate buffer containing DHPC to a total amphiphile concentration of 1.5% (w/v).
Three lipid:detergent q-ratios of 0.3, 0.5, and 0.7 were used in these experiments. Freezethaw cycles and vortexing was used until the solutions were clear at room temperature.
Each sample was divided in half. One half was dialyzed in H2O phosphate buffer with 7
mM DHPC and the other half was dialyzed in D2O phosphate buffer with 7 mM DHPC.
The post-exchange buffer was collected for buffer subtraction. Titration of these two
samples was used to produce the ratios of D2O and H2O needed for SANS contrast
variation experiments. Final buffers for all samples consisted of 10 mM phosphate, pH
6.6, and the appropriate D2O/H2O ratio for contrast variation.
Opa proteobicelles were produced with two methods. The first method was
preparing Opa proteobicelles from Opa PDCs. This involved refolding 2.25 mg denatured
Opa into refolding buffer (20 mM sodium phosphate, pH 8.0, 500 mM NaCl) with FC12
detergent for 5 days, immobilizing the refolded protein onto a Co2+ immobilized metal
ion affinity (IMAC) column, and exchanging the FC12 detergent with DHPC via washing
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the column with three column volumes of wash buffer (20 mM sodium phosphate, pH
7.8, 150 mM NaCl, 20 mM imidazole) with excess DHPC, and eluting with elution buffer
(20 mM sodium phosphate, pH 7.0, 150 mM NaCl, 680 mM imidazole) with DHPC. The
Opa-DHPC PDC was dialyzed for 1 hour to remove excess imidazole and the DHPC
concentration was determined using 1-D 1H NMR. solid d54-DMPC lipid was added to
Opa-DHPC bicelles to obtain a CL of 1.5% and a q-ratio of 0.3.
Opa proteobicelles prepared from Opa proteoliposomes involved adding 4.5 mg
denatured Opa to diC10PC liposomes in borate buffer (20 mM sodium borate, 20 mM
boric acid, 0.5 M EDTA), incubating at 37°C for 3 days, centrifuging the solution at
142,400 x g for 2 hours at 10°C, and resuspending the pellet with d54-DMPC in
resuspension buffer (30 mM Tris, pH 7.3, 150 mM NaCl). The Opa protein and
deuterated lipids were pulse-sonicated for 20 min with 30 s on/off cycles. The appropriate
amount of DHPC was added to the Opa proteoliposomes to obtain a CL of 1.5% and a qratio of 0.3.
5.6.2. SANS data collection and contrast variation
SANS data were measured on the CG-3 Bio-SANS in the High Flux Isotope
Reactor facility of the Oak Ridge National Laboratory (ORNL; Oak Ridge, TN).
Measurements were collected with a 1 x 1 m2 2-D linear position-sensitive detector at a
resolution of 192 x 256 pixels. The samples were measured at 6 Å neutron wavelength
and sample to detector distances of 0.3 and 6 m. Data was collected at 25 and 40°C using
1 mm quartz banjo cells. Exposure time ranges from 300 to 12000 seconds based on the
concentration and solvent D2O content. The usable Q-range was 0.0009 to 0.8 Å-1.
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The contrast variation experimental data was reduced using MantidPlot data
reduction software. Buffer subtraction was completed with Primus. SasView was used for
all of the bicelle data fits. CRYSOL and CRYSON were used for generating SAXS and
SANS profiles from the MD atomic structures.
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