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ABSTRACT 

Adipose tissue is a critical regulator of energy balance that must rapidly shift its 

metabolism between fasting and feeding to maintain homeostasis. During feeding, adipose 

tissue acts as a physiological buffer for excess energy through lipid storage, while 

adipocyte lipolysis provides the body with a necessary source of energy through fatty acids 

during fasting. The dysregulation of these processes contributes to the development of 

metabolic syndrome and type 2 diabetes, so it is essential that we understand the pathways 

which regulate adipose tissue metabolism. Adenosine has been well characterized as an 

important regulator of adipocyte metabolism, and alterations in adenosine signaling are 

associated with obesity and metabolic syndrome. In this dissertation, we explore the 

regulation of adipose tissue metabolism by adenosine and its impacts on whole-body 

metabolic homeostasis. Adipose tissue is believed to be regulated by adenosine primarily 

through its actions on A1 adenosine receptors (A1R), and we find that A1R augments 

insulin action in adipocytes and opposes catecholaminergic stimulation of adipocyte 

lipolysis in vivo. We also found that adenosine signaling in adipose tissue is not static but 

is dynamically shifted between fasting and feeding through transcriptional control of A1R 

and A2B adenosine receptors. This shift in adenosine signaling may enable adipocytes to 

be more responsive to changing nutrient conditions. 
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CHAPTER 1 

GENERAL INTRODUCTION (ADIPOSE TISSUE, LIPID METABOLISM, AND 

ADENOSINE RECEPTORS) 

 

Adipose tissue is a major site of energy storage in the body, and an endocrine organ 

which plays an important role in regulating metabolism. The principal cell type of adipose 

tissue is the adipocyte, the hallmark of which is the uptake and generation of lipids, and 

their storage as triacylglycerol (TAG) within lipid droplets. Adipocytes are critical 

mediators of energy balance within the body through the storage of excess energy under 

fed, or anabolic, conditions and the subsequent release of those energy stores under fasted, 

or catabolic, conditions. The dysregulation of lipid metabolism within adipocytes can 

therefore have detrimental consequences for metabolism within the entire body. In this 

chapter, I will discuss the primary mechanisms which regulate adipocyte lipid metabolism 

as well as the general anatomy and physiology of the various adipose tissue depots. I will 

also discuss the effects of obesity on adipose tissue and its role in the development of 

insulin resistance. Finally, I will provide an overview on adenosine and the adenosine 

receptors, as well as the known role of adenosine receptors within adipose tissue. 

 

Lipid metabolism in adipocytes 

Lipid metabolism within adipocytes is primarily controlled through 

catecholaminergic action on β-adrenergic receptors driving lipolysis and insulin action on  
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the insulin receptor driving lipid uptake and esterification. During catabolic conditions, 

adipocyte lipolysis is the process by which TAGs stored within lipid droplets are broken 

down in a stepwise manner into their individual components of non-esterified fatty acids 

(NEFA) and glycerol. Under anabolic conditions, the reverse process occurs with the 

esterification of fatty-acyl chains onto a glycerol backbone to form TAGs for storage. 

Both catecholamines and insulin have significant, and opposite, effects on lipolysis 

through influencing cyclic AMP (cAMP) levels in adipocytes (Fig 1.1). The β-adrenergic 

receptors are Gαs-coupled receptors, and their activation stimulates adenylyl cyclase and 

the production and accumulation of cAMP. The increase in cAMP activates PKA, which 

results in the phosphorylation of perilipins and hormone sensitive lipase (HSL) [1]. The 

phosphorylation of perilipins induces the dissociation of the protein CGI-58 which is then 

able to bind and activate adipose triglyceride lipase (ATGL) [2]. ATGL catalyzes the first 

step in lipolysis by removing one of the fatty acyl chains to produce NEFA and 

diacylglycerol (DAG). Importantly, ATGL is the rate limiting enzyme in the process of 

lipolysis, and loss of this enzyme, such as in our adipocyte-specific ATGL knockout mice 

(FATA-/-), severely limits the ability of adipocytes to undergo lipolysis [3,4]. The 

phosphorylation of HSL also activates this enzyme which primarily catalyzes the second 

step by removing a second fatty acyl chain to produce monoacylglycerol [5]. The removal 

of the final fatty acyl chain by MGL results in the final products of NEFA and glycerol 

which can be released into the circulation. Meanwhile, activation of the insulin receptor 

leads to the mobilization of Akt to cause the phosphorylation and activation of 

phosphodiesterase-3B (PDE-3B) [1]. This enzyme catalyzes the degradation of cAMP to  
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counteract the effects of catabolic signals and reduce lipolysis. Insulin has also been 

reported to induce the dephosphorylation of HSL by activating protein phosphatase-2A, 

though the mechanisms underlying this response remain elusive [6]. Adipocyte lipolysis is 

the main source of circulating NEFA and glycerol, both of which can influence whole-

body metabolism. It is therefore critical that we understand the factors that influence this 

catabolic process within adipocytes. 

Figure 1.1: Regulation of lipolysis by catecholamines and insulin. Catecholamines act on β-

adrenergic receptors in adipose tissue to activate lipolysis, while insulin acts on the insulin receptor to 

suppress lipolysis. Increased levels of cAMP downstream of β-adrenergic receptors activates PKA 

which phosphorylates perilipins and HSL. CGI-58 dissociates from perilipins and binds and activates 

ATGL while phosphorylation activates HSL. Insulin receptor activates PDE-3B downstream of Akt 

which degrades cAMP. Insulin receptor also activates PP2A which dephosphorylates HSL. Adenylyl 

cyclase (AC), protein kinase A (PKA), perilipin (PLIN), protein phosphatase-2A (PP2A). 
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The signals which regulate esterification under anabolic conditions are significantly 

less well understood. Insulin increases the availability of substrates for TAG synthesis by 

activating lipoprotein lipase which breaks down circulating TAGs to supply NEFA, and by 

inducing glucose uptake through GLUT4 translocation which drives glyceroneogenesis in 

adipocytes [7]. Glucose is also used as a substrate for de novo lipogenesis, and elevated 

glucose activates the transcription factor ChREBP while insulin activates the transcription 

factor SREBP1 which target genes involved in lipogenesis and TAG storage [7,8]. The 

fatty acid transporters CD36 and FATP1 may also be involved in the stimulation of fatty 

acid uptake by insulin. It has long been established that catecholamines inhibit insulin 

signaling in adipocytes through the activation of β-adrenergic receptors [9,10]. Our lab has 

shown that the activation of lipolysis downstream of β-adrenergic receptors is required for 

this inhibition, and involves the dissociation of mTORC1 caused by oxidized fatty acids 

released during lipolysis, however many aspects of the mechanisms underlying this 

crosstalk remain unclear [11]. Because these processes are more difficult to investigate, in 

subsequent chapters we focus mostly on the regulatory processes and readouts related to 

adipocyte lipolysis. 

 

Adipose tissue depots 

 There are three main types of adipose tissue within the body which have distinct 

roles, characteristics, and anatomical locations: subcutaneous, visceral, and brown adipose. 

Both subcutaneous and visceral adipose are known as white adipose tissue (WAT). These 

adipose depots are constituted mostly of white adipocytes, which store their TAGs within 
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a single, large, unilocular lipid droplet. Meanwhile, brown adipose tissue (BAT) consists 

mainly of brown adipocytes which store TAGs within multiple, smaller lipid droplets, have 

a high mitochondrial content giving them their distinctive brown coloration, and 

characteristically express the uncoupling protein UCP1. 

Subcutaneous adipose tissue contains approximately 80% of all body fat present in 

lean, healthy individuals and serves as a buffer for excess energy intake through lipid 

storage [12]. During obesity, adipose depots expand either through hypertrophy of 

individual adipocytes or the increase in number of adipocytes known as hyperplasia. 

Excessive hypertrophy of adipocytes is associated with adipose tissue inflammation and 

insulin resistance, while the recruitment of preadipocytes and distribution of fat among 

increased adipocytes through hyperplasia is not [12]. Subcutaneous adipose tissue has a 

greater capacity for adipogenesis, and expansion of these depots has a much lower 

association with adipose tissue inflammation and insulin resistance, and may even be 

protective [13,14]. When the storage capacity of subcutaneous adipose tissue through 

hypertrophy is exceeded, excess energy is deposited in ectopic sites such as visceral 

adipose tissue, liver and skeletal muscle. It is this ectopic lipid deposition outside of 

subcutaneous adipose tissue that appears to lead to visceral adipose tissue inflammation, 

insulin resistance, fatty liver disease, and other features of metabolic syndrome [15].  

Visceral and gonadal adipose tissue depots are located around internal organs 

within the intraperitoneal space. Visceral fat has a much lower capacity for hyperplasia, 

and thus expansion of these depots involves significantly more hypertrophy and is 

associated with inflammation and the development of insulin resistance and type 2 diabetes 
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in obese individuals [13,15]. Visceral adipose tissue also expresses higher levels of β-

adrenergic receptors and exhibits a higher rate of lipolysis, or the breakdown of TAG 

stores, in response to adrenergic stimuli [13]. In addition, visceral adipose tissue is less 

sensitive to the antilipolytic effects of insulin relative to subcutaneous adipose tissue 

[16,17]. Critically, high levels of circulating NEFA are well known to induce insulin 

resistance [18].  

BAT is known primarily for its high mitochondrial content, and ability to facilitate 

non-shivering thermogenesis through the uncoupling protein UCP1 [15]. Through 

oxidative phosphorylation, mitochondria produce an enormous proton gradient across the 

inner mitochondrial membrane which can be used to drive the production of ATP. UCP1 

enables the shuttling of protons down this gradient across the inner mitochondrial 

membrane without the production of ATP resulting in the production of heat. In mice, the 

major site of BAT is located in the intrascapular region and is highly metabolically active. 

Differences in BAT metabolism can have drastic effects on whole-body metabolism. 

Increased metabolic activity of BAT can result in improved insulin sensitivity and glucose 

tolerance, resistance to high-fat diet-induced weight gain, and increased thermogenesis, 

while reduced metabolic activity can have opposite effects [19–21]. In humans, BAT 

depots were initially thought to only be present in neonates, however smaller depots have 

since been identified in adults which remain highly thermogenic and respond to cold and 

sympathetic activation [22]. The concept of beige adipocytes also describes white 

adipocytes identified in humans which display some characteristics of brown adipocytes, 

such as increased mitochondria and expression of UCP1 [15]. Still, the BAT depots found 
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in adult humans are significantly smaller than those found in mice and the physiological 

relevance of these depots in humans is still under investigation. 

 

Obesity, adipose tissue, and insulin resistance 

 Rates of obesity have been rapidly rising for decades, and currently over 60% of 

the US population is considered either overweight or obese [12]. Obesity is associated with 

significant co-morbidities such as stroke, cardiovascular disease, and diabetes, and it is 

projected that by 2025 type 2 diabetes (T2D) will affect over 300 million people globally 

due to rising incidence of obesity [23,24]. Despite the significance of these pathologies, 

only a few therapeutic options exist to treat obesity, such as metformin, orlistat, and GLP-

1 agonists, and the effects are very modest [25–27]. Understanding the underlying 

pathology by which obesity leads to these co-morbidities is therefore critical to treating 

these patients. 

 Obesity is associated with insulin resistance which leads to the development of 

T2D. Importantly, adipose tissue is one of the first tissues to become insulin resistant in 

obesity, and the induction of insulin resistance in adipose tissue alone using genetic 

manipulation leads to whole-body insulin resistance [28,29]. Obesity results in adipocytes 

which display impaired glucose uptake and elevated basal lipolysis [10,30]. Glucose uptake 

by adipose tissue is proportionally small compared with skeletal muscle and liver, and 

impaired glucose uptake in adipose tissue in itself is not believed to be a significant 

contributor to glucose intolerance in obesity [6]. However, increased circulating NEFA due 
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to elevated lipolysis is associated with insulin resistance in both obesity and T2D [18]. 

Further, the suppression of adipocyte lipolysis by insulin is a significant mechanism by 

which insulin reduces hepatic glucose production. Impaired suppression of lipolysis in 

insulin resistance can therefore lead to increased hepatic glucose production and 

hyperglycemia [31,32]. 

The expansion of visceral adipose tissue which is both more lipolytic and less 

responsive to insulin is one mechanism believed to contribute to increased rates of basal 

lipolysis and elevated circulating NEFA levels in obesity [15]. At the same time, adipocytes 

from obese individuals display a reduced maximal lipolytic response to adrenergic 

stimulation [6]. Thus, obese individuals are less able to modulate lipolysis and 

corresponding NEFA levels in response to changing nutrient conditions during fasting and 

feeding. 

 

Adenosine, adenosine receptors, and adenosine signaling in adipose 

 Adenosine is a nucleoside which is believed to function as an extracellular signaling 

molecule in the body’s response to stress conditions [33]. Elevations in extracellular 

adenosine can act to reduce imbalances between the supply and demand of energy, oxygen, 

and nutrients. In the hypoxic heart, for instance, adenosine will act to both reduce heart rate 

and increase coronary blood flow, thus reducing the energetic and oxygen demand by the 

heart and improving oxygen and nutrient delivery [34]. Due to the ubiquitous presence of 

equilibrative nucleoside transporters and the necessary maintenance of intracellular 
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adenosine levels for various metabolic pathways, extracellular adenosine is present even 

under basal conditions (Fig 1.2) [35]. The basal level of extracellular adenosine is estimated 

to be in the range of 30 – 200 nM and can vary depending on the tissue type. Extracellular 

adenosine levels are increased either when intracellular adenosine levels rise, or can be 

produced extracellularly through the degradation of other nucleosides such as ATP which 

occurs rapidly due to the presence of CD39 and CD73 [35,36]. Intracellular adenosine 

levels appear to rise primarily due to increased energetic demand, where a small percentage 

decrease in ATP levels can result in a large percentage increase in adenosine [36]. Elevated 

Figure 1.2: Sources of extracellular adenosine. Extracellular adenosine is always present due to the 

continuous maintenance of intracellular adenosine levels and the ubiquitous action of equilibrative 

nucleoside transporters. Elevations in intracellular adenosine will also elevate extracellular adenosine. 

Increases in intracellular AMP during energetic stress or as a result of cAMP degradation will also 

result in increased degradation of AMP and production of adenosine. Adenosine is also produced 

extracellularly through the degradation of ATP, cyclic AMP, and AMP by the actions of CD39, 

phosphodiesterases, and CD73 respectively. Extracellular ATP can be increased through release via 

channels (connexins, pannexins, P2X7) through vesicular transport such as neurotransmitter and 

hormone release, and during cell damage such as necrosis and apoptosis. Extracellular adenosine is 

rapidly degraded by adenosine deaminase. 
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cAMP levels may also contribute to rising adenosine levels through their degradation to 

AMP and adenosine intracellularly, or the export and subsequent degradation 

extracellularly [37]. Extracellular ATP levels can rise through several mechanisms, 

including damage to cell membranes such as in necrosis or apoptosis, release by channels 

such as pannexins, and protein transport vesicles [35]. ATP is also an important 

neurotransmitter that is co-released with noradrenaline by sympathetic neurons [38]. In all 

cases, adenosine levels are increased in response to clear stressors related to damage or a 

metabolic imbalance. Importantly, adenosine is rapidly degraded by extracellular 

adenosine deaminase and has a half-life of less than 2 seconds [39]. The extraordinarily 

high capacity of this system in endothelial cells ensures that circulating adenosine levels 

are virtually non-existent [35]. Adenosine is thus a highly localized signal with tissue 

specific effects, which when applied globally can appear contradictory. 

 Extracellular adenosine exerts its effects through four G-protein-coupled receptors: 

A1, A2A, A2B, and A3 [35]. The A1 and A3 receptors are coupled to Gαi-proteins and act to 

suppress cAMP, while the A2A and A2B receptors couple to Gαs-proteins and act to increase 

cAMP. A2B also couples to Gαq-proteins, and all of the adenosine receptors appear capable 

of activating phospholipase C through various mechanisms in a tissue-specific manner 

[40,41]. In addition, the A1 and A2A receptors display a high affinity for adenosine (10 nM 

and 30 nM respectively), while the affinity of A2B and A3 is significantly lower (1 µM and 

100 nM) [42]. The deletion of all four of these receptors in mice is non-lethal, which 

suggested that adenosine mainly adapts the body to stress and is not necessary for 

maintaining homeostasis [43]. However, these mice displayed reduced lifespan which 
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implies that adenosine is important for responding to normal, everyday stressors, and the 

loss of this functionality is maladaptive. 

 Adenosine has been identified as a significant regulator of adipose tissue function. 

The main receptor involved in the regulation of mature white adipocytes is the A1 receptor 

which counteracts the adrenergic stimulation of lipolysis, enhances insulin signaling, and 

promotes adipogenesis [44–46]. The A2A receptor is involved in the activation of 

thermogenesis in BAT, where it is far more highly expressed compared with WAT [47]. 

Agonism of the A2A receptor induces beiging in white adipocytes, however the high 

expression of A1 receptors appears to block this effect by adenosine at physiological 

concentrations. The A2B receptor has also been reported to activate thermogenesis in BAT, 

although its lower affinity for adenosine compared with A2A and its role in supporting 

adenosine/A2A signaling make it unclear how significant this effect is in the absence of 

exogenous agonism [48]. The A2B receptor is also highly expressed in preadipocytes where 

it inhibits adipogenesis [44]. No clear role has been defined for the A3 receptor in adipose 

tissue, despite its high expression in both white and brown adipocytes [47]. While both the 

A1 and A3 receptors are Gai-coupled and expressed in white adipocytes, the ablation of the 

A1 receptors completely attenuates the antilipolytic activity of adenosine, perhaps due to 

the lower affinity of A3 receptors for adenosine [49].  
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CHAPTER 2 

LOSS OF A1 RECEPTOR IN ADIPOSE TISSUE 

 

ABSTRACT 

Adipose tissue is a critical regulator of energy balance, and alterations in adipose 

lipid metabolism in particular can influence peripheral insulin sensitivity and glucose 

production. Adenosine has been characterized as an important regulator of adipocyte lipid 

metabolism primarily through its actions on A1 adenosine receptors (A1R). The actions of 

A1R have been well characterized in isolated adipocytes where it opposes 

catecholaminergic actions by suppressing cyclic AMP levels and inhibiting lipolysis, as 

well as augments insulin signaling to suppress lipolysis and drive esterification, glucose 

uptake, and lipogenesis. However, how A1R regulates adipose tissue and subsequent 

whole-body metabolism in vivo has been more difficult to ascertain, as global A1R 

knockout mice display several confounding phenotypes which appear unrelated to A1R 

signaling in adipose tissue. We sought to understand the role A1R plays in adipocytes to 

regulate lipid metabolism in response to both catabolic and anabolic stimuli in vivo by 

using an inducible, adiponectin-Cre with Adora1 floxed mice (FAdora1-/-), where F 

designates a fat-specific deletion. FAdora1-/- mice were overall metabolically normal, but 

had impairments in the suppression of lipolysis by insulin. On high-fat diet, male FAdora1-

/- mice developed impaired glucose tolerance with no changes in insulin sensitivity. Male 

FAdora1-/- mice also exhibited a higher lipolytic response to isoproterenol and during a 
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cold tolerance test than WT controls. Meanwhile, female FAdora1-/- mice did not show 

any significant differences in lipid or glucose metabolism. Taken together, these data 

confirm a role for adipose A1R in limiting lipolysis during stress and augmenting insulin 

signaling to suppress lipolysis in vivo, though these actions appear to be dispensable in 

females. 
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INTRODUCTION 

Adipose tissue serves as both a site for energy storage and an endocrine organ and 

can effect significant control over whole-body glucose and lipid metabolism [12]. During 

fasting, adipocytes undergo lipolysis to provide NEFA and glycerol for energy, while 

during feeding, adipocytes increase fatty acid and glucose uptake, as well as fatty acid 

esterification and de novo lipogenesis to facilitate adequate energy storage [6]. These 

processes are primarily regulated by catabolic hormones, such as catecholamines, driving 

lipolysis, and anabolic hormones, such as insulin, suppressing lipolysis and driving fatty 

acid uptake and esterification [50]. Defects in adipocyte function can result in impairments 

in whole-body insulin sensitivity and glucose tolerance [29,51]. Elevated levels of serum 

NEFA can also cause insulin resistance, and adipocyte lipolysis drives insulin resistance 

and hyperglycemia under acute stress conditions [52,53]. A deep knowledge of the signals 

which regulate adipocyte metabolism is therefore essential to our understanding of whole-

body glucose and lipid metabolism and the disruptions which occur during pathological 

conditions such as obesity-induced insulin-resistance. 

Adenosine is a nucleoside with a role in extracellular signaling that opposes 

catecholamine signaling and enhances insulin signaling in adipocytes [45]. Adenosine 

signals through four G protein-coupled receptors: A1, A2A, A2B, and A3 [35]. In adipocytes, 

adenosine has been found to act primarily through the Gαi-coupled A1R [54]. Adenosine 

is typically regarded as a stress response signal, as interstitial levels of adenosine increase 

drastically in response to adrenergic stress in adipose as well as other tissues [34,55]. It is 

important to note, however, that adipose tissue maintains basal levels of adenosine that are 
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considered sufficient to provide tonic activation of A1R [46,56–59]. With this in mind, 

adenosine has been shown to regulate adipocytes in a few key contexts. Adenosine limits 

the lipolytic response of adipocytes to stress, as the degradation of adenosine with 

exogenous adenosine deaminase or inhibition with an A1R antagonist enhances the 

stimulation of adipocyte lipolysis by adrenergic signals such as norepinephrine or the β-

adrenergic receptor agonist isoproterenol [46,58–60]. Additionally, adenosine signaling 

via A1R has been shown to augment insulin stimulated glucose uptake, lipogenesis, and 

suppression of lipolysis in adipocytes [61–63]. 

These roles for adenosine signaling in adipocytes have been well characterized in 

vitro, however, the effects of A1R signaling in adipocytes on whole-body metabolism have 

been more difficult to ascertain due to the broad expression of A1R across numerous tissues 

[64]. In both rats and humans, A1R agonism reduces serum NEFA, and yields improved 

insulin sensitivity in obese rats [65–67]. Further, reduced A1R expression in adipocytes 

due to obesity, hypertension, or prolonged pharmacological stimulation is associated with 

insulin resistance [54,68,69]. Despite this, mice with global A1R knock out display 

relatively normal systemic NEFA levels [49,70]. Global A1R knockout mice have also 

given conflicting results with glucose metabolism, where they have been shown to display 

impaired glucose tolerance [70], improved glucose tolerance [71], and no change to 

glucose tolerance [72]. However, these phenotypes were concomitant with significant 

confounding factors such as differences in body weight, food intake, insulin and glucagon 

secretion, and survival [43,49,70–72]. Dong and colleagues provided good evidence that 

adipose A1R improves glucose tolerance and insulin sensitivity by overexpressing A1R 
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using the aP2 promoter [73]. These mice did not display changes in body weight or insulin 

secretion; however, overexpression clearly enhanced the tonic activity of A1R resulting in 

suppression of basal lipolysis and reduced serum NEFA levels. It therefore remains unclear 

how endogenous adenosine and A1R regulate adipocyte metabolism in vivo, and whether 

endogenous A1R signaling in adipocytes impacts whole-body glucose and lipid 

metabolism. 

To address this gap in knowledge, we generated for the first time an adipocyte-

specific knockout of A1R and utilized a tamoxifen-inducible Cre system to eliminate any 

potential compensation that might arise during development. We sought to determine the 

impacts of A1R deletion in adipose on lipid and glucose metabolism in lean and obese 

mice, as well as the lipolytic response to stress. In this chapter, we find that adipose A1R 

augments insulin action to suppress lipolysis in the transition from the fasted to the fed 

state and limits the stimulation of lipolysis by adrenergic stimuli. We also find that the loss 

of adipose A1R leads to overt glucose intolerance in obese mice. These data agree with 

previous literature studying A1R action in isolated adipocytes and provide further evidence 

for the role of adipose A1R in vivo without the confounds of global deletion or 

overexpression. 
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RESULTS 

Loss of A1R inhibition of lipolysis in adipocyte-specific A1R knockout mice 

Several groups have previously evaluated the role of A1R in adipose tissue and 

fatty acid metabolism using mice with a global knockout of A1R, however these mice 

exhibit increased body weight and food intake [49,70], increased insulin and glucagon 

secretion [71,72], and decreased survival [43,74] which make it difficult to interpret the 

role of A1R specifically in adipose. To avoid these complications, we crossed mice with a 

tamoxifen-inducible Cre driven by the adiponectin promoter (Jax #025124) with an 

Adora1loxP/loxP strain [75] in which the terminal 3’ exon of the Adora1 gene, which encodes 

A1R, is flanked by loxP sites. Both Cre negative Adora1loxP/loxP control mice (WT) and Cre 

positive Adora1loxP/loxP;AdipoQ-Cre-ERT2 knockout mice (FAdora1-/-), where F indicates 

a fat-specific deletion, were treated with tamoxifen for 10 days at 8-weeks of age to induce 

knockout, followed by a 2-week washout period. Following tamoxifen treatment, FAdora1-

/- mice exhibited an ~88% knockdown in A1R mRNA in isolated white adipocytes from 

gonadal fat pads and a ~95% knockdown in brown adipose tissue (Fig. 2.1 A,E). This 

resulted in an ~80% reduction in protein levels within isolated white adipocytes (Fig. 2.1 

I). The FAdora1-/- mice did not display any compensatory changes in the other adenosine 

receptors A2A, A2B, or A3 in white adipocytes (Fig. 2.1 B-D) or brown adipose tissue (Fig. 

2.1 F-H). Meanwhile, A1R is also highly expressed in cardiac tissue and no reduction in 

A1R protein levels was observed within whole-heart lysates (Fig. 2.1 J) [34]. 
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Figure 2.1: Tamoxifen induces a functional knockout of adipose A1R in FAdora1-/- mice. (A-D) 

mRNA levels in Cre negative WT (blue) and Cre positive FAdora1-/- mice (red) in isolated epididymal 

white adipocytes for A1 (A), A2A (B), A2B (C), and A3 (D) adenosine receptors. (E-H) mRNA levels 

in WT and FAdora1-/- mice in brown adipose tissue for A1 (E), A2A (F), A2B (G), and A3 (H) adenosine 

receptors. (I) Protein levels of A1R in isolated gonadal white adipocytes from WT and FAdora1 -/- mice 

assessed and quantified by western blot normalized to β-actin loading control. (J) Protein levels of A1R 

in whole heart lysates from WT and FAdora1-/- mice assessed and quantified by western blot normalized 

to GAPDH loading control. (K and L) Serum NEFA levels (E) and heart rate (F) in WT and FAdora1 -/- 

mice fasted overnight and treated for 2 hours with vehicle or 1 mg/kg capadenoson. (M and N) Heart 

rate (M) and serum NEFA levels (N) in WT and FAdora1-/- mice fasted overnight and treated for 2 hours 

with vehicle or indicated concentration of capadenoson. Error bars represent SD. *p<0.05, **p<0.01, 

***p<0.001, ****p<0.0001, t-test or two-way ANOVA. 
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Agonism of A1R in adipocytes results in lower levels of NEFA within the blood 

stream [76]. Partial agonists of A1R such as capadenoson have previously been shown to 

reduce serum NEFA levels as well as cause modest reductions in heart rate through A1 

receptors in the SA node [34,66]. We subjected WT and FAdora1-/- mice to an overnight 

fast and treated with either vehicle or capadenoson for 2 hours. Capadenoson significantly 

reduced serum NEFA in WT mice, but not FAdora1-/- mice (Fig. 2.1 K). Consistent with 

adipocyte-specific loss of A1R in our system, capadenoson treatment reduced heart rate in 

both WT and FAdora1-/- mice (Fig. 2.1 L).  

 

Serum NEFA and heart rate display similar sensitivity to A1R agonism in mice 

It has been previously reported in rats that partial agonists of A1R could suppress 

lipolysis without having significant effects on heart rate. Contrary to these reports, we were 

not able to separate these two effects. We administered increasing doses of capadenoson 

to overnight fasted WT mice and measured heart rate (Fig. 2.1 M) and serum NEFA (Fig. 

2.1 N) 2 hours after administration. We found that capadenoson reduced heart rate at doses 

as low as 0.65 mg/kg. While the reduction in heart rate at 0.65 mg/kg was not statistically 

significant in this dose response experiment, subsequent experiments at this dose 

consistently produced a statistically significant reduction in heart rate (not shown). 

Meanwhile, capadenoson produced no detectable suppression of serum NEFA levels at 

doses below 1 mg/kg. 
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Impaired insulin suppression of lipolysis in male FAdora1-/- mice 

In contrast to global A1R knockout mice, FAdora1-/- male mice did not develop 

changes in body weight or fat and lean mass distribution following tamoxifen 

administration (Fig. 2.2 A,B). There were no differences between WT and FAdora1-/- male 

mice in blood glucose or serum insulin when fasted overnight, and only minor increases in 

glucose and insulin levels following a 4-hour refeeding period (Fig. 2.2 C,D). There were 

Figure 2.2: Induced loss of A1R in adipose impairs insulin suppression of lipolysis in male mice. 

(A) Body weight of male Cre negative WT (blue) and Cre positive FAdora1-/- mice (red) starting at the 

time of tamoxifen administration at 8 weeks. Gray box indicates timing of tamoxifen. (B) Fat and lean 

mass distribution in male WT and FAdora1-/- mice 6 weeks after the start of tamoxifen administration 

measured by EchoMRI. (C-F) Blood glucose (C), serum insulin (D), serum NEFA (E), and blood ketone 

(F) levels in male WT and FAdora1-/- mice after an overnight fast (fasted) and 4-hour refeeding period 

(refed). (G and H) Blood glucose (G) and serum insulin (H) in male WT and FAdora1-/- mice during an 

i.p. glucose tolerance test with 1 g/kg glucose. (I) Blood glucose in male WT and FAdora1-/- mice during 

an i.p. insulin tolerance test with 0.75 IU/kg insulin. (J) Serum NEFA in overnight fasted male WT and 

FAdora1-/- mice at 0 and 15 minutes after administration of 0.75 IU/kg insulin. Error bars represent SD. 

*p<0.05, t-test or two-way ANOVA. 
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also no differences in fasted or refed NEFA levels (Fig. 2.2 E), ketone levels (Fig. 2.2 F), 

glucose (Fig. 2.2 G) or insulin secretion (Fig. 2.2 H) during a glucose tolerance test (GTT), 

or insulin tolerance (Fig. 2.2 I). Overall, FAdora1-/- mice were relatively metabolically 

normal. However, when we treated fasted WT and FAdora1-/- male mice with insulin for 

15 minutes, serum NEFA was significantly reduced in WT but not FAdora1-/- mice (Fig 

2.2 J). This suggests that the loss of A1R in adipocytes impairs insulin action to suppress 

lipolysis. Throughout our characterization of the FAdora1-/- mice, female mice consistently 

lacked a distinct phenotype as compared with male mice. Female FAdora1-/- mice did not 

display significant differences in body weight (Fig. 2.3 A), body mass distribution (Fig. 

2.3 B), fasting and refed values for glucose (Fig. 2.3 C), insulin (Fig. 2.3 D), NEFA (Fig. 

2.3 E), and ketones (Fig. 2.3 F), glucose tolerance (Fig. 2.3 G), insulin secretion (Fig. 2.3 

H), or insulin tolerance (Fig. 2.3 I). Female FAdora1-/- mice did display impairment in the 

suppression of lipolysis by insulin which reached statistical significance, however the 

difference was minor and likely does not represent a biologically significant difference 

(Fig. 2.3 J). In previously published studies, differences in body weight between WT and 

global A1R knockout mice were not apparent until approximately 5 months of age [49,70]. 

Both male and female FAdora1-/- mice continued to show no differences in body weight or 

body mass distribution ~7 months after tamoxifen injection (Fig. 2.4). It is worth noting, 

however, that the efficiency of A1R knockout in adipose tissue was not checked at this 

later time point. 
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High fat diet results in overt glucose intolerance within male FAdora1-/- mice 

To further explore the impacts of A1R knockout on adipose insulin sensitivity, we 

placed WT and FAdora1-/- mice on high fat diet (HFD) for 12 weeks. Tamoxifen was 

administered beginning after 7 weeks of HFD feeding to allow sufficient time for  

Figure 2.3: Female chow fed FAdora1-/- mice do not display alterations in basal metabolic 

parameters. (A) Body weight of female Cre negative WT (blue) and Cre positive FAdora1-/- mice (red) 

starting at the time of tamoxifen administration at 8 weeks. Gray box indicates timing of tamoxifen. (B) 

Fat and lean mass distribution in female WT and FAdora1-/- mice 6 weeks after the start of tamoxifen 

administration measured by EchoMRI. (C-F) Blood glucose (C), serum insulin (D), serum NEFA (E), 

and blood ketone (F) levels in female WT and FAdora1-/- mice after an overnight fast (fasted) and 4-

hour refeeding period (refed). (G and H) Blood glucose (G) and serum insulin (H) in female WT and 

FAdora1-/- mice during an i.p. glucose tolerance test with 1 g/kg glucose. (I) Blood glucose in female 

WT and FAdora1-/- mice during an i.p. insulin tolerance test with 0.75 IU/kg insulin. (J) Serum NEFA 

in overnight fasted female WT and FAdora1-/- mice at 0 and 15 minutes after administration of 0.75 

IU/kg insulin. Error bars represent SD. *p<0.05, t-test. 
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tamoxifen washout and recovery. While tamoxifen had a clear secondary impact on weight 

gain, there were no differences between WT and FAdora1-/- male mice in body weight or 

body mass distribution (Fig. 2.5 A,B). In addition, FAdora1-/- male mice did not have any 

differences in activity or respiratory exchange ratio (Fig. 2.5 C,D). There also continued to 

be no differences in fasting or refed glucose (Fig. 2.5 E), insulin (Fig. 2.5 F), and NEFA 

levels (Fig. 2.5 G). However, while there were also no differences in insulin tolerance (Fig. 

2.5 H), male FAdora1-/- mice on HFD displayed clear glucose intolerance during an i.p. 

GTT with no change in insulin secretion (Fig. 2.5 I,J). To explain the differences in glucose 

tolerance, we attempted to assess endogenous glucose production using a pyruvate 

tolerance test and observed no differences (not shown). However, it has been previously  

Figure 2.4: Inducible knockout of adipose A1R does not affect body weight or body mass 

distribution in aged mice. (A-D) Cre negative WT (blue) and Cre positive FAdora1-/- (red) mice were 

administered tamoxifen at 8 weeks of age. At approximately 42-44 weeks of age, body weight was 

measured for male (A) and female (C) mice, and body mass distribution was measured by EchoMRI for 

male (B) and female (D) mice. 
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published that pyruvate administration induces torpor in obese, but not lean, mice [77]. 

Indeed, all of our HFD mice treated with pyruvate exhibited symptoms of torpor which is 

a significant confounding factor when using a pyruvate tolerance test as a readout for 

endogenous glucose production. There continued to be no significant differences in 

metabolic parameters between WT and FAdora1-/- among HFD fed female mice (Fig. 2.6). 

Figure 2.5: FAdora1-/- mice are more susceptible to high-fat diet-induced glucose intolerance. (A) 

Body weight of male Cre negative WT (blue) and Cre positive FAdora1-/- mice (red) starting at the 

beginning of high-fat diet feeding at 8 weeks. Gray box indicates timing of tamoxifen administration. 

(B) Fat and lean mass distribution in male WT and FAdora1-/- mice before and after 10 weeks of high-

fat diet feeding measured by EchoMRI. (C-J) Data were collected for male WT and FAdora1-/- mice after 

12-15 weeks of high-fat diet feeding. (C) Ambulatory activity for one full day/night cycle measured as 

area under the curve for total x-axis beam breaks in metabolic cages. (D) Respiratory exchange ratio 

(RER) in one full light and dark cycle. (E-G) Blood glucose (E), serum insulin (F), and serum NEFA (G) 

following an overnight fast (fasted) and 4-hour feeding period (refed). (H) Blood glucose during an i.p. 

insulin tolerance test with 0.75 IU/kg insulin. (I,J) Blood glucose and area under the curve (I), and serum 

insulin (J) during an i.p. glucose tolerance test with 1 g/kg glucose. Error bars represent SD. 

****p<0.0001, t-test. 
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A1R limits the lipolytic response to adrenergic stress 

Adenosine levels are known to rise during stress, and adenosine signaling provides 

numerous protective benefits during stress responses [34,55,78]. Stress-induced adrenergic 

stimulation activates lipolysis within adipose tissue, and exposure to high levels of NEFA 

during stress is associated with insulin resistance and lipotoxicity [52,53]. We hypothesized 

that adenosine provides a protective limit on lipolysis in adipose tissue and that the loss of 

adipose A1R would result in a stronger lipolytic response to adrenergic stimulation and 

higher serum NEFA levels. To test this, we subjected male WT and FAdora1-/- mice to an 

isoproterenol tolerance test. After a short 6-hour fast to normalize serum NEFA levels, we 

administered 10 mg/kg isoproterenol by i.p. injection to stimulate adipocyte lipolysis. In 

Figure 2.6: Female high-fat diet fed Fadora1-/- mice are not different from WT mice in basal 

metabolic parameters. (A) Body weight of female Cre negative WT (blue) and Cre positive FAdora1-

/- mice (red) starting at the beginning of high-fat diet feeding at 8 weeks. Gray box indicates timing of 

tamoxifen administration. (B) Fat and lean mass distribution in female WT and FAdora1-/- mice before 

and after 10 weeks of high-fat diet feeding measured by EchoMRI. (C-G) Data were collected for female 

WT and FAdora1-/- mice after 12-15 weeks of high-fat diet feeding. (C-E) Blood glucose (C), serum 

insulin (D), and serum NEFA (E) following an overnight fast (fasted) and 4-hour feeding period (refed). 

(F) Blood glucose during an i.p. insulin tolerance test with 0.75 IU/kg insulin. (G) Blood glucose and 

area under the curve during an i.p. glucose tolerance test with 1 g/kg glucose. Error bars represent SD. 
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WT mice, this dose of isoproterenol induces a modest and rapid increase in serum NEFA 

levels that returns to baseline levels within 2 hours (Fig. 2.7 A). As we expected, treatment 

of male FAdora1-/- mice with isoproterenol resulted in a stronger stimulation of lipolysis 

achieving significantly higher NEFA levels, but also returning to baseline within 2 hours 

(Fig. 2.7 A). The lipolytic response peaked 15 minutes after isoproterenol stimulation, 

which is not surprising considering the rapid induction of lipolysis and short half-life (~2 

Figure 2.7: Male, but not female, FAdora1-/- mice are more lipolytically responsive. (A,B) Serum 

NEFA in 6-hour fasted male Cre negative WT (blue) and Cre positive FAdora1-/- (red) mice at the 

indicated time points after i.p. injection of 10 mg/kg isoproterenol (A) or at 15 minutes after injection 

with isoproterenol (B). (C,D) Same as in (A,B) for female mice. (E-H) Cold tolerance test for WT and 

FAdora1-/- mice fasted for 4-6 hours and placed at 4C. Body temperature for male (E) and female (F) 

mice starting immediately prior to beginning of cold exposure. Serum NEFA for male (G) and female 

(H) mice starting immediately prior to beginning of cold exposure. Error bars represent SD. *p<0.05, 

***p<0.001, t-test. 
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min) of isoproterenol (Fig. 2.7 B). We also subjected female WT and FAdora1-/- mice to 

an isoproterenol tolerance test and saw no differences in the lipolytic response (Fig 2.7 

C,D). 

Isoproterenol is an effective way to activate lipolysis through stimulation of β-

adrenergic receptors, however it does not represent the physiological pathways activated 

during stress. Importantly, ATP is co-released with norepinephrine from sympathetic 

neurons and is rapidly degraded, contributing to the elevated adenosine levels seen during 

stress [38]. We therefore subjected WT and FAdora1-/- mice to a cold tolerance test to 

increase sympathetic tone under more physiological conditions. We fasted WT and 

FAdora1-/- mice for 4-6 hours, placed them at 4°C, and monitored their body temperature 

and serum NEFA levels. Cold exposure reduced body temperature similarly for WT and 

FAdora1-/- mice in both males and females (Fig. 2.7 E,F). However, after 1 hour of cold 

exposure, male FAdora1-/- mice experienced consistently higher elevations in serum NEFA 

when compared with WT mice (Fig. 2.7 G). Meanwhile, female FAdora1-/- mice displayed 

no differences in serum NEFA levels (Fig. 2.7 H). 
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DISCUSSION 

In this chapter, we investigated the role of the A1 adenosine receptor in adipose 

tissue in the regulation of lipid and glucose metabolism. Our findings agree with previous 

studies in isolated adipocytes and show that A1R augments insulin suppression of lipolysis 

and limits the lipolytic response to adrenergic stress in vivo. Further, this study agrees with 

findings from mice with A1R overexpression using the aP2 promoter [73], and 

demonstrates that A1R action in adipose tissue serves to protect mice from obesity-induced 

glucose intolerance.  

The role of A1R in adipocytes in vitro has been well characterized by many groups 

who have demonstrated that adenosine enhances insulin-stimulated glucose uptake and 

lipogenesis and suppresses basal and stimulated lipolysis within adipocytes [57,59,61–

63,79]. Investigating the role of adipose A1R in vivo, however, has been challenging as 

A1R is also involved in the regulation of numerous other tissues such as the brain, heart, 

skeletal muscle, and pancreatic islet cells. As previously mentioned, this has led to 

conflicting reports on the impact of global A1R knockout on glucose metabolism[70–72] 

Because all three groups saw changes in body weight and the secretion of glucagon and 

insulin, the role of adipose tissue A1R in these contexts has remained unclear. In agreement 

with previous studies on mice overexpressing A1R in adipose tissue, we now show that 

endogenous A1R in adipose also promotes glucose tolerance and insulin sensitivity [73]. 

Our studies show that mice with an inducible, adipocyte-specific knockout of A1R are 

similarly devoid of the changes in body weight and insulin and glucagon secretion, while 

also lacking any changes to basal fasted and fed serum NEFA levels. Instead, we saw that 
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loss of adipose A1R impairs the kinetics of insulin-mediated suppression of lipolysis rather 

than the final homeostatic set points. FAdora1-/- mice also developed glucose intolerance 

when placed on HFD, without changes to insulin secretion or sensitivity. The suppression 

of hepatic glucose production by insulin has been shown to be dependent on the appropriate 

suppression of adipocyte lipolysis [31,32]. Therefore, it is likely this glucose intolerance is 

driven by increased endogenous glucose production within FAdora1-/- mice, consistent 

with their impaired ability to reduce serum NEFA in response to insulin. It is worth noting 

that while we did not see increased insulin secretion during an i.p. glucose tolerance test, 

chow fed FAdora1-/- male mice did display significantly increased insulin levels under 

refed conditions. It is also possible that this increase in insulin is able to account for a 

reduced suppression of NEFA and maintain glucose tolerance under chow conditions. 

Following HFD feeding however, refed insulin levels are higher in both WT and FAdora1-

/- male mice relative to chow conditions, but not different from each other. After HFD, it is 

possible that FAdora1-/- mice cannot further increase insulin secretion to compensate for 

the loss of adipose A1R resulting in glucose intolerance. 

Acute stress results in a 10-100-fold increase in adenosine levels, and adenosine 

action on adipose A1R suppresses the stimulation of lipolysis by catecholamines 

[46,55,79]. High circulating NEFA levels during acute stress responses can have 

detrimental effects such as lipotoxicity and insulin resistance [53,80]. That FAdora1-/- mice 

exhibited a significantly stronger lipolytic response to adrenergic stimulation therefore 

suggests that A1R serves an important protective role to limit lipolysis during stress.  
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 Finally, it remains unclear why female FAdora1-/- mice did not display any 

significant phenotypes. Gender-specific differences related to adipose A1R have not been 

previously reported, though the vast majority of studies have used only males. Publicly 

available tissue expression databases do not suggest any differences in adipose A1R 

expression exist between male and female mice. In addition, data from mixed male/female 

cohorts does not suggest any differences in the effectiveness of our inducible knockout 

approach between males and females. Regardless, we are currently working to perform a 

more in-depth comparison between males and females in terms of A1R expression and 

effectiveness of tamoxifen-induced knockout. 
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METHODS 

Materials 

All pharmacological compounds were obtained from Cayman Chemical (Ann 

Arbor, MI) unless otherwise stated. Capadenoson was obtained from MedChemExpress 

(Monmouth Junction, NJ). Peanut oil was obtained from Sigma-Aldrich (St. Louis, MO). 

Regular human insulin (Humulin R) was obtained from Eli Lilly (Indianapolis, IN). Adora1 

antibody (PA1-041a) was obtained from ThermoFisher (Waltham, MA). β-actin antibody 

(A2228) was obtained from Sigma-Aldrich (St. Louis, MO). GAPDH (5174) antibody was 

obtained from Cell Signaling (Danvers, MA). 

 

Animals 

All animals were bred and maintained in accordance with the University of Virginia 

Animal Care and Use Committee regulations and the study was approved by the ACUC 

ethics committee. 12- to 16-week-old male and female mice were used for studies unless 

otherwise indicated. Adora1loxP/loxP mice were generously shared with us by Dr. Stanislav 

Zakharenko [75]. AdipoQ-cre-ERT2 (C57BL/6-Tg(Adipoq-cre/ERT2)1Soff/J, Jax 

#025124) mice were from the Jackson Laboratory. Inducible, fat-specific Adora1 knockout 

mice were generated by crossing Adora1loxP/loxP with AdipoQ-Cre-ERT2 mice resulting in 

wildtype Adora1loxP/loxP (WT) mice and knockout Adora1loxP/loxP;AdipoQ-Cre-ERT2 

(FAdora1-/-) littermates on a mixed C57BL/6J and C57BL/6N background. In FAdora1-/- 

mice, knockout was induced at 8-weeks by daily injection of tamoxifen (50 mg/kg) 

dissolved in peanut oil for 10 days, followed by a 14-day washout period prior to 
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experimentation. Cre-negative wild-type control mice were age and sex-matched 

littermates that received the same tamoxifen treatment protocol. For high-fat diet (HFD) 

studies in WT and FAdora1-/- mice, animals were placed on diet for 12 weeks starting at 8 

weeks of age (BioServ, F1850). Tamoxifen injections were begun after 7 weeks of HFD. 

 

General animal measurements 

Body weight was measured in ad lib fed mice once weekly at the same time of day 

for both normal chow and HFD mice. Fat and lean mass distribution were determined in 

ad lib fed mice using Echo-MRI at the same time of day as body weights were collected. 

For fasted and refed measurements, mice were either fasted overnight (fasted) or then given 

access to chow and softened food for 4 hours (refed) as indicated. Under each condition, 

blood was collected from the tail vein and serum prepared for further analysis of NEFA or 

insulin concentrations. Blood glucose and ketone levels were measured using a One-touch 

Ultra glucometer and a Nova Max Plus ketone meter respectively. Ambulatory activity, 

carbon dioxide production (VCO2), and oxygen consumption (VO2) were measured using 

an Oxymax metabolic chamber system (Comprehensive Laboratory Animal Monitoring 

System) from Columbus Instruments (Columbus, OH). One full day and night was allowed 

for acclimation. For tissue harvesting, mice were euthanized by cervical dislocation, and 

tissues were flash frozen in liquid nitrogen. 
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Capadenoson effects on heart rate and lipolysis 

 To measure the effects of capadenoson on heart rate and lipolysis within WT and 

FAdora1-/- mice, we fasted mice overnight for approximately 16 hours. Capadenoson 

solution was made up in 0.9% saline. Capadenoson or vehicle was then administered via 

i.p. injection at a dose of 1 mg/kg. After 2 hours, blood was collected from the tail vein and 

serum was prepared and frozen at -80°C for further analysis of NEFA concentrations. Mice 

were then anesthetized with 2% isoflurane and heart rate was measured by echocardiogram. 

To assess the dose-responsive effects of capadenoson on heart rate and NEFA, the same 

overnight fasting and 2-hour administration procedure was used with WT mice that were 

administered either vehicle or the indicated dose of capadenoson. 

 

Glucose tolerance test 

 Mice were fasted overnight, and baseline (time 0) blood glucose was measured, and 

serum prepared for further analysis of serum insulin concentrations. Mice were then 

administered 1 g/kg glucose via i.p. injection with a 20% glucose solution. At each 

indicated time point after glucose injection, blood glucose was measured, and serum was 

prepared for analysis of serum insulin levels. 
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Insulin tolerance test 

 Baseline (time 0) blood glucose was measured for ad lib fed mice immediately prior 

to the administration of 0.75 IU/kg human insulin (Humulin) via i.p. injection. Blood 

glucose was measured at each of the indicated time points following insulin administration. 

 

Insulin suppression of NEFA 

To measure the suppression of lipolysis by insulin, mice were fasted overnight and 

administered human insulin (Humulin) via i.p. injection (0.75 IU/kg). Serum was collected 

at 0 and 15 minutes after insulin administration. Mice were monitored for an additional 1 

hour for hypoglycemia and administered glucose via i.p. injection as needed. 

 

Isoproterenol tolerance test 

 WT and FAdora1-/- mice were fasted for 6 hours, and serum was prepared to 

measure basal (time 0) NEFA levels. Mice were then administered with 10 mg/kg 

isoproterenol via i.p. injection. Serum was prepared at the indicated time points for further 

analysis of NEFA concentrations. Isoproterenol was always prepared fresh as a 2 mg/mL 

solution in 0.9% saline. 
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Cold tolerance test 

 WT and FAdora1-/- mice were fasted for 6 hours, serum was prepared to measure 

basal (time 0) NEFA levels, and body temperature was measured using a rectal probe. Mice 

were then housed individually in chip bedding cages without food and placed without a lid 

at 4°C. Serum was collected and body temperature measured at the indicated time points 

following the initial housing at 4°C. Following the final time point, mice were placed back 

in their original cages under a heat lamp and monitored for 1 hour. 

 

Measurement of serum NEFA and insulin 

NEFA levels were measured in serum samples using the HR series NEFA-HR(2) Kit 

(Wako Diagnostics) according to the manufacturer’s protocol. Insulin levels were 

measured in serum samples using the Ultra-Sensitive Mouse Insulin ELISA Kit (Crystal 

Chem) according to the manufacturer’s protocol for the wide-range assay. 

 

Adipocyte isolation 

Adipocytes were isolated as previously described [11,29]. Epididymal fat pads 

were minced in low phosphate buffer (145 mmol/L NaCl, 5.4 mmol/L KCl, 1.4 mmol/L 

CaCl2, 1.4 mmol/L MgSO4, 0.2 mmol/L NaH2PO4, 5 mmol/L glucose, 10 mmol/L HEPES, 

pH 7.4) containing 2.5% bovine serum albumin (BSA, Sigma-Aldrich, St. Louis, MO), 3 

mg/mL collagenase type I (Worthington, Lakewood, NJ), and 100 nmol/L adenosine, and 
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digested for 45 minutes in a 37°C water bath with mild agitation. For protein and RNA 

extraction, adipocytes were washed twice with buffer containing 0.1% BSA, and once with 

buffer without BSA. 

 

RNA extraction and real-time qPCR 

Total RNA was isolated using the PureLink RNA Mini Kit (Invitrogen) according 

to the manufacturer's protocol. White adipocytes were lysed with the provided lysis buffer. 

For brown adipose tissue, RNA was first extracted using Trizol Reagent (Invitrogen). The 

aqueous fraction from the trizol extraction was diluted 1:2 with 70% ethanol and loaded 

onto the PureLink RNA isolation columns. cDNA was synthesized from 500 ng RNA with 

the High-Capacity RNA-to-cDNA Synthesis Kit (Applied Biosystems). Real-time qPCR 

was performed with the iQ SYBR Green Supermix (Bio-Rad) in duplicate and analyzed 

with a CFX96 Real-Time PCR Detection System (Bio-Rad). Data were normalized to Ppia 

cDNA using the delta-delta-Ct method. Primers for Adora2A, Adora2B, and Adora3 were 

sourced from the PrimerBank of the Center for Computational and Integrative Biology of 

Massachusetts General Hospital and Harvard University [81–83]. Primers targeting the 3’ 

terminal exon for Adora1 (exon 3) were designed using Primer3, and were used to 

determine the efficiency of the tamoxifen-induced knockout in FAdora1-/- mice [84,85]. 
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Sample preparation for western blots 

Adipocytes were lysed with cell lysis buffer (10 mmol/L Na2HPO4, 50 mmol/L β-

glycerophosphate disodium salt hydrate, 50 mmol/L NaF, 1 mmol/L EDTA, 1 mmol/L 

EGTA, pH 7.4) supplemented with protease inhibitors and 0.5 mmol/L dithiothreitol, 

homogenized by shearing through a 22G needle, and cleared by centrifugation at 17,000 x 

g for 10 minutes at 4°C. Tissues were homogenized by Potter-Elvehjem tissue grinder in 

Tissue Protein Extraction Reagent (ThermoFisher) supplemented with protease inhibitors 

and 0.5 mmol/L dithiothreitol and cleared by centrifugation at 17,000 x g for 10 minutes 

at 4°C. Protein concentrations were determined using BCA assay (Pierce). 

 

Western blot and quantitative analysis 

Equal amounts of proteins were separated by SDS-PAGE and transferred to PVDF. 

Membranes were blocked with 10% dry milk in TBST, and western blotting was carried 

Target Forward Primer Reverse Primer 

Ppia CGATGACGAGCCCTTGG TCTGCTGTCTTTGGAACTTTGTC 

Adora1 

(exon 3) 

ACTTCTTCGTCTGGGTGCTG TCCCGTAGTACTTCTGGGGG 

Adora2A GCCATCCCATTCGCCATCA GCAATAGCCAAGAGGCTGAAGA 

Adora2B AGCTAGAGACGCAAGACGC GTGGGGGTCTGTAATGCACT 

Adora3 AAGGTGAAATCAGGTGTTGAGC AGGCAATAATGTTGCACGAGT 
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out with appropriate primary and secondary antibodies. Blots were imaged by detecting 

horseradish peroxidase conjugated chemiluminescence on an Amersham ImageQuant 800. 

For assessing differences in protein signal, membranes were stripped and reprobed with β-

actin, or GAPDH loading controls as appropriate and as indicated. Blots were quantified 

using densitometry with ImageQuant software. 
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CHAPTER 3 

REGULATION OF A1 AND A2B ADENOSINE RECEPTORS IN ADIPOSE BY 

FEEDING 

 

ABSTRACT 

 Adenosine is believed to act primarily through A1R in adipose tissue to augment 

insulin action and suppress lipolysis. The A2B adenosine receptor (A2BR) meanwhile is 

reported to have low expression in adipose tissue. However, A2BR is known to be highly 

regulated through transcriptional mechanisms, and data from the lab of Dr. Joel Linden 

indicated that serum can strongly induce A2BR expression in cultured adipocytes and that 

A2BR contributes to glucose intolerance in obesity. While A1R has a much higher affinity 

for adenosine, the adenosine response in a given tissue is determined by both the affinities 

and expression profiles of the four adenosine receptors. We investigated the regulation of 

both A1R and A2BR in adipose tissue under fasted and fed conditions and found that the 

expression profile of A1R and A2BR is rapidly switched by feeding. Insulin suppresses 

A1R expression in adipocytes by suppressing FOXO1 which binds to the Adora1 promoter. 

Meanwhile, an undetermined factor in serum drives A2BR expression through activation 

of the NF-κB pathway. This regulation led to a desensitization of adipocytes to signaling 

through A1R and increased sensitivity to signaling through A2BR in the fed condition. 

Obesity also drives reduced A1R expression and increased A2BR expression, and disrupts 

this feeding-induced regulatory mechanism. These data provide new insights into the 
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regulation of adipose tissue lipid metabolism by adenosine and suggest that the 

dysregulation of these pathways may contribute to obesity-induced insulin resistance. 
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INTRODUCTION 

As previously discussed, adenosine can signal through four G protein-coupled 

receptors: A1 and A3 which are Gαi-coupled, and A2A and A2B which are Gαs-coupled. The 

resulting downstream signal from adenosine in a given tissue is therefore a consequence of 

both the expression profile and affinity of these receptors. In white adipocytes, adenosine 

has been primarily characterized as signaling through A1R which causes a significant 

suppression of lipolysis. Indeed, in chapter 2 we demonstrated that the loss of A1R 

specifically in adipocytes leads to impaired suppression of lipolysis by insulin and a 

stronger lipolytic response to adrenergic stimuli. However, most metabolic studies, 

including the relevant data presented in chapter 2, are performed in fasted animals in order 

to reduce error introduced by varied feeding times. In communication with our 

collaborator, Dr. Joel Linden, we learned that the expression profiles of adenosine receptors 

in adipose tissue may shift between fasted and fed conditions, potentially altering the 

downstream signaling effects of adenosine. 

Similar to A1R, discerning the role of A2BR in metabolism is difficult because it 

is expressed in numerous tissues, particularly immune cells, endothelial cells, epithelial 

cells, myocardial cells, and hepatocytes [86,87]. In young and lean mice, global A2BR 

knockout improves insulin sensitivity and glucose tolerance, while acute A2BR agonism 

drives hepatic glucose production and glucose intolerance [88–91]. A2BR antagonism also 

improves glucose uptake in KKAY diabetic mice [90]. On the other hand, global A2BR 

knockout worsens insulin sensitivity, glucose tolerance, and liver lipid metabolism in aged 

and HFD-fed mice, while chronic agonism of A2BR improves metabolic phenotypes in 
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HFD mice [89,92,93]. The improvements in metabolism with chronic A2BR agonism in 

these studies were attributed to reduced SREBP-1c activation in the liver and alternative 

activation of macrophages to reduce inflammation in adipose tissue [88,89,92,93]. All of 

these studies, however, reported significantly increased bodyweight and fat mass in global 

A2BR knockout mice, which is a significant contributor to metabolic syndrome. 

Historically A2BR has not been strongly associated with adipocytes, however recent 

evidence points to a role for A2BR in regulating adipocyte metabolism. Alexander Pfeifer’s 

lab reported that A2BR drives thermogenic activation of brown adipocytes and increased 

energy expenditure, and thus the loss of brown adipose A2BR would be expected to 

contribute to increased body weight and fat accumulation [48]. In addition, while much of 

the glucose intolerance caused by acute A2BR agonism is associated with a direct effect in 

the liver inducing hepatic glucose production [87], our collaborator Dr. Joel Linden found 

that deleting A2BR in adipocytes using an aP2-driven Cre reduced the glucose excursion 

effect of A2BR agonism in mice (personal communication). Interestingly, this effect was 

greater following 5 weeks of HFD, and, in humans, obesity is associated with higher A2BR 

expression in adipose tissue [92]. These data suggest a role for adipose A2BR in reducing 

glucose tolerance which is aggravated by obesity. Further, adipose A2BR acts in contrast 

with signaling through A1R which promotes insulin sensitivity, which is unsurprising 

given its opposite effects on cAMP. 

Adipocytes are believed to express very low levels of A2BR, however A2BR is 

known to be highly transcriptionally regulated through transcription factors such as HIF-

1α, NF-κB, and Nkx2.5 [94,95]. Dr. Linden also found that when 3T3-L1 adipocytes were 
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supplemented with 10% FBS in the media, A2BR was significantly upregulated within 4 

hours compared to serum-starved adipocytes (personal communication). Further, while 

agonism of A2BR with either the A2B-specific agonist LUF6210 or the non-specific 

adenosine agonist NECA had no effect on cAMP levels in serum-starved 3T3-L1 

adipocytes, both compounds induced a profound increase in cAMP levels in 3T3-L1 

adipocytes supplemented with 10% FBS which could be blocked with the A2B-specific 

antagonist ATL801. 

These data suggested that under nutrient replete or obese conditions, adipocytes 

may switch their response to adenosine from an A1R-mediated to an A2BR-mediated 

signal. We therefore sought to explore how both A1R and A2BR were regulated in 

adipocytes between catabolic and anabolic conditions, as well as in obesity, in order to 

better understand this shift in adenosine signaling. In this chapter, we show that anabolic 

conditions induced by serum and insulin cause a rapid downregulation in A1R as well as 

upregulation in A2BR within adipocytes to shift adenosine signaling from the Gαi-coupled 

pathway under fasted conditions to the Gαs-coupled pathway under fed conditions. We 

show that feeding results in A1R downregulation and A2BR upregulation in vivo 

specifically within adipocytes. The downregulation of A1R was dependent on the action 

of insulin to suppress FOXO1 transcriptional activity, and we found that FOXO1 binds to 

the Adora1 promoter in adipocytes. The upregulation of A2BR was dependent on the 

activation of the NF-κB pathway by an as yet undefined factor present in serum. This 

regulation led to a desensitization of adipocytes to signaling through A1R and increased 

sensitivity to signaling through A2BR in the fed condition. Similar to humans, obese mice 
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exhibited reduced A1R expression and increased A2BR expression in adipose tissue and a 

shift in adenosine signaling towards A2BR which resembled the fed condition. Further, 

obese mice no longer exhibited acute changes in A1R and A2BR expression with fasting 

and feeding. 
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RESULTS 

Adenosine receptor expression switches to low A1R and high A2BR in adipocytes under 

anabolic conditions 

In order to explore A1R and A2BR expression in adipocytes under fasted and fed 

conditions, we used 3T3-L1 adipocytes that were serum-starved overnight to approximate 

fasting, catabolic conditions, and used serum-starved adipocytes with the addition of 10% 

FBS and 1 nM insulin to the media for 4 hours to approximate fed, anabolic conditions. 

Following the addition of FBS and insulin to the media, we tracked changes in the 

expression of both A1R and A2BR over time and found that A1R was rapidly suppressed 

while A2BR was induced, and the maximal effect for both receptors was reached within 2 

hours (Fig 3.1 A). We found that the expression of A1R was strongly regulated by insulin, 

and that a 4-hour treatment with insulin significantly suppressed A1R expression in a dose-

responsive manner with an EC50 of ~150 pM (~0.25 μU/mL), which is well within the 

physiological range (Fig 3.1 B). Meanwhile, the addition of 10% FBS alone had no effect 

on A1R expression (Fig 3.1 C). In contrast, insulin was not a strong regulator of A2BR 

expression. A 4-hour treatment with insulin resulted in only a modest induction in A2BR 

expression, and only at an extremely supra-physiological concentration of 1 μM (Fig 3.1D). 

A 4-hour treatment with 10% FBS, however, was still able to induce a significant increase 

in A2BR expression without the addition of insulin (Fig 3.1 E). The induction of A2BR 

expression was similarly regulated by serum in a dose-responsive manner and achieved a 

near-maximal effect with 10% FBS (Fig 3.1 F). These data suggest that while A1R 

expression is regulated in adipocytes directly by insulin, A2BR expression is regulated by  
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Figure 3.1: A1R and A2BR are reciprocally regulated by feeding in adipocytes through insulin and 

a serum factor respectively. (A-F) 3T3-L1 adipocytes 10-12 days after differentiation were serum 

starved overnight and treated with insulin or FBS as indicated. (A) Time course for the suppression of 

A1R mRNA (black, left axis) and induction of A2BR mRNA (orange, right axis) by the addition of 1 

nmol/L insulin and 10% FBS. (B) Dose response of insulin effects on A1R expression after 4 hours. (C) 

Effect of a 4-hour treatment with 10% FBS on A1R mRNA expression. (D) Dose response of insulin 

effects on A2BR expression after 4 hours. (E) Effect of a 4-hour treatment with 10% FBS on A2BR 

mRNA expression. (D) Dose response of FBS effects on A2BR expression after 4 hours. (G-R) 

Adipocytes and tissues from wild-type male C57BL/6J mice were harvested after either an overnight fast 

(white) or following a 4-hour refeeding period (shaded). mRNA expression of A1R was measured in 

epididymal white adipocytes (G), subcutaneous adipose tissue (H), brown adipose tissue (I), liver (J), 

heart (K), and soleus muscle (L). mRNA expression of A2BR was likewise measured in epididymal 

white adipose tissue (M), subcutaneous adipose tissue (N), brown adipose tissue (O), liver (P), heart (Q), 

and soleus muscle (R). Error bars represent SD. *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001, t-test 

or one-way ANOVA. 
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a factor other than insulin which is present in serum and is both dose-responsive and 

saturable. 

 

Feeding suppresses A1R expression and induces A2BR expression specifically in 

epidydimal and brown adipose depots 

To test whether this regulation of A1R and A2BR occurs in response to feeding in 

vivo, we subjected 12-week-old wildtype C57Bl/6J mice to either an overnight fast alone 

(fasted), or followed up with a 4-hour refeeding period (refed). We found that refeeding 

suppressed A1R expression in white adipocytes isolated from epididymal fat pads, as well 

as in brown fat, but curiously this suppression was not seen in subcutaneous fat pads (Fig 

3.1 G-I). Further, no changes in A1R expression were seen in other highly insulin-

responsive tissues such as liver, heart, and soleus (Fig 3.1 J-L). Similarly, we saw that 

feeding induced a significant increase in A2BR expression in gonadal and brown fat, but 

not in subcutaneous fat (Fig 3.1 M-O). However, while no changes in A2BR expression 

were seen in heart and soleus, there was a modest, albeit not statistically significant, 

increase in A2BR expression within the liver (Fig 3.1 P-R). 

 

Insulin regulates A1R transcription in adipocytes via the PI3K-Akt pathway 

We next sought to determine the signaling mechanisms downstream of insulin that 

are responsible for A1R downregulation. The insulin receptor signaling pathway has 

numerous effectors but can be simplified to two immediate primary effectors:  
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Figure 3.2: The insulin-Akt-FOXO1 pathway acutely regulates A1R expression to modulate 

adenosine signaling in adipocytes. (A-C, E) 3T3-L1 adipocytes 10-12 days after differentiation were 

serum starved overnight and treated with insulin as indicated for either 4 hours (mRNA analysis) or 15 

minutes (phospho-protein western blot analysis). (A) Effect of untreated control (white) or 1 nmol/L 

insulin treatment (red) on A1R mRNA expression, phospho-MAPK (T202/Y204), and phospho-Akt 

(S473) after 15-minute pre-treatment with vehicle (Veh), 50 μmol/L LY294002 (LY), or 25 μmol/L 

PD98059 (PD). (B) Effect of 1 nmol/L insulin on A1R mRNA expression, phospho-GSK3α/β (S21/S9), 

and phospho-P70 S6K (T389) after 15-minute pre-treatment with vehicle (Veh), 25 μmol/L MK-2206 

(MK), or 250 nmol/L rapamycin (Rapa). (C) Effect of 1 nmol/L insulin on A1R mRNA expression and 

phospho-GYS (S641) after 15-minute pre-treatment with vehicle (Veh), 1.4 μmol/L GSK3 inhibitor IX 

(GSK3i), or 30 mmol/L LiCl. (D) Diagram for the control of FOXO subcellular localization by Akt. 

Phosphorylation of FOXO by Akt facilitates the interaction of FOXOs with 14-3-3 proteins resulting in 

the cytoplasmic retention of FOXOs and reduced transcriptional activity. (E) Effect of 1 nmol/L insulin 

on A1R mRNA expression and nuclear localization of FOXO1 after 15-minute pre-treatment with 

vehicle (Veh) or 1 μmol/L AS-1842856 (AS). (F) Fold-enrichment by ChIP with FOXO1 over normal 

rabbit IgG of A1R promoter region (A1R) or 28S rDNA control region (28S) after 4-hour treatment of 

3T3-L1 adipocytes with vehicle (white) or 1 μmol/L AS1842856 (blue). (G) NEFA released into the 

media by isolated adipocytes that were treated with vehicle or 1 μmol/L AS-1842856 for 4 hours, 

followed by vehicle or 100 nmol/L CCPA for 15 minutes in the presence of adenosine deaminase and a 

subsequent 30-minute treatment with vehicle or 30 nmol/L isoproterenol. Error bars represent SD. 

*p<0.05, **p<0.01, ***p<0.001, ****p<0.0001, one-way or two-way ANOVA. 
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phosphoinositide 3-kinase (PI3K) and mitogen activated protein kinase kinase (MAP2K). 

To interrogate these pathways, we utilized the pharmacological inhibitors LY294002 and 

PD98059 to inhibit PI3K and MAP2K respectively. While a 4-hour treatment with insulin 

alone suppressed A1R transcription and strongly activated the PI3K pathway as seen with 

phosphorylation of Akt at S473, a 30-minute pretreatment with LY294002 prevented both 

effects (Fig. 3.2 A). Meanwhile, inhibition of MAP2K with PD98059 significantly blunted 

insulin-induced phosphorylation of P42/44 MAPK at T202/Y204 but did not prevent the 

suppression of A1R transcription. 

Downstream of PI3K, the protein kinase Akt is an important intermediary effector 

that phosphorylates proteins important for insulin signaling in adipocytes, such as 

mTORC1 and GSK3β. MK-2206 is a specific inhibitor of Akt1/2/3 which was able to 

prevent both insulin-induced phosphorylation of GSK3α/β at S21/9 and suppression of 

A1R (Fig. 3.2 B). Treatment with rapamycin, a specific inhibitor of mTORC1, blocked 

phosphorylation of the downstream target P70 S6 kinase (S6K) at T389, however there 

was no impact to the suppression of A1R by insulin (Fig. 3.2 B). We also inhibited the 

action of GSK3 with the GSK3 inhibitor IX, and with LiCl. Both treatments significantly 

impaired the phosphorylation of glycogen synthase (GYS) at S641, but neither had any 

impact on the suppression of A1R (Fig. 3.2 C). Thus, A1R transcription is suppressed by 

insulin via the PI3K-Akt pathway but is not dependent on mTORC1 or GSK3β. 
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A1R transcription is regulated by FOXO1 

The forkhead box proteins within the FOXO family are transcription factors with 

known sensitivity to nutrient status. Phosphorylation of forkhead box proteins by Akt 

inhibits their transcriptional activity by promoting the interaction of FOXOs with 14-3-3 

proteins and their retention within the cytoplasm (Fig. 3.2 D) [96]. FOXO1 is highly 

expressed in insulin sensitive tissues such as adipose and liver, and contains 3 known 

phosphorylation sites that are targets of Akt [97]. Further, both FOXO1 and A1R are 

involved in adipocyte differentiation and adipogenesis and show a similar pattern of 

upregulation as adipocyte differentiation progresses [44,98]. We therefore hypothesized 

that FOXO1 may be directly regulating A1R transcription in adipocytes. To explore this 

hypothesis, we utilized the pharmacological inhibitor AS-1842856 which competitively 

inhibits the DNA binding of FOXO1 [99]. Treatment of 3T3-L1 adipocytes with insulin 

both suppressed A1R transcription and induced the translocation of FOXO1 out of the 

nucleus as determined by western blot of isolated nuclei (Fig. 3.2 E). Treatment with AS-

1842856 alone resulted in the suppression of A1R transcription to a similar level as insulin 

treatment but did not affect FOXO1 localization. Finally, treatment with both insulin and 

AS-1842856 did not result in any further suppression of A1R, suggesting that insulin and 

AS-1842856 suppress A1R transcription through a similar mechanism. 

We next wanted to confirm that FOXO1 directly binds to the promoter of A1R to 

regulate its transcription. We used the LASAGNA-search 2.0 tool to identify sites 

containing the consensus motif for FOXO1 binding within the A1R promoter [100]. We 

identified a region within the first intron of the A1R gene locus containing 4 consensus 
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motifs within a span of 50 bp. We next used chromatin immunoprecipitation (ChIP) to 

enrich for FOXO1 binding sites, followed by qPCR and found this region within the A1R 

locus was significantly enriched compared with a normal IgG control ChIP (Fig. 3.2 F). 

There was no enrichment in the control region within 28S rDNA.  

 

Inhibition of FOXO1 in adipocytes induces A1R insensitivity 

Thus far, we have shown that feeding suppresses A1R transcription in adipocytes, 

and that insulin is capable of suppressing A1R transcription through the phosphorylation 

and inactivation of FOXO1. We therefore wondered what the effects of direct FOXO1 

inhibition would be on adipocyte lipolysis and A1R sensitivity. We isolated adipocytes 

from the epididymal fat pads of overnight fasted male C57BL/6J mice and treated them 

with either vehicle or the FOXO1 inhibitor AS-1842856 for 4 hours. We then treated the 

cells with vehicle or the A1R agonist CCPA in the presence of adenosine deaminase for 15 

minutes followed by a 30-minute treatment with vehicle or isoproterenol and measured 

NEFA release into the media. In the absence of FOXO1 inhibition, isoproterenol strongly 

increased the concentration of NEFA within the media and the addition of CCPA 

suppressed NEFA back to control levels as expected (Fig. 3.2 G). While the inhibition of 

FOXO1 alone had no effect on NEFA release (not shown), the addition of isoproterenol in 

these adipocytes resulted in a significantly higher induction in lipolysis which CCPA was 

not able to suppress (Fig. 3.2 G). Taken together, these data demonstrate that A1R 

transcription is acutely regulated via the insulin-Akt-FOXO1 signaling axis within 
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adipocytes, and that insulin stimulation results in a rapid downregulation of A1R 

transcription and reduced sensitivity to A1R signaling. 

 

The induction of A2BR in adipocytes is dependent on the activation of the NF-κB pathway 

We took a similar approach to determine the signaling mechanisms responsible for 

the induction of A2BR by serum in 3T3-L1 adipocytes by utilizing pharmacological 

inhibitors of major cellular signaling pathways. Since the factor in serum which induces 

A2BR expression is unknown, we first utilized pharmacological inhibitors of a wide variety 

of major cellular signaling pathways to better facilitate the future characterization of the 

exact signaling mechanisms and identification of the unknown factor. Neither inhibition of 

PI3K with LY294002, nor inhibition of MAP2K with PD98059 was able to prevent the 

induction of A2BR expression by serum (Fig 3.3 A). A2BR induction was also unaffected 

by adenosine levels or GPCR-related pathways, as the removal of endogenous adenosine 

with adenosine deaminase, the inhibition of Gαq subunits, and the stimulation of the Gαs-

coupled β-adrenergic receptors with isoproterenol all had no effect (Fig 3.3 B). Further, the 

inhibition of JAK/STAT signaling with JAK inhibitor I (JAKi), as well as the inhibition of 

JNK signaling with the JNK inhibitor SP600125 (SP) were also unable to prevent the 

induction of A2BR by serum (Fig 3.3 C). Meanwhile, activation of PPAR-γ with 

pioglitazone added during adipocyte differentiation significantly suppressed A2BR (not 

shown) but did not affect its induction by serum (Fig 3.3 D). Presumably this effect was 

due to improved differentiation of fibroblasts into adipocytes since fibroblasts express 

higher levels of A2BR and treatment of 3T3-L1 adipocytes with pioglitazone for 4 hours  
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did not affect A2BR expression (not shown). Activation of glucocorticoid receptors with 

dexamethasone also had no effect on A2BR expression. 

The NF-κB pathway has been previously identified as a key regulator of A2BR 

expression whereby active NF-κB drives higher A2BR expression [94]. While NF-κB can 

be activated by a diverse range of stimuli, there are three main pathways through which 

different NF-κB complexes with distinct target genes become activated [101]. The 

canonical NF-κB pathway which critically involves the activation of inhibitor of NF-κB 

kinase (IKK) α and β. The non-canonical pathway involves the activation of only IKKα. 

Finally, there is a poorly characterized pathway which involves IKKε [102].  We found 

that IKK-16 and BMS-345541, which are inhibitors of IKKα/β, were both able to prevent 

the induction of A2BR by serum (Fig 3.3 E). Meanwhile, inhibition of IKKε with CAY-

Figure 3.3: Serum and feeding induced upregulation of A2BR in adipocytes requires activation of 

the NF-κB pathway. (A-F) 3T3-L1 adipocytes 10-12 days after differentiation were serum starved 

overnight and treated with 10% FBS as indicated for 4 hours. (A) Effect of untreated control (white) or 

10% FBS treatment (orange) on A2BR mRNA expression after 15-minute pre-treatment with vehicle 

(Veh), 50 μmol/L LY294002 (LY), or 25 μmol/L PD98059 (PD). (B) Effect of 10% FBS treatment on 

A2BR mRNA expression after 15-minute pre-treatment with vehicle (Veh), 1 U/mL adenosine 

deaminase (ADA), 5 µmol/L U73122 (U73), or 30 nmol/L isoproterenol (Iso). (C) Effect of 10% FBS 

treatment on A2BR mRNA expression after 15-minute pre-treatment with vehicle (Veh), 1 µmol/L JAK 

inhibitor I (Jaki), or 10 µmol/L SP600125 (SP). (D) Effect of 10% FBS treatment on A2BR mRNA 

expression after 15-minute pre-treatment with vehicle (Veh), on 3T3-L1 adipocytes differentiated in the 

presence of 10 µmol/L pioglitazone (Pio), or 100ng/mL dexamethasone (Dexa). (E) Effect of 10% FBS 

treatment on A2BR mRNA expression after 15-minute pre-treatment with vehicle (Veh), 20 µmol/L 

IKK-16 (IKK), or 25 µmol/L BMS-345541 (BMS). (F) Effect of 10% FBS treatment on A2BR mRNA 

expression after 15-minute pre-treatment with vehicle (Veh), 1 µmol/L CAY-10576 (Cay), 10 µmol/L 

ACHP. (G) Effect of a 4-hour treatment with control PBS or 100 μg/kg LPS in overnight fasted mice 

pre-treated with either vehicle or 30 mg/kg BMS-345541 for 1 hour on A2BR mRNA expression in 

epidydimal adipose tissue. (H) A2BR mRNA expression in epidydimal adipose tissue from fasted and 

refed mice treated with either vehicle or 30 mg/kg BMS-345541 1-hour prior to feeding. (I-K) 3T3-L1 

adipocytes 10-12 days after differentiation were serum starved overnight and treated as indicated for 4 

hours. (I) Effect of 10% FBS or 100 ng/mL LPS with or without pre-treatment with 50 μg/mL polymyxin 

B on A2BR mRNA. (J) Effect of 10% FBS with various treatments on A2BR mRNA. Control untreated 

FBS (FBS), heat inactivation (Δ), 10 kDa molecular weight cutoff dialysis (Dia), charcoal stripped (CS), 

and trypsin digested (T). (K) An organic extraction was performed on FBS, the aqueous and organic 

fractions were dried down under N2 gas, and resuspended to the original volume in DMEM + 1% BSA. 

Effect of 10% FBS, aqueous fraction (Aq), or organic fraction (Org) on A2BR mRNA. Error bars 

represent SD. *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001, one-way or two-way ANOVA. 
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10576 did not prevent the induction of A2BR (Fig 3.3 F). Interestingly, pre-treatment with 

ACHP, which is a less specific inhibitor of IKKα/β, also did not prevent the induction of 

A2BR for reasons that are unclear, and this experiment was not repeated to confirm. Thus, 

the induction of A2BR by serum is dependent on IKKα/β activity, suggesting that a factor 

which is present in serum regulates A2BR expression through either the canonical or non-

canonical pathway for NF-κB.  

We next wanted to know if the NF-κB pathway was also required for the induction 

of A2BR expression by feeding in vivo. As a control, we first administered 30 mg/kg BMS-

345541 into 12-week old C57Bl/6J mice one-hour prior to injection with LPS to confirm 

that this dose was able to partially block the NF-κB pathway and subsequent induction of 

A2BR in epididymal fat (Fig 3.3 G). We next similarly administered BMS-345541 one-

hour prior to refeeding and found that this was able to fully block the induction of A2BR 

caused by refeeding (Fig 3.3 H). Thus, the induction of A2BR by both serum and refeeding 

is dependent on IKKα/β activity, and the activation of NF-κB pathway through either the 

canonical or non-canonical pathway. 

 

The A2BR inducing factor in serum is susceptible to both charcoal stripping and trypsin 

digestion 

We next wanted to identify what factor in serum was responsible for the induction 

in A2BR expression. Given the stronger association of serum-starvation with NF-κB 

activation, we first wanted to ensure that the A2BR induction by serum was not the result 
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of endotoxin contamination within the serum. We therefore pre-treated 3T3-L1 adipocytes 

with polymyxin B prior to treatment with either FBS or lipopolysaccharide (LPS) in order 

to neutralize endotoxins which may be present in the serum. Pre-treatment with polymyxin 

B was able to prevent the induction of A2BR cause by LPS, but not by FBS (Fig 3.3 I). We 

then proceeded to treat 3T3-L1 adipocytes with differentially treated sera, including heat 

inactivation (Δ), 10 kDa molecular weight cutoff dialysis (Dia), charcoal stripping (CS), 

and trypsin digestion (T). We found that the factor in serum responsible for A2BR 

induction was retained by 10 kDa dialysis, and is susceptible to both charcoal stripping and 

trypsin digestion (Fig 3.3 J). Finally, we used a modified Bligh-Dyer extraction method to 

separate the aqueous and organic fractions in serum and dried each fraction under N2 gas. 

These fractions were separately resuspended in DMEM containing 1% BSA and added to 

3T3-L1 adipocytes at a concentration equivalent to 10% FBS. Neither the aqueous, nor the 

organic fraction were able to stimulate A2BR expression, suggesting that either a factor is 

destroyed during the organic extraction process or factors present in both fractions are 

required for activity (Fig 3.3 K). Further studies are needed to characterize which aspects 

of the NF-κB pathway are involved in the induction of A2BR and identify the factor(s) in 

serum responsible for this induction.  

 

Feeding desensitizes adipocytes to A1R signaling in vivo 

We next wanted to determine how this regulation of A1R and A2BR by feeding 

impacts adenosine signaling in adipocytes in vivo. We hypothesized that a downregulation 

in A1R expression following feeding would lead to a desensitization of adipocytes to 
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signaling through A1R. To investigate this possibility, we first re-evaluated our approach 

to the isoproterenol tolerance test which we performed in WT and FAdora1-/-. As discussed 

in Chapter 2, we subjected WT and FAdora1-/- mice to a short 6-hour fast to normalize 

serum NEFA levels, administered 10 mg/kg isoproterenol by i.p. injection to stimulate 

adipocyte lipolysis, and followed serum NEFA levels over time. We found that FAdora1-/- 

mice exhibited a stronger stimulation of lipolysis and achieved significantly higher NEFA 

levels, particularly at 15 minutes after isoproterenol administration, when compared with 

WT mice (Fig 2.7 A,B and Fig 3.4 A,B). With the insulin-induced downregulation of A1R 

in mind, we next conducted these experiments under refed conditions by fasting mice 

overnight followed by a 4-hour refeeding period prior to stimulation with isoproterenol. As 

expected, both WT and FAdora1-/- mice had significantly lower levels of serum NEFA 

following refeeding. However, there was no longer any difference in the elevation of NEFA 

following isoproterenol stimulation (Fig. 3.4 C,D). Both WT and FAdora1-/- mice reached 

a similar peak in serum NEFA at 15 minutes (Fig. 3.5D) and returned to baseline within 2 

hours. Presumably this is due to a downregulation of A1R within adipocytes in WT mice 

which diminishes the effects of the loss of adipose A1R in FAdora1-/- mice. 

To confirm that this was due to a loss in adipose A1R sensitivity within WT mice 

under refed conditions, we next subjected 12-week-old WT C57BL/6J mice to an 

isoproterenol tolerance test using the same experimental setup; lipolysis was stimulated 

using isoproterenol in C57BL/6J mice that were either fasted for 6 hours or fasted overnight 

and refed for 4-hours. We first administered a 30-minute pre-treatment with the A1R 

antagonist 8-cyclopentyl-1,3-dipropylxanthine (DPCPX) and collected serum to assess 
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NEFA levels under control conditions before subsequent induction of lipolysis with 

isoproterenol for 15 minutes. Treatment with DPCPX alone did not alter NEFA levels, 

however DPCPX-treated mice exhibited a stronger lipolytic response to isoproterenol 

compared with vehicle-treated mice under fasted conditions (Fig. 3.4 E). This difference 

in lipolytic response was not present in refed mice, consistent with the results seen in 

FAdora1-/- mice (Fig. 3.4 F).  

While these data alongside the results obtained with FAdora1-/- mice suggest a loss 

of sensitivity to A1R signaling in response to feeding, it is possible the discrepancy in these 

phenotypes between the fasted and refed conditions could be explained by differences in 

endogenous adenosine levels. A substantial reduction in extracellular adenosine following 

Figure 3.4: Feeding induces desensitization of adipose A1R. (A,B) Serum NEFA in 6-hour fasted 

male Cre negative WT (blue) and Cre positive FAdora1-/- (red) mice at the indicated time points after i.p. 

injection of 10 mg/kg isoproterenol (A) or at 15 minutes after injection with isoproterenol (B). (C,D) 

Same as in (A,B) for mice that were fasted overnight and refed for 4 hours. (E) Serum NEFA in 6-hour 

fasted wild-type male C57BL/6J mice treated with vehicle (black) or 0.1 mg/kg DPCPX (purple) for 30 

minutes both before (control) and 15 minutes after (iso) i.p. injection with 10 mg/kg isoproterenol. (F) 

Same as in (E) for mice that were fasted overnight and refed for 4 hours. (G,H) Same as in (E) and (F) 

except mice were treated with vehicle (black) or 0.5 mg/kg CCPA (light blue) for 30 minutes before 

isoproterenol injection. Error bars represent SD. *p<0.05, **p<0.01, ***p<0.001, t-test or two-way 

ANOVA. 
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refeeding would also produce a lack of any phenotype with both genetic knockout and 

antagonism of A1R. Therefore, we subjected fasted and refed C57BL/6J mice to pre-

treatment with the A1R agonist 2-chloro-N6-cyclopentyladenosine (CCPA) and 

isoproterenol stimulation. Under fasted conditions, agonism of A1R with CCPA produced 

a significant decrease in serum NEFA in both the control and isoproterenol stimulated 

states (Fig. 3.4 G). Strikingly, all effects of A1R agonism on serum NEFA were eliminated 

under refed conditions, even with isoproterenol stimulation (Fig. 3.4 H). These data 

confirmed that adipocytes are indeed desensitized to A1R signaling in response to feeding, 

and that changes in extracellular adenosine are unlikely to be responsible for reduced 

signaling through A1R during the fed state. 

 

A2BR agonism drives increased glucose excursion in the refed state, dependent on 

adipocyte lipolysis 

As demonstrated by Dr. Joel Linden (personal communication), A2BR agonism 

drives glucose excursion in mice which is partially dependent on adipose A2BR. Given the 

induction of adipose A2BR caused by feeding, we wanted to compare this glucose 

excursion effect between fasted and refed mice. We modeled our initial experiments on the 

original paper from Dr. Linden’s group demonstrating that adenosine receptor agonism 

induces severe glucose intolerance during a GTT dependent on A2BR [90]. We 

administered either vehicle or the A2BR agonist BAY 60-6583 (BAY) to 12-week-old WT 

C57Bl/6J mice 30 minutes prior to starting a GTT and monitored blood glucose levels. 

This experiment was performed in mice that were either fasted for 6 hours or were fasted 
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overnight followed by a 4-hour refeeding period. As expected, A2BR agonism caused 

significant glucose excursion in both fasted and refed mice (Fig 3.5 A). Further, the glucose 

excursion effect appeared to be larger within refed mice. While the area under the curve 

for refed mice was not significantly different from fasted mice receiving BAY, it is 

important to note that the limit of detection for the OneTouch Ultra Glucometer is 600 

mg/dL. Two out of three mice in the fasted group surpassed this limit of detection for only 

a single time point (90 minutes), while at least three out of the five mice in the refed group 

were above the limit of detection for 4 of the time points (45, 60, 90, and 120 minutes). 

To avoid this problem with the limit of detection, we next measured just the glucose 

excursion caused by A2BR agonism in the absence of any glucose injections. As in Figure 

3.5 A, BAY was injected into either fasted or refed mice, blood glucose was measured at 

the indicated time points, and serum was collected to analyze changes in serum NEFA 

concentrations. While the basal glucose values for fasted mice were significantly lower 

than refed mice, which is to be expected, the glucose excursion caused by A2BR agonism 

in refed mice was significantly greater (Fig 3.5 B). Fasted mice had a mean basal glucose 

of 73.2 mg/dL and increased to 238.4 mg/dL at 120 minutes after injection with BAY, 

while refed mice had a basal value of 191 mg/dL which increased to a peak of 483.6 mg/dL. 

Intriguingly, A2BR agonism only induced lipolysis under refed conditions, seen as an 

increase in serum NEFA levels, while serum NEFA decreased in fasted mice injected with 

BAY (Fig 3.5 C). The differences in glucose excursion and lipolysis between fasted and 

refed mice can be more easily visualized by setting the basal values for both groups to 0 

and observing changes in the raw value of glucose or NEFA (Fig 3.5 D,E). Note that these 
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data are not normalized in any way but have been given the same starting value to better 

observe the differences in how these two groups respond to A2BR agonism. 

The regulation of adipocyte lipolysis is an important component in the control of 

endogenous glucose production. NEFA and glycerol that are released from adipose tissue 

during lipolysis can drive increased uptake by the liver and subsequent gluconeogenesis 

and glucose excursion. We hypothesized that since A2BR agonism drives adipocyte 

lipolysis only in the refed state, the increased glucose excursion seen in refed mice was 

dependent on adipocyte lipolysis. To test this hypothesis, we utilized FATA-/- mice which 

have an adipocyte-specific deletion of ATGL, the enzyme which catalyzes the first and 

rate-limiting step in lipolysis. Adipocytes lacking ATGL are severely limited in their ability 

to undergo lipolysis, and we have previously published data using FATA-/- mice as an 

effective way to block adipocyte lipolysis [4,80]. Under refed conditions, the glucose 

excursion effects of A2BR agonism were significantly blunted in FATA mice compared 

with WT mice (Fig 3.5 F). Strikingly, when basal glucose values were again set to 0, the 

blunted glucose excursion in refed FATA-/- mice matched the glucose excursion seen in 

fasted WT mice. These data suggest that the increased glucose excursion in refed WT mice 

Figure 3.5: Feeding enhances glucose excursion effects of A2BR agonism dependent on adipocyte 

lipolysis. 12–14-week-old C57BL6/J mice were either fasted overnight (fasted) or followed up with a 4-

hour refeeding period (refed) and administered vehicle (Veh) or 0.75 mg/kg BAY 60-6583 (BAY) as 

indicated. (A) Fasted (black) and refed (gray) mice were administered Veh (solid lines) or BAY (dashed 

lines) 30 minutes prior to beginning a glucose tolerance test with 1 g/kg glucose as indicated by arrows. 

Blood glucose and corresponding area under the curve were measured over 5 hours. (B-E) Fasted (black) 

and refed (gray) mice were administered BAY as indicated by arrow and blood glucose (B) and serum 

NEFA (C) were measured over 5 hours. Blood glucose (D) and serum NEFA (E) were normalized to 

baseline by subtracting respective time 0 values from all time points. (F) Blood glucose over 5 hours for 

refed WT (gray) and FATA-/- (teal) mice administered BAY. (G) Refed FATA-/- blood glucose values 

and area under the curve with BAY administration were normalized to baseline and compared with blood 

glucose values from fasted (black) and refed (gray) WT mice. Error bars represent SD. *p<0.05, 

**p<0.01, ***p<0.001, ****p<0.0001, t-test or one-way ANOVA. 



63 
 

is dependent on adipocyte lipolysis, and that A2BR agonism drives adipocyte lipolysis only 

in the refed condition (Fig 3.6). 

 

 

 

Figure 3.6: Schematic for proposed effects of A2BR agonism on hepatic glucose production. Insulin 

indirectly regulates hepatic glucose production through inhibiting pancreatic glucagon secretion, 

inhibiting activity of the hypothalamic-pituitary-adrenal-axis, and suppressing adipocyte lipolysis. As 

previously reported, A2BR activation directly drives hepatic glucose production by elevating cAMP 

levels in the liver. Our data suggest A2BR activation also drives hepatic glucose production by 

counteracting insulin suppression of lipolysis only under the refed condition. This figure was modified 

from Santoleri and Titchenell [229]. 
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Obesity shifts adenosine signaling towards A2BR in adipose and disrupts regulation by 

feeding 

Changes in adenosine signaling have been previously implicated in the 

development of insulin resistance in obesity. Multiple groups have demonstrated that 

obesity correlates with increased adenosine levels in human adipose tissue, yet reduced 

expression of A1R in adipose tissue in humans [68,103]. It has also been shown that obese 

humans have higher expression of A2BR in adipose tissue [92]. We wanted to know how 

obesity impacts not only A1R and A2BR signaling in adipocytes, but also the regulation 

of A1R and A2BR expression by feeding. We first placed C57BL/6J mice on either a 

normal chow or high fat diet (HFD) for 12 weeks, after which normal chow mice weighed 

on average 29.4 g ± 1.7 g and HFD mice weighed 46.5 g ± 3.2 g. We then compared A1R 

mRNA expression in isolated epididymal adipocytes from overnight fasted mice and 

confirmed that HFD also results in significantly reduced expression of A1R mRNA in mice 

(Fig. 3.7 A). We also isolated epididymal adipocytes from 4-hour refed mice and confirmed 

that HFD results in increased A2BR expression (Fig 3.7 B). When A1R expression between 

fasted and refed HFD mice is compared, we found that feeding no longer suppressed A1R 

transcription (Fig. 3.7 C). Similarly, feeding no longer induced A2BR expression in HFD 

mice (Fig 3.7 D). 

To test how downregulation of A1R induced by HFD impacts adenosine signaling 

through A1R, we next repeated the experiments using the A1R antagonist DPCPX 

alongside isoproterenol stimulation of lipolysis with mice on HFD. We found that DPCPX 

did not result in an increased lipolytic response to isoproterenol under either fasted or refed 
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conditions in these mice (Fig. 3.7 E,F). Further, administration of the A1R agonist CCPA 

was also unable to suppress lipolysis under either fasted or refed conditions in HFD mice 

(Fig. 3.7 G,H). These results demonstrate that, in addition to suppressing A1R 

Figure 3.7: High-fat diet downregulates and desensitizes A1R in mouse adipocytes and disrupts 

regulation of A1R expression by feeding. (A-B) Epididymal white adipocytes were isolated from male 

wild-type C57BL/6J mice fed either normal chow control diet (Chow) or high-fat diet (HFD) for 12 

weeks following an overnight fast. mRNA expression of A1R (A) and A2BR (B) was measured. (C-D) 

Epididymal white adipocytes were isolated from male wild-type C57BL/6J mice fed HFD for 12 weeks 

following either an overnight fast (fasted, white) or a 4-hour refeeding period (refed, shaded) and mRNA 

expression of A1R (C) and A2BR (D) was measured. (E-I) Male wild-type C57BL/6J mice were fed 

high-fat diet for 12 weeks before experimentation. (E) Serum NEFA in 6-hour fasted mice treated with 

0.1 mg/kg DPCPX for 30 minutes both before (control) and 15 minutes after (iso) i.p. injection with 10 

mg/kg isoproterenol. (F) Same as in (E) for mice that were fasted overnight and refed for 4 hours. (G,H) 

Same as in (E) and (F) except mice were treated with 0.5 mg/kg CCPA for 30 minutes before 

isoproterenol injection. (I) Following an overnight fast (fasted, black) or a subsequent 4-hour refeeding 

period (refed, gray), mice were administered Veh (solid lines) or 0.75 mg/kg BAY (dashed lines) 30 

minutes prior to beginning a glucose tolerance test with 1 g/kg glucose as indicated by arrows. Blood 

glucose and corresponding area under the curve were measured over 5 hours. Error bars represent SD. 

*p<0.05, **p<0.01, ***p<0.001, t-test or one-way ANOVA. 
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transcription, obesity disrupts the regulation of A1R transcription by fasting and feeding 

and the regulation of lipolysis by A1R signaling. 

Finally, we wanted to know how the induction of A2BR resulting from HFD 

impacts signaling through A2BR. Similar to the experiment shown in Fig 3.5 A, we 

administered vehicle or BAY to fasted or refed HFD mice 30 minutes prior to glucose 

administration as part of a GTT. Once again, BAY induced profound glucose excursion in 

both fasted and refed mice, and on HFD, a majority of mice in both groups exhibited blood 

glucose levels above the limit of detection during the timepoints where this effect peaked 

(Fig 3.7 I). While this data is difficult to interpret due to these peak values being above the 

limit of detection, blood glucose values at the earlier time points (15, 30, and 45 minutes) 

and at later time points (180 and 240 minutes) indicate that refed mice on HFD retain an 

increased glucose excursion effect in response to A2BR agonism over fasted mice. 
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DISCUSSION 

In this chapter, we investigated the regulation of the A1 and A2B adenosine receptors 

by feeding in adipose tissue, as well as the implications of this regulatory mechanism on 

the control of lipid metabolism by adenosine. We found that A1R and A2BR are 

reciprocally regulated at the transcriptional level by feeding in adipose tissue which 

desensitizes adipose tissue to adenosine signaling through A1R and enhances sensitivity to 

A2BR. The downregulation of A1R was mediated by insulin action to shut down the 

transcriptional activity of FOXO1 which binds to the promoter region of A1R. The 

upregulation of A2BR was mediated by an as yet undetermined factor present in serum 

which activates the NF-κB pathway. We further found that obesity also induces a 

downregulation of A1R and an upregulation of A2BR in adipose tissue and disrupts the 

regulation of these receptors by feeding. Since reduced A1R signaling and increased A2BR 

signaling are both associated with insulin resistance, the chronic shift in expression of these 

receptors in obesity which mimics the expression profile of the fed condition may 

contribute to obesity-induced insulin resistance. 

This reciprocal regulation of A1R and A2BR initially presents as counterintuitive 

since FOXO1 drives high expression of the anabolic A1R in the fasted state when 

conditions are primarily catabolic, while NF-κB drives high expression of the catabolic 

A2BR in the fed state when conditions are primarily anabolic. However, this view of these 

receptors in steady state misses a critical component of this regulation, which is the lag 

between stimulation by insulin and serum and the observed shift in A1R and A2BR mRNA. 

Considering the data presented here and in Chapter 2, we propose the following model for 
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Figure 3.8: Proposed mechanism for the modulation of adenosine signaling in adipocytes during 

fasting and feeding. Under fasted conditions, active FOXO1 drives high expression of A1R which 

serves to limit lipolysis stimulated by catecholamines during stress (top left). Upon feeding, 

catecholamine levels decrease while insulin levels increase. Insulin acts to suppress lipolysis and induce 

the phosphorylation and inactivation of FOXO1, decreasing transcription of A1R. Simultaneously, an 

unknown serum factor activates signaling through NF-κB which enhances transcription of A2BR. 

Initially, A1R expression persists at high levels while A2BR remains low and adenosine signaling 

through A1R augments the suppression of lipolysis by insulin (top right). Inactive FOXO1 and activated 

NF-κB under fed conditions eventually leads to reduced A1R expression and increased A2BR 

expression, resulting in adenosine signaling through A2BR which counteracts insulin suppression of 

lipolysis to preserve low levels of circulating NEFA (bottom right). Reduced nutrient levels brought on 

by fasting lead to decreased insulin and increased catecholamines. Adenosine signaling through A2BR 

facilitates the initial induction of lipolysis by catecholamines upon fasting (bottom left). Decreased 

insulin levels lead to active FOXO1 simultaneously with reduced activation of NF-κB which switches 

adenosine signaling back towards A1R to reengage its limitation on lipolysis in the fasted state. 
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this regulatory mechanism. First, we propose that active FOXO1 drives high A1R in the 

fasted state to limit deleterious effects such as lipotoxicity resulting from the 

overstimulation of lipolysis by catabolic signals (Fig. 3.8, top left). Upon feeding, A1R 

initially remains high to augment insulin action to suppress lipolysis and promote a switch 

in adipocytes to the anabolic state (Fig. 3.8, top right). However, a postprandial decline in 

A1R levels mediated through reduced FOXO1 transcriptional activity with a simultaneous 

increase in A2BR levels mediated through NF-κB regulated transcriptional activity 

switches adenosine to a catabolic signal in adipose (Fig. 3.8, bottom right). We posit that 

high A2BR under fed conditions can act to limit the suppression of lipolysis by insulin, 

perhaps to preserve low levels of circulating NEFA for tissues such as the heart which rely 

heavily on fatty acids as an energetic substrate. Finally, we propose that a switch in 

adenosine signaling to A2BR facilitates the reentrance of adipocytes into the catabolic state 

by augmenting catecholaminergic signaling to drive lipolysis and hepatic glucose 

production upon fasting (Fig. 3.8, bottom left). Homeostasis posits that an organism 

responds to changing conditions to maintain the internal milieu constant, while allostasis 

suggests that organisms alter the internal milieu in order to meet anticipated demands 

through neuronal mechanisms [104,105]. It has been suggested that adenosine plays a more 

significant role in allostasis than in homeostasis, and the switch in A1R and A2BR 

expression appears to be an allostatic adaptation to the predicted eventual shift from 

anabolism to catabolism [106]. 

The significant reduction in A1R mRNA following feeding which appears to be 

mediated by the insulin-Akt-FOXO1 signaling axis may explain a central shift in adenosine 
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receptors that occurs during adipogenesis. Gharibi et. al. demonstrated that A1R promotes 

adipogenesis, and that A1R expression is dramatically increased several days into the 

adipocyte differentiation process before falling to a level that is still significantly elevated 

over preadipocytes [44]. Interestingly, Nakae and colleagues demonstrated that FOXO1 

also promotes adipogenesis, and FOXO1 expression follows a strikingly similar pattern 

and timing during adipocyte differentiation [98]. It follows that increased expression of 

A1R during the differentiation process is driven by FOXO1, although further work is 

needed to demonstrate this mechanism. 

Adenosine levels are increased in response to adrenergic stress, and adenosine 

action on A1R suppresses adrenergic stimulation of lipolysis in adipocytes [46,55,79]. A1R 

agonists have been clearly demonstrated to suppress basal and ß-adrenergic-stimulated 

lipolysis in vivo, however these experiments were performed in fasted subjects, even in 

human patients, as is typical for most metabolic studies [65–67,107]. While we found that 

both genetic loss of adipose A1R (Chapter 2) and general antagonism of A1R resulted in a 

stronger lipolytic response to adrenergic stimuli in fasted conditions, this effect was not 

present in refed mice. We did not measure the effects of feeding on interstitial or local 

plasma adenosine levels, however the desensitization of adipose A1R under refed 

conditions was independent of any potential reduction in adenosine as lipolysis in WT refed 

mice was also unaffected by a high dose (0.5 mg/kg) of the full A1R agonist CCPA. It is 

also unlikely that alternative pathways influencing cAMP levels, such as insulin activation 

of phosphodiesterases, are confounding our results, as isoproterenol still produced a clear 

induction in lipolysis within refed mice which was not suppressed by A1R agonism. 
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Instead, the loss of A1R sensitivity correlated with reduced A1R mRNA expression 

mediated through FOXO1, however we would like to note that the reductions in mRNA 

measured in vivo may not be large enough to account for the full loss of A1R sensitivity 

observed. Other mechanisms such as post-translational modifications or changes in Gαi 

proteins may be involved. Indeed, phosphorylation of A1R has been implicated in the 

process of its desensitization, internalization, and coupling to G-proteins [108,109]. It may 

also be interesting to investigate the sensitivity of adipocytes to other Gαi-coupled 

antilipolytic agents, such as nicotinic acid or prostaglandin E2, under refed conditions. 

Further, A1R has been reported as having a slower turnover relative to the other adenosine 

receptors with desensitization occurring in a range between 4 and 24 hours [110]. This 

places the acute effects we observed in adipocytes within a plausible range, albeit at the 

shortest extreme. It is therefore worth mentioning that the suppression of A1R in 3T3-L1 

adipocytes by insulin was sustained for up to 6 hours after the removal of insulin which 

would allow sufficient time for desensitization through receptor turnover (not shown).  

The induction of A2BR, while surprising for its adipocyte specificity and 

dependence on feeding, is consistent with previous reports on the regulation of this receptor 

through transcription. A2BR is strongly induced through transcriptional mechanisms in 

multiple tissues by hypoxia and inflammation through HIF-1α and NF-κB [86,94]. Further, 

A2BR is known to have a rapid turnover of less than 1 hour, suggesting persistent 

transcription is required to maintain high receptor expression [110]. The activation of NF-

κB by feeding and by serum, however, is unexpected and even contrasts with data in COS 

cells where serum starvation activates NF-κB [111]. At the same time, we do not see 
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consistent upregulation of other NF-κB targets in adipocytes by serum such as Tnf. In this 

chapter we only present evidence for the involvement of NF-κB using two pharmacological 

inhibitors, both of which target IKKα/β. Additional data is needed looking at NF-κB 

activation through induced nuclear localization of downstream effectors (RelA, RelB, c-

Rel, p50/p105, and p52) as well as utilizing pharmacological or genetic targeting at other 

points in this pathway to confirm its involvement in upregulating A2BR. It is worth 

mentioning that the C-terminal domain of A2BR plays a role in inhibiting NF-κB activation 

which could serve as an important mechanism for negative-feedback regulation in this 

process [112]. 

Another significant shortcoming is the lack of an identified factor in serum which 

is regulated by feeding and activates NF-κB in adipocytes to induce A2BR expression. The 

contrasting effects of serum to activate NF-κB in adipocytes while suppressing it in COS 

cells, as well as the adipocyte-specific induction of A2BR by feeding suggests a 

ligand/receptor interaction which provides adipocyte specificity. Further work is needed, 

perhaps using size-exclusion, ion exchange, ammonium sulfate precipitation, or other 

methods of separation to identify the factor in serum which is sufficient to cause this 

induction of A2BR. 

 In characterizing the effects of A2BR agonism during fasting and feeding, we used 

the A2BR agonist BAY 60-6583 rather than the non-specific agonist NECA used by Figler 

et al. in order to provide additional specificity and avoid some of the undesirable effects of 

A1 receptors on the cardiovascular system [90]. However, BAY 60-6583 is only a partial 

agonist of A2BR and does not stimulate the Gαq-coupled responses of A2BR, thus a 
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significant portion of A2BR activity is missing in this model [113]. Despite this, adipose 

tissue clearly exhibited enhanced sensitivity to A2BR agonism under refed conditions as 

observed through the increase in circulating NEFA levels following BAY 60-6583 

agonism.  

The ability of adipocytes to respond to A2BR agonism under refed or high-fat diet 

conditions may explain some of the contrasting effects of A2BR observed in metabolic 

syndrome. Acutely, A2BR activation drives hepatic glucose production and glucose 

intolerance, while antagonism improves glucose tolerance and global A2BR knockout 

improves both insulin sensitivity and glucose tolerance in young and lean mice [88–91]. 

Chronically, A2BR activation improves metabolic syndrome in HFD mice, while A2BR 

global knockout reduces insulin sensitivity and glucose tolerance and leads to dysregulated 

lipid metabolism in the liver [89,92,93]. The role of A2BR in adipose tissue described 

herein, and recently by Dr. Alexander Pfeifer’s lab, may therefore explain these 

discrepancies between acute vs. long term impacts of A2BR on metabolism [47,48]. Under 

refed conditions, A2BR can drive adipocyte lipolysis and hepatic glucose production, and 

acutely this effect would appear as adipose insulin resistance and whole-body glucose 

intolerance. It therefore follows that antagonism of A2BR, or the genetic deletion of A2BR 

in young, lean mice could improve insulin sensitivity and glucose tolerance. With chronic 

antagonism or genetic loss of A2BR, however, the loss of this feeding induced mechanism 

could lead to increased lipid storage and fat mass expansion over time. This effect would 

become exacerbated by HFD where A2BR is chronically upregulated under both fasted 

and refed conditions. Further, A2BR was recently discovered to drive thermogenic 
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activation of brown adipocytes and increased energy expenditure, and thus the loss of 

brown adipose A2BR would also be expected to contribute to increased body weight and 

fat accumulation [48].  

Obesity has been shown to reduce responsiveness to inhibitors of cyclic AMP 

accumulation such as adenosine [103]. This has been associated with reduced expression 

of A1R in adipocytes isolated from obese human patients as compared to lean patients 

[68,103]. We observed that A1R expression is also reduced in adipocytes isolated from 

obese mice and confirmed that this leads to a lack of A1R sensitivity in obese mice under 

both fasted and refed conditions. At the same time, obesity has also been associated with 

an increased expression of A2BR in human adipose tissue which correlates strongly with 

reduced expression of IRS-2 and insulin sensitivity [92]. We likewise observed a 

significant induction in A2BR expression in HFD-fed mice. Together, these shifts resemble 

an adipocyte which has become stuck mimicking the fed state in terms of the adenosine 

response, which our data suggest would produce a more insulin resistant and lipolytic 

phenotype. It is possible that both this shift in adenosine receptor expression and the loss 

of cyclical fluctuations in expression between fasting and feeding may contribute to insulin 

resistance and glucose intolerance and the overall metabolic inflexibility seen in obesity. 

Finally, there are two very important questions which the work presented in this 

chapter does not address. First, we were unable to produce consistent and reliable western 

blots to properly assess changes in receptor protein expression with fasting and feeding. 

To address this question, we are currently establishing radioligand binding assays which 

will enable us to interrogate membrane receptor density which is also more indicative of 
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receptor sensitivity than total receptor protein expression. We also do not know if the 

changes in A1R and A2BR expression with feeding are sufficient to switch the response to 

endogenous adenosine towards an A2BR-mediated response. It is possible that the 

induction of A2BR acts to counteract the remaining signal through A1R to, in effect, 

produce a full desensitization A1R, rather than mediate an adenosine-induced increase in 

cAMP. 

In summary, adipose A1R and A2BR are acutely regulated by feeding to modulate 

the adenosine response and allow adipose tissue to adequately adapt to changing nutrient 

conditions. High expression of adipose A1R under fasted conditions is necessary to limit 

adrenergic-driven lipolysis and enhance insulin-mediated suppression of lipolysis. High 

expression of A2BR under fed conditions may act to preserve low levels of circulating 

NEFA and facilitate the induction of lipolysis upon fasting, though further work is needed 

to confirm this. 
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METHODS 

Materials 

All pharmacological compounds were obtained from Cayman Chemical (Ann 

Arbor, MI) unless otherwise stated. 3-isobutyl-1-methylxanthine (IBMX), dexamethasone, 

GSK3 inhibitor IX, formaldehyde, polymyxin B sulfate, sequencing grade trypsin, and 

peanut oil were obtained from Sigma-Aldrich (St. Louis, MO). LPS-B5 (E. coli 055:B5) 

was from Invivogen (San Diego, CA). Regular human insulin (Humulin R) was obtained 

from Eli Lilly (Indianapolis, IN). Control treated FBS, heat inactivated FBS, 10 kDa 

molecular weight cutoff dialyzed FBS, and charcoal stripped FBS were from Sigma-

Aldrich (St. Louis, MO). All antibodies were obtained from Cell Signaling (Danvers, MA) 

unless otherwise specified. Adora1 antibody (PA1-041a) was obtained from ThermoFisher 

(Waltham, MA). The FOXO1 antibody (18592-1-AP) used for ChIP-qPCR was obtained 

from ProteinTech (Rosemont, IL). 

 

Animals 

All animals were bred and maintained in accordance with the University of Virginia 

Animal Care and Use Committee regulations and the study was approved by the ACUC 

ethics committee. 12- to 16-week-old C57BL6/J male mice were used for studies unless 

otherwise indicated. Details on the Fadora1-/- mice can be found in Chapter 2. For diet 

studies in wild-type animals, C57BL/6J mice at Jackson Labs were put on HFD beginning 

at 6 weeks of age (#380050) and were shipped to the University of Virginia vivarium at 14 
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weeks of age. The mice were then maintained on HFD (Research Diets, D12492) for 

another four weeks before experiments, for a total of 12 weeks of HFD. 

 

Animal Procedures and Measurements 

Details on measuring glucose and NEFA may be found in Chapter 2. All 

pharmacological compounds were administered via i.p. injection in 0.9% NaCl, except for 

BAY 60-6583 which was administered in 50% PEG-400/50% physiological saline and 

glucose which was administered as a 20% glucose solution. Mice were either fasted 

overnight (fasted) or then given access to chow and softened food for 4 hours (refed) as 

indicated, with exception of the fasted condition for the isoproterenol tolerance tests where 

mice were fasted for 6 hours. For tissue harvesting, mice were euthanized by cervical 

dislocation, and tissues were flash frozen in liquid nitrogen. 

 

Adipocyte isolation 

Adipocytes were isolated as described in Chapter 2. For protein and RNA 

extraction, adipocytes were washed twice with buffer containing 0.1% BSA, and once with 

buffer without BSA. For lipolysis assays, adipocytes were washed three times with buffer 

containing 2.5% BSA. 
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Lipolysis assays 

Isolated adipocytes were treated with vehicle or 1 Μm AS-1842856 for 4 hours in 

lipolysis assay buffer (145 mmol/L NaCl, 5.4 mmol/L KCl, 1.4 mmol/L CaCl2, 1.4 mmol/L 

MgSO4, 0.2 mmol/L NaH2PO4, 5 mmol/L glucose, 2.5% BSA, 100 nmol/L adenosine, 10 

mmol/L HEPES, Ph 7.4) in a 37°C water bath with mild agitation. Adipocytes were washed 

twice with assay buffer without adenosine and separated into assay tubes with ~100,000 

cells per assay in a total assay volume of 200 Μl. Adipocytes were treated with vehicle or 

100 nmol/L CCPA followed by the addition of 1 U/Ml adenosine deaminase to all lipolysis 

assays and incubation at 37°C with mild agitation for 15 minutes. Adipocytes were then 

treated with vehicle or 30 nmol/L isoproterenol and incubated for an additional 30 minutes. 

Assays were centrifuged for 1 minute at 200 x g, adipocytes were aspirated off, and assay 

buffer was collected and assessed for NEFA concentration. All assays were performed in 

triplicate, and each N represents independently isolated adipocytes. 

 

RNA extraction and real-time qPCR 

Details for RNA extraction and qPCR, as well as primers may be found in Chapter 

2.  
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2.7 Culture and treatment of 3T3-L1 adipocytes 

3T3-L1 fibroblasts and adipocytes (ATCC) were cultured and differentiated as 

previously reported [11]. Briefly, 3T3-L1 fibroblasts were maintained and grown to 

confluency in DMEM (Gibco, 11965-092) with 10% newborn calf serum (Gibco, 16010-

159), 1% fetal bovine serum (FBS, Gemini Bio Products, Lot #A15H74K), and 1% 

antibiotic-antimycotic (AA, Gibco). Cells were differentiated 3 days after becoming 

confluent in DMEM with 10% FBS, 1% AA, and containing 0.25 IU/Ml insulin, 0.5 

mmol/L IBMX, 0.25 µmol/L dexamethasone, and 10 µmol/L pioglitazone. After 4 days, 

adipocytes were maintained in DMEM with 10% FBS. 

Experiments were performed with 3T3-L1 adipocytes 10 – 12 days after 

differentiation. Adipocytes were serum starved overnight in DMEM with 0.25% FBS and 

0.25% BSA and treated with the indicated inhibitors at the concentrations described in 

figure legends 30 minutes prior to the addition of insulin or FBS. For qPCR analysis and 

FOXO1 translocation western blots, cells were treated with 1 nmol/L insulin or 10% FBS 

for 4 hours unless otherwise indicated. For western blot analysis of phospho-proteins, cells 

were treated with 1 nmol/L insulin for 15 minutes. 

 

2.8 Nuclear isolation 

3T3-L1 adipocytes were washed twice with cold PBS and lysed in sucrose buffer 

(250 mmol/L sucrose, 50 mmol/L NaF, 1 mmol/L EDTA, 50 mmol/L Tris, Ph 7.4) with 

Dounce homogenization. Lysates were incubated on ice for 5 minutes, and then centrifuged 
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at 17,000 x G for 10 minutes at 4°C. Supernatant was removed and frozen at -80°C as the 

cytosolic fraction. Pellets were resuspended with cell lysis buffer, briefly sonicated on ice 

with a probe tip sonicator, and frozen at -80°C as the crude nuclear fraction. 

 

Western blot analysis 

Details for sample preparation may be found in Chapter 2. Western blots were 

probed as indicated with β-actin (#A228, Sigma), α-tubulin (T9026, Sigma), GAPDH 

(#5174), TBP (#8515), A1R (#PA1-041a, ThermoFisher), phospho-Akt (S473, #9271), 

phospho-MAPK (T202/Y204, #9101), phospho-GSK3α/β (S21/S9, #9331), phospho-P70 

S6K (T389, #9205), phospho-GYS (S641, #3891), total Akt (#2920), total P42/P44 MAPK 

(#4696), total GSK3β (#9315), total GYS (#3893), and FOXO1 (#2880). For assessing 

differences in protein or phospho-protein signal, membranes were stripped and reprobed 

with β-tubulin, α-actin, or TBP loading controls as appropriate and as indicated, and 

phospho-protein blots were additionally reprobed with the corresponding total antibody. 

 

2.11 Chromatin immunoprecipitation 

Chromatin immunoprecipitation (ChIP) was performed as previously described 

with modifications [114]. Briefly, 3T3-L1 adipocytes were serum starved overnight in 

DMEM with 0.25% FBS and 0.25% BSA and treated with vehicle or 1 μmol/L AS-

1842856 for 4 hours. Cells were fixed in 1% formaldehyde for 10 minutes, and fixation 

was quenched with 125 mmol/L glycine for 5 minutes. Cells were washed twice with cold 
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PBS, lysed in hypotonic lysis buffer (10 mmol/L Tris-HCl, Ph 8.0, 10 mmol/L NaCl, 3 

mmol/L MgCl2, 0.5% NP-40) supplemented with protease inhibitors by Dounce 

homogenization, and incubated on ice for 5 minutes. Nuclei were pelleted by centrifugation 

at 17,000 x g for 5 minutes at 4°C. Pellets were resuspended with SDS lysis buffer (50 

mmol/L Tris-HCl, Ph 8.0, 10 mmol/L EDTA, 1% SDS) and chromatin was sheared by 

sonication using a Diagenode BioRuptor Pico with 30 sec on and 30 sec off for 12 cycles. 

ChIP was performed using 3 μg of FOXO1 rabbit-antibody (ProteinTech) or normal rabbit 

IgG (Cell Signaling), and antibodies were pulled down with protein A agarose (Roche). 

Chromatin pulldown of the Adora1 promoter region or 28S Rdna control region was 

assessed by Qpcr using the following primers: Adora1 promoter: 5’-

TGACCCTTGAAACCATGTGA-3’ and 5’-CCCAGAGTACCCAACACACA-3’, 28S 

Rdna: 5’-CTGGGTATAGGGGCGAAAGAC-3’ and 5’-

GGCCCCAAGACCTCTAATCAT-3’. FOXO1 binding was measured as enrichment over 

normal rabbit IgG ChIP. 
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CHAPTER 4 

DISCUSSION AND FUTURE DIRECTIONS 

 

 The discovery that adenosine signaling in adipocytes occurs through dynamic 

rather than static pathways has wide-reaching implications for the role of adenosine in 

metabolism and related pathologies. There are a number of open questions in a direct vein 

from this research regarding the role of adenosine in adipocyte biology, the effects of this 

system on whole-body lipid and glucose metabolism, and the dysfunction of this dynamic 

regulation of adenosine receptors that occurs in obesity. There is also the interesting 

possibility that this feeding-induced switch in adenosine receptors could be an important 

mechanism by which postprandial thermogenesis occurs. More broadly, shifts in adipose 

responses to adenosine could play a role in circadian control of metabolism, cardiovascular 

disease, or cachexia. 

  

Pharmacology of adenosine in adipocytes 

As mentioned in Chapter 3, it remains unclear whether the changes in A1R and 

A2BR expression during feeding mediate a complete switch in adipose adenosine signaling 

from one that is dominated by A1R to one that is dominated by A2BR. The transcriptional 

changes induced by feeding for A1R and A2BR that we observed correspond with 

decreased and increased functional potency of A1R and A2BR respectively. The A1R has 

been reported as having a high binding affinity for adenosine and A2BR as having a low 
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binding affinity, however it is worth noting that the ligand binding affinity of G-protein-

coupled receptors is significantly influenced by the current coupling state of the receptor 

with G-proteins [115]. The accurate determination of the true binding affinities under the 

coupled vs. uncoupled state is immensely difficult, and measuring comparative affinities 

for the adenosine receptors is additionally complicated by the lability of the native ligand 

requiring the use of adenosine analogs. Further, the functional potency of these receptors 

is determined by the ligand binding affinity and the receptor density at the plasma 

membrane. Importantly, adipocytes are known to possess a spare reserve capacity of A1R 

receptors, meaning that full receptor occupancy by the ligand is not required to exert a 

maximal effect (as measured by the suppression of cAMP) [57,107]. Therefore, a 

downregulation of A1R would likely not result in a reduced maximal response to 

adenosine, but would reduce the functional potency of adenosine at the A1R and a 

rightward shift of the dose-response curve for an A1R agonist.  In other words, despite a 

reduction in A1R density, adipocytes are still very likely to retain sufficient A1R density 

for adenosine to elicit a maximal response, however a greater percentage of receptors 

would need to be occupied to elicit this response and thus the functional potency of 

adenosine at A1R in adipocytes is reduced. Meanwhile, because A2BR is not well 

expressed on adipocytes and does not exhibit spare receptors, the upregulation of A2BR 

would result in an increased maximal response and perhaps a leftward shift of the dose-

response curve for an agonist if the induction in A2BR is strong enough to produce spare 

receptors. The signaling effects of adenosine in adipocytes will therefore depend on 

whether the functional potency of adenosine favors A1R or A2BR. The use of a non-

specific agonist such as NECA as opposed to specific agonists in cultured primary 
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adipocytes may provide an answer to this question. Quantifying the changes in the 

functional potency of agonists at A1R and the maximal response of A2BR may also give 

additional insight into the magnitude of these shifts. 

 

Adenosine control of adipose tissue and whole-body metabolism 

 The dynamic change in adenosine receptors between fasting and fed states suggests 

that adenosine is important in modulating adipocyte metabolism and function under these 

conditions. While global knockouts of both A1R and A2BR have significant changes that 

make it difficult to assess the role of these receptors in adipose, in both scenarios circulating 

NEFA levels are minimally affected. Our data in FAdora1-/- mice provide evidence that 

A1R enables adipocytes to rapidly suppress lipolysis in response to food intake, but is not 

important for establishing the final homeostatic set point in circulating NEFA levels. We 

hypothesized that A2BR may function in the opposite direction to facilitate an increase in 

lipolysis during the initial phases of fasting. To test these hypotheses, we are currently 

generating inducible, adipocyte-specific A2BR knockout mice, and A1R/A2BR double 

knockout mice in addition to our FAdora1-/- mice. These three mouse models will be useful 

for investigating the role of these adenosine receptors in the dynamics of adipose tissue 

metabolism during fasting and feeding cycles. Specifically, we would like to know the 

timing with which key metabolic parameters such as NEFA, glucose, insulin, and ketones 

shift upon feeding and fasting in the absence of these adenosine receptors. In regards to 

circulating NEFA, we hypothesize that FAdora1-/- mice would exhibit impaired kinetics 

in the suppression of lipolysis, though circulating NEFA would be reduced to the same 
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level over a longer time course (Fig 4.1 A). In adipocyte-specific A2BR knockout mice 

(FA2B-/-), we predict that the stimulation of lipolysis and the elevation of circulating NEFA 

upon fasting would exhibit impaired kinetics and likewise result in a longer time course to 

achieve elevated fasting NEFA levels (Fig 4.1 B). In the complete absence of this system, 

we predict that adipocyte-specific A1R/A2BR double-knockout (FAdKO-/-) mice would 

display impaired kinetics in both transitions (Fig 4.1 C). While these mice might be able to 

achieve normal fasted and fed circulating NEFA levels, we predict that they would exhibit 

a near chronic mismatch in metabolism due to impaired kinetics during these transitions 

between fasted and fed conditions. It is likely that this mismatch would contribute to the 

dyslipidemia and insulin resistance which often accompany adipocyte dysfunction. 

 Related to these experiments, an adipocyte-specific knockout of A2BR has been 

recently described, but with minimal metabolic phenotyping data [48]. In the FAdora1-/- 

mice, we found that in addition to augmenting insulin signaling to suppress lipolysis, 

adipose A1R also acted to limit the lipolytic response to adrenergic stimuli in the fasted 

state. Under fed conditions, insulin provides a strong anabolic stimulus to suppress 

lipolysis which must be overcome in order to elevate circulating NEFA during acute stress 

responses. It is possible that the upregulation of A2BR also serves the purpose of 

augmenting adrenergic action to stimulate lipolysis in the fed, but not fasted state. Thus, 

FA2B-/- mice may display an impaired lipolytic response to isoproterenol under fed 

conditions. 
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The FAdKO-/- mice will not only enable investigation of the purpose of A1R/A2BR 

signaling as a whole in adipose tissue, but also the purpose of the dynamic regulation of 

these receptors. In the context of this adipocyte-specific double-knockout model, a lox-

stop-lox system could be used with Adora1 or Adora2B inserted at the ROSA26 locus to 

Figure 4.1: Proposed shifts in adipocyte metabolism with loss of A1R and A2BR. (A) Loss of adipose 

A1R in FAdora1-/- mice leads to slower kinetics in the suppression of lipolysis by insulin during feeding. 

Insulin still suppresses circulating NEFA to the same extent under fed conditions, but requires longer to 

achieve this effect. (B) Loss of adipose A2BR (FA2B-/-) would lead to slower kinetics in the stimulation 

of lipolysis by catecholamines during fasting. Catecholamines would likewise result in elevation of 

circulating NEFA to the same extent but would require a longer time course. (C) Loss of adipose 

A1R/A2BR (FAdKO-/-) would result in impaired kinetics in both transitions between fasting and feeding. 
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simultaneously induce constitutive, transgene expression of these receptors in adipose. 

Constitutive expression of A1R specifically in adipocytes in FAdKO-/- mice would 

therefore mimic adipocytes under fasted conditions without the ability to downregulate 

A1R transcription in response to feeding. On the other hand, constitutive expression of 

A2BR in adipocytes would mimic adipocytes under fed conditions with chronic 

upregulation of A2BR and downregulation of A1R, which is also the phenotype induced 

by obesity (Fig 4.2). In this instance, we would hypothesize that adipocytes would exhibit 

chronically elevated lipolysis and reduced response to the antilipolytic effects of insulin, 

highly similar to the defects in lipolysis that occur with obesity. The effects of chronically 

forcing adipocytes into an expression profile which emulates the fasted or fed condition on 

metabolism, adipogenesis, body weight and fat mass may give new insights into the role 

of this dynamic regulation of A1R and A2BR. 

 

 

Figure 4.2: Proposed shifts in adipocyte metabolism with loss of A1R and chronic upregulation of 

A2BR. Representation of the proposed changes to fatty acid kinetics in a mouse model with adipocyte 

specific deletion of A1R and A2BR, and transgenic expression of A2BR in adipocytes to chronically 

mimic the low A1R/high A2BR expression profile seen in the refed state or in obesity.  Loss of A1R 

would lead to slower kinetics in the suppression of lipolysis by insulin during feeding. The high 

expression of A2BR under both fasted and refed conditions would lead to a chronic elevation in lipolysis 

and circulating NEFA. 
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Dysregulation of adipose tissue by adenosine in obesity 

 More work is needed to determine how obesity dysregulates the pathways described 

herein which control A1R and A2BR expression. As we and others report, A1R is 

downregulated in adipose tissue with obesity. However, in obesity the FOXO1 

transcription factor is typically more transcriptionally active. Due to insulin resistance, the 

phosphorylation status of FOXO1 is reduced, leading to nuclear translocation and higher 

transcriptional activity [97]. Therefore, other mechanisms must be involved during obesity 

which either disconnect or overcome the regulation of A1R by FOXO1. Meanwhile, low-

grade chronic inflammation which occurs in adipose tissue during obesity would be 

expected to activate inflammatory pathways such as NF-κB and result in the upregulation 

of A2BR [6]. The cytokine/adipokine TNFα in particular has been shown to activate NF-

κB and upregulate A2BR, and thus may play an important role in the dysregulation of 

A2BR in obesity [94]. It is also interesting to note that in our experiments with HFD-fed 

mice, BAY 60-6583 administration still appeared to produce an even higher glucose 

excursion in refed mice as compared with fasted mice, despite the lack of induction of 

adipose A2BR by feeding in these mice. In refed normal chow mice, we observed an 

induction of A2BR in liver which was not statistically significant, and we did not 

investigate immune cell populations. It may be worth further investigating this feeding-

induced regulation of A2BR in these contexts where A2BR is already known to play a 

critical role. 

 It also remains unclear how rapidly the shifts in adipose adenosine receptors occurs 

with HFD feeding. It has been shown that HFD rapidly causes insulin resistance in adipose 
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tissue within 3 days, which is long before factors such as changes in inflammation begin 

to influence insulin sensitivity in adipose tissue [6]. Further, calorie restriction can also 

rapidly enhance insulin sensitivity in adipose tissue. Given the role of adenosine in adipose 

tissue insulin sensitivity, it seems plausible that changes in adenosine receptor expression 

could be involved in these rapid changes. 

 

Potential role for adenosine receptors in postprandial thermogenesis 

 Adenosine has been shown to activate thermogenesis in brown adipocytes through 

both A2A and A2B receptors [47,48]. Further, A2BR has also been shown to support the 

activation of A2A receptors as well as drive brown adipocyte thermogenesis through its own 

activation [48]. On the other hand, activation of A1R, either centrally or with broad 

administration of A1R agonists, is known to cause hypothermia [116,117]. Brown 

adipocytes have been shown to be significantly less responsive to A1R than white 

adipocytes, and the primary signal generated by adenosine was increased cAMP mediated 

through A2A receptors [47]. However, these brown adipocytes were cultured in extremely 

high levels of insulin (20 nM – 750 nM) and do not appear to have been cultured in the 

absence of insulin and serum prior to these experiments. Our studies would indicate that 

brown adipocytes cultured under these conditions would have their expression of A1R 

significantly suppressed while also having elevated expression of A2BR relative to fasted 

levels. It is therefore possible that brown adipocytes are significantly more responsive to 

A1 receptors under fasted or hypoinsulinemic conditions.  
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Postprandial thermogenesis is a well-documented phenomenon in mice and humans 

where body temperature is elevated following feeding dependent on changes in both 

skeletal muscle and adipose tissues. In sheep, postprandial thermogenesis within fat pads 

reaches its peak approximately 4-hours after food intake [118]. Assuming the postprandial 

shifts in adenosine receptor expression and the kinetics of these changes are preserved 

across mice and sheep, it seems plausible that this change in adenosine signaling could play 

a role in mediating postprandial thermogenesis. In support of this hypothesis, we will be 

assessing the effects of A1R agonism on body temperature within WT and FAdora1-/- mice. 

We would expect that the hypothermic effects of A1R agonism would be partially 

attenuated in FAdora1-/- mice. 

 

Potential for circadian regulation of adenosine signaling in adipose 

Throughout our experiments, we aimed to perform our analyses at approximately 

the same time of day to avoid the effects of circadian regulation. However, numerous 

studies have clearly defined the importance of circadian regulation in metabolism, and 

disruptions in circadian rhythms are associated with the development of metabolic 

syndrome [119].  Adenosine receptors, particularly A1 and A2A, are heavily involved in 

circadian rhythms and sleep in the central nervous system [120]. Adipose tissues also 

contain their own circadian clocks which regulate significant aspects of adipose physiology 

through clock-controlled genes [121]. The role of adenosine in the circadian control of 

adipose tissue, however, has not been explored. In one study, human subjects switched 

onto a night shift displayed normal suppression of lipolysis following a meal, but a delayed 
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return to fasting NEFA levels [122]. Changes in adenosine receptor expression by circadian 

mechanisms, such as significantly elevated A1R or an inability to appropriately regulate 

A1R and A2BR expression in response to feeding, could provide one explanation for this 

delay. More studies are needed to determine how circadian rhythms affect adipose 

expression of adenosine receptors. 

 

Adipose adenosine signaling in cardiovascular disease 

 We initially developed the FAdora1-/- mice to investigate the role of adipose A1 

adenosine receptors in the cardioprotection of A1R partial agonists in myocardial infarction 

and heart failure. Partial agonists of A1R, such as capadenoson, were reported to improve 

cardiac function in rat models of heart failure and myocardial infarction [34,123,124]. 

Unfortunately, neladenoson, an analog of capadenoson, failed to improve cardiac function 

in human patients with heart failure during clinical trials (Jürgen Schrader, personal 

communication). In rats, partial A1R agonists have been shown to suppress adipocyte 

lipolysis with minimal cardiac effects such as reduced heart rate [34,57,107]. Our lab has 

shown that inhibiting lipolysis during a myocardial infarction results in significant 

improvements to cardiac function [125]. We hypothesized that the beneficial effects of 

partial A1R agonists were at least partially due to the inhibition of lipolysis. In human 

patients, the administration of beta blockers would significantly mask this effect, and this 

polypharmacy may have been one contributing factor to the failure of Neladenoson in 

clinical trials. 
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 While A1R agonism suppresses lipolysis in both mice and rats, mouse adipocytes 

are less sensitive to A1R agonism than rat adipocytes [126]. We discovered that the ability 

of partial A1R agonists to suppress lipolysis in mice cannot be separated from significant 

effects on heart rate (Figure 2.1). Since A1R partial agonists are still substantially effective 

at improving cardiac function in mouse models of myocardial infarction, the suppression 

of lipolysis is likely not a significant contributor to this effect. The failure of these 

compounds in clinical trials could still involve adipose adenosine receptors, however. 

Capadenoson and its analogs were discovered to also be A2BR partial agonists [127]. 

While we demonstrate that capadenoson suppresses lipolysis under fasted conditions, it is 

possible that it could activate lipolysis under refed conditions. Numerous studies suggest 

that increased adipocyte lipolysis is detrimental to cardiac function in the contexts of 

myocardial infarction and heart failure. 

 

Adipose A2BR and cachexia 

 Cachexia is a wasting syndrome that results in uncontrolled loss of both adipose 

and skeletal muscle. Cachexia occurs with a number of chronic diseases such as chronic 

infection and heart failure, but it is most commonly associated with cancer. Fat catabolism 

has been implicated as an important contributor in cachexia, and deletion of ATGL 

attenuates weight loss in mice with cancer-associated cachexia [128]. These chronic 

diseases are also associated with chronic, low-grade inflammation which our work 

indicates is likely to mediate an upregulation of A2BR in adipose tissue. Future studies on 
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lipid metabolism in cachexia should consider the role of the adenosine system within 

adipose tissue. 

 

Therapeutic potential of adenosine receptors for metabolism 

The adenosine receptors have broad effects across numerous tissues, and whether 

or not they have therapeutic potential for metabolic diseases appears controversial. Many 

studies have argued the benefits of targeting the adenosine receptor system for various 

aspects of metabolic syndrome, however the results of global knockout mice and 

pharmacological manipulation have often been contradictory. The existing literature on 

adenosine supports a role in regulating cells under stress in a highly localized manner, 

rather than coordinating coherent, global responses in the body. For example, adenosine 

action in pancreatic β-cells to suppress insulin secretion and in adipocytes to suppress 

lipolysis. In both situations, adenosine alleviates stress (energetic stress from insulin 

secretion and adrenergic stress on lipolysis), yet these actions oppose one another in the 

context of whole-body lipid metabolism. For this reason, it remains unclear if 

pharmacological agents targeting A1R or A2BR will be effective in addressing metabolic 

diseases. 

This work along with previous literature which has already been discussed provide 

a strong support for the role of A1R in adipose tissue as an insulin sensitizer. Several  early 

studies, however, found that activation of A1R in skeletal muscle impairs insulin action 

[129,130]. It was also found that the administration of an A1R antagonist, BWA-1433, 
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resulted in improved glucose tolerance and insulin sensitivity, and increased glucose 

uptake in skeletal muscle [131,132]. In contrast, later studies supported a role for A1R in 

enhancing insulin-stimulated glucose uptake in skeletal muscle [133,134]. It was also 

discovered that BWA-1433 is not specific to A1R, but is also a potent antagonist of the 

A2B adenosine receptor (A2BR) [40]. Further, A1R antagonism with the more specific 

antagonist DPCPX did not improve glucose uptake in skeletal muscle [135,136]. While 

partial A1R agonists have been used to reduce fasting serum NEFA levels in obese rats and 

humans, to date there remains no conclusive evidence on whether or not A1R agonism can 

improve whole-body insulin sensitivity and glycemic control [66,67]. 

As mentioned in Chapter 3, acute A2BR agonism drives lipolysis and glucose 

intolerance, and A2BR knockout improves glucose tolerance and insulin sensitivity in 

young mice. Older A2BR knockout mice, however, exhibit increased body weight and fat 

mass, and impaired glucose tolerance and insulin sensitivity. Chronic A2BR agonism may 

actually improve metabolic syndrome by decreasing body weight, increasing BAT 

activation and energy expenditure, reducing adipose tissue inflammation, and decreasing 

liver expression of lipogenic genes [48,88,89,92,93]. We hypothesized based on our data 

that upregulated A2BR in adipose tissue contributes to obesity-induced glucose intolerance 

and insulin resistance, however when considering the aggregate effect of A2BR across all 

tissues, it is possible A2BR agonism is more beneficial for treating metabolic syndrome 

than A2BR antagonism. 

Currently, the most promising target in the adenosine system for treating metabolic 

syndrome is the A2A adenosine receptor. Gnad et al demonstrated a profound induction in 
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energy expenditure in mice with A2A adenosine receptor agonism which resulted in reduced 

body weight and improved glucose tolerance in obese mice [47]. The major caveat with 

this approach is that the physiological relevance of brown adipocytes in humans is still 

highly controversial. Only human clinical trials will be able to determine if this mechanism 

is a viable approach for improving metabolic syndrome in patients.  

 

Conclusion 

 Overall, this work has uncovered the dynamic nature of adenosine signaling in 

adipose tissue and provides new insights into the regulation of adipocyte metabolism. The 

reciprocal regulation of A1R and A2BR in adipocytes during feeding has broad 

implications for the role of adenosine in metabolic syndrome, thermogenesis, and circadian 

rhythms. Significant work is still needed to characterize the regulatory pathways driving 

the postprandial upregulation of A2BR, as well as the importance of this shift in adenosine 

receptors to the cyclical regulation of adipocyte metabolism during fasting and feeding.  
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APPENDIX A 

IDENTIFICATION OF RITANSERIN ANALOGS THAT DISPLAY DGK 

ISOFORM SPECIFICITY 

 

PREFACE 

The following appendix was published in Biochemical Pharmacology in 

collaboration with Dr. Benjamin Purow’s lab [137]. Only minor changes have been made 

to the formatting. Credit is shared with all authors for the writing of this published work. 
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ABSTRACT 

The diacylglycerol kinase (DGK) family of lipid enzymes catalyzes the conversion 

of diacylglycerol (DAG) to phosphatidic acid (PA). Both DAG and PA are lipid signaling 

molecules that are of notable importance in regulating cell processes such as proliferation, 

apoptosis, and migration. There are ten mammalian DGK enzymes that appear to have 

distinct biological functions. DGKα has emerged as a promising therapeutic target in 

numerous cancers including glioblastoma (GBM) and melanoma as treatment with small 

molecule DGKα inhibitors results in reduced tumor sizes and prolonged survival. 

Importantly, DGKα has also been identified as an immune checkpoint due to its promotion 

of T cell anergy, and its inhibition has been shown to improve T cell activation. There are 

few small molecule DGKα inhibitors currently available, and the application of existing 

compounds to clinical settings is hindered by species-dependent variability in potency, as 

well as concerns regarding isotype specificity particularly amongst other type I DGKs. In 

order to resolve these issues, we have screened a library of compounds structurally 

analogous to the DGKα inhibitor, ritanserin, in an effort to identify more potent and 

specific alternatives.  We identified two compounds that more potently and selectively 

inhibit DGKα, one of which (JNJ-3790339) demonstrates similar cytotoxicity in GBM and 

melanoma cells as ritanserin. Consistent with its inhibitor profile towards DGKα, JNJ-

3790339 also demonstrated improved activation of T cells compared with ritanserin. 

Together our data support efforts to identify DGK isoform-selective inhibitors as a 

mechanism to produce pharmacologically relevant cancer therapies. 
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INTRODUCTION 

Diacylglycerol kinases (DGKs) are a family of enzymes that phosphorylate 

diacylglycerol (DAG) to form phosphatidic acid (PA) [138]. Both DAG and PA are active 

signaling molecules that are tightly regulated to influence central cell signals such as 

Protein Kinase C/D, Ras, mTOR, SHP1, and many others [139–142]. Importantly, the 

elimination of DAGs via DGKs is considered the main pathway by which DAG-related 

signaling is attenuated.[142] The mammalian family of DGK enzymes is characterized into 

5 classes based on the presence of different functional domains, and is comprised of 10 

unique isoforms.[141] While this large number of isoforms has made characterizing the 

biological function of these enzymes challenging, there is now mounting evidence for 

involvement of several of these isoforms in a variety of pathological states.  

Recently, DGKα has become of particular interest in the cancer field for its dual 

role in both promoting cancer growth and metastasis and simultaneously suppressing T cell 

activation.[143] DGKα is a member of the type I isoform group that has been implicated 

in the progression of many types of cancers, including melanoma and glioblastoma 

(GBM).[144,145] DGKα has also been identified as an important checkpoint in T cell 

activation, and overactive DGKα leads to the induction of T cell anergy.[146–150] DGKα 

inhibition can rescue T cell activation, and DGKA knockout mice have hyperactive T cells 

that are resistant to anergy.[150,151] In keeping with this, there is now mounting evidence 

that DGKα inhibition may improve immunotherapies such as chimeric antigen receptor-

modified T (CAR-T) cells.[152–154] It is important to note that there is substantial 

evidence to suggest that DGKζ may be stronger than DGKα in modulating T cells, and the 
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use of CRIPSR/Cas9 to knock out both DGKα and DGKζ resulted in significant 

improvements to antitumor activity by human CAR-T cells.[153] However, DGKζ has also 

been shown to be important for restraining immunosuppressive regulatory T (Treg) cells, 

as well as suppressing NF-κB activation, thus creating potential complications in targeting 

it for cancer therapy.[155,156]  

Interestingly, there are differential effects on the Ras pathway of DGKα inhibition 

in cancer cells (decreased) versus in T cells (increased).[157,158] Additionally, DGKα has 

been shown to have different substrate specificity depending on membrane curvature.[159] 

This suggests that DGKα has context-dependent effects that vary across cells and tissues 

and even intracellular conditions. Further, there is evidence for the conversion of specific 

DAG species into PA in certain cell types that appears to depend on which DGK family 

member is predominantly expressed.[160–162] It is therefore likely that the biological 

roles of the various DGK members are distinguished by expression profiles, context of 

activation, and subcellular localization. This highlights the importance of developing 

inhibitors with a high degree of specificity for the purposes of cancer treatment. 

There are two long-established inhibitors of DGKα that have been used extensively 

in vitro in the laboratory, R59022 and R59949. With the goal of identifying other DGKα 

inhibitors with higher clinical potential, as well as understanding the chemical features to 

enable the design of superior inhibitors, we recently characterized the structurally-similar 

serotonin receptor antagonist ritanserin as a DGKα inhibitor.[163] The primary advantage 

ritanserin holds over other DGKα inhibitors lies in its characterization in clinical trials as 

a serotonin receptor antagonist, and which have already demonstrated its safety and 

beneficial pharmacological properties in human patients.[164] These existing small-
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molecule DGKα inhibitors have shown species-dependent variability in potency; ritanserin 

stimulates human but not mouse T cells, in direct contrast to the effects of R59949 on both. 

This context-dependent inconsistency may be better understood and addressed by the 

identification of novel and more potent and specific inhibitors for DGKα. Velnati and 

colleagues recently published AMB639752 as a minimal pharmacophoric structure for 

DGKα inhibition that lacks anti-serotonergic activity and demonstrated its selectivity over 

other DGK isoform types, yet its selectivity over the other type I isoforms has not been 

explored.[165] Additionally, Liu et al. reported on their compound CU-3, which displays 

a high degree of potency against DGKα and significant selectivity over other 

isoforms.[166] However, the in vivo safety and toxicity for CU-3 and its related structures 

remains unknown. Meanwhile, some studies have begun to localize the critical features 

required of ritanserin and related compounds for DGK inhibition and to identify the 

mechanism of action, but thus far no new ritanserin analogs have been identified.[167,168] 

In this study, we screened a compound library generated by Janssen Pharmaceuticals 

containing compounds structurally similar to ritanserin. We sought to identify ritanserin 

analogs that provide higher potency against DGKα, as well as selectivity versus other type 

I DGK isoforms, working toward the ultimate goal of improved DGKα inhibitors for 

immunotherapy and cancer treatment. 
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RESULTS 

Ritanserin lacks specificity for DGKα over other type I DGK isoforms 

The serotonin receptor antagonist ritanserin and the analogs R59022 and R59949 

have shown antitumor efficacy both in vitro and in vivo in multiple cancers, with 

demonstrated mediation through DGKα.[145,169,170] In characterizing the inhibitory 

activity of ritanserin against the other type I DGK isoforms, DGKβ and DGKγ, we 

overexpressed FLAG-tagged DGK isoform constructs and confirmed their expression in 

HEK 293T cell lysates (Fig. A1 A). To validate subsequent kinase assays, the linear range 

of activity was identified for each enzyme (Fig. A1 B) alongside a GFP control to ensure 

that the intensity of enzyme activity would be proportional to the concentration of enzyme 

assayed.  

At the chosen 5 µg of total protein, we determined the relative incorporation of 

[32P] into our DAG liposomes with each DGK type I isoform (Fig. A1 C) and found that 

all three isoforms displayed similar levels of enzymatic activity (nmol/min/mg) when 

normalized to relative expression. With the introduction of the previously characterized 

DGKα inhibitors ritanserin and R59022 to determine the level of inhibition, we found that 

at 50 µM, both ritanserin and R59022 significantly inhibit the activity of all three isoforms 

relative to a DMSO control treatment (Fig. A1 D). While ritanserin and R59022 displayed 

significant efficacy against DGKα (~63% and ~72% respectively), both inhibitors showed 

similar activity against DGKγ (~63% and ~70%). Ritanserin and R59022 displayed lower 

but still significant inhibitory activity against DGKβ (~58% and ~63%). This lack of 

specificity amongst the type I isoforms lies in contrast to other DGK isoforms such as δ, θ, 

and ι, and suggests that structural features shared between the isoforms may contribute to 
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their potential for inhibition by ritanserin.[163]  

 

Screen of a ritanserin analog library points to novel DGKα small-molecule inhibitors 

To identify additional compounds with improved selectivity for DGKα over the 

other type I isoforms, we screened a selected library of 188 compounds with a potential for 

inhibition of DGKα. The structure of ritanserin consists of two -4-fluoro-benzene rings, a 

thiazolopyrimidine group, and a protonatable nitrogen which is contained within a 

piperidine (Fig. A2 A). Having been developed as a serotonin receptor antagonist, the 

central nitrogen of ritanserin is known to be key for its anti-serotonergic function, but has 

also been found to be necessary for inhibitory activity towards DGKα.[165] The library of 

compounds was provided to us by Janssen Pharmaceuticals and was assembled based on 

their structural similarity to ritanserin. 

Using our radiolabeled kinase assay, we screened all 188 ritanserin analogs for 

inhibitory effects against DGKα enzyme activity, normalized to vehicle. To identify 

compounds of greatest interest, we established criteria based on the strictly standardized 

mean difference (SSMD, < -5) and log fold change (< -0.6), and identified 30 compounds 

that met the thresholds for these criteria (Fig. A2 B and Table A1). When select hits were 

rescreened alongside ritanserin, nine compounds demonstrated comparable or improved 

inhibition of DGKα; however, only seven of these compounds had available structural 

information and were thus chosen for further testing (Fig. A2 C, E-K). Notably, two of 

these compounds were more similar in structure to the DGKα inhibitor R59949 than 

ritanserin (Fig A2 D, H, K). 
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Specificity of ritanserin analogs for DGKα 

Based on our initial two screens assessing the ritanserin analogs for potency against 

DGKα, we next set out to determine the specificity of these compounds for DGKα over the 

other type I DGK isoforms. We first performed dose-response experiments to determine 

the IC50 and IC90 values for the seven candidate compounds towards DGKα resulting from 

the screen (Table A2). We tested these compounds on DGKβ and DGKγ at their determined 

IC50 and IC90 values towards DGKα. Two were identified to have very limited inhibitory 

activity against the DGK type I isoforms β and γ. Thus, while ritanserin demonstrated a 

degree of inhibition of DGKβ/γ, compounds JNJ-3790339 and JNJ-3940447 at IC50 did not 

affect DGKβ/γ activity (Fig. A3), demonstrating greater specificity of these compounds 

towards DGKα.  

We further sought to evaluate the specificity of these compounds by determining 

their inhibition of another DGK subtype. We chose the type IV DGKζ, due to its known 

role in the suppression of Treg cells and NF-κB activation.[155,156,171] Type IV DGKs 

are distinct from type I in that they lack the N-terminal RVH and EF Hand motifs which 

cooperate to control calcium-dependent enzyme activation.[160] They additionally have 

PDZ-binding and ankyrin domains involved in protein-protein interactions, as well as a 

MARCKS domain. After confirming expression of DGKζ in our HEK-293T cell lysates, 

we identified a protein concentration within the linear range of activity (Fig. A4 A, B) and 

measured activity following treatment with ritanserin, compound JNJ-3790339, and 

compound JNJ-3940447. Neither ritanserin nor its analogs showed any inhibitory effect on 

DGKζ at their respective DGKα IC50 values (Fig. A4 C).  

For the sake of completeness, we tested all of our candidate compounds to assess 
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their inhibitory activity against DGKβ/γ/ζ at their respective IC50 and IC90 values against 

DGKα (IC50 in Table A3, IC90 not shown). Notably, even at its IC90, JNJ-3790339 

continued to show a high degree of selectivity for DGKα. Further, neither ritanserin nor 

any of the other candidate compounds shows inhibitory activity against DGKζ, lending 

further evidence for type I specificity of this class of compounds.  

 

Cytotoxicity of ritanserin analogs in cancer cells 

One of the potential applications for DGKα small-molecule inhibition is in the 

treatment of various cancers for which targeting DGKα has demonstrated 

cytotoxicity.[143–145,169] To determine if our newly identified inhibitors show the same 

cytotoxic effects against cancer cells in vitro and in vivo as DGKα inhibition has previously 

shown,[145] we performed dose response  assays with the human melanoma cell line A375, 

the GBM cell line U251, and the human malignant Jurkat T cell  line using ritanserin, 

ketanserin, JNJ-3790339, JNJ-3940447, and vehicle (Fig. A5 A). Ritanserin and JNJ-

3790339 treatment resulted in significant loss in cell viability at 15 μM of compound in 

both the A375 and U251 cell lines, while none of the compounds had significant 

cytotoxicity against Jurkat T cells at this concentration (Fig. A5 B). Ritanserin and JNJ-

3940447 had cytotoxicity in Jurkat T cells only at high concentrations (40 μM), while JNJ-

3790339 was somewhat more potent (Fig. A5 A). A similar lack of potency was seen with 

JNJ-3940447 across all cell lines with no substantial induction of cytotoxicity until 40 μM. 

 

Activation of primary WT and DGKα-/- T cells with DGKα inhibition 

Given the demonstrated ability of the small molecule DGKα inhibitors to promote 
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T cell activation[172], we investigated whether the inhibitors identified by this screen 

might also possess this immune-stimulating ability. Human malignant Jurkat T cells were 

costimulated with functional CD3/CD28 antibodies alongside ritanserin, ketanserin, or the 

analogs identified by our screen. Treatment with all of the analogs and ritanserin resulted 

in increased mRNA expression of the early activation marker CD69 and the cytokine tumor 

necrosis factor alpha (TNFα) versus the DMSO vehicle control (Fig. A6 A). Further, the 

most potent inhibitor we identified, JNJ-3790339, also displayed the highest activation 

response with significantly increased CD69 and TNFα expression compared to activation 

in the presence of DMSO, and a trend towards increased expression of TNFα over 

activation in the presence of ritanserin. The negative control ketanserin was also included 

in the assay, as it is structurally similar to ritanserin and its analogs and functions as a 

serotonin inhibitor, but has no inhibitory activity against DGKα. As expected, ketanserin 

did not result in increased expression of CD69 or TNFα.  

To confirm that the effects of these compounds were specific to their inhibitory 

activity against DGKα, we isolated and costimulated T cells from the spleens of WT and 

DGKα-/- mice and treated with three analogs from our initial screen identified as the most 

potent inhibitors of DGKα (Fig. A6 B). Both JNJ-3790339 and JNJ-3790892 resulted in 

enhanced activation of T cells from WT but not DGKα-/- mice, though only activation with 

JNJ-3790892 reached significance. JNJ-3790339 and JNJ-3790892 had among the lowest 

IC50’s demonstrated by enzyme activity assay, while compound JNJ-3940447 with the 

second-lowest IC50 did not produce such an activating effect. The imperfect correlation 

between DGKα IC50 and T cell activation suggests that there may be additional specific 

properties of these drugs that modulate their T cell activation, such as differing cell 
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permeability and retention. Ritanserin was not used in experiments with primary murine T 

cells due to its previously demonstrated inability to activate murine T cells, but the DGKα 

inhibitor R59949 was used instead.[172] In these settings the two ritanserin analogs JNJ-

3790339 and JNJ-3790892 possess greater potential to stimulate T cells than ritanserin and 

R59949 (Fig. A6 A-B). 
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DISCUSSION 

The large number of mammalian DGK isoforms and their apparent lack of substrate 

specificity has made deciphering the individual roles of the different isoforms into an 

immensely complex task. Having access to selective and specific pharmacological 

compounds that modulate the activity of individual DGK isoforms is crucial to 

interrogating the physiological roles of these enzymes. DGKα is a member of the type I 

isoform group of DGKs that has been implicated in a number of pathological conditions, 

including glioblastoma and melanoma, and represents a promising therapeutic target.[143] 

The other type I DGKs, β and γ, possess the same structural domains as DGKα, most 

notably calcium-binding EF hand motifs which enhance their activity in the presence of 

calcium. Their structural and functional similarity highlight the importance for identifying 

specific and selective inhibitors for DGKα. The various isotypes tend to have different 

subcellular localizations[141], and therefore the unintended off-target effects of inhibiting 

the wrong DGK may prove to be detrimental. Liu et al have reported on a DGKα inhibitor, 

CU-3, with a novel scaffold that proved to be both potent and highly selective over all other 

DGK isoforms and was efficacious in improving the activation of malignant Jurkat T 

cells.[166] Velnati and colleagues recently identified a novel pharmacophoric structure for 

inhibiting DGKα with the compound AMB639752, which has improved selectivity for type 

I DGK isoforms and eliminates the anti-serotonergic activity that is a significant potential 

limitation of the ritanserin analogues.[165] However, the selectivity of AMB639752 for 

DGKα over other type I isoforms is unknown, and both compounds lack indications of in 
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vivo activity. 

The identification of ritanserin as a DGKα inhibitor demonstrates the value in 

repurposing therapeutics, as previous clinical trial data have already shown that it is safe 

and well tolerated in human patients.[164] Initially designed as a serotonin receptor 

antagonist, its ability to inhibit DGKα suggested its potential for use in the treatment of 

certain cancers such as glioblastoma and melanoma.[144,145,169] While ritanserin was 

found to effectively inhibit DGKα and demonstrate cytotoxic effects in cancer cells, its 

potency was not a great improvement beyond those of the previously identified DGKα 

inhibitors R59022 and R59949. Furthermore, in this study we found that while ritanserin 

has a high degree of specificity for type I DGK isoforms[163], there is little specificity 

across the type I isoforms (Fig. A1). By screening a library of 188 ritanserin analogs 

initially created by Janssen Pharmaceuticals, we were able to identify 30 additional 

compounds with significant inhibitory activity against DGKα (Fig. A2, Table A1). We 

found that two of these compounds in particular, JNJ-3790339 and JNJ-3940447, 

demonstrated a high degree of selectivity for DGKα over the other type I DGKs (Fig. A3, 

Table A3). We also investigated the activity of these inhibitors on a DGK from an alternate 

subtype, the type IV DGKζ. We chose this isoform due to its known role in promoting T 

cell anergy, a function it shares with DGKα. We found that neither ritanserin nor the 

analogs JNJ-3970339 and JNJ-3940447 demonstrated any significant inhibitory activity 

against DGKζ (Fig. A4). While this limits their toxicity, it is possible a compound with 

dual inhibitory functions against DGKα and DGKζ may have higher therapeutic potential; 

thus, it may be worth further investigating the activity of these ritanserin analogs against 

DGKζ. Even when we tested these compounds at their IC90, JNJ-3790339 maintained a 
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high specificity for DGKα and JNJ-3940447 demonstrated only moderate activity against 

DGKζ and a downward trend in DGKγ activity that was not statistically significant (~68% 

inhibition against DGKα vs ~31% against DGKs γ and ζ, not shown). Unfortunately, it 

remains unclear how the minor differences in the structures of these two compounds yield 

this higher selectivity. There are currently no crystal structures for any of the type I DGKs, 

and there was not enough accessible information on structures within this library to perform 

a structure-activity relationship analysis. Further, the compounds screened in this study 

were developed by Janssen Pharmaceuticals during a search for psychoactive compounds 

with antagonistic properties against the serotonin receptors. While we did not test for 

serotonin receptor antagonism in this study, it is highly likely that all of the compounds 

identified exhibit significant inhibitory activity against serotonin receptors which could be 

an important limitation with this class of compounds. 

The enhanced potency and selectivity of JNJ-3790339 and JNJ-3940447 against 

DGKα, however, supported further investigation into their therapeutic potential. GBM is 

the most common primary cancer of the central nervous system and makes up >51% of all 

gliomas.[173] It is the most aggressive primary brain tumor with a median survival of 15 

months and a 5-year survival rate of less than 5%.[174] GBM is extremely resistant to 

treatment, even with surgical resection followed by concurrent radiation and 

chemotherapy, highlighting the need for novel therapeutics. We have previously shown 

that the overexpression of DGKα found in GBM cells suppresses cAMP levels to drive the 

key oncogenic pathways mTOR and HIF-1α.[145] Melanoma is another notoriously 

aggressive and invasive cancer, and while the advent of immunotherapy has resulted in 

improved patient outcomes over the past decade, there has been demonstrated potential for 
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the efficacy of adjuvant DGKα inhibition.[145] Inhibition of DGKα with  ritanserin or its 

analog R59022 results in toxicity to GBM cell lines that does not occur in non-cancer 

derived cell lines.[145,169] We tested JNJ-3790339 and JNJ-3940447 for their ability to 

induce cell death in the melanoma cell line A375, the GBM cell line U251, and the 

malignant Jurkat T cell line (Fig. A5). We found that JNJ-3790339 displayed a similar 

ability as ritanserin to induce cancer cell death, while compound JNJ-3940447 did not 

induce toxicity within either the GBM cells or Jurkat T cells except at very high 

concentrations (40 μM). The lack of direct correlation between the potency of DGKα 

inhibition and toxicity within cancer cells suggests that there may be additional specific 

properties of these drugs affecting their action in cells, such as cell permeability, retention, 

or inhibition of other targets.  

In addition to their direct effects on cancer cells, novel inhibitors to DGKα have 

potential to become valuable as adjuncts to cancer immunotherapies. The ability of 

ritanserin to upregulate T cell activation is an attractive benefit of DGKα inhibition, since 

immunotherapies have emerged as very effective treatments for some cancer patients. 

Treatment of immunogenic malignancies such as melanoma have yielded major 

improvements in patient survival with the advent of immune checkpoint inhibitors. These 

treatments reverse the immunosuppressive effects of PD-1/PD-L1 and CTLA4, enabling T 

cells to combat tumor progression. Combining these drugs with an agent such as ritanserin 

could prove valuable in the clinic, with possible synergistic effects; notably, DGKα has 

been shown to potentially mediate some of the resistance to PD-1 inhibitors.[175] We 

sought to determine if JNJ-3790339 and JNJ-3940447 could also promote T cell activation, 

using a human T cell line and primary T cells isolated from WT and DGKα-/- mice. The 
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range of analogs we tested enabled us to get a preliminary sense of correlations between 

DGKα inhibitory potency and T cell activation. We observed in both mouse primary T 

cells and the Jurkat human T cell line that JNJ-3790339 enhanced the upregulation of CD69 

gene expression, an early marker for T cell activation, and exhibited an improved response 

over ritanserin (Fig. A6). JNJ-3790892 displayed a significant increase in CD69 expression 

above DMSO in primary T cells but no improvement in potency or selectivity over 

ritanserin. Importantly, we confirm that these effects are DGKα-mediated, as primary T 

cells harvested from the spleens of DGKα-/- mice do not show enhanced T cell activation 

upon treatment with DGKα inhibitors (Fig. A6).  

In summary, through these experiments we have identified compounds that more 

potently and selectively inhibit the promising immunotherapy and cancer target DGKα. In 

particular, we have identified JNJ-3790339 as a compound with superior selectivity for 

DGKα, similar induction of toxicity in malignant cells, and improved ability to upregulate 

T cell activation. JNJ-3790339 shares a high degree of structural similarity to ritanserin 

and would likely behave similarly in vivo. Further investigation is needed to determine a 

complete structure-activity relationship for this class of drugs, as well as cell permeability 

and retention, their activity against serotonin receptors, and their in vivo pharmacokinetic 

profile. The potential clinical benefit of these drugs alone and in combinations with 

available immunotherapies underscores the importance of further pursuit of these 

repurposed analogs. 
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FIGURES AND TABLES 

 

Figure A1: Ritanserin exhibits significant inhibition of all type I DGK isoforms. (A) 

Representative western blot and quantification for GFP control or indicated FLAG-tagged 

DGK constructs expressed in HEK-293T cells and harvested 48 hours after transfection. 

Expression was quantified and normalized relative to β-tubulin. (B) Enzyme activity as a 

function of the total protein concentration in cell lysates expressing GFP or indicated DGK 

isoform and measured as nmol of ATP incorporation into PA per minute. (C) Enzyme 

activity of type I DGKs when assayed with 5 μg total protein of cell lysate, expressed in 

nmol of ATP incorporation into PA per minute per mg total protein and normalized to the 

relative expression of each respective DGK. (D) Relative DGK activity with DMSO 

vehicle or 50 μM of ritanserin or R59022 for type I DGK isoforms. ****p<0.0001, Two-

way ANOVA 
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Figure A2: Screening a library of ritanserin analogues reveals additional inhibitors 

against DGKα. (A) Molecular structure of ritanserin. (B) Dual-flashlight plot for all 

compounds screened against DGKα. Blue points indicate compounds that met the selection 

criteria for strictly standardized mean difference (SSMD) and mean log fold change. (C) 

Relative DGKα activity in confirmation screen. FLAG-tagged DGKα was overexpressed 

in HEK-293T cells, and DGK activity in 5 µg of protein lysates was measured. DMSO 

concentration was 0.5% in all assays and all compounds at 50 µM. (D) Molecular structure 

of the DGK inhibitor R59949. (E-K) Molecular structures for all identified compounds as 

indicated. ****p<0.0001, One-way ANOVA 
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Compound 

(Library #) 
SSMD 

Log Fold 

Change 

3 -13.47 -0.70 

10 -15.15 -0.70 

29 -13.24 -0.68 

32 -11.19 -0.63 

33 -10.17 -0.63 

34 -12.81 -0.68 

38 -8.30 -0.71 

39 -9.41 -0.63 

52 -5.12 -0.66 

53 -5.59 -0.75 

54 -5.04 -0.69 

55 -5.38 -0.68 

56 -5.99 -0.93 

58 -5.75 -0.82 

59 -5.73 -0.81 

61 -5.03 -0.61 

62 -5.96 -0.91 

63 -5.38 -0.71 

79 -5.01 -0.67 

106 -28.00 -0.60 

107 -16.45 -0.70 

110 -26.87 -0.65 

120 -37.52 -0.92 

125 -51.47 -0.67 

126 -36.56 -0.62 

128 -19.41 -0.72 

136 -5.20 -0.61 

139 -6.61 -0.83 

140 -5.18 -0.61 

141 -5.97 -0.64 

 

Table A1: Candidate compounds resulting from the primary screening campaign. A 

list of all 27 compounds identified by the primary screening campaign with a mean log 

fold-change in DGKα enzymatic activity of ≤-0.6 relative to DMSO, and a strictly 

standardized mean difference (SSMD) of ≤-5. 
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Compound IC50 (μM) IC90 (μM) 

Ritanserin 27.4 123.3 

Ketanserin - - 

JNJ-3790339 (107) 9.6 429.8 

JNJ-3790892 (58) 25.5 260.2 

JNJ-3806467 (59) 32.9 223.9 

JNJ-3809435 (79) 142.0 >1 mM 

JNJ-3940447 (128) 17.5 387.2 

JNJ-3948588 (10) 33.0 262.3 

JNJ-4285841 (62) 88.4 >1 mM 

 

Table A2: DGKα IC50 and IC90 values for candidate compounds. All IC50 and IC90 

values for ritanserin and each of the identified candidate compounds calculated from a 5-

point dose response curve ranging from 0.1 – 1000 μM. The negative control ketanserin 

produced no significant inhibition at any concentration, and values above 1 mM are not 

listed due to lack of sufficient data for accurate calculation. 
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Figure A3: Screening candidates do not exhibit inhibition against other type I DGK 

isoforms. Inhibitory activity for ritanserin and top candidate compounds against DGKβ 

and DGKγ. Enzyme assays were performed in the presence of each compound at its 

calculated IC50 value and compared to the relative activity in the presence of an equivalent 

treatment with DMSO vehicle control. *p<0.05, **p<0.01, One-way ANOVA 
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Figure A4: Ritanserin analogues do not significantly inhibit DGKζ. (A) GFP control 

or HA-tagged DGKζ constructs were expressed in HEK-293T cells, harvested 48 hours 

after transfection, and expression checked by immunoblot for the HA tag at the appropriate 

molecular weight. (B) Enzyme activity for cell lysate with overexpressed DGKζ was tested 

for the range of linearity prior to subsequent experiments. (C) Inhibitory activity against 

DGKζ for ritanserin and lead candidate compounds at the respective DGKα IC50 

concentrations, compared to relative activity with DMSO vehicle control. 
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 DGKβ DGKγ DGKζ 

Compound 
Relative 

Activity 
p-value 

Relative 

Activity 
p-value 

Relative 

Activity 
p-value 

Ritanserin 0.79 0.6721 0.52 0.0404 0.92 0.9994 

Ketanserin 1.08 0.9972 0.91 0.9939 0.93 0.9996 

JNJ-3790339 1.25 0.5073 1.42 0.0915 1.38 0.491 

JNJ-3790892 0.93 0.9994 0.56 0.0699 1.00 >0.9999 

JNJ-3806467 1.09 0.9936 0.71 0.3568 0.81 0.9579 

JNJ-3809435 1.14 0.9488 0.52 0.0461 0.75 0.8425 

JNJ-3940447 0.95 0.9996 0.98 0.9998 1.04 0.9997 

JNJ-3948588 1.05 0.9996 0.75 0.5154 0.91 0.9994 

JNJ-4285841 0.62 0.139 0.33 0.0037 0.73 0.7975 

 

Table A3. Specificity at the IC50 for all screening candidates. Inhibitory activity for 

ritanserin, ketanserin, and all identified candidate compounds was determined for DGKβ, 

DGKγ, and DGKζ at the calculated IC50 values for each compound, or 50 μM for 

ketanserin. Activity is listed as fold-change relative to DMSO vehicle control. 
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Figure A5: Cytotoxic efficacy of ritanserin, JNJ-3790339, and JNJ-3940447 against 

cancer cell lines. (A) Dose response curve for cytotoxicity that measures alamarBlue 

fluorescence from A375, U251, and malignant Jurkat T cells treated with vehicle (DMSO), 

and the indicated concentrations of ketanserin, ritanserin, and analog compounds JNJ-

3790339 and JNJ-3940447. (B) Percent viability of malignant cells treated with 15 μM 

ritanserin, JNJ-3790339, and JNJ-3940447. *p<0.05, **p<0.01, ****p<0.0001, ns, not 

significant, Two-way ANOVA 
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Figure A6: Ritanserin analogs JNJ-3790339 and JNJ-3790892 promote activation of 

primary murine T cells. (A) The human-derived Jurkat T cell line was unstimulated, or 

stimulated with 1 μg/mL functional antibodies against CD3/CD28 and treated for 6 hours 

with DMSO or indicated ritanserin analogs at 5 μM. T cell activation was assessed by 

qPCR measurement of CD69 and TNFα mRNA levels. (B) Primary isolated murine T cells 

from WT and DGKα-/- (KO) mice were stimulated and treated for 6 hours with DMSO or 

indicated inhibitors and T cell activation assessed by CD69 expression as described in (A). 

**p<0.01, ***p<0.001, ****p<0.0001, one-way ANOVA (A) or two-way ANOVA (B) 
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METHODS 

Materials 

[γ32P]-ATP (6000Ci/mmol) was from Perkin Elmer (Boston, MA). The lipid 

species used in the preparation of liposomes included: 1,2-dioleoyl-sn-glycerol (dioleoyl; 

18:1, 18:1), 1,2-dioleoyl-sn-glycero-3-[phospho-L-serine] (PS), and 1,2-dioleoyl-sn-

glycero-3-phosphocholine (PC). All lipids and other materials for the preparation of 

liposomes were from Avanti Polar Lipids (Alabaster, AL). FLAG M2 and HA antibodies, 

rabbit and mouse alkaline-phosphatase conjugated secondary antibodies, ritanserin, and 

R59022 were from Sigma-Aldrich (St. Louis, MO). DMSO was from Thermo Fisher 

Scientific (Waltham, MA). The β-tubulin antibody was from Cell Signaling Technology 

(Danvers, MA). Ketanserin was from Tocris Bioscience (Avonmouth, Bristol, UK). Anti-

Human CD3, clone HIT3a and Anti-Human CD28, clone CD28.2 were obtained from BD 

Biosciences (San Jose, CA). All other commonly used reagents were from Sigma-Aldrich, 

unless otherwise indicated. All cell lines were obtained from ATCC (Rockville, MD). 

 

Construction of expression plasmids 

The expression plasmids, pcDNA3-FLAG-rat-DGKα[176], pcDNA3-FLAG-rat-

DGKβ[177], and pcDNA3-FLAG-rat-DGKγ were gifted to Dr. Kevin Lynch (University 

of Virginia, School of Medicine) by Dr. Kaoru Goto (Yamagata University, School of 

Medicine) and were kindly shared with us by Dr. Lynch. The expression plasmid pCMV-

rat-DGKζ-HA was a gift from Dr. Matthew Topham (University of Utah, School of 

Medicine). 
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Overexpression of DGK isoenzymes 

To study the inhibitory activity of compounds against type I DGK isoenzymes (α, 

β, γ) and DGKζ, human embryonic kidney (HEK 293T) cells (ATCC, Manassas, VA) were 

cultured in DMEM with 5% fetal bovine serum (FBS) (Gemini Bio-Products, Foundation 

FBS, West Sacramento, CA) and 1% antibiotic/antimycotic (Fisher Scientific, Waltham, 

MA). Ten-cm plates of cells were transiently transfected with 5 µg of plasmid DNA for the 

appropriate plasmid expressing DGK or GFP as a control using polyethyleneimine, 25 kDa 

linear (Polysciences, Warrington, PA). Cells were fed with fresh media 24 hours after 

transfection, and 48 hours following the transfection, the cells were harvested and 

homogenized with a 22 G needle using 300 µL/plate of buffer A (20 mM HEPES, pH 7.2, 

150 mM NaCl, 0.5 mM DTT, 0.1% Brij-35, and the protease inhibitors 

phenylmethylsulfonyl fluoride (PMSF), leupeptin, and pepstatin). The cell lysates were 

cleared by centrifugation at 16,000 g for 10 min at 4°C. The supernatant was collected and 

immediately stored at -80°C. For normalizing protein loading in enzyme activity assays, 

total protein concentration was measured using a BCA protein assay (Thermo Scientific, 

Waltham, MA). 

 

Western immunoblot analysis 

To verify the expression of the DGK isotypes, 50 µg of total protein from cell 

lysates was separated by 8.75% SDS-PAGE under reducing conditions and transferred onto 

a polyvinylidene difluoride (PVDF) membrane (Immobilon, Darmstadt, Germany). The 

membrane was blocked by incubation in Tris-buffered saline with detergent Tween 20 
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(TBST) containing 10% (w/v) dried milk for 1 hour at room temperature. The TBST 

contained the following: 50 mM Tris, 150 mM NaCl, and 0.05% (w:v) Tween 20, pH 7.4. 

The membrane was incubated with monoclonal M2 anti-FLAG antibody (Sigma, F1804) 

or monoclonal anti-HA (Sigma, H6908) antibody (1:1000) in TBST, at room temperature 

for 2 hours with gentle agitation. The membranes were then washed with three 5-minute 

washes with TBST and gentle agitation, and incubated with alkaline phosphatase-

conjugated mouse (Sigma, A3562) or rabbit (Sigma, A3687) secondary antibody 

(1:10,000) diluted in TBST with 2% (w/v) dried milk, for 1 h at room temperature. After 

three 15-min washes with TBST, the membrane was briefly incubated in chemiluminescent 

alkaline phosphatase substrate, Applied Biosystems (Poster City, CA). The 

immunoreactivity was detected using a Fuji LAS 4000. For a loading control, the 

membranes were stripped using a mild stripping buffer (1.5% (w/v) glycine, pH 2.2, 1% 

(v/v) Tween 20, and 0.1% (w/v) SDS), blocked again for 1 hour, and incubated with anti-

β-tubulin followed by rabbit secondary antibody and chemiluminescent detection as above. 

Western blot images were quantified using ImageQuant software. 

 

Preparation of liposomes 

The preparation of liposomes was modified from our previously reported 

methods.[163,178] Briefly, PC and DAG were dissolved in CHCl3, and PC was dissolved 

in 10% isopropyl alcohol in CHCl3; all lipids were combined, and dried under N2 gas to 

remove all solvent. The total liposomal concentration of lipids was 10 mol% DAG, 20 

mol% PS, and 70 mol% PC. The lipids were hydrated to 10 mM in buffer B (50 mM (3-

(N-morpholino)propanesulfonic acid) (MOPS), pH 7.5, 100 mM NaCl, and 5 mM MgCl2). 
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The lipids were then subjected to five freeze-thaw cycles in liquid nitrogen, followed by 

extrusion through a 100 nm polycarbonate filter 11 times to generate liposomes with an 

average diameter of 100 nm. 

 

Kinase assays 

The protocol for measurement of DGK activity was modified from our previously 

reported methods.[163,178] Briefly, the reactions contained buffer B, 0.1 mM CaCl2, 1 

mM dithiothreitol (DTT), cell lysate expressing the appropriate DGK or GFP control, and 

2 mM lipids. Because enzyme activity can vary between separate preparations due to 

differences in transfection efficiency, the total protein amount of cell lysate used in each 

assay was always confirmed to exhibit DGK activity that falls within the linear range. For 

primary screening of DGKα, 2.8 µg of total protein was used. Five µg of total protein was 

used for all other corresponding DGK assays. Total protein amount for GFP control was 

always matched for each DGK. The reactions were initiated by the addition of 10 µL of 10 

mM ATP spiked with [γ32P]-ATP to a final volume of 100 µL, and allowed to proceed for 

20 min at 30°C. All reactions were terminated with the addition of 0.5 ml of methanol with 

0.1 N HCl, followed by 1 ml of ethyl acetate. To facilitate separation of the organic phase, 

1 mL of 1 M MgCl2 was added and the solution thoroughly vortexed. To measure the 

incorporation of [32P] into DAG, 0.5 ml of the organic phase was removed, and the 

radioactivity was measured using a scintillation counter. The activities of lysates 

overexpressing DGKs (signal) were normalized to activities of lysates expressing only GFP 

(background). The specific activities of lysates with GFP represented less than 10% of the 

signal for all DGKs and were not detectably altered by the presence of inhibitors or DMSO. 
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The specific activity for each assay was calculated as nmol of product formed per minute 

per mg of total protein, and then normalized according quantification of Western Blot 

images to control for differences in DGK isoform expression. Thus, activity is listed as 

nmol/min/mg/AU of FLAG immunoreactivity, shown as AU. All kinase assays were 

performed in triplicate or as indicated for inhibitor screening. 

 

Inhibitor Screening 

For primary screening of potential inhibitor compounds against DGKα, compounds 

were dissolved in DMSO, diluted in buffer B, and added directly to kinase assays for a 

final concentration of 50 µM. The final concentration of DMSO in the reactions was 0.5% 

(v/v) and did not affect the enzyme activity; DMSO was used as a vehicle control for all 

screening runs. Screening assays were allowed to equilibrate for 5 min at room temperature 

following the addition of compound before being initiated with ATP. All compounds were 

screened in duplicate, and 50 µM ritanserin was used as an internal positive control for all 

screening runs. All hits were rescreened using the same protocol with a minimum of three 

biological replicates for confirmation. Inhibitory activity of compounds against other 

DGKs was similarly tested by diluting the compounds and adding directly to kinase assays 

for the appropriate IC50 concentration, with 5 min for equilibration. 

 

Dose Response for IC50 Determination 

To determine the IC50 value for ritanserin and all candidate compounds, a 5-point 

dose response curve was performed with each compound ranging in concentration from 

100 nM to 500 µM. Measurements for each dose with all compounds were made with three 
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independent experiments containing two technical replicates each. 

 

Cell culture and cytotoxicity assay 

Human Jurkat malignant T cells, A375 melanoma cell line, and U251 GBM cell 

line were cultured in DMEM with 10% FBS and 1% penicillin-streptomycin. Cells were 

plated in 96-well plates and treated in triplicate with 5, 15, 25, and 40 μM of analog 

compounds or equivalent amounts of DMSO vehicle control. After 48 h, alamarBlue assay 

was performed to measure cell viability (Bio-Rad, #BUF012B). 

 

Primary T cell harvest and activation assay 

Complete RPMI (cRPMI) was prepared with 500 mL RPMI 1640 (Gibco, 

#11875093), 10% FBS, 1% non-essential amino acids, 1% pen/strep, 1% pyruvate, and 

0.1% 2-ME. Spleens from two C57BL/6J and two DGKα-/- mice (10-week) were harvested 

into 2 mL cRPMI, then dissociated through a 40 μm cell strainer. The cell suspension was 

centrifuged at 1200 rpm for 5 min, then treated with RBC lysis buffer (0.83% [w/v] 

NH4Cl). Cells were pelleted once more and suspended in cRPMI for further T cell isolation 

with Invitrogen Dynabeads Untouched Mouse T Cells Kit (#11413D) according to the 

manufacturer’s protocols. Isolated T cells were stimulated with 1 μg/mL functional 

antibodies against CD3/CD28 and simultaneously incubated with 5 μM analogs for 6 hours 

prior to harvest for subsequent qPCR analysis. Human Jurkat malignant T cells were also 

similarly stimulated and treated with ritanserin analogs for downstream processing. 
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Real-Time qPCR 

RNA preparation was performed using Qiagen RNeasy Mini Kit, and cDNA 

synthesis accomplished with Qiagen QuantiTect Reverse Transcription kit according to the 

manufacturer’s instructions. Real-time qPCR was performed using Applied Biosystems 

Power SYBR Green PCR Master Mix. Expression of target mRNA was normalized to 

ribosomal 18S RNA and calculated using the 2-ΔΔCT method. Primers used were Mouse 18S 

Forward: GTAACCCGTTGAACCCCATT, Reverse: CCATCCAATCGGTAGTAGCG; 

Mouse CD69 (PrimerBank ID 221554485c1) Forward: 

CCCTTGGGCTGTGTTAATAGTG, Reverse: AACTTCTCGTACAAGCCTGGG; 

Human 18S Forward: CTACCACATCCAAGGAAGCA, Reverse: 

TTTTTCGTCACTACCTCCCCG; Human CD69 Forward: 

ATTGTCCAGGCCAATACACATT, Reverse: CCTCTCTACCTGCGTATCGTTTT; 

Human TNFα Forward: CCTCTCTCTAATCAGCCCTCTG, Reverse: 

GAGGACCTGGGAGTAGATGAG. Mouse CD69, Human CD69, and Human TNFα 

primers were sourced from the PrimerBank of the Center for Computational and Integrative 

Biology of Massachusetts General Hospital and Harvard University.[81–83]  

Quantification of target amplification was quantified as the relative fold change above 

DMSO-treated WT controls.  

 

Statistical Analyses 

Comparisons between groups were analyzed by either one-way Analysis of 

Variance (ANOVA) with Dunnett’s multiple comparisons test or two-way ANOVA with 

Dunnett’s multiple comparisons test as appropriate and as indicated in the figure legends. 



128 
 

After performing dose-response experiments, a GraphPad Prism function called log 

[inhibitor] vs. response -- Variable slope (four parameters) was used to calculate IC50 

values. All values are reported as the mean of triplicate values ± SD. Data shown are 

representative of at least three independent experiments, except Figure 6 where 

independent values are shown. Significance was set to p < 0.05, and p-values are reported 

as indicated in the figure legends. 

For selection of hits from our primary screen, strictly standardized mean difference 

(SSMD) was calculated as an estimate of unpaired replicates with unequal variance. Hits 

were selected based on the criteria of SSMD ≤ -5 and Log10 (Fold-change) < -0.6. 
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APPENDIX B 

PHOSPHOREGULATION OF LIPIN 1 

 

PREFACE 

This appendix contains a collection of both published and unpublished data 

regarding the phosphoregulation of the protein lipin 1. In collaboration with the lab of Dr. 

George Carman, we were able to demonstrate that lipin 1 is a substrate of casein kinase 2 

(CK2), that CK2 phosphorylates lipin 1 at two serine residues, Ser-285 and Ser-287, 

located within a serine-rich domain, and that phosphorylation of these sites regulates lipin 

1’s interaction with 14-3-3β which has a known role in controlling lipin 1’s cytosolic versus 

nuclear localization [179]. In addition to this published work, we evaluated the 

involvement of this serine-rich domain in the phosphoregulation of lipin 1’s enzymatic 

activity, as well as the involvement of the specific residues phosphorylated by CK2. This 

work remains inconclusive in its current state, yet still adds to the current understanding of 

the phosphoregulation of lipin 1 enzymatic activity and poses new questions which require 

further investigation. This appendix will cover our evaluation of the serine-rich domain as 

a regulatory site for lipin 1 enzymatic acitivity, our investigation into the role of Ser-285 

and Ser-287 in lipin 1 enzymatic activity, and finally our demonstration of the importance 

of Ser-285 and Ser-287 for lipin 1’s interaction with 14-3-3β. Some figures within this 

appendix have been previously published, and while the data used to produce these figures 
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was generated within our lab, credit goes to the lab of Dr. George Carman for the assembly 

of these figures. Credit is attributed for these figures within the figure legends. 
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ABSTRACT 

The lipin family of enzymes are phosphatidic acid (PA) phosphatases responsible 

for converting PA to diacylglycerol (DAG), a critical step in the synthesis of triglycerides.  

Genetic alterations within the lipin family are known to cause severe metabolic and 

inflammatory abnormalities in both animals and humans, while increased levels of Lipin 1 

within adipose tissue of transgenic mice have been shown to improve glucose homeostasis.  

Lipin 1 is a highly phosphorylated protein, and phosphorylation regulates both its 

intracellular localization and its enzymatic activity. Phosphorylated lipin 1 interacts with 

14-3-3β proteins which facilitates its retention in the cytoplasm. Our lab has previously 

shown that phosphorylation also negatively regulates the enzymatic activity of lipin 1 in 

the presence of dianionic PA. Here we present evidence using in vitro PA phosphatase 

assays that loss of phosphorylation within a serine-rich domain (SRD) results in complete 

ablation of phosphoregulation of lipin 1 enzymatic activity.  Dr. George Carman’s group, 

in collaboration with our lab, identified the residues Ser-285 and Ser-287 within the SRD 

which are phosphorylated by casein kinase 2, a protein kinase which is essential to cell 

cycle progression. We found no conclusive evidence that these residues are involved in the 

phosphoregulation of lipin 1 enzymatic activity, however substitution of these residues 

with non-phosphorylatable alanine resulted in an attenuation of the interaction between 

lipin 1 and 14-3-3β. Together these results show that the SRD is important for the 

phosphoregulation of both localization and enzymatic activity of lipin 1. Further, these data 

provide new insights into the cellular pathways which regulate lipin 1 localization. 
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INTRODUCTION 

Lipin 1 is part of the lipin family of Mg2+-dependent phosphatidic acid 

phosphatases (PAPs) and is involved in both the synthesis of triacylglycerol and 

phospholipids as well as transcriptional regulation [180–182]. Lipin 1 catalyzes the 

conversion of phosphatidic acid (PA) to diacylglycerol (DAG) in the penultimate step of 

triglyceride synthesis [181,183,184]. Enzymatic activity is dependent on two conserved 

domains: the NLIP domain located at the amino terminus which contains a conserved 

glycine residue, and the CLIP domain located at the c-terminus which contains a haloacid 

dehalogenase-like DXDX(T/V) catalytic motif. The transcriptional activity of lipin 1 is 

dependent on an LXXIL motif located within the CLIP domain which enables it to regulate 

fatty acid oxidation genes as a co-activator of PGC-1α [185]. 

Lipin 1 regulates cellular lipid metabolism at multiple levels through both its 

enzymatic PAP activity and its transcriptional activity. Lipin 1 deficiency in mice results 

in lipodystrophy, hepatic steatosis, insulin resistance, peripheral neuropathy, and 

rhabdomyolysis [182,186,187]. Humans deficient in lipin 1 PAP activity also exhibit 

rhabdomyolysis, and polymorphisms within the LPIN1 gene are associated with the 

development of metabolic syndrome [188,189]. Both the enzymatic activity and 

transcriptional activity of lipin 1 are regulated by its cellular location which is controlled 

by post-translational modifications such as phosphorylation, acetylation, and sumoylation 

[190–194]. The phosphorylation of lipin 1 has been shown to promote the retention of lipin 

1 in the cytoplasm and exclusion from the nucleus by facilitating its interaction with 14-3-

3 proteins, and negatively regulate both the ability of lipin 1 to bind to PA containing 
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membranes and its PAP activity [195–197]. Numerous serine and threonine residues 

modified by phosphorylation have been identified within lipin 1, yet most of these sites 

have not been associated with either an upstream protein kinase or downstream functional 

effects [179,190,198]. Given the clear importance of lipin 1 to lipid metabolism, it is 

critical that we acquire a deeper understanding of the pathways which regulate its 

enzymatic and transcriptional activities. 

Located between the NLIP and CLIP domains, lipin 1 contains a serine-rich domain 

(SRD) which possesses 7 serine and threonine residues which have been identified as sites 

of phosphorylation [179]. In this appendix, we present evidence that the phosphosites 

responsible for regulating lipin 1’s ability to associate with PA and catalyze its PAP activity 

are located within the SRD. In collaboration with Dr. George Carman’s lab, we 

demonstrated that casein kinase 2 (CK2) phosphorylates lipin 1 at two sites within the 

SRD: Ser-285 and Ser-287 [179]. Herein, we show evidence that these sites are important 

for the interaction of lipin 1 with 14-3-3β. However, studies on the involvement of Ser-285 

and Ser-287 in the regulation of lipin 1 enzymatic activity were inconclusive. Taken 

together, these data demonstrate that phosphorylation within the SRD of lipin 1 is 

important for regulating both its interaction with 14-3-3 proteins and its enzymatic activity, 

but further work is needed to identify the specific phosphosites and protein kinases 

responsible for the regulation of enzymatic activity.  
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RESULTS 

The SRD is required for the phosphoregulation of PA binding and PAP activity of lipin 1 

Our lab has previously shown that phosphorylation regulates lipin 1’s association 

with and enzymatic conversion of dianionic PA [196,197]. Dianionic PA is stable at higher 

pH levels (≥7.9), but is stabilized at physiological pH levels in the presence of positively 

charged lipids such as phosphatidylethanolamine (PE) through the hydrogen bond switch 

mechanism [199]. More details on this mechanism may be found in the introduction of 

Appendix C. In previously unpublished data from the lab, two truncation mutants of lipin 

1β were generated in order to narrow down the location of the phosphosites responsible for 

this regulation. The first truncation mutant contained the first 316 amino acids (lipin 1Δ316) 

which critically retains the SRD, while the second truncation mutant contained the first 180 

amino acids (lipin 1Δ180) which retains the conserved NLIP domain and nuclear localization 

sequence/polybasic domain (NLS/PBD) but does not contain the SRD (Fig B1 A). These 

constructs were purified under conditions in which they were either endogenously 

phosphorylated or treated with λ-phosphatase to produce a dephosphorylated purified 

protein. Liposome floatation assays were then used to measure the association of these 

constructs with PA-containing membranes with 45mol% PE. Both truncation mutants were 

able to associate with PA at similar levels to WT lipin 1β when dephosphorylated, agreeing 

with previous studies which have demonstrated that the amino-terminal region of lipin 1 is 

responsible for binding to PA (Fig B1 B, credit: Sankeerth Takellepati). However, the 

association with PA was reduced under non-phosphatase treated conditions for lipin 1Δ316,  
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Figure B1: Loss or mutation of the SRD eliminates the phosphoregulation of PA binding and 

PAP activity by lipin 1β. (A) Diagram of lipin 1β and the truncation mutants containing the first 316 

amino acids (Lipin 1Δ316) or the first 180 amino acids (Lipin 1Δ180) and the functional domains 

contained within each. (B) Binding of control or λ-phosphatase-treated lipin 1β truncation mutants to 

PA-containing liposomes with 45mol% PE relative to the total binding observed with λ-phosphatase-

treated WT lipin 1β. (C) Diagram of the 7 identified sites of phosphorylation within the SRD and their 

mutation to alanine within the S281-298A mutant. (D) FLAG-tagged lipin 1β (S281-298A) was 

overexpressed in HeLa cells and affinity-purified with and without prior incubation with 2000 units of 

λ-phosphatase. Phosphorylated (-λ) and dephosphorylated (+λ) lipin 1β (S281-298A) proteins were 

separated by SDS-PAGE along with BSA standards and stained with Coomassie Blue. (E) PAP 

activity of purified lipin 1β (S281-298A) using PC/PA (0mol% PE, solid lines) and PC/PE/PA 

(30mol% PE, dashed lines) liposomes. All liposomes contained 10mol% PA. -λ (control, blue) and +λ 

(red) activities were assayed at pH 7.4. 
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but not for lipin 1Δ180. This suggested that the phosphosites responsible for regulating lipin 

1’s enzymatic activity and association with PA may be located within the SRD. 

The SRD contains 7 serine and threonine residues located between amino acids 281 

and 298 which have all been identified as sites of phosphorylation within lipin 1. We 

generated a FLAG-tagged mutant in which all 7 of these sites have been mutated to alanine 

which cannot be phosphorylated (S281-298A, Fig B1 C). We purified this construct by 

immunoprecipitation under endogenously phosphorylated control or λ-phosphatase-treated 

conditions (Fig B1 D). We measured the enzymatic activity of this construct on PA-

containing liposomes at physiological pH in either the absence or presence of 30mol% PE. 

As expected, the incorporation of 30mol% PE into the liposomes significantly increased 

the enzymatic activity of S281-298A (Fig B1 E). However, the activity of the S281-298A 

mutant was equally enhanced by PE for both the endogenously phosphorylated and 

dephosphorylated purifications, suggesting that phosphorylation no longer negatively 

regulates lipin 1 in the absence of the phosphosites located within the SRD. 

 

The target residues of CK2 phosphorylation do not regulate lipin 1 PAP activity 

In collaboration with Dr. George Carman’s lab, we determined that CK2 

phosphorylates lipin 1β at two residues located within the SRD: Ser-285 and Ser-287 [179]. 

We therefore wondered whether these residues might be responsible for the 

phosphoregulation of lipin 1 enzymatic activity. We generated and purified a mutant in 

which each of these residues was mutated to the non-phosphorylatable alanine under  
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control or λ-phosphatase-treated conditions (S285A/S287A, Fig B2 A). When we 

measured PAP activity, however, we found that λ-phosphatase treatment still enhanced the 

enzymatic activity of lipin 1β S285A/S287A (Fig B2 B). Unexpectedly, this enhancement 

in activity occurred even in the absence of PE incorporation within the liposomes. Further, 

the incorporation of 30mol% PE did not produce any enhancement of PAP activity for 

either control or λ-phosphatase-treated lipin 1β S285A/S287A. We performed PAP assays 

for three separate purifications, and while activity was quite variable between separate 

purifications, this trend in enhanced activity with λ-phosphatase and no change in activity 

with PE incorporation remained consistent. Since Ser-285 and Ser-287 did not appear to 

be involved in the phosphoregulation of lipin 1 PAP activity, and we did not have a suitable 

explanation for the loss of response to dianionic PA in the presence of PE, we did not 

pursue the involvement of these residues in the regulation of lipin 1 PAP activity further. 

Figure B2: Phosphorylation of Ser-285 and Ser-287 do not regulate lipin 1 PAP activity. (A) 

FLAG-tagged lipin 1β (S285A/S287A) was overexpressed in HeLa cells and affinity-purified with and 

without prior incubation with 2000 units of λ-phosphatase. Phosphorylated (-λ) and dephosphorylated 

(+λ) lipin 1β (S285A/S287A) proteins were separated by SDS-PAGE along with BSA standards and 

stained with Coomassie Blue. (B) PAP activity of purified lipin 1β (S285A/S287A) using PC/PA 

(0mol% PE, solid lines) and PC/PE/PA (30mol% PE, dashed lines) liposomes. All liposomes contained 

10mol% PA. -λ (control, blue) and +λ (red) activities were assayed at pH 7.4. 
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Loss of phosphorylation at CK2 target residues attenuates the interaction of lipin 1 with 

14-3-3β 

Since phosphorylation is also important in the regulation of lipin 1’s cellular 

localization through its interaction with 14-3-3 proteins, we next chose to investigate the 

involvement of Ser-285 and Ser-287 in lipin 1 and 14-3-3 binding. In order to investigate 

this, we first generated and purified mutants in which each of these residues was mutated 

individually to the non-phosphorylatable alanine, as well as the previously generated 

double mutant S285A/S287A (Fig B3). We then performed pulldown assays with a GST-

tagged 14-3-3β incubated with the WT, S285A, S287A, and S285A/S287A forms of 

FLAG-tagged lipin 1β. WT lipin 1β was found to interact with 14-3-3β, which is consistent 

with the previously published finding that lipin 1α interacts with 14-3-3β (Fig B4 A) [195]. 

Further, while WT lipin 1β was present following pulldown with GST-tagged 14-3-3β, it 

was not present following pulldown with GST indicating that this interaction was specific 

(Fig B4 B). We compared the relative inputs of each lipin 1β construct in order to determine 

the efficiency of pulldown for WT lipin 1β and each of the mutations (Fig B4 C). We found 

Figure B3: SDS-PAGE analysis of 

purified mouse lipin 1β proteins. 

Mouse FLAG-tagged lipin 1β was 

expressed in HeLa cells and purified by 

affinity chromatography. Samples of the 

purified preparations of the WT (3.9 µg), 

S285A (1.7 µg), S287A (4.8 µg), and 

S285A/S287A (1.4 µg) lipin 1β were 

subjected to SDS-PAGE and stained 

with Coomassie Blue. The positions of 

lipin 1β and molecular mass standards 

(Std) are indicated. Credit for the 

assembly of this figure goes to the lab of 

Dr. George Carman. 
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that, relative to WT lipin 1β, all of the mutant forms displayed reduced interaction with 14-

3-3β (Fig B4 D). There was, however, no significant difference in the amount of interaction 

with 14-3-3β between the mutant forms. 

Figure B4: Effects of the phosphorylation-deficient mutations of lipin 1β on its interaction with 

14-3-3β protein. (A,B) GSH-Sepharose bound GST-14-3-3β (A) or GST (B) was incubated with the 

HEK-293T cell lysate (1 mg of protein) containing the WT or the S285A, S287A, or S285A/S287A 

mutant form of lipin 1β at 4 °C for 2 h. Following the collection of the resin and extensive washing, the 

proteins were eluted and separated by SDS-PAGE. The resolved proteins were transferred to PVDF 

membrane and analyzed for lipin 1β by immunoblotting with anti-FLAG antibodies. The lipin 1β 

signals on the immunoblots were acquired with a Fuji LAS 4000 analyzer and quantified with Multi 

Gauge software. The GST-14-3-3β and GST proteins on the blots were visualized by staining with 

Ponceau S. (C) A blot showing the lipin 1β input (5%) of the experiment. (D) Quantification of the 

amount of lipin 1β after pulldown normalized to input and relative to WT. GFP was included as a 

negative control. The positions of lipin 1β, GST-14-3-3β, GST, and molecular mass standard are 

indicated. The data shown in A–C are representative of four independent experiments, whereas the data 

in D are the average of the four experiments ± S.D. (error bars). *, p < 0.05 versus WT by one-way 

ANOVA. Credit for the assembly of this figure goes to the lab of Dr. George Carman. 
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DISCUSSION 

Lipin 1 is a key regulatory protein in lipid metabolism through both its enzymatic 

PAP activity and its transcriptional effects on fatty acid oxidation genes [180–182]. This 

is readily apparent by the many pathophysiological defects which manifest upon the loss 

of lipin 1 function [182,187–189,200]. Lipin 1 is a highly phosphorylated protein with 44 

serine and threonine residues having been identified as sites of phosphorylation so far, and 

phosphorylation regulates both its subcellular localization and its enzymatic activity 

[179,190,195–198]. In this work, we show that the serine rich domain is necessary for the 

effects of phosphorylation on PA binding by lipin 1. Mutation of only 7 residues within the 

SRD to alanine eliminated the phosphoregulation of lipin 1 PAP activity. Two of these 

residues, Ser-285 and Ser-287, were identified as targets of CK2 activity. Mutation of these 

two residues alone to alanine did not eliminate the regulation of lipin 1 PAP activity by 

phosphorylation. However, mutation of either or both of these residues to alanine 

significantly attenuated the interaction of lipin 1β with 14-3-3β. Taken together, these data 

indicate that the SRD in lipin 1β is a critical site of phosphoregulation which is involved 

in the regulation of lipin 1 subcellular localization, PA binding, and PAP activity. 

Phosphorylation is well established as an important regulator of lipin 1 PA binding 

[196,197]. In previously unpublished data from our lab, truncation mutants of lipin 1β were 

used to investigate the region responsible for this phosphoregulation. In this experiment, a 

truncation of lipin 1β containing only the first 180 amino acids was able to exhibit the same 

amount of PA binding as dephosphorylated WT lipin 1β (Fig B1 B). This is consistent with 

previously published literature showing that the polybasic domain is the major site 
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involved in PA binding [197]. The SRD has previously been implicated in regulating the 

subcellular localization of lipin 1, and the high density of identified phosphosites in this 

region indicate that it is a key regulatory site [195]. It was therefore unsurprising that 

residues within the SRD were necessary to the regulation of both PA binding and PAP 

activity (Fig B1). At the same time, this work significantly narrows down the residues 

critical for this phosphoregulation and provides a foundation for further investigations into 

the pathways which regulate lipin 1 activity. 

The identification of lipin 1 as a target of CK2 provides new insights into the 

cellular pathways which regulate lipin 1 [179]. CK2 is essential to cell viability and cell 

cycle progression, and interestingly lipin 1 has recently been linked to the regulation of ER 

membrane biogenesis during mitosis [201–204]. CK2 is also activated by insulin, and lipin 

1 is known to be phosphorylated at multiple sites outside of the SRD in response to insulin 

suggesting that the regulation of lipin 1 by insulin is complex and multifaceted [198,205–

207]. The maintained phosphoregulation of lipin 1 when Ser-285 and Ser-287 are mutated 

alanine may indicate that CK2 is not involved in directly controlling lipin 1 PAP activity, 

or it may simply indicate that multiple phosphosites controlled by multiple kinases are 

involved in the full phosphoregulation of PAP activity (Fig B2). More extensive work is 

needed to further investigate the involvement of all 7 phosphosites located within the SRD. 

The identification of Ser-285 and Ser-287 as both targets of CK2 and important 

phosphosites for the interaction of lipin 1 and 14-3-3 proteins, however, suggests that CK2 

is primarily involved in regulating lipin 1 subcellular localization (Fig B3,4). Since lipin 1 

localized in the cytoplasm is associated with lower PAP activity, CK2 would be expected 
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to attenuate lipin 1 enzymatic activity, consistent with its negative regulation of other lipid 

synthesis enzymes such as acetyl-CoA carboxylase [207]. Overall, this work advances our 

understanding of the regulatory pathways involved in lipin 1 function as well as the 

regulation of lipid metabolism by CK2. 
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METHODS 

Cell culture 

 Human cervical cancer cells (HeLa) and HEK-293T cells were cultured in DMEM 

supplemented with 5% FBS (VMR Life Science Seradigm, Radnor, PA) and 1% 

antibiotic/antimycotic (Life Technologies, Inc.). 

 

Preparation of lipin 1β proteins 

 Venus-tagged WT lipin 1β was generated by subcloning the Venus cDNA in frame 

with the N terminus of lipin 1β downstream from the FLAG epitope tag in the pcDNA3 

vector. Truncation mutants were generated by PCR subcloning. The S281-298A, S285A, 

S287A, and S285A/S287A mutations in mouse lipin 1β were made using PCR site-directed 

mutagenesis in the pcDNA3 vector with FLAG-tagged lipin 1β inserts. The mutagenesis 

was confirmed by DNA sequencing. The FLAG-tagged lipin 1β cDNAs were placed into 

pAdTRACK-CMV; the shuttle vector was recombined with pAdEasy, and adenovirus was 

made by transformation of the linearized recombined plasmid in HEK-293 cells. The lipin 

1β proteins were prepared by infection of HeLa cells and harvesting 3 days post-infection 

and purified after incubation with or without λ-phosphatase treatment as described in 

Appendix C. 

 For the GST-14-3-3β interaction studies, the FLAG-tagged WT or mutant forms of 

lipin 1β were expressed in HEK-293T by transient transfection. HEK-293T cells in a 10-

cm plate were transfected with 5 µg of pcDNA3-FLAG-Lpin1β (WT, S285A, S287A, or 
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S285A/S287A). Three days post-transfection, the cells were scraped in 10 mM Na2HPO4 

buffer (pH 7.4) containing 50mM β-glycerophosphate, 50mM NaF, 1mM EDTA, 1mM 

EGTA, 0.1% Nonidet P-40, 10 µg/ml leupeptin, 10 µg/ml pepstatin A, and 1 mM PMSF 

and centrifuged at 16,000 × g for 10 min at 4 °C to obtain the clarified cell lysate. 

 

PA binding assays 

Binding of lipin to liposome vesicles was measured as previously described with 

minor modifications [208]. In brief, PC/PE/PA (35mol% PC, 45mol% PE, 20mol% PA) 

were hydrated to 10mM in buffer A (50 mM Tris-HCl, 1 mM EDTA, pH 7.2). Liposomes 

were prepared as in Appendix C. The reaction volume was 100 µl and contained Venus-

FLAG-tagged WT lipin 1β or truncation mutants as indicated, 2 mM PA, and buffer C and 

binding was allowed to proceed for 30 min at 30 °C with gentle agitation. An equal volume 

of 80% sucrose (w/v) was added, and this mixture was carefully layered over 270 µl of 

80% sucrose (w/v) in 5 × 41-mm Beckman centrifuge tubes, then overlaid by 150 µl of 

20% sucrose (w/v) and finally 100 µl of buffer C. The sucrose gradients were centrifuged 

in an SW55Ti swinging bucket rotor containing nylon inserts at 240,000 × g for 1 h. After 

centrifugation, the top 100 µl of the gradients containing the liposomes and bound lipin 

proteins were collected, and PC-pyrene and Venus absorption were measured. The Venus 

absorption from samples was normalized to input Venus readout from protein and buffer 

only. Similarly, PC-pyrene from samples was normalized to input PC-pyrene measurement 

from liposomes and buffer only. To determine the fraction of lipins bound to liposomes, 

Venus absorption values were normalized to that of PC-pyrene. 
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PAP assays 

 The method for performing PAP assays is extensively described in Appendix C. 

 

Preparation of GST-14-3-3β protein 

Escherichia coli BL21 (DE3) pLysS cells were transformed with pGEX4T3 or 

pGEX4T3-14-3-3β. The E. coli transformant was inoculated into 800 ml of lysogeny broth 

medium containing 100 µg/ml ampicillin and grown to A600 nm = 0.5. Transgene 

expression was induced with the addition of 0.5 mM isopropyl-β-D-1-

thiogalactopyranoside, and cultures were incubated for an additional 2 h. The E. coli 

culture was harvested by centrifugation and lysed by sonication in PBS (pH 7.4) containing 

0.5% Nonidet P-40, 10 µg/ml leupeptin, 10 µg/ml pepstatin A, and 1 mM PMSF. The 

sonicate was centrifuged at 16,000 × g for 10 min at 4 °C, and the supernatant was used as 

cell lysate. The lysate containing the overexpressed GST or GST-14-3-3β (850 µg of 

protein) was incubated with GSH-Sepharose at 4 °C for 1 h, followed by washing of the 

resin three times with sonication buffer. 

 

Analysis of lipin 1β interaction with GST-14-3-3β protein 

 GSH-Sepharose–bound GST-14-3-3β or GST was incubated with the HEK-293T 

lysate (1 mg of protein) containing the WT or the S285A, S287A, and S285A/S287A 
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mutant forms of lipin 1β at 4 °C for 2 h with rotation and washed three times with 10mM 

Na2HPO4 buffer (pH 7.4) containing 50mM β-glycerophosphate, 50 mM NaF, 1 mM 

EDTA, 1 mM EGTA, 0.1% Nonidet P-40, 10 µg/ml leupeptin, 10 µg/ml pepstatin A, and 

1 mM PMSF, followed by two additional washes with the same buffer containing 450 mM 

NaCl. Proteins were eluted from GSH-Sepharose by incubation in Laemmli’s sample 

buffer at 70 °C, followed by SDS-PAGE, transfer to PVDF membrane, and immunoblot 

analysis. Mouse anti-FLAG and alkaline-conjugated goat anti-mouse antibodies were used 

at dilutions of 1:1,000 and 1:30,000, respectively. GST-14-3-3β or GST on the PVDF 

membrane was visualized by staining with Ponceau S. The images of immunoblot signals 

and Ponceau S staining were acquired with a Fuji LAS 4000 analyzer, and lipin 1β proteins 

were quantified with Multi Gauge software. 
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APPENDIX C 

PURIFICATION OF LIPIN AND MEASUREMENT OF PHOSPHATIDIC ACID 

PHOSPHATASE ACTIVITY FROM LIPOSOMES 

 

PREFACE 

The following appendix was published as a methods chapter within Methods in 

Molecular Biology [178]. This chapter describes a method for the purification of 

mammalian lipins, and the assaying of their enzymatic PAP activity with the use of 

radiolabeled, PA-containing liposomes. I would like to acknowledge the work of Dr. James 

Eaton and Dr. Salome Boroda who initially established this method within the lab. 
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ABSTRACT 

The lipin family of enzymes are phosphatidic acid (PA) phosphatases responsible 

for converting PA to diacylglycerol (DAG). Lipins therefore occupy a central node in the 

synthesis of triacylglycerol (TAG) and phospholipids, and may play a role in regulating 

the levels of PA and DAG as signaling molecules. Some enzymatic assays used to measure 

PA phosphatase activities use detergents above their critical micelle concentration to 

present substrate; however, these methods do not represent the physiological membrane 

bilayers found in cells and these conditions can drastically alter phosphatase activities. 

Other assays use poorly defined mixtures of phosphatidylcholine (PC), PA, and high 

concentrations of BSA to present substrate. In this chapter, we describe methods for affinity 

purification of FLAG-tagged lipin proteins, and an alternative enzymatic assay using small 

unilamellar vesicles, also known as liposomes, to investigate specific activities of PA 

phosphatases. These activities are measured using an acidified Bligh–Dyer extraction to 

separate the water-soluble, radiolabeled, inorganic phosphate released during the assay 

from the chloroform-soluble PA. 
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INTRODUCTION 

Lipins are a class of mammalian Mg2+-dependent phosphatidic acid phosphatases 

(PAPs) that are centrally involved in the synthesis of triacylglycerol and phospholipids 

[180–182]. The lipin family consists of three members (lipins 1-3) which convert 

phosphatidic acid (PA) to diacylglycerol (DAG) [181,183,184]. Additionally, lipin 1 plays 

a role as a transcriptional co-activator in the activation of fatty acid oxidation genes [185]. 

The lipin family members are amphiphilic, and their translocation from the cytosol to 

various membranes is required for their enzymatic activity [191,209]. The subcellular 

localization of the lipins is regulated by both nutrient and hormonal signaling and is thought 

to occur via post-translation regulation [190,195,198,210]. Phosphorylation has been 

shown to both regulate lipin subcellular localization [190,195,198] and to negatively 

regulate the enzymatic activity of lipin 1, however the mechanisms behind this regulation 

remain unclear [196,197]. 

Amphiphilic lipid modifying enzymes exhibit surface dilution kinetics due to the 

2D surface nature of cellular membranes. Amphiphilic lipid modifying enzymes depend 

not only on the bulk concentration of substrate, but also the surface concentration of 

substrate within the two-dimensional membrane surface [211]. Properly assaying such 

enzymes requires the determination of kinetics for both the bulk step, in which the enzyme 

binds to the lipid surface, as well as the surface step, in which the enzyme binds to its lipid-

substrate molecule. The use of nonionic detergent micelles, particularly Triton X-100, has 

been suggested as an ideal method for such assays (Carman, Raymond, & Dennis 1995). 

Triton X-100 can form homogenous mixed micelles with a variety of lipids, and surface 
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dilution experiments may be performed with minimal effects to the surface characteristics 

such as size, charge, or area per molecule. However, while micelles present uniform 

characteristics ideal for such kinetic analyses, they do not represent the native membrane 

bilayers that are the targets of lipid modifying enzymes. It is therefore possible that with 

this method of substrate presentation, various aspects of enzymatic activity may be 

constrained or overemphasized.  

Because the lipin family members are amphiphilic, the method used to present the 

PA substrate can have drastic effects on specific activity. Indeed, the lipin family displays 

significantly higher specific activity when assayed in Triton micelles as compared to 

liposomes, and the molecular basis for this observation remains elusive [196,197]. In 

addition, both the specific activity and the post-translational regulation of lipin is clearly 

dependent on the context of substrate presentation [196,197,212]. At physiological pH, PA 

exists as a mono-anionic lipid species, yet lipin 1 has been shown to have preferential 

binding to di-anionic PA [196,199,213]. The hydrogen bond switch mechanism has been 

proposed as the method by which positively charged lipids such as 

phosphatidylethanolamine (PE) stabilize di-anionic PA at physiological pH to enhance 

lipin binding [199]. Using liposomes with 30 mol% PE, representative of the endoplasmic 

membrane, the presence of PE has been shown to enhance lipin activity, and 

phosphorylation has been shown to negatively regulate lipin 1 enzymatic activity only in 

the presence of PE [196,214]. In this chapter, we describe a method for preparing 

unilamellar liposomes with a uniform size of 100-nm containing 10 mol% of radiolabeled 

[32P]PA, and their use for assaying PAP specific activity. Similar to previously described 
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micelle methods, these activities are measured by extracting the water-soluble radiolabeled 

inorganic phosphates released during the reaction. 
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PURIFICATION OF LIPINS 

Equipment 

1. 150-mm treated tissue culture dish 

2. Cell scraper 

3. 22-gauge needle 

4. 5 mL syringe 

5. Disposable filter column (Fisher Scientific, 11-387-50) 

6. 50 mL polypropylene conical tubes 

7. 15 mL polypropylene conical tubes 

8. 1.5 mL microcentrifuge tubes 

Buffers and Reagents 

1. Anti-FLAG M2 Affinity Gel beads (Sigma, A2220) 

2. FLAG peptide (Sigma, F3290) 

3. λ-phosphatase (NEB, P0753L) 

4. Phosphate buffered saline 

5. Lysis Buffer A (150 mM NaCl, 20 mM HEPES, 0.1% Brij 35, 10 μg/mL Leupeptin, 

10 μg/mL Pepstatin A, 1 mM PMSF, 0.5 mM dithiothreitol, pH 7.2) 

6. Phosphatase Buffer B (100 mM NaCl, 50 mM HEPES, 2 mM dithiothreitol, 1 mM 

MnCl2, pH 7.0) 

7. Wash Buffer C (150 mM NaCl, 20 mM HEPES, 10 μg/mL Leupeptin, 10 μg/mL 

Pepstatin A, 1 mM PMSF, 0.5 mM dithiothreitol, pH 7.2) 
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8. Elution Buffer D (150 mM NaCl, 20 mM HEPES, FLAG peptide 1.0 mg/mL, pH 

7.2) 

 

The cloning of the mammalian PAP enzymes allows assays to be run with purified, 

recombinant enzyme to enable accurate calculations of specific activity. This method may 

also be used with cleared cell lysates for qualitative comparisons of specific activity. The 

addition of the FLAG tag (Sigma, DYKDDDDK) allows for single-step affinity 

purification to a high degree of purity, as has been previously described [215,216].  

The lipin family are highly phosphorylated, and the phosphorylation status of lipin 1 

correlates with its subcellular localization[190]. As phosphorylation of the lipin family may 

impact enzymatic activity, it may be of interest to isolate lipin proteins in a non-

phosphorylated form. This can be achieved post-isolation by phosphatase treatment of the 

protein during purification. 

1. For a typical purification of 100-500 μg of lipin divided into phosphatase treated 

and untreated, infect 40 × 150-mm plates of HeLa cells with an adenovirus 

containing an N-terminal FLAG tagged (DYKDDDDK) lipin construct. For best 

expression we seek >90% infection efficiency. Transfection of HEK-293T cells 

may also be used. (See note 1) 

2. Allow the cells to grow for 48-72 hours to achieve maximal expression. Add fresh 

media 24 hours prior to harvesting. 
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3. Prior to harvesting cells, cool 500 mL of PBS on ice and place 2 sterile 50 mL 

conical tubes on ice. Additionally, place culture dishes of the infected HeLa cells 

on ice immediately prior to harvesting. (See note 2) 

4. Aspirate off all media, and rinse the cells with 5 mL of cold PBS. 

5. Aspirate off all PBS, then add another 2 mL of cold PBS. Use a scraper to dislodge 

all cells from the surface of the culture dish and pipette them into the sterile 50 mL 

conical tubes on ice. 

6. Centrifuge the harvested cells at 200 g for 5 minutes to pellet, then aspirate off all 

supernatant. (See note 3) 

7. Lysis Buffer A (150 mM NaCl, 20 mM HEPES, 0.1% Brij 35, pH 7.2) may be 

prepared in advance and stored at 4 °C. Add protease inhibitors (10 μg/mL 

Leupeptin, 10 μg/mL Pepstatin A, 1 mM PMSF) and 0.5 mM dithiothreitol to 

Buffer A immediately prior to use. 

8. To each pellet, add 500 μL of lysis Buffer A per 150-mm plate harvested in the 

pellet. 

9. Pass the cells through a 22-gauge needle 6-7 times using a 5 mL syringe to 

homogenize the cells and ensure complete shearing of cellular membranes. 

10. Pipette the homogenate into 1.5 mL microcentrifuge tubes, and spin in a 4°C 

centrifuge at 16,000 g for 10 minutes. 

11. During the 10 minute spin, prepare Anti-FLAG M2 Affinity Gel beads (Sigma, 

A2220). Add the beads to a 1.5 mL microcentrifuge tube using 15 μL compacted 

gel volume of beads per 150-mm plate harvested, and spin at 1000 g for 1 minute 

to pellet. 
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12. Aspirate off the storage buffer from the beads and suspend the beads in 500 μL lysis 

Buffer A. 

13. Combine homogenate supernatants into a 50 mL conical tube, and add the Anti-

FLAG M2 Affinity Gel beads to the homogenate. Use the homogenate to rinse the 

beads out of the microcentrifuge tube to collect all of the beads. 

14. Place the combined homogenate with affinity gel beads on a rotating wheel/with 

agitation at 4 °C for 2-4 hours. 

15. During the incubation step, prepare phosphatase Buffer B (100 mM NaCl, 50 mM 

HEPES, pH 7.0). Add 2 mM dithiothreitol and 1 mM MnCl2 immediately prior to 

use. Thaw FLAG peptide (Sigma, F3290) on ice during this period as well. (See 

note 4) 

16. Remove the homogenate from the rotator and centrifuge for 1 minute at 200 g to 

pellet the beads. 

17. Aspirate off the supernatant, taking care not to remove any beads. Suspend the 

beads in 2 mL of lysis Buffer A, and split the beads evenly between two 1.5 mL 

microcentrifuge tubes. Designate one tube for λ-phosphatase treatment and one for 

control. Label the tubes accordingly, and do not mix the two groups for the 

remainder of the protocol. 

18. Centrifuge the tubes for 1 minute at 200 g and check the beads to ensure they are 

evenly split. Aspirate off the lysis Buffer A, and add 500 μL of phosphatase Buffer 

B to each tube to suspend the beads. 

19. Centrifuge for 1 minute at 200 g, aspirate off the supernatant, and add 200 μL of 

phosphatase Buffer B to each tube. 
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20. Add 5 μL (2,000 units) of λ-phosphatase (NEB, P0753L) to the tube designated for 

λ-phosphatase treatment and none to the control. Incubate both tubes with agitation 

at 30 °C for 25 minutes. (See note 5) 

21. During the incubation step, prepare the following: 

a. Wash Buffer C (150 mM NaCl, 20 mM HEPES pH 7.2). Immediately 

before use add 10 μg/mL Leupeptin, 10 μg/mL Pepstatin A, 1 mM PMSF, 

and 0.5 mM dithiothreitol 

b. Elution Buffer D (150 mM NaCl, 20 mM HEPES, pH 7.2), immediately 

before use add FLAG peptide to a final concentration of 1.0 mg/mL 

22. Transfer the beads to two separate 15 mL conical tubes and add 7 mL of lysis Buffer 

A to each. Gently mix the beads by inverting the tubes several times. Centrifuge for 

1 minute at 200 g to pellet the beads and aspirate off the supernatants. Repeat the 

wash with another 7 mL of lysis Buffer A to each and centrifuge to pellet. 

23. For the final wash step, aspirate off the supernatants and add 7 mL of wash Buffer 

C to each tube. Gently mix the beads by inverting the tubes several times. 

Centrifuge for 1 minute at 200 g to pellet the beads. 

24.  Aspirate the supernatants down to a volume of around 1 mL, then transfer the beads 

to two separate 1.5 mL microcentrifuge tubes. Centrifuge for 1 minute at 200 g to 

pellet the beads, and aspirate off all remaining wash Buffer C from each. 

25.  Add 500 μL of elution Buffer D to each tube. Incubate tubes with agitation at 4 °C 

for 15 minutes to elute.  

26. Equilibrate two screening columns with lysis Buffer A and label appropriately. 
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27. Remove the microcentrifuge tubes from agitation and centrifuge for 1 minute at 

200 g.  

28. Place each previously equilibrated screening column over an appropriately labeled 

1.5 mL microcentrifuge tube. Carefully transfer the supernatant of each tube to the 

appropriate screening column, allow to flow through, and catch the eluate in the 

microcentrifuge tubes. 

29. Place the eluates on ice. Repeat the elution in step 25 with a second fraction of 500 

μL of elution Buffer D to each of the bead pellets. 

30. Place the appropriate screening column over the microcentrifuge tubes containing 

the first elution fraction. Transfer the beads and eluate to the appropriate screening 

columns, and catch the eluate in the tube containing the first fraction to combine. 

31. Briefly vortex the combined fractions to mix, and divide the purified protein into 

aliquots (20-50 μL). 

32. Store the aliquots at -80 °C. Freeze-thaw cycles will reduce specific activity, and 

the aliquots should be used or discarded after thawing. (See note 6) 

33. Proteins may be quantified by running the purified proteins on a polyacrylamide 

gel with a standard curve of serially diluted BSA standards, and staining with 

Coomassie Brilliant Blue G-250, or other appropriate protein stain (Fig. C1). 

 

Notes 

1. For large scale purification we have found that overexpression of lipin family 

members in a fast-growing cell line like HeLa or HEK-293T cells is optimal. Lipin 
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family proteins can be efficiently and economically expressed by adenovirus 

expression or via transient transfection using previously described protocols [217–

220]. Transfections are allowed 72 hours of expression before harvesting. 

2. Lipins are heat sensitive and are quickly inhibited by incubation at higher 

temperatures (Han & Carman, 2010). Lysates and proteins should be kept at 4 °C 

throughout the purification process. 

3. Harvested cell pellets may be stored at -80 °C prior to immunoprecipitation. 

4. Flag peptide (Sigma, F3290) is suspended at a stock concentration of 5 mg/mL in 

elution Buffer D and stored at -20 °C. 

5. We have found that lipin degradation occurs when treated with λ-phosphatase at 30 

°C for a prolonged time.  

6. We have observed that prolonged storage of purified lipin protein, even when stored 

at -80°C, also reduces specific activity. For best results, use purified enzyme within 

three months. 
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PHOSPHATIDIC ACID PHOSPHATASE ASSAY 

Equipment 

1. Glass tubes (12 × 75 mm) 

2. Polypropylene tubes (12 × 75 mm) 

3. 15 mL polypropylene conical tubes 

4. 1.5 mL microcentrifuge tubes 

5. Thin layer chromatography (TLC) plates, silica gel 60, 20 cm x 20 cm 

6. Autoradiography film 

7. TLC chamber 

8. Mini-Extruder set (Avanti, 610000) 

9. Polycarbonate membrane, 0.1 μm pore size (Sigma, WHA800309) 

10. Filter supports (Sigma, WHA230300) 

11. Scintillation vials 

Buffers and Reagents 

1. Escherichia coli DAG kinase (Sigma, D3065) 

2. Cardiolipin 

3. Dioleoyl-diacylglycerol 

4. Dioleoyl-phosphatidic acid (DOPA) 

5. Dioleoyl-phosphatidylcholine (DOPC) 

6. Dioleoyl-phosphatidylethanolamine (DOPE) 

7. β-mercaptoethanol 
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8. 1 M MgCl2 

9. 100 mM ATP 

10. 10 mM [γ-32P]ATP (6000 Ci/mmol) 

11. 500 mM Tris-HCl, pH 7.5 

12. PA Phosphatase Buffer E (50 mM Tris-HCl, 0.5 mM MgCl2, 10 mM β-

mercaptoethanol, pH 7.5) 

13. Chloroform/methanol/1 N HCl (1:2:0.8, v/v) 

14. Chloroform/methanol/water (65:25:4, v/v) 

15. 0.1N HCl 

16. 0.1N HCl in methanol 

 

Preparation of PA Substrate 

To prepare the 32P radiolabeled PA substrate, E. coli DAG kinase is used to 

enzymatically phosphorylate DAG using [γ-32P]ATP as previously described [222,223]. 

PA is then isolated by thin-layer chromatography (TLC). 

Caution: The generation of [32P]PA substrate and its subsequent incorporation into 

liposomes involves multiple steps using 32P with a relatively high specific activity. Be sure 

to minimize exposure by keeping manipulations behind a ½” or greater acrylic shield. Use 

of a radioactive material handling glove box is recommended. 

1. Mix 1 μmol of DAG and 9 μg of cardiolipin in a 1.5 mL microcentrifuge tube and 

dry down under N2 gas. (See note 1) 
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2. To the dried lipids, add 20 μL of 5X DGK buffer (250 mM imidazole-HCl, 250 

mM octyl-β-D-glucopyranoside, 250 mM NaCl, 62.5 mM MgCl2, 5 mM EGTA, 

pH 6.6), 10 μL of 100 mM β-mercaptoethanol, 5 μL of 100 mM ATP, 5 μL of 10 

mM [γ-32P]ATP (6000 Ci/mmol), and 40 μL of water. (See note 2) 

3. Add 20 μL of E. coli DAG Kinase to start the reaction. Mix and incubate with 

agitation for 45 minutes at 30 °C. 

4. Stop the reaction with the addition of 0.5 mL of 0.1 N HCl in methanol and transfer 

to a 15 mL polypropylene tube. 

5. Add 1.0 mL of chloroform, followed by 1.5 mL of 1 M MgCl2. Vortex and 

centrifuge for 1 minute at 100 g. 

6. Transfer the organic (bottom) phase to a new polypropylene tube, add 0.5 mL of 

0.1 N HCl in methanol followed by 1.5 mL of 1 M MgCl2. Vortex and centrifuge 

for 1 minute at 100 g. 

7. Transfer the organic (bottom) phase to a glass tube and dry down under N2 gas to 

around 100 μL total volume. 

8. Spot the sample onto a TLC plate. Rinse the tube with 50 μL of chloroform and 

spot the sample again. 

9. Develop the TLC plate in a TLC chamber with the chloroform/methanol/water 

(65:25:4, v/v) running buffer. Allow the buffer to run until 2-3 cm from the top of 

the plate, approximately 1-2 hours. 

10. Remove the TLC plate from the chamber and allow to dry in a fume hood (5 – 10 

minutes). 
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11. Wrap the TLC plate in plastic wrap, and expose to an autoradiography film for 

approximately 1 minute. 

12. Develop the film. 

13. Remove the plastic wrap from the TLC plate, and align the developed film. Mark 

the region of [32P]PA through the film using a razor blade. (See note 3) 

14. Moisten the radioactive region with water, place a sheet of weighing paper 

underneath the TLC plate, and use the razor blade to scrape the silica within the 

region off the plate and onto the weighing paper. 

15. Transfer the silica into a 15 mL polypropylene tube and add 1.0 mL of 

chloroform/methanol/1 N HCl (1:2:0.8, v/v). (See note 4) 

16. Vortex vigorously and centrifuge for 1 minute at 100 g. Transfer the supernatant 

into a new 15 mL polypropylene tube. 

17. Repeat the extraction in steps 15 and 16 with the silica scrapings and combine the 

extractions. 

18. Add 0.5 mL of chloroform followed by 0.6 mL of 0.1 N HCl (in water) to the 

combined extractions. Vortex and centrifuge for 1 minute at 100 g. 

19. Transfer the organic (bottom) phase to a new 15 mL polypropylene tube. Add 1 mL 

of methanol and 1 mL of 0.1 N HCl (in water) to combined extractions, vortex and 

centrifuge for 1 minute at 200 g. 

20. Transfer the organic (bottom) phase to a 2 mL glass tube with cap. Store at -20 °C. 

21. Add 5-10 μL of the [32P]PA to scintillation vials in duplicate, and count with a 

scintillation counter to determine the radioactive concentration (cpm/μL). 

Radioactive concentration will need to be determined each day that liposomes are 



163 
 

prepared (see next section) to calculate the volume of [32P]PA to incorporate into 

liposomes. 

 

Notes 

1. Cardiolipin is added along with other components of the DG Kinase Buffer to 

provide optimal conditions for E. coli DG kinase [224]. 

2. 5X DGK buffer may be prepared in advance and stored at -20 °C. 

3. During a typical separation by TLC, PA migrates to around 4-5 cm from the solvent 

front. A good quality separation of PA should be free of smearing. 

4. The chloroform/methanol/1 N HCl (1:2:0.8, v/v) mixture should not phase separate. 

 

Preparation of Liposomes 

PA phosphatase activities are measured using 100 nm liposomes containing 10 mol% 

PA at a bulk concentration of 1 mM. Lipin activity is induced by di-anionic PA, and the 

phosphoregulation of lipin 1 activity only becomes apparent in the presence of di-anionic 

PA. The use of liposomes containing PE stabilizes di-anionic PA at a physiological pH 

[199]. In this protocol, 100 nm liposomes are generated using the mini-extruder from 

Avanti Lipids Polar, Inc. (Avanti, 610000) with 100 nm pore size polycarbonate 

membranes according to manufacturer recommendations. The preparation of liposomes 

using extrusion techniques has been extensively covered in previous protocols [225,226]. 

Liposomes should be used for phosphatase assays immediately after they are generated. 
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1. At room temperature, prepare PA phosphatase Buffer E (50 mM Tris-HCl, 0.5 mM 

MgCl2, 10 mM β-mercaptoethanol, pH 7.5). (See note 1) 

2. In a glass tube, mix 9 μmol of DOPC with 1 μmol of DOPA dissolved in 

chloroform. This tube will be used to generate PC:PA (9:1) liposomes. In a second 

glass tube, mix 6 μmol of DOPC, 3 μmol of DOPE, and 1 μmol of DOPA dissolved 

in chloroform. This tube will be used to generate PC:PE:PA (6:3:1) liposomes. 

3. To each tube, add [32P]PA to 5,000 cpm/nmol DOPA. Mix and use N2 gas to dry 

down each tube to a thin film. (See note 2) 

4. Suspend the lipid film in 1 mL of PA phosphatase Buffer E. Pipette up and down, 

then vortex vigorously to ensure complete suspension. Transfer the lipid 

suspensions into a 1.5 mL microcentrifuge tube. (See note 3) 

5. To disrupt large multi-lamellar vesicles, snap freeze the lipids in liquid N2, then 

place in a room temperature water bath and allow to thaw. Vortex vigorously when 

completely thawed. Repeat to perform 5 freeze/thaw cycles. 

6. Use a 1 mL mini-extruder to pass the lipid suspension through a polycarbonate filter 

membrane with a 0.1 μm pore size. Pass through the membrane 11 times. 

7. Carefully transfer the prepared liposomes into a 1.5 mL microcentrifuge tube and 

place on ice while preparing phosphatase assays. 

 

Notes 

1. MgCl2 and β-mercaptoethanol should be added immediately prior to use. 
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2. Generating a thin, even film of lipids will reduce aggregation during subsequent 

lipid suspensions and liposome preparations. While drying under N2 gas, angle the 

glass tubes to the side and rotate slowly to dry the lipids in a thin film around the 

bottom of the tube. 

3. Suspending lipids using vortexing alone may cause the lipids to aggregate, 

particularly in mixtures containing PE. Mixing up and down with a pipette will help 

to disperse any lipid aggregates. 

 

PA Phosphatase Assay 

In this assay, specific activity is determined by measuring the radiolabeled, inorganic 

phosphates released by the enzyme during the reaction. An acidified Bligh-Dyer extraction 

is used to separate the water-soluble inorganic phosphates from the chloroform-soluble PA. 

For example, Michaelis-Menten steady-state kinetic constants may be determined by 

increasing bulk concentration of PA, while maintaining a constant PA surface 

concentration. All assay conditions are performed in triplicate. 

1. In 1.5 mL microcentrifuge tubes, combine PA phosphatase Buffer E and 

appropriate liposomes to a total volume of 90 μL. For example, create a range of 

bulk concentrations of PA by varying the amount of liposomes added to generate a 

binding curve of velocity versus substrate concentration (Fig. C2). (See note 1) 

2. Start each phosphatase reaction with the addition of 10 μL of purified enzyme. (See 

note 2) 
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3. Incubate each reaction with agitation for 20 minutes at 30 °C. 

4. Stop each reaction with the addition of 0.5 mL of 0.1N HCl in methanol. Transfer 

to a polypropylene centrifuge tube. (See note 3) 

5. Add 1 mL of chloroform followed by 1 mL of 1 M MgCl2. Mix by gentle vortexing 

and centrifuge for 1 minute at 100 g. 

6. Transfer 0.5 mL of the aqueous (top) phase to a scintillation vial. Samples may then 

be measured directly or with the addition of 4 mL of scintillation fluid for aqueous 

samples. 

7. Prepare scintillation vials with direct aliquots of liposomes and measure 

radioactivity (specific label) for data analysis. 

 

Notes 

1. A typical range of bulk concentrations of PA may start at 0.025 mM PA and 

increase as high as 0.8 mM PA. 

2. As always, it is crucial to ensure that the reaction is linear with respect to time and 

concentration. Thus, the amount of purified enzyme added may need to be adjusted. 

For the lipin family, we have found that 30 ng to 50 ng usually falls within the 

linear range. 

3. To ensure consistent reaction times, stop each reaction in the same order in which 

they were begun. 
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Analysis of Data 

Specific activity for an enzyme is expressed as U/mg of protein, or nmol of 

product/minute/mg. Calculate the specific activity using the following: 

Specific activity(nmol/min/mg)

=
3.2 (correction factor) ∗ cpm (corrected for background)

specific label (
cpm
nmol

) ∗ time (minutes) ∗ purified enzyme (mg)
 

 

Notes 

1. A correction factor of 3.2 is applied for measuring 0.5 mL of aqueous phase from 

a total 1.6 mL volume of aqueous phase in step 6 under the PA Phosphatase assay. 

2. Specific label, measured as described by step 7 under the PA Phosphatase assay, 

refers to the counts per minute per nmol of PA within the liposomes. 
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SUMMARY AND CONCLUSION 

 Amphiphilic lipid enzymes must translocate to membrane surfaces in order to 

access substrate and catalyze their activity. Translocation between cytosolic and membrane 

fractions is regulated for many such amphiphilic enzymes, and seems to target them to 

specific cellular membranes [190,227,228]. The method of substrate presentation can play 

a critical role in the regulation and specificity of translocation, as is the case for lipin 1 in 

which the presence of PE is necessary for appropriate phosporegulation of PAP activity at 

a physiological pH (Fig C2) [196]. Current methods using detergent micelles or BSA to 

present lipid substrates display drastically altered in vitro enzyme kinetics when compared 

with lipid bilayers, and do not represent the native presentation of lipid substrates in vivo 

[196,197]. Liposomes provide an ideal method for a physiological presentation of substrate 

by enabling the generation of well-defined lipid bilayers. We have described a method for 

using liposomes to assay lipin PAP activity, however this method was also used to measure 

the specific activity of diacylglycerol kinases by making minor alterations to the reaction 

buffer and lipid composition, and measuring the incorporation of 32P into the organic phase 

[163]. This method may therefore be more broadly applied to other amphiphilic lipid 

enzymes with minor modifications. 
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FIGURES 

 

Fig C1. SDS-PAGE gel stained with Coomassie Brilliant Blue G-250 showing a BSA 

standard curve and a typical yield of purified lipin from an adenoviral infection of 20 x 

150-mm plates of HeLa cells. Concentration and purity values are listed for a 1 mL yield 

of purified protein. 
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Fig C2. Velocity versus substrate concentration for lipin 1 PAP activity in PC:PA (9:1) 

and PC:PE:PA (6:3:1) liposomes. Binding curves are shown for control treated (-λ) and λ-

phosphatase treated (+λ) lipin 1 [196]. 
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